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Abstract

The success of stem cell therapy and regenerative medicine relies on providing bio-
chemical and biophysical cues to safely and reliably control cell fate transitions. It
has now been recognised that recapitulating the physical attributes of the stem cell
microenvironment is a key feature in controlling cell behaviour. Of particular interest
is the ability of the extracellular microenvironment to present surface topographical
features that contribute to control of cell attachment and morphology, which have a
direct impact on maintenance of cell phenotype and gene expression. This realisation
has led to the development of materials with surface topography to probe and control
the stem cell behaviour.

In this thesis, the influence of material topography on cell behaviour is investigated
through the use of both microscale and nanoscale topography, with a particular focus
on visualisation strategies to characterise the features of the cell-material interface.
Firstly, microscale topography in the form of microgrooves, is used to study the impact
of topography at the level of the nucleus in neural stem cells. Through the development
of new visualisation methods, incorporating state-of-the-art focused-ion beam scanning
electron microscopy and scanning ion conductance microscopy, the nuclei of cells cul-
tured on microgrooved topography are shown to correlatively remodel their nuclear
architecture, epigenetics and mechanical properties.

Secondly, using nanoscale topography in the form of high aspect ratio nanoneedle
arrays, the cell-material interface is investigated at the level of the plasma membrane
in human mesenchymal stem cells. Nanoneedles, typically used to deliver a variety of
therapeutically relevant payloads, are shown to create a tight interface with the cell
membrane, while triggering changes in plasma membrane architecture and inducing the
activation of endocytosis pathways, which contributes significantly to payload delivery

at the interface.
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1. Introduction

1.1 Stem Cell Therapy: Possibilities and Challenges

A stem cell is a cell that has the capacity to self-renew and differentiate into other
cell types. From the very early stages of the embryo, to the end of an organism’s
lifetime, stem cells have the unique ability to proliferate, giving rise to more specialised
cells, while also replenishing aged tissue through an adult organism’s lifetime. The
discovery of stem cells’ ability to self-renew and differentiate into multiple cell types
has led to several promising applications in regenerative medicine, where the hope
is to replace tissues that are degenerated through the processes of ageing, disease or
trauma. In the current state of affairs, the type of stem cell selected for a particular
regenerative application is based on a number of factors including the risks surrounding
their implantation or administration, their availability from host or other sources and
their differentiation capability into the desired cell type[l](Fig 1.1).

Stem cells can be classified based on their potential for self-renewal and differen-
tiation. Stem cells with the greatest proliferative and differentiation potential, being
able to generate all other cell types, come from the 8-cell stage embryo, better known
as blastomeres or embryonic stem cells (ESCs)[2]. More recently, pluripotent poten-
tial was induced in somatic cells using a cocktail of transcription factors[3]. These
induced pluripotent stem cells (iPSCs) provide a patient-specific source of stem cells
with unparalleled differentiation potential and overcoming ethical challenges surround-
ing ESCs, thereby providing immense opportunity for regenerative medicine. Despite
these advances, the number of clinical trials using iPSCs are few in number, mostly due
to the potential risk of forming tumours from uncontrolled proliferation after in-vivo
transplantation[4]. However, the most successful trials have been conducted for ocular

disases[5] due the tissue’s immunoprivileged trait. In addition, new methods of repro-
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gramming somatic cells to iPSCs using non-integrative viruses that do not cause the
overexpression of oncogenic genes have only recently been established, which can now
potentially overcome the tumorigenecity barrier[5].

Somatic stem cells are heterogeneous populations of stem cells that are found in
different tissues in an adult organism. They are defined by their ability to self-renew
under certain conditions and differentiate into cell types of that specific tissue[6]. For
example, mesenchymal stromal cells can be derived from adipose, bone marrow, en-
dometrium or placental tissue[7]. Given their relative ease of extraction and expansion
from bone marrow, and safety for transplantation, bone-marrow derived stromal cells
(BM-MSCs), more commonly known as mesenchymal stem cells (MSCs) have been at
the forefront of stem cell therapy for decades. MSCs can differentiate into cell types of
skeletal tissue, namely chondrocytes, adipocytes, osteocytes, and fibroblasts[8]. More-
over, BM-MSCs are responsible for establishment, organisation and maintenance of
haematopoietic niches, where stem cells of the blood or haematopoietic stem cells
(HSCs) are generated on a scale of billions per day[6]. Harnessing the abilities of
HSCs has led to clinically successful HSC therapies such as bone marrow transplan-
tations, blood cancers[9], inherited severe combined immunodeficiency[10], and benign
haematopoietic conditions such as sickle cell anaemia[11].

The notion that MSCs are a population of cells that can establish cell niches and reg-
ulate turnover have led to numerous studies to induce differentiation into non-skeletal
cell types. A considerable number of clinical trials involving systemic delivery of MSCs
for a variety of non-skeletal conditions including myocardial infarction, neurodegenera-
tion and Duchenne muscular dystrophy have been conducted with limited success[12].
The results are not surprising as there is no evidence that MSCs can establish these tis-
sues in-vivo[7]. Moreover, there is no universal MSC as MSCs extracted from different
tissues are heterogeneous in nature and exhibit unique differentiation and proliferative
potentials[6]. The most successful clinical applications of MSCs are those which per-
tain to treatment of tissues they are extracted from. For example, BM-MSCs are more
successful in repairing bone or cartilage defects that those from adipose-derived tissue
or placental tissue. The initial evidence that MSCs can differentiate into only skele-
tal cell types has been challenged by numerous attempts to induce MSCs to undergo

differentiation into cells of other germ layers such as hepatocytes or neurons, and also
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Pluripotent

ESC @ ' iPSC

Multipotent

MSC ‘

Figure 1.1: A basic overview of current stem cell types classified on the basis of their poten-
tial to differentiate (green triangle) and their corresponding properties and clinical use (blue
triangles). Broadest to narrowest regions of the triangles indicate high to low. Pluripotent cells
such as embryonic stem cells (ESCs) and induced pluripotent stem cells (iPSCs) exhibit the
highest potential to differentiate by their capacity to give rise to all three germ layers. They
have highest renewal and proliferative potential but are currently limited in clinical trials due
to safety and ethical concerns. Multipotent stem cells are normally adult stem cells found
in various tissues of an adult organism and are able to give rise to the tissue of their origin
from being pre-committed to differentiation. Of particular interest are mesenchymal stem cells
(MSCs) that can be derived from a number of tissues including bone marrow and adipose tissue
as well as neural stem cells that are found in nerve tissue. Haematopoietic stem cells (HSCs)
from the blood are currently most extensively used in clinical trials.

other cells of the mesoderm including smooth muscle cells and cardiomyocytes. How-
ever, the establishment of these functional cell types in-vivo is yet to be observed, as
most indications for inducing differentiation are in-vitro, and exhibit poor correlation
to in-vivo results. With respect to differentiation potential, MSCs can therefore be con-
sidered a cell type that can be ‘reprogrammed’ under chemical factors in-vitro rather
than differentiated to non-skeletal cell types in-vivo. The current consensus on systemic
injections of heterogeneous stem cells to achieve localised and specific regeneration of
injured or diseased tissue is hence an unrealistic strategy for stem cell therapy, and
calls for more robust methods to characterise, monitor and engineer these cell types
prior to engraftment or transplantation.

The failure of trials of systemic injections of stem cells has created a shift in
paradigm, whereby chemical and or genetic manipulation of cultured stem cells can be

performed in-vitro, to induce their differentiation into desired cell types that can then be
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delivered to the patient. In-vitro culture, expansion and differentiation of stem cells (of
iPSCs in particular) has led to great advances such as providing a patient-specific cell
source, establishment of new genotype to phenotype relationships, platforms of individ-
ualised drug screening and genetic repair for cell replacement therapy. By identifying
the series of biochemical factors that enables a stem cell to adopt a specific lineage, it
is now possible to differentiate stem cells successfully to a variety of cell types in-vitro.
In addition, the identification of transcription factors to facilitate reprogramming is
now paving the way towards in-vivo reprogramming[13]. However, the major hurdle
in stem cell differentiation and somatic cell reprogramming is the low efficiency with
which unlimited pure populations of genetically matched and differentiated cells can be
obtained. Moreover, the cost of maintaining these cultures for months at a time, and
the variability they can exhibit between donors is considerably high. At the end of the
differentiation process, even the most successful protocols produce only immature cell
types and are often unable to prove adult state functionality in-vitro or in-vivo. For
example, iPSC derived cardiomyocytes are unable to develop mature t-tubules[14] and
iPSC derived beta-islet cells are only weakly responsive to glucose[15]. Although in-vivo
reprogramming could potentially circumvent these issues, the processes governing the
lineage transformation must be better understood. Thus careful considerations of the
cues required in the stem cell microenvironment during the differentiation process must

be made to improve efficiency of these protocols and precisely control their behaviour.
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1.2 Engineering the Stem Cell Microenvironment

The ability to self-divide or differentiate into specific and mature cell lineages in-vivo
is dependent on the intrinsic and extrinsic signals experienced by stem cells in their
microenvironment. Typically, stem cells are resident in ‘niches’, or anatomical loca-
tions that experience highly specialised signals from surrounding stromal cells and the
extracellular matrix (ECM)[16]. The ECM that makes up this microenvironment is
a hydrated proteinaceous surrounding naturally secreted by resident cells. Initially
thought to have the sole purpose of providing structure to tissue, it is now well es-
tablished that the ECM provides specific physical as well as chemical cues, that are
generated and sensed by the surrounding cellular population. This establishes a bidi-
rectional and dynamic dialogue through which the ECM is under constant remodelling,
while the cells themselves receive cues from the ECM in a reciprocal fashion[17]. Al-
though the ECM may be envisioned as relatively homogenous structure across tissues
being composed of water, fibrous proteins and polysaccharides, the actual biochemical
and physical properties of ECM are highly tissue-specific and support the mechanical
and chemical functions of that tissue. For example, the combinations and type of fi-
brous proteins and polysaccharides[18], cell adhesion sites, growth factors and ligands
available[19], topography[20], mechanical properties[21] or influence of enzymes such
as proteases[22] can all dictate the activity of resident cells of that tissue, ultimately

influencing the cell response.

1.2.1 Biochemical Cues

From a biochemical stand point, signalling to stem cells takes place through a variety of
mechanisms (Fig. 1.2). The adhesion of cells to their ECM is based on the arrangement,
density, conformation and combination of molecules present in the matrix. Cell-ECM
contacts are formed mainly by integrins, a family of heterodimeric transmembrane
proteins that can bind to the ECM directly via their extracellular domains. In addition
to this, integrins act as cell membrane receptors that can also bind different ligands,
cytokines and growth factors. Combinations of o and  subunits are able to bind to
protein domains of the ECM such as fibronectin, laminin or collagen, providing signals

for cells to stay within their niches. For example, the presence of integrin 1 on HSCs
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and spermatogenic stem cells promotes their homing activity within their respective
niches[23, 24]. In contrast, satellite cells or stem cells of skeletal muscle are bound to
the niche via a781[25] while skin stem cells express high levels of o6, 4 and (1[26].
Moreoever, the type of integrin subunits present, the degree of clustering, and binding
kinetics can trigger a host of intracellular signalling pathways, via focal adhesion kinases
(FAKs) and phosphoinositide-3-kinases. The activation of these signalling cascades
ultimately triggers changes in cell morphology, renewal, proliferation, migration and
homing[27]. Conversely, inside-out signalling also occurs, whereby intracellular signals
can change the expression and consequent binding capabilities of surface integrins[28].

Secondly, signalling in the stem cell microenvironment can also exist through se-
creted factors. Exposure to cytokines, chemokines, matrix remodelling enzymes, growth
factors and small molecules can also occur from local cell secretions, nearby circula-
tion and distant nerve impulses[29]. For example, a protein Sonic Hedgehog originally
thought to influence local stem cell populations, has recently been shown to travel great
distances via axons to reach astrocytes of a completely different niche[30]. Signalling
molecules bind to specific receptors on the cell surface, triggering a host of intracellular
signalling cascades.

Thirdly, cell-cell communication that occurs through proteins that form gap junc-
tions enables chemical exchange of small molecules between stromal support cells and
stem cells they support. For example, Connexind3, a gap junction protein, plays a
key role in secreting stromal cell derived factor-1 or CXCL12 that is required for HSC
self-renewal[31]. In addition, cell-cell communication can promote niche maintenance
through binding of two transmembrane proteins on adjacent cells, Notch and Delta[32].
Binding of the ligands initiates an intracellular signalling cascade in the two neigh-
bouring somatic cells resulting in their recruitment to the niche and expression of stem

cell-like markers.

1.2.2 Biophysical Cues

Due to the immense progress in identification of various biochemical cues in stem cell
differentiation and their ease of administration, sequential supplementation of chemical
effectors in growth media has been the gold standard for cell reprogramming and dif-

ferentiation protocols. For instance, direct conversion (transdifferentiation) of somatic
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Figure 1.2: The cell microenvironment: cues for cell signalling in the microenvironment can
be broadly classified as biophysical or biochemical. It is important to note that both types
of cues lead to signal transduction via overlapping receptors, protein effectors and cytoskeletal
components. Biochemical cues include cell-l ECM (integrins) and cell-cell interactions (via cell-
cell receptors including connexins, notch and delta) and signalling by secreted factors such as
chemokines, cytokines and growth factors that are found in the local environment. Biophysical
cues be classified into mechanical cues and topographical cues. Mechanical forces arising from
extracellular matrix (ECM) stiffness can influence focal adhesion (FA) density and cytoskeletal
tension triggering signalling pathways such as Rho/ROCK that have downstream effects on gene
expression. In addition, a number of external forces: tension, compression and shear influence
ligand receptor binding. Clustering and activation TGF-3 receptors occurs in high compression
environments such as in cartilage. Under conditions of shear stress VE-cadherin at cell-cell
junctions can facilitate activation of integrins. Topographical cues act by presenting chemical
or physical patterns that leads to differences in ligand presentation and binding by cell receptors
or physical micro- or nanotopography and spacing of the ECM itself that organises receptor
binding. This can result in signalling pathways by Notch, JNK and changes in cytoskeletal
tension via FA. More details of these mechanisms can be found in the main text.

cells into cardiomyocytes is achieved through overexpression of key transcription fac-
tors delivered as an exogenous cocktail[33]. However, the efficiency of conversion using
these protocols remains extremely low and there is difficulty in generating cardiomy-
ocytes of mature phenotype. A potential reason for low efficiencies of conversion is
the presentation of biochemical cues, typically controlled by the physical, chemical and
mechanical properties of the ECM in-vivo, that ultimately impacts cell attachment and
spreading. For instance, the topography of the matrix in the form of ligand availability,
density, roughness and surface chemistry can dictate the specificities of adhesion, ligand
binding and receptor clustering which have downstream effects on gene expression[34].
The ECM is also presented with external mechanical forces such as twisting, shear
force or stretch, which can change ligand conformation and binding sites for cells. In
many cases, the physicochemical changes in the ECM occur with great spatiotemporal
detail, and often, gradients of biophysical cues can be found within a single tissue or

microenvironment (Fig 1.2). Thus, understanding the ECM and its contributions to
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directing cell fate has led to improvements in field of tissue engineering, where it is
hoped that biomaterial scaffolds can recapitulate key features of tissue-specific ECM,
by not only supporting the supplementation of biochemical factors but also providing

an attachment area for isolated stem cells or progenitors[35](Fig 1.3).

Cells
ESCs
iPSCs
BM-MSC
HSC
A-MSC
Biomaterials Morphogens
support cell support
growth land biological
retention TE activity

Biomaterials Biochemical
Hydrogels agents

Growth factors
Small molecules
Ligands
Cytokines

Electrospun scaffolds

Porous structures
ECM matrices
Topographical

substrates

Biomaterials
can present
morphogens to
cells in-vivo

Figure 1.3: The three pillars of tissue engineering: cells, biomaterials and biochemical agents.
Since the early days of differentiating cells and attempting to construct tissues in culture,
cells and biochemical agents have been best characterised. It is now evident that a scaffold
or biomaterial is essential in providing the physical cues present in tissue-specific ECM that
can help govern the cell response, while also aiding in cell attachment, growth and survival.
Adapted from [36].

Direct coupling of the ECM to the intracellular environment occurs via integrins,
enabling cells to transduce mechanical information to the nucleus, by a process known
as mechanotransduction[37]. Integrins themselves are linked to the actin cytoskeleton
and associated myosin in a highly organised signalling complex consisting of over 160
possible components[38]. At these focal adhesion sites, most components are constitu-
tional while some become transiently associated with the focal adhesion complex based
on the activation of the signalling pathway. The focal adhesion complex and its as-
sociated signalling molecules such as kinases, phosphatases and GTP binding proteins
have a direct impact on the structure and conformation of the actin cytoskeleton[39].
These proteins play a regulatory role in actin assembly and disassembly by phospho-
rylating myosin or other actin binding proteins, triggering changes in cell shape[40]

motility[41], proliferation[42], uptake[43] or adhesion[44]. Through this process, the
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physical attributes of the cell environment can dictate how cells respond to or inter-
nalise administered biochemical agents such as nucleic acids and therapeutic proteins.

Mechanotransduction thus enables cells to constantly sense their external environ-
ment, and unsurprisingly, the specialised nature of ECM that exists for each tissue
makes resident cells highly sensitive to any changes in their physical or chemical prop-
erties. This is not only essential for homeostatic maintenance, but also critical in
understanding ECM changes that occur during ageing, disease or trauma. Insight into
how specific biophysical cues can exert control over biochemical signalling pathways
is hence fundamental to developing platforms to control cell fate and function. The
complex mechanisms by which physical forces are exerted on cells within the matrix
has led to the creation of synthetic material systems to study and control various as-
pects of cell behaviour. Since the influence of biophysical cues is a much more recent
realisation compared to biochemical strategies, a great deal of research is currently
spent in not only recapitulating the mechanical and topographical environment, but
developing biomaterials and culturing systems to study the mechanisms by which stem
cells respond to individual cues. Although various biophysical cues can be identified,
it is important to note that mechanotransduction enables cells to respond to each cue
in an overlapping fashion i.e. each biophysical cue may influence the same collection of
mechanosensing elements of the cell membrane in additive or opposing ways to trigger

the same biochemical signalling pathways.

1.2.2.1 Mechanical Cues

Substrate stiffness

The stiffness of a tissue is dictated by the composition of its ECM. Typically it
is composed of fibrous proteins such as collagens, laminin, fibronectin and elastin,
as well as tissue specific proteoglycans which act as mechanical buffers and induce
hydration[45]. Fibrous proteins, particularly collagens are the most abundant proteins
of the ECM and provide the structural backbone through their ability to form sheets,
cables, fibrils or meshes, ultimately giving rise to tissue organisation[46]. The ability
of fibrous proteins to assemble together in different conformations and undergo post-
translational modifications results in a range of tissue specific stiffnesses[45].

The stiffness of the ECM can range from a few hundred pascals in soft tissues such
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as brain and adipose tissue to tens of kilopascals for cartilage and non-mineralised
bone[47, 48]. Tissue specific stiffnesses are also known to change during disease and
have adverse effects on cell function. For example, normal liver tissue has a stiffness of
300-600 Pa, but liver cirrhosis is accompanied by the tissue stiffening up to 20 kPa[49].
Considering the gigapascal values of glass and tissue culture plastic, cells of even the
hardest tissues are cultured routinely in non-physiological stiffness substrates, which
alters their intrinsic functions resulting in dedifferentiation and an unfavourable change
in phenotype.

The cytoskeleton of resident cells within ECM is also known to reflect the stiff-
ness of the ECM that surrounds them. For instance, as substrate stiffness increases,
cytoskeletal tension increases and stress fibres are established in mechanosensitive cell
types[50]. Atomic force microscopy (AFM) measurements of cell stiffness support this
finding as stiffness was found to increase with increase substrate stiffness, saturating at
20 kPa substrates[51]. Although measuring cell stiffness through compressive methods
such as AFM has been essential in highlighting the ability of ECM stiffness to modu-
late cytoskeletal tension, since cells sense ECM stiffness by pulling rather than pushing
on their ECM, there is considerable debate as to whether compressive measurements
are reflective of the true degree of stiffness. Indeed, surface tension exerted by cells
pulling on a substrate has been shown to affect AFM indentation measurements, re-
sulting in overestimation of elastic moduli of cells[52]. Nevertheless, newly developed
models taking into account the effect of surface tension, as well as the development of
other methods such optical stretching, magnetic twisting and micropipette aspiration
can help to delineate true cell stiffness[52, 53, 54, 55].

The first indication for control of stem cell fate by substrate stiffness was demon-
strated by Engler et al., where in hMSCs cultured on polyacrylamide (PA) gels func-
tionalised with collagen of stiffnesses resembling that of brain, muscle and bone tissue
lead to the expression of neurogenic, myogenic and osteogenic-specific genes respec-
tively[56]. Since then, in addition to PA, synthetic substrates such as polydimethyl-
siloxane (PDMS), hyaluronic acid, polyethylene glycol (PEG) have been used to gen-
erate a range of substrate stiffnesses. In addition, another study showed that that
varying conjugations of PA result in different porosities which can also contribute to

cross-linking capacity of collagen and its spacing, affecting its mechanical properties
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and the anchoring behaviour of cells[57]. This was confirmed by the observation that
PDMS of varying stiffnesses with covalently linked collagen did not have an effect on
hMSC differentiation, because collagen cross linking remained the same across different
PDMS stiffness[57]. However, more recent data show that PDMS stiffness values may
be underestimated and that they do not support protein tethering, therefore making
PDMS an inapplicable substrate to study cell-substrate stiffness sensing[58]. Future
studies that focus on decoupling the aspects of stiffness sensing, porosity and adhesion
in other synthetic materials that do not require covalent linkage of ECM molecules
will likely shed light on the extent of stiffness-mediated mechanisms affecting cell fate
transitions.

Tailoring stiffnesses to initiate lineage decisions in the presence of soluble factors
can be a simple yet effective platform for stem cell culture systems. Relatively stiff
PA substrates in the order of 1-10 kPa have been shown to promote glial differen-
tiation versus softer substrates of 100-500 Pa that induce neuronal differentiation in
adult neural stem cells in the presence of neuronal growth factors[59]. 2D systems
with dynamically tuneable stiffness are becoming important cell culture platforms for
studying changes that occur in tissues overtime or promoting certain types of lineage
specification. Hyaluronic acid (HA) gels subject to sequential cross-linking and increas-
ing stiffness have been used to induce increased spreading and traction forces in the
short-term and increased osteogenesis in the long-term for hMSCs[60]. In 2D culture
systems, substrate stiffness has been useful in improving the ability of cells to internalise
therapeutic material such as DNA complexes for gene therapy, likely via increasing the
density of adhesion ligands and membrane tension that occurs via increasing substrate
stiffness[61].

Since resolving these effects can be complex in 2D system, it is unsurprising that 3D
hydrogel systems are even more elaborate to characterise. Nevertheless, by synthesis
of versatile methacrylated dextran fibrous scaffolds that mimic collagen matrices, the
effect of ECM fibre stiffness on cell behaviour has been investigated to find that stiff
fibres can suppress cell proliferation and spreading[62]. Another consideration is that
ECM stiffness is most often measured by the elastic/Young’s modulus E, while in
reality, naturally occurring matrices are viscoelastic rather than elastic in nature. In

order to address this, alginate polymers have recently been used to generate matrices
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with adequate stiffness and viscoelastic properties, that allow cells to sense and remodel
their matrix. This has enabled MSCs incorporated within these matrices to promote
bone tissue repair and matrix integration[63]. Additionally, the ability of alginate
matrices to have tuneable and fast relaxation and stiffening properties were shown to
promote bone-formation in-vivo[64]. The next generation of materials to probe the
effects of matrix stiffness by incorporating other such dynamically tuneable viscoelastic
materials to other tissue applications such as cartilage, cardiac or neuronal, will provide
more answers of the role of ECM stiffness on cell behaviour.
External Forces

Throughout development of the embryo, the cell microenvironment is under con-
stant influence of external mechanical forces. For example, the build up of shear forces
by surrounding fluid drive the formation of gradients of biochemical factors that lead
to left-right symmetry determination[65]. As development progresses and ECM is de-
posited, the type and degree of force experienced becomes more specific in nature,
contributing to tissue level organisation and cell-lineage specification. Smooth muscle
develops in lungs under the influence of tensile forces during breathing[66], compressive
forces and fluid flow lead to skeletal tissue formation and fluid shear stress and cyclic
strain stimulate the development of the cardiovascular system[67]. Moreover, the abil-
ity of external forces to control cell behaviour is emphasised by the fact that changes in
the magnitude, frequency or type of external force lead to the loss of homeostasis or dis-
ease. For example, atherosclerotic plaques are normally found in regions of extremely
turbulent fluid shear stress, where the vascular endothelium is abnormally activated
and unable to downregulate biochemical signalling pathways[68]. Similar trends are
seen with other mechanically sensitive tissues such as bone where mechanical loading
is imperative for maintenance, as it has been shown that in conditions of microgravity,
normally experienced by astronauts, a significant loss in bone mass is observed|[69].

Extrinsically applied forces are typically sensed via mechanically-gated ion channels
which open or close in response to stretch for example, or transmembrane receptors such
as G-protein coupled receptors or cell adhesion proteins such as cadherins, which change
in physical conformation in response to external forces. In addition, each type of force
whether shear, compression or tensile can be sensed by the appropriate cellular machin-

ery. For instance, endothelial cells that are under constant influence of fluid shear stress
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transmit these forces primarily via cell-adhesion ligands including vascular-endothelial
cadherin (VE-cad), that signal activation of integrins[70], whereas compressive forces
typically experienced in mechanically loaded tissues such as cartilage trigger intracellu-
lar signalling cascades to maintain chondrogenic phenotype via activation of otherwise
latent transforming growth factor-f and Smads[71]. In other studies, it has been shown
that applying 0.5 MPa of hydrostatic pressure on chondrocytes resulted in two-fold
increase in intracellular calcium ion concentration, which was reduced by the inhibition
of stretch-activated ion channels[72]. The different types of forces cells experience also
create changes in cell shape and orientation, primarily driven by the response mounted
by the cytoskeleton, giving rise to specialised cell shapes, characteristic of that tissue.
For example, cell types under the influence of fluid shear stress such as vascular en-
dothelial cells are oriented with their long axis and stress fibres in the direction of the
flow[73]. In other cases, the influence of hydrostatic pressure on chondrocytes allows
them to maintain their rounded shape, which is vital to the maintenance of their phe-
notype[74], while tensile strain is critically important in the establishment of muscle
cell orientation into myotubes for efficient force transfer[75]. These mechanically trig-
gered cell shape changes and movement occur primarily by the control of Rho-family
of GTPases and downstream effectors such as Rho-associated protein kinase (ROCK),
which establish stress fibre formation and actin-myosin contractility[76].

The heavy reliance of certain tissue types on external forces for their homeostasis,
has fuelled an interest in studying the effects of individual external forces in controlling
stem cell fate. In the simplest of cases, forces that act statically and cyclically have
been applied via ECM-like 2D and 3D substrates, inducing shear stress through flow
in a culture system or applying forces to cells via magnetic beads. The type of force
applied on stem cells has an effect on their lineage specification. For example, applying
cyclic uniaxial mechanical strain on MSCs has been shown to promote their lineage
specification into vascular smooth muscle cells[77] while applying hydrostatic pressure
to MSCs encapsulated in alginate hydrogels was seen to promote chondrogenesis in the
presence of TGF-B[78]. The degree of tensile stress applied to MSCs can also dictate
whether MSCs adopt myogenic or chondrogenic phenotypes, where high tensile stress
was shown to promote myogenic behaviour[79]. The application of fluid shear stress

is widely used to promote features of the endothelium. Shear stress mimicking the
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beating heart has been shown to aid in the differentiation of ESCs into endothelial cells
to create organised vascular tubules via the shear stress activation of a tyrosine kinase
pathway[80]. In other instances, laminar shear stress was found to improve the cardiac
commitment of mouse ESCs, in the presence of epigenetic effectors[81].

Using physiologically relevant forces within 3D scaffolds, however has limitations
in terms of quantifying the magnitude and the uniformity of the applied forces at the
cellular level, not to mention the effect of movement of biochemical factors or gases.
It must be taken into account how efficient the scaffold is in transmitting forces. Due
to this reason, the application of remote forces such as electromagnetic and acoustic
waves have not only been used to study individual effects on cells through their uniform
application but also to control cell-cell organisation, alignment and orientation which
are useful especially in cases where these parameters are physiologically important such
as in developing myogenic, cardiac or neuronal tissue[82]. For example, specification
into cardiac mesoderm was recently achieved in ESCs using a cyclic magnetic stretcher
controlled remotely through internalised magnetic nanoparticles[83].

Overall, the data suggest that external mechanical forces play an important role
in influencing stem cell behaviour through their convergence on specific biochemical
signalling pathways, not only from a developmental standpoint but also from a tissue
engineering perspective. The success of using external forces in controlling cell fate
transitions relies on characterising mechanisms of force-sensing, and the development

of unified material systems to apply measurable forces.

1.2.2.2 Topographical Cues

Chemical Patterning

Traditionally, biomaterials and engineered scaffolds have been created based on
macroscale tissue properties. However, it is now evident that the ECM of each tissue
is structurally and biochemically heterogeneous at the nanoscale, which stresses the
importance of engineering material interfaces at this level. Besides specific signalling
that takes place from a reservoir of ligands in matrix[84], controlled and coordinated
biochemical signalling within the microenvironment occurs via key motifs or amino acid
sequences present within ECM proteins. These amino acid sequences can then be recog-

nised by cell surface receptors such as integrins, which establish focal adhesions and
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subsequent signalling pathways. Arginine-Glycine-Aspartic acid or commonly known as
RGD was the first motif to be discovered in a number of different ECM proteins includ-
ing fibronectin and collagen, and a key binding site for cell adhesion via integrins[85].
Through this process, different types of integrin partners recognise one or many RGD
sequences present within one or more ECM proteins, resulting in an intracellular sig-
nal for migration, polarisation, differentiation or survival. If specific responses can be
mounted based on the type, pattern and density of ECM motifs, artificial patterning
of surfaces can then be used to manipulate cell behaviour. In most cases, it is a com-
bination of different binding motifs that will dictate the precise cell attachment and
behaviour, or act to regulate activity of other agonists. For example, the 4A spacing
between RGD and another amino acid ‘synergy site’ was shown to be important for en-
hancing attachment, proliferation and osteogenic gene expression[86]. Since then, there
have been more efforts to characterise stem cell responses to various ECM molecules,

and combinations of them[87, 88, 89].
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Figure 1.4: Material control of cell fate: The assessment of various physical parameters of
the ECM has led to the engineering of materials to mimic specific aspects of the extracellular
environment that are relevant for directing their fate into specific cell types. a) Matrices of
varying stiffness have been used to promote lineage specificity in stem cells such as stiffer
matrices for bone, and softer ones for adipogenesis[56]. b) External mechanical forces (F,)
applied across a material have been used to produce desirable responses in stem cells to support
their differentiation into endothelial cells or chondrocytes[80, 78]. ¢) Chemical patterning of
adhesive proteins and ligands can help to control cell fate by not only controlling cell shape
and spreading[90] but also by presentation of ligands in the correct conformation[91]. d) Micro-
and nanotopography of materials can be used to direct cell alignment and shape, while also
triggering specific cell responses based on the separation of features available for adhesion[92].

The developments in chemistry and surface engineering have led to the ability to
tether growth factors, chemically functional and/or adhesive groups on biomaterials

to control cell fate. Growth factors tethered to surfaces can promote desirable cell re-
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sponses by participating in continuous signalling or by inducing cell receptor clustering
as their density on the surface can be controlled. For example, immobilising ligands
such as Jagged-1 on polystyrene culture plates has been shown to enhance differen-
tiation of epithelial cells via membrane receptor Notch signalling, when compared to
delivery of Jagged-1 in solution[91]. Organising TGF- on a surface prior to culturing
cells was shown to enhance TGF- signalling activities through coordinating membrane
receptor dimerisation[93]. Patterning of motifs can be conducted rapidly in PEG hy-
drogel systems as ECM proteins do not adsorb easily to these substrates, allowing the
effect of individual motifs to be assessed in a high-throughput manner, and new discov-
eries of matrix protein-stem cell interactions to be made[94]. Indeed these decoupling
experiments are particularly important as the cross-linking capacity of the ECM pro-
tein in question can impact not only the stiffness of the matrix but also the availability
of adhesion sites[57]. In addition, the ability to tether small functional groups such as
phosphate groups to induce ostegenesis and hydrophobic t-butyl groups to induce adi-
pogenesis in MSCs encapsulated in PEG hydrogels was demonstrated without altering
other properties such as stiffness[95].

Depending on the microstructure of the tissue-specific ECM its adhesion sites, cells
begin to define their shape during development and maintain this phenotype usually
through adulthood. Cell shape can be an important predictor of phenotype. For ex-
ample, cells undergoing epithelial-to-mesenchymal transition (EMT) are recognised by
their change in cell shape, where epithelial cells that are more rounded become elon-
gated and stretched[96]. Attempts have been made to directly influence stem cell fate
by controlling cell shape via micropatterning of ECM proteins in various shapes and
areas. By controlling cell shape and spreading area through microcontact printing,
MSCs cultured on small round fibronectin islands underwent adipogenesis while cul-
turing them on large square islands induced ostegenesis[97]. This type of differentiation
occurred on the basis of focal adhesion signalling axis. Microcontact printing of laminin
containing ECM of different sizes is demonstrated to be essential for the maintenance
of ESCs, wherein small dense clusters of ESCs were shown to maintain ESC marker
Oct4 expression, while larger clusters differentiated[98]. In other instances, surface pat-
terning platforms for forming gradients of molecules responsible for providing axonal

guidance have been created to promote growth cone directionality, which can poten-
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tially be applied to many applications in which controlled cell migration is an essential
requirement[99]. The development of chemical patterning technologies has shed light
on mechanisms that may well exist in the 3D complexity of stem cell microenviron-
ments, potentially driving new discoveries and incorporation of key components into
more complex 3D systems.

Physical Topography

The heterogeneity that arises from different matrix proteins and their assembly
gives rise to structural differences, resulting in micro- and nanotopographies. Much
like chemical patterning, physical topography in the form of roughness, fibre direction
or size and porosity play a fundamental role in the maintenance and differentiation
of stem cells[100, 92]. By the process of contact guidance, cells adhere and respond
to the features of the substrate they are grown on, giving rise to tissue specific cell
alignment, morphology and polarity. For instance, native ECM of cardiac tissue consists
of aligned 100 nm collagen fibrils that guide cardiomyocyte alignment, which is critical
for effective transmission of action potentials[101]. Indeed, the loss of topographical
cues within the ECM can lead to disruption of cell function. The extraction and culture
of cardiomyocytes in-vitro results in the loss of a number of physiological functions and
phenotype. Moreover, biomaterials implanted in-vivo may have micro- or nanoscale
topography that can impact the cell response from the surrounding matrix[102].

The importance of topography in maintaining cell function has driven the devel-
opment of biomaterials to maintain stemness, promote differentiation or study cell be-
haviour. Creating materials with topographies within the range for cell sensing could
enable the production of scalable and reproducible cultured platforms for regenera-
tive medicine. Fabrication techniques such as photolithography[103], electron beam
lithography (EBL)[104], chemical etching[105], replica mould-casting[106] have been
used to design biomaterials with a varying range of surface features from the order of
nanometers to microns.

A deeper understanding of the effect of topographical cues in-vivo has been made
possible using 2D culture systems. Moreover, these systems have shown promise in
terms of enhancing differentiation in the presence of biochemical agents. In situations
where recapitulation of the microenvironment requires cell alignment, substrate topog-

raphy in the form of grooves, ridges and fibres at different length scales have been
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utilised. By studying the dimensions and topography of the fibres of native cardiac
ECM, PEG hydrogels were used to fabricate constructs similar to native tissue with
nanoscale feature sizes, which aided in the propagation of anisotropic action poten-
tials[101]. A number of studies have shown improved differentiation of neural progeni-
tor cells and aligned neurites cultured in the presence of grooved topographies[107, 108,
109, 110]. Moreover, cells are also responsive to different length scales as neural stem
cells were seen to differentiate and proliferate in accordance with nanometer changes in
electrospun fibre diameters[111]. Ordered fibres and grooves are efficient in promoting
cell elongation and increased intracellular tension, thereby enhancing lineage transfor-
mations into cell types that function in high-force environments. For instance, coating
surfaces with aligned carbon nanotubes have been shown to promote myogenic differ-
entiation of adipose derived stem cells[112] while using titanium nanotubes to promote
cell alignment have been shown to promote osteogenesis of MSCs[113]. In order to
mimic the structural periodicity of collagen in-vivo, twisted silica nanoribbons have
been used to differentiate MSCs into osteoblasts, given that collagen is a major con-
stituent of bone[114]. The influence of topography on differentiation of ESC and iPSC
colonies is only beginning to be uncovered. Recent evidence indicates that colonies are
sensitive to the depth and width of nanogrooves, while impacting the distribution of
pluripotency markers Oct4 and Nanog that were shown to be highly expressed at the
colony periphery[115]. Moreover, ESCs cultured on grooves and ridges with 600 nm
gratings show reduced proliferation potential and increased alignment, effects that were
disrupted in the presence of cytoskeletal disruptive agents indicating an essential role
of the cytoskeleton in the proliferative activity of ESCs[116]. This is consistent with
data from another study that indicates ESC culture on nanogrooves in the absence of
feeder cells triggers differentiation spontaneously[117].

Although the physiological relevance of surface features such as nano-sized pits or
troughs within stem cell niches in-vivo are less well characterised, changing geometries
and order of surface features exhibits profound effects on different stem cell types in-
vitro. In the absence of biochemical supplements to induce osteogenesis, 120 nm sized
pits in a slightly disordered array (with a maximum displacement of 50 nm) were shown
to promote osteogenesis in MSCs significantly compared to ordered arrays which had

little to no effect on differentiation[92]. Moreover, this osteogenic effect was similar
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to what occurs in the presence of biochemical factors such as ascorbic acid or dex-
amethasone. Subsequently, ordered pitted arrays have been used to maintain MSC
multipotency markers and stemness, while permitting proliferation in a cell-cycle de-
pendent manner[100, 118]. The ability of nanotopography to induce osteogenesis of
MSCs has key implications for the development of implantable materials that have
improved osseointegration. Nanoscale surface modifications of titanium implants can
be used to trigger desirable osteogenic differentiation of MSCs in-vivo[119]. Differen-
tiation of ESCs is impacted when cultured on ion-etched glass surfaces with nanoscale
roughness as the expression of Oct4, a key pluripotency marker in ESCs was seen to
decrease, hence promoting differentiation[120]. The importance of the type of geometry
and biochemical supplementation for inducing changes in Oct4 expression has also been
highlighted, as culturing ESCs on nanopillar substrates induced an increase of Oct4 in
cells on one type of geometry and a decrease in another, which was also dependent on
the presence or absence of a growth factor[121].

While there is compelling evidence to show that differentiation of stem cells can be
introduced by micro- and nanotopography, the impact of topography on enhancing their
reprogramming capacity has also been investigated[122]. The generation of iPSCs was
improved by culturing cells on 10 um grooves as demonstrated by a four-fold increase
in Nanog-positive colonies. Additionally, an attempt to directly reprogram mouse em-
bryonic fibroblasts into neurons in the presence of various microtopographies indicated
that 5 pm gratings were most influential in improving the reprogramming process[123].
In another instance, culture on microgrooves demonstrated potential for improving di-
rect programming and maturation of cardiac progenitor cells into cardiomyocytes[124].
Following this study, a comparative analysis of mechanical stretching, substrate stiff-
ness and microgrooved topography showed that topography alone could aid in direct
reprogramming of fibroblasts into cardiomyocytes, and in the presence of biochemi-
cal factors expressed mature cardiac markers such as cardiac troponin and improved
contractility[125].

Overall, the ability of biophysical cues to control multiple aspects of cell behaviour
make them promising, if not an essential feature of stem cell and tissue engineering
applications. Engineering successful biomaterials now relies on elucidating the intra-

cellular mechanisms involved in promoting desired cellular responses, which do not act
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separately, but converge on the same molecular machinery that drives an overall cell
response. At the same time, due to the many aspects of material-cell interactions yet
to be identified, biomaterials themselves can be used to probe cell behaviour. Advances
in material fabrication and new techniques to study cell-material interactions will allow

this interdisciplinary field to answer biological questions of crucial importance.
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1.3 Probing the Cell Response to Topographical Cues

Since the first demonstration of contact guidance in 1911[126], modulating surface to-
pography has proved to be a simple yet effective strategy of manipulating stem cell
behaviour. As mentioned in the previous section, current data suggest that these ma-
terials have profound impact on modifying intracellular pathways that lead to changes
in gene expression and phenotype. In addition, other studies have shown that various
types of topographies can exert effects by directly modifying the shape and structure
of the cell membrane[127] or nucleus[128]. Although there are vast numbers of studies
demonstrating the impact of topography on cell behaviour, the underlying mechanisms
that lead to these changes are less well studied. Due to the complexity of the inter-
play between material cues, cell components and intracellular signalling mechanisms,
studies investigating cell-material interactions are limited in defining precise mecha-
nisms and pathways responsible for observations, and they remain largely phenomenon
based. Moreover, the cell response to topography can be transient in nature, leading
to material cues being modified over time as cells begin to adapt to the surface, se-
crete biomolecules as well as ECM proteins leading to confounding observations. More
investigations into the mechanisms of cell-topography sensing are hence essential to
developing new and improved materials for controlling stem cell behaviour. Concur-
rently, scalable and reproducible topographical substrates consisting of features at the
length scales and geometries relevant for subcellular components to be activated, pro-
vide biologists with novel tools to optimise, probe and potentially control stem cell

behaviour.

1.3.1 Impact of Topography on Focal Adhesions and the
Cytoskeleton

Considering all aspects of the cell response to topography, the effects of topography
on integrin binding, focal adhesion assembly and cytoskeletal rearrangements is the
most widely characterised (Table 1.1). This is unsurprising as the the adhesion of a
cell to a material is carried out by integrins that in turn assembles focal adhesions
and the cytoskeletal rearrangement based on the underlying topography. As integrins

cluster together, focal adhesions can change in size and number, triggering different cell
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behaviours. While large focal adhesions promote high tension and adherence, small ad-
hesions can drive cell movement. Moreover, the nanometer spacing of ligands such as
RGD have been shown to either promote or inhibit focal adhesion formation, with ligand
spacing less than 70 nm favouring large focal adhesion formation[129, 130]. This obser-
vation is particularly important when generating materials with topographies varying
height and pitch, as increasing the pitch could increase the distance between integrin
binding sites reducing the cell’s ability to form adhesion complexes. In addition, the
feature size itself plays a role in the establishment cytoskeletal tension, as clusters of
five integrins covering approximately 50 nm in size were shown to be the minimum
for the establishment of actin bundles[131]. Thirdly, it has been shown that the size
of focal adhesions can be reduced by increasing the height or depth of the features;
assuming that serum and matrix proteins account for approximately 30 nm of surface
coating, heights and depths in excess of this can increase the separation of focal con-
tacts[132]. Indeed, this finding is consistent with other reports, where increasing pit
depth to 100 nm while maintaining the pitch was found to reduce focal adhesion forma-
tion[133, 134]. In the case of grooved topography, the ability of focal adhesions to form
along the direction of grooves, results in cytoskeletal alignment, which is disrupted in
the presence of inhibitor of G-protein Rho, but not Cdc42 or Rac, outlining the in-
volvement of Rho in stress fibre formation[136]. The molecular mechanisms by which
focal adhesions themselves align in response to grooved topography however are only
beginning to emerge. The involvement of actin rich protrusions or filopodia can explain
focal adhesion alignment, as time-lapse microscopy of cells cultured on nano-grooved
substrates indicated that cells retract their filopodia when their direction is perpen-
dicular to the direction of the grooves[144]. Moreover, perpendicular protrusions only
consisted of immature focal adhesions perhaps due to the unfavourable force imposed
on the cytoskeleton. The role of filopodia in sensing nanotopography has been further
outlined in their ability to exert traction forces independent of focal adhesions, which is
based on the contact angle created between the substrate and the filopodium[145]. The
threshold height at which focal adhesions and the cytoskeleton can realign according
to attachment by filopodia is currently estimated at 35 nm[141]. More recently, even
smaller membrane protrusions termed as ‘nanopodia’ originating from filopodia were

found to attach to 8 nm features, suggesting that cell sensing of topography occurs at
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Focal Adhesions and Cytoskeleton

Micro- Material | Feature size | Cell type Cell response Ref
topography
Microgrooves | Polyimide| 5 um deep, 4 | Osteoblasts| Nuclear and focal adhesion | [135]
pm wide alignment
Microgrooves | Quartz 1,2 or 4 um | Corneal FA alignment and stress fi- | [136]
wide, 1 pm | epithelial bre activation by Rho
deep cells
Microposts PDMS 1 pm high, 3 | Mouse Increased integrin recruit- | [137]
pm wide , 2 | MSCs ment, FA formation and
pm pitch RhoA at microposts
Micro- PDMS 15 pm high | Mouse Reduction of proliferation | [138]
projections ESCs and Rho kinase activation
Micropillars | PDMS 5 pm high, | MEFs Increased FA anchorage | [139]
2 pm diam- and tension generated by
eter, 2 pm vinculin
pitch
Nanoposts PMMA 45 nm high, | Human Increased cytoskeletal ten- | [140]
2.2 pm di- | MSCs sion, vimentin, tubulin ex-
ameter pression
Nanogrooves | PDMS 600 nm | Human Cytoskeletal ~ dependent | [116]
deep, 600 | ESCs cell organisation drives
nm wide proliferation
Nanopits PMMA | 100 nm | Fibroblasts | Reduced FA formation, | [134]
deep, 120 disorganised actin
nm diame-
ter, 300 nm
pitch
Nanogrooves | PS 5-350  nm | Fibroblasts | No alignments for depths | [141]
deep, 20- above 35nm and width
1000 nm above 100 nm
wide
Nanopillars | PS 200-700 nm | CHO cells | Decreased FA formation | [142]
diameter, 1 with decreasing nanopillar
pm height size, except increase with
200 nm pillar
Nanopillars | PS 200-280 nm | Mouse Increased  vinculin, p- | [143]
diameter ESCs Cofilin  dependent cy-
toskeletal organisation

Table 1.1: Summary of adhesion and cytoskeleton mediated responses induced by various
substrate topographies. FA = focal adhesion, MEF = mouse embryonic fibroblasts, PMMA =
polymethyl methacrylate, PS = polystyrene, CHO = chinese hamster ovary.

the scale of single integrins[146].

42



1.3.2 Impact of Topography on the Plasma Membrane

1.3.2.1 The Plasma Membrane: Composition, Structure and Function

In order to understand how the plasma membrane can regulate the cell response
to topography, the various components of the plasma membrane must be outlined.
Cell membrane receptors, integrins and other functional molecules may be anchored
within or associated with the plasma membrane, a lipid bilayer mainly comprised of
phospholipids (phosphatidylcholine and sphingomyelin in the outer leaflet and phos-
phatidylethanolamine, phosphatidylinositol and phosphatidylserine in the inner leaflet)
as well as cholesterol which imparts mechanical stiffness[147]. Although initially en-
visaged as a two dimensional fluid structure with a few membrane proteins randomly
placed within it[148], it is becoming more evident that the cell membrane contains a
much greater proportion of membrane associated proteins(Fig 1.5)[149]. Membrane
(associated or transmembrane) proteins are now known to interact with the membrane
in a wide variety of conformations - being partially embedded into the outer or in-
ner leaflet, oriented parallel to the plane of the membrane or in different angles, or
traverse the membrane only at specific locations[150]. Due to their inherent interac-
tion capabilities, it is now believed that membranes are comprised of preferentially
segregated protein-protein, protein-lipid and lipid-lipid microdomains that behave as
signalling platforms[151, 152, 149, 153]. Indeed, the evidence supporting the strength
of protein-protein interactions along with the realisation that majority of proteins in
the membrane are oligomeric complexes rather than single entities makes us support
the idea of protein ‘patches’ within the membrane[149, 154].

Much in the same way, lipids in the membrane assemble together asymmetrically
to give rise to different degrees of ordering, which also influences membrane fluidity.
The outer leaflet of the plasma membrane, primarily comprised of sphingolipids and
cholesterol have the capacity to form ordered domains, due to the close packing that
is possible with cholesterol and the saturated acyl chains of sphingolipids[155]. As a
result, unsaturated lipids in the membrane form disordered and naturally more fluid
domains around them due to their inability to pack as tightly. Thus, by a dual pro-
cess, the structuring of membrane lipids in ordered and disordered domains combined

with membrane protein assemblies enable membrane proteins to oligomerise and par-
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Figure 1.5: a) The initial mosaic model of the plasma membrane by [148] depicting a few
proteins randomly floating within the fluid lipid bilayer. b) An updated schematic of the
lipid bilayer by [149] showing that the membrane contains many more proteins than initially
anticipated that may be transiently associated with membrane domains and have different
membrane spanning capacities. These membrane proteins are also known to segregate through

specific interactions[150]. Membrane lipids may also cluster together giving rise to differentially
ordered lipid domains. Figure adapted from [149].

ticipate in signal transduction[156]. The association between membrane proteins and
lipids can be important for their localisation and clustering within the membrane. For
example, signalling proteins that bind to glycosylphosphatidyinositol commonly called
GPI-anchored proteins (GPI-APs), are key signal transduction proteins that are closely
associated with ordered domains due to their anchoring via saturated acyl chains[157].
Other membrane proteins that are myristated or palmitoylated such as G-proteins, Src
kinases and Hedgehog proteins also rely on association with lipid ordered domains and
clustering to initiate their signalling cascades[158]. Hence, rather than a passive system
that encompasses individually functional membrane proteins, the lipids and proteins of
the cell membrane exert direct control over membrane protein function through spatial
segregation and patterning[159].

Since lipids in the membrane contribute to membrane fluidity, they ultimately play
a key role in membrane shape, spontaneous curvature and bending stiffness[160]. If

we imagine that the segregation of lipids and proteins between bilayer leaflets occurs,
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the membrane shape can change from flat to curved[161]. Studies of biological mem-
branes indicate that along with the heterogenous membrane protein population, the
specific composition of lipid domains is fundamental in establishing the degree of cur-
vature[162]. For instance, lipid ordered phases and lipid disordered phases can readily
phase-separate and establish phase-dominant curvature in synthetic membranes[163].
Moreover, experimental and modelling experiments have shown that by externally con-
trolling the degree of curvature using 100 nm patterned quartz substrates, lipid ordered
domains were shown to preferentially associate with areas of low curvature, indicating
that topography could have a great impact on membrane reorganisation and function
as multiple cellular membranous structures exist at this length scale[164, 165, 166].
This has led to the idea that lipid ordered domains separate to form lipid rafts in the
membrane, that accumulate proteins within them, a heavily controversial idea that is
an area of intense research. Although the existence of lipid rafts is now clear[167], the
debate as to whether lipids themselves or proteins are responsible for their formation
is yet ongoing. Since phase separation has not been directly observed in-vivo[168], and
protein-lipid interactions and protein heterogeneity exert a substantial influence over
the formation of domains within the membrane, it is more likely that individual protein-
lipid, protein-protein interactions within the heterogenous membrane pool leads to the
formation of phase separated domains that impart membrane bending properties[160].
For example, the degree of insertion of amphipathic helices of proteins into lipid mem-
branes can heavily influence the formation and stability of membrane curvature[169,
170](Fig 1.6). Moreover, a subset of clustered lipid raft domains that contain palmitoy-
lated hairpin-shaped protein Caveolin-1 (Cav-1), appear as inwardly invaginating 60-80
nm structures that are reliant on Cav-1 oligomerisation within rafts[171]. Neverthe-
less, whether it is protein or lipid-driven organisation of the membrane, the resulting
effect is that the transient and dynamic micro- or nanodomains of lipids created can
ultimately influence cell function. For instance, polyunsaturated phospholipids can
facilitate cell uptake mechanisms that rely on deformation, invagination and scission
of the membrane such clathrin-mediated endocytosis in living cells suggests that for-
mation of differential lipid domains in the membrane is important for carrying out a

variety of cellular processes[172].
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1.3.2.2 The Plasma Membrane as a Curvature Sensor

The notion that the plasma membrane is a highly active and dynamic encompassment
of lipid and proteins, with bending capabilities (imparted by constituent lipids) that
form tubules, vesicles or buds calls into question how the plasma membrane responds to
topography. Topography of a surface ultimately induces formation of protein and lipid
assemblies, and through their molecular stabilisation, trigger changes in cell behaviour.
For instance, creating synthetic immunological synapses by incorporating GPI-proteins

such as ICAM-1 and major histocompatibility (MHC) proteins in a lipid bilayer sup-
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Figure 1.6: Mechanisms of membrane curvature generation a) The lipid bilayer itself can give
rise to spontaneous curvature based on the type of lipids present. b) Membranes can bend
when proteins segregate and form clusters or when transmembrane proteins with amphipathic
helices are inserted. c¢) Membrane curvature is induced with the insertion of oligomerised
proteins that interact with specific lipid domains such as caveolin-1. d) Membrane curvature
can be developed through the binding of curved proteins, or those containing BAR domains
that insert amphipathic helices. F-BAR containing proteins recognise shallower curvature than
N-BAR containing proteins. Lipids shown not to scale. Figure adapted from [173, 161].

ported by a silica substrate with topographical features, resulted in specific activation of
T-cells based on the spatial constraints imposed by the nanoscale surface features[174].
It can be envisaged that topography induces changes in membrane curvature, whose
degree and orientation, stabilises molecular assemblies and scaffolds for signalling. The
ability of cells to recognise concave (nanopits) or convex (nanopillars) and respond to
them differently suggest that the membrane is equipped with machinery for curvature
sensing[175, 176] (Table 1.2).

Following the bending of the plasma membrane, curvature is recognised and sta-
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bilised by family of proteins that contain a crescent-shaped bin/amphiphysin/Rvs
(BAR) domain. Preferential binding to curved membranes occurs primarily through
electrostatic interactions between the curved amphiphysin portion of the domain. More-
over, BAR proteins can be associated with amphipathic o-helices (N-BAR) to form
curved structures, Fer/Cip4 (F-BAR) forming shallow and long stuctures, or shaped
inversely to F-BAR to form I-BAR domains[177, 178]. The curvature and orientation
of different BARs make them capable of sensing specific degrees of curvature that re-
late to the function of the protein. For example, N-BARs containing proteins such as
amphiphysin, nadrin and endophilin have important functions of stabilising membrane
tubulation due to their propensity to bind to areas of similar positive curvature[178].
The recognition of curvature by N-BARs can initiate many cell functions. It has been
shown that in nerve terminals, the recognition of the positive curvature of a budding
clathrin coated pit is recognised by amphiphysin, whose binding partner dynamin is
localised in the process, enabling vesicle scission[179]. Another N-BAR protein en-
dophilin was found to control its own route of endocytosis that was independent of
clathrin and other adaptor proteins that are normally necessary to facilitate cell up-
take[180]. Inherently formed of shallow curvature, F-BARs are usually observed at the
sites of clathrin endocytosis in its earliest stages and aid in clathrin pit nucleation[181].
Given their inverse shape, I-BARs found in protein IPSp53, is capable of recognising
negative (protruding) membrane curvature are recruited to areas of filopodia formation,
while interacting with small GTPases such as Cdc42[182].

Because BAR domains can recruit a host of cell signalling proteins such as GT-
Pases, inducing BAR domain accumulation by providing topographical cues can have
far reaching implications for cell signalling. Additionally, surface topography can be
used to study the many unknown mechanisms of BAR domain recruitment. Cells
cultured on tin oxide nanostructures (nanocones) used to induce cell membrane cur-
vature, showed recruitment of nadrin-2, an N-BAR containing protein to the sites of
nanostructure interfacing[183]. Moreover, N-BAR recruitment resulted in actin-myosin
contraction and clathrin pit stabilisation. Another recent study has shown that by
nanopillar topography, N-BAR containing proteins epsin, amphiphysin had a strong
localisation to sites of high membrane deformation by nanopillars, while F-BAR protein

FCHol localised to a lesser extent[127]. Proteins involved in CME such as dynamin-2
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and clathrin light chain (CLC) were also seen to localise suggesting that topography
induced membrane deformation can reduce the energy required to initiate endocyto-
sis. Overall, these studies highlight that external mechanical deformations can change

create changes in cell behaviour such as migration and endocytosis.

Plasma Membrane and Curvature Sensing

Micro- Material | Feature size | Cell type Cell response Ref
topography
Nanocones Tin Ox- | 200 nm and | Fibroblasts | Localisation of BAR pro- | [183]
ide 600 nm high teins and clathrin pit sta-
bilisation
Nanocolumns| PMMA | 160 nm | Fibroblasts | Some nascent vesicles, dy- | [184]
high, 200 namin, clathrin localisa-
nm diameter tion
Nanopillars | Quartz 50-500 nm | Human N-bar proteins recruited to | [127]
radii, 700 | melanoma | areas of high membrane
nm height cells curvature
Micropillars | Titanium | 5 gm high, 5 | Osteoblasts| Caveolin-1 localisation to | [185]
pm wide sites of pillars
Microfibres | PMMA | 1.6 pm di- | Osteo Reduced membrane ten- | [186]
ameter sarcoma sion and cell uptake on fi-
cells bres

Table 1.2: Summary of plasma membrane responses induced by substrate topography.

1.3.3 Impact of Topography on the Nucleus
1.3.3.1 Physical Linkage of the Nucleus with the External Environment

The nucleus is physically coupled with the extracellular space via the plasma membrane
and cytoskeleton enabling it to respond to biophysical stimuli, including topography.
Rearrangements of cytoskeletal elements can induce changes within the nucleus given
their direct attachment to the nuclear envelope (a double lipid bilayer) at different
locations: the Linker of Nucleoskeleton and Cytoskeleton Complex (LINC)[187] and its
associated nuclear lamina[188], as well as nuclear pore complexes (NPCs)[189]. The
LINC is composed of a number of proteins and their isoforms including emerin, sun
proteins and nesprins. Depending on the isoform, the proteins of LINC can bind to
different components of the cytoskeleton through their specific binding domains. For
example, nesprin-1 and -2 link to F-actin via calponin homology domains, nesprin-3
links with intermediate filaments (IF) via its plectin binding domain and nesprin-4 links

with microtubules (MT) via subunits of MT motors such as kinesin-1{190]. Nesprins
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are localised primarily in the outer nuclear membrane (ONM) and the SUN proteins
are integral membrane proteins of the inner nuclear membrane (INM) that extend to
engage with nesprins in the lumen of the nuclear membrane[190]. Sun proteins of LINC
can indirectly influence intranuclear changes through the nuclear lamina, composed of
Lamins A/C and B1/2 that are a type of IF which are physically linked to chromatin.
In contrast, NPCs that are found in association with MTs, offer direct channel of
transport for biomolecules including messenger RNA (mRNA) sequences across the

nuclear membrane based on their conformation[189](Fig. 1.7)
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Figure 1.7: The nucleus is linked to various components of the cytoskeleton via proteins
of LINC. Actin, microtubules and intermediate filaments bind to respective nesprin proteins
in the outer nuclear membrane (ONM) that link with SUN in the inner nuclear membrane
(INM) proteins across the lumen of the nucleus. SUN proteins are anchored to nuclear Lamins
within the INM that organise the chromatin framework by associating with chromatin binding
proteins[187]. In addition, the nuclear pore complex (NPC) can also bind to the cytoskeleton
(microtubules) via kinesin and dynein motor proteins. The NPC plays in important role in
gene expression as it modulates entry and exit of messenger RNAs as well as a host of other
molecular regulatory platforms[191].

1.3.3.2 The Nucleus as a Topography Sensor

The nucleus is the stiffest organelle in the cell. Nevertheless its attachment to the
cytoskeleton enables it to undergo a corresponding deformation in response to topogra-
phy having profound effects on chromatin remodelling and gene expression. Movement
of chromatin within the nucleus leads to gene activation and silencing based on their
reorganisation and localisation[192]. It is therefore not surprising that incorporating

2D and 3D topographical cues to control of nuclear morphology have shown dramatic
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effects at the level of the genome as well as the epigenome[193, 194].

The nuclear lamina has for long been known as the structural framework of the nu-
cleus. It is responsible for the maintenance of nuclear architecture and nuclear shape,
which includes nanoscale and microscale peripheral invaginations, as well as intranu-
clear tubulations and channels[195, 196]. While lamin A/C imparts nuclear stiffness,
lamin B contributes to nuclear elasticity[197]. Lamin proteins are type V IFs that
can be post-translationally modified to form a meshwork within the INM, that en-
ables them to bind to a host of intranuclear and INM transmembrane proteins includ-
ing soluble factors, Lamin B receptor (LBR), DNA/RNA complexes and histones and
many others, making them critical in establishing structural organisation within the
nucleus[198]. Moreover, post-translational modifications of the lamin proteins them-
selves can influence the shape of the nuclear envelope, as evidenced by expression
of farnesylated C-terminal motifs that were sufficient to induce nuclear folding[199].
Due to their attachment to LINC, chromatin and histones, the lamina plays a role in
organising peripheral chromatin, which contains majority of a cell’s transcriptionally
silent chromatin, otherwise known as heterochromatin. Modifications of the lamina
can hence result in the loss or activation of silencing of specific genes. For instance,
the importance of the nuclear lamina in maintaining nuclear architecture is exemplified
in the case of cancer cells and laminopathies, where in nuclear deformations in the
form of invaginations, are accompanied by a reduction in lamin levels as well as mod-
ifications in chromatin organisation and gene silencing[200, 201]. Moreover, reduced
levels of lamins in neutrophils are thought to be linked to their lobed and deformable
nuclei[202]. In ESCs, the initial lack of lamin A/C and high deformability eventually
leads to a 6-fold increase in stiffness driven by Lamin A/C expression during terminal
differentiation[203]. This feature is further emphasised by the finding that inherent
ECM stiffness scales with lamin A/C expression[204]. The evidence highlights a role
for lamins in providing stiffness that makes the nucleus more resistant to deforma-
tion given the downstream effects on chromatin modifications. Indeed, nuclei of cells
overexpressing lamin A showed less deformation compared to non-transfected controls
when cultured on nanopillar arrays[128]. In addition, an investigation of the nuclear
lamina in cells confined by microgrooves showed that there were fewer lamin B1 tagged

intranuclear tubules as well as invaginations, and that these changes were accompanied
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by repositioning of chromosome 1 to the nuclear periphery[205].

While lamins control the structural response of the nucleus to topography, NPCs
act as curvature sensors within the nuclear envelope. Similar to BAR proteins that
sense plasma membrane curvature, nuclear pore complex proteins can possess similar
amphipathic helices that allow them to sense nuclear membrane deformation[206, 169].
The NPC is equipped with approximately 30 different nucleoporins (NUPs), that have
different roles in NPC assembly and structure[207]. The fact that nuclear deformation
during interphase is accompanied by amphipathic helix containing NUP localisation
such as NUP153 or NUP53 indicates a stabilising if not active role for NUPs in nuclear
membrane bending[208, 209]. Moreover, through fluorescence microscopy, NUPs have
been shown to localise to sites of nuclear invaginations, possibly to promote better
access into the central portion of the nuclear containing highly active euchromatin[210,
211]. In this manner, it is evident that NPCs can control nuclear membrane curvature

or bending and provide cytosolic-nuclear cross from various locations in the nucleus.

Nuclear Envelope and Chromatin

Micro- Material | Feature size | Cell type Cell response Ref
topography
Nanopillars | Quartz 50-350 nm | Fibroblasts | Nuclear deformation | [128]
radius, 2-10 highly dependent on pitch,
pum  pitch, less  deformation  with
0.7-2 pm Lamin A overexpression
height
Microgrooves | Quartz 12.5 pm | Fibroblasts | Fewer lamin Bl invagina- | [205]
wide, 2 pm tions, chromosome 1 at nu-
deep clear periphery
Nanogrooves | Polyimide| 650 nm | iPSCs Nuclear elongation and | [115]
width, 200 alignment, transcriptional
nm depth factor (TAZ) activation
Microgrooves | PDMS 10 pm wide | Fibroblasts | Cytoskeletal mediated epi- | [122]
and deep genetic changes that pro-
mote reprogramming
Microgrooves | PDMS 10 pm wide | hMSCs Lamin A/C knockdown | [212]
and deep does mnot change nuclear
shape on grooves
Microgrooves| PDMS 10 pm wide, | Cardiac Nuclear elongation and | [124]
3 pm deep progenitors | epigenetic changes that
promote reprogramming

Table 1.3: Summary of nuclear envelope response to surface topography. TAZ = transcrip-

tional coactivator with PDZ-binding motif.

NPCs composition can vary with cell type as well as differentiation state. NUP210
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has been shown to be highly expressed when myoblasts differentiate into myotubes,
however the reasons for this in relation to the changes in nuclear morphology that
occur during myoblast differentiation remain unknown[213]. Nevertheless, the ability
of NPC to regulate gene expression has recently become an area of intense research,
as various promoter sequences have been shown to localise with NPCs, enabling reor-
ganisation to the nuclear periphery[214]. Moreover, the fact that NPCs are typically
surrounded by euchromatin[215] and that different cell types rely on differential expres-
sion patterns of NUPs indicate that NPCs exert direct control over chromatin domains
by their ability to link to different genes at different locations. Despite the recent and
extensive literature on NPC function, the ability of NPCs to respond to externally in-
duced curvature such as topography is yet to be studied. Considering these roles of the
NPCs and since substrate topography influences nuclear deformation, chromatin posi-
tioning and nuclear lamina reorganisation, it is likely that these processes are heavily

interrelated.

Taken together, the advances in material fabrication and high-resolution methods
have allowed us to study and better characterise structure-function relationship between
cells and materials. We can now attempt to tailor material properties to suit the
requirements of specific cell fate transitions. In particular, material topography proves
to be a valuable tool in directly influencing individual components of the cell including
the nucleus and the cell membrane, which will have a significant impact on future

strategies to understand and control cell behaviour.
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Scope of the Thesis

This body of work aims to develop new analytical methods to assess the cell-material

interface and use them to investigate the stem cell response to topographical cues.

In chapter 2, optimisation procedures of conventional and state-of-the-art tech-
niques are discussed in relation to their applicability to studying the cell response to
material topography. The chapter provides the basis for which specific protocols are

selected and developed for following chapters.

In chapter 3, the nuclear response to material topography in the form of mi-
crogrooves is described using a combination of novel immunogold FIB-SEM technique
alongside SICM, providing insight into nuclear remodelling, its associated localisation
of epigenetic marks and nuclear stiffness that accompany cell differentiation. It is pro-
posed that methods developed in this study can contribute to the effort of the wider

research community, particularly those who study complex stem cell-material systems.

In chapter 4, the influence of nanotopography in the form of porous nanoneedle
arrays on the plasma membrane and its associated components are studied in relation
to endocytosis and intracellular delivery. By perturbing the plasma membrane using
nanoneedles, the mechanisms of inducing biomolecule delivery via nanoneedles into
stem cells is investigated, which has important findings for designing stem cell manip-

ulation strategies.
In chapter 5, concluding remarks and avenues for future work are described, while

highlighting the contribution of the body of work to the field of biomaterials and tissue

engineering.
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2. Optimisation of Visualisation
Methods to Study Cell-Material

Interactions

Advancements in material science and cell manipulation technologies have created more
complex systems to study, requiring methods with accuracy, high spatial and temporal
resolution, and ideally non-destructive. Along with standard molecular biology tech-
niques, new visualisation methods and adaptations of currently existing methods is
necessary. Monitoring cell phenomena in response to material cues is an important
parameter for the continued development and optimisation of biomaterials to control
cell behaviour. Studying sub-cellular changes as opposed to whole cells or entire tissue
provides a mechanistic understanding of cellular processes responsible for the observed
outcome. This task has become particularly more challenging with respect to cells cul-
tured on biomaterials which constitute non-standard substrates that can be extremely
soft, opaque, thick, or patterned. Techniques must then be adapted if possible to suit
the constraints of the cell-material system. Here, a number of promising methods as
well as the challenges that accompany them in studying cell-material interactions are
highlighted, following which the optimisation procedures of a selection of these tech-

niques are demonstrated with respect to the materials used for cell interfacing.
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2.1 Overview of Available Techniques for Visualising

Cell-Material Interactions

2.1.1 Light Microscopy

Light microscopy (LM) has been fundamental in improving our understanding of the
cell response to material cues. Labelling specific cellular targets through the use of
antibodies, genetic probes and membrane binding dyes, fluorescence microscopy has
enabled high throughput analysis of protein expression and localisation, and is the
gold standard for identifying the key aspects of cell-material interactions. In addition,
because intracellular antigens and membrane components can be labelled live, the tech-
nique has revolutionised the understanding of dynamic intracellular interactions and
membrane behaviour. In particular, the development of novel fluorescent probes that
can specifically bind to cell membrane components in their living state is an important
tool in studying how cell membrane organise themselves on new materials. For in-
stance, the development and characterisation of polarity sensitive membrane dyes such
as Laurdan and di-4-ANEPPDHQ enables their use in visualising and quantifying the
degree of membrane order, when it undergoes dynamic reorganisation[216].

In the case of imaging cells on thick and/or opaque substrates exhibiting surface
topography, confocal reflection microscopy has been combined with standard widefield
fluorescence microscopy using an upright microscope. In this way, imaging of glial cells
interacting with opaque micropillar substrates has been conducted[217]. For higher
resolution confocal imaging, equipment mostly consists of inverted instruments as op-
posed to upright, for a number of reasons including prevention of clashing the objective
into the sample[218]. Using such inverted microscopes to study of cells on opaque sub-
strates is normally conducted by inverting the sample often along with labelling the
substrate, particularly in the case of studying the cell-material interface[219]. Despite
its advantages and widespread use in biology, confocal fluorescence microscopy is lim-
ited to the diffraction limit of light (200-300 nm in the lateral direction, and 500-700
nm in the axial direction at best) and often results in high background fluorescence
due to reflected light from the substrate[220]. This significantly impacts the study of

interactions between cells and their supporting substrate which typically occur on the
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nanoscale, in the order of tens of nanometres.

Super-resolution microscopy (SRM) techniques have revolutionised the field of flu-
orescence microscopy as they have broken the diffraction limit. A variety of methods
exist, including structured illumination microscopy (SIM), lattice light sheet microscopy
(LLSM), stimulated emission depletion microscopy (STED), stochastic optical recon-
struction microscopy (STORM) and photoactivated localisation microscopy (PALM).
Although the principles of operation are different, SRM techniques have axial resolution
of 10-300 nm and a lateral resolution of 10-130 nm[221], which can provide structural in-
formation on molecular assemblies. SRM has been used to resolve a host of intracellular
and surface structures including membrane raft domains[222], NPCs[223], cytoskeletal
components[224], endocytotic vesicles[225] and many more organelles and sub cellular
structures[226].

The ability of SRM to study cell-material interactions has only started being ex-
plored. For instance, SIM showed that by restricting endothelial cell spreading using
microcontact printing increased LINC protein density by two fold at sites of nuclear
deformation[227]. Using STORM, it was found that focal adhesion protein vinculin
was spaced 50 nm apart within the focal adhesion assembly, irrespective of the size of
the nanopatterned adhesion island, and that vinculin became more dense on smaller fi-
bronectin islands[228]. In addition to focal adhesions and cytoskeletal elements, the
combination of 3D-SIM and fluorescence in-situ hybridisation enable specific chro-
mosome territories and DNA sequences to be imaged with a resolution down to 100
nm[229]. Extending 3D-SIM to studying the structure of nuclei under the influence of
material cues could provide great insight into mechanisms of material directed nuclear
remodelling.

SRM techniques exhibit certain limitations. For instance, studying live cells and
dynamics is difficult, mainly due to cell damage induced by laser light[230]. More-
over, the SRM techniques with highest resolution such as STORM often cannot be
conducted on samples which have high depth or thickness as they work best only near
the glass surface, while STED and PALM use high laser powers that can cause rapid
photobleaching, damaging the cell as well as the substrate[230, 231, 232]. Moreover,
although super resolution techniques provide highly specific localisation, they do not

provide information about the position of the labels in relation to the ultrastructure.
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2.1.2 Electron Microscopy

Electron microscopy (EM) is an indispensable tool for studying the ultrastructure of
cellular components at nanometre resolution, that is mainly based on the scattering
or transmission of electrons from a beam on a sample. Currently EM provides the
highest resolution possible (down to 2 nm[233]) for imaging biological samples and has
defined our visual perception of all organelles and subcellular structures. Techniques
such as transmission EM (TEM), scanning EM (SEM), focused-ion beam SEM (FIB-
SEM), and serial block face SEM (SBF-SEM) have revolutionised our understanding
of biology.

The interactions between cells and materials has been studied extensively by SEM.
SEM has been fundamental in our understanding of cell morphology and spreading
behaviour. The majority of studies of cell-material systems use SEM to visualise cell
extensions such as filopodia and lamellipodia and their interactions with materials[234,
235]. SEM imaging of cells on silicon nanowire arrays has also been used to gain
quantitative information such as the force applied by cells on each wire based on the
deflection angles of the wires[236].

TEM is normally the method of choice for visualisation of the plasma membrane
components as well as the cell interior owing to its high lateral resolution. Samples
are contrasted and block embedded in resin after which thin-sections (<100 nm) are
generated using a diamond knife. In order to obtain sufficient contrast of intracellular
components, a variety of staining protocols have been developed over the years. In
most cases, EM preparation includes treatment of the sample with osmium tetroxide,
that heavily stains lipids, improving the contrast of membraneous structures within the
cell[237]. However, lipid staining is often not sufficient for visualisation of structures
with high protein or nucleic acid content, such as chromatin and protein complexes,
requiring the use of other contrast agents such as uranyl acetate (UA), that can enhance
contrast by binding to nucleic acids, glycoproteins and lipids[238]. In addition, the
contrast imparted by osmium tetroxide can be enhanced by uranyl acetate staining,
via the use of mordants such as tannic acid or by the reduction of osmium tetroxide by
potassium ferricyanide or lead citrate[239, 240, 241]. Other chemical agents such as Pt-

Blue have also been used to generate intranuclear contrast, or stain chromosomes[242].
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Investigation of the cell-material interface by TEM has been conducted on a va-
riety of substrates including hydrogels[243], implant materials[244], biosensing appa-
ratus[245], nanopillars[246] and electrical devices[247]. For instance, it was found by
TEM that changing the surface roughness was shown to improve cell adherence to ti-
tanium substrates used for dental implants[244], tight engulfment of microelectrodes
was sufficient to record action potentials[247] and membrane deformation by nanos-
tructures induced few endocytotic events[184]. However, the use of an ultra-microtome
to generate thin sections can often create artefacts in the sample during mechanical
sectioning of samples consisting of different densities (biological and substrate) while
studying the cell-material interface in-situ. Alternatively, hard substrates are removed
prior to mechanical sectioning, which can also introduce artefacts while tearing off
the substrate[246], or ultra-thin sections can be generated by focused ion beam (FIB)
lift-out, albeit a time-consuming laborious process that is yet to be attempted.

Since sections of samples are <100 nm thick, TEM is largely considered a 2D mi-
croscopy technique. However, 3D images of nanoscale biological structures can be
obtained by electron tomography, where in the beam direction is fixed and the thin
section is rotated through various angles, painting a 3D picture. The various images
can then be reconstructed to obtain an electron tomograph. The method usually re-
quires sections up to a thickness of 300 nm[248]. Scanning TEM (STEM), wherein
scattered electrons and their angles of scattering are detected, offers a significant ad-
vantage over standard TEM tomography as sections up to 1 um can be analysed[249].
Although useful for specific regions of interest, gaining whole cell information is still
lacking as cells are generally larger than this size.

High-resolution 3D information of whole cells can be obtained using an alternative
electron microscopy technique FIB-SEM (Fig. 2.1)[250]. A focused gallium ion beam in
combination with a scanning electron microscope enables imaging of biological samples
in-situ with section thickness as low as 5-10 nm and can approach TEM-like resolu-
tion[251]. Serial cross-sections obtained via milling the front face of the sample and
imaging via SEM, commonly called slice and view, allows observation of sub-cellular
structures over hundreds of sections per cell to generate a complete 3D picture of its
ultrastructural composition, a feature which is considerably more difficult with TEM.

3D reconstruction can be generated by segmenting the area of interest, from which
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Figure 2.1: Schematic of FIB-SEM for biological sample imaging. Contrasted resin embedded
samples are subject to a focused Gallium ion beam that mills the sample orthogonally. As the
front face of the sample is exposed, simultaneous imaging is conducted using an angled SEM
equipped with an energy selective backscatter (ESB) detector. Serial milling at slice thicknesses
determined by the milling current enables newly milled front face of the sample to be imaged
by SEM in a simultaneous fashion.

precise volume calculations and analyses are possible. Moreover, milling the sample
in-situ avoids the complications of mechanical sectioning due to difference in densi-
ties between the substrate and biological material, thereby reducing the probability of
artefacts at the interface. Imaging intracellular architecture by FIB-SEM to achieve
TEM-like resolution is a relatively recent method, which has been achieved through sim-
ilar sample contrasting methods used for TEM sample preparation, including osmium
tetroxide post-fixation and staining, as well as resin embedding. Instead of mechanical
sectioning, resin embedded samples are directly introduced under the FIB. Recently,
FIB-SEM has been used to study cell interactions with biomaterials in the form of
pillars[252], wires[253] and needles[254] as well as 3D gel systems[255]. Through FIB-
SEM, a number of first instance observations have been made including the ability of
cells to break nanowires off a surface and engulf them[253], undergo severe nuclear de-
formation at multiple locations[254, 253] or exhibit DNA damage by direct penetration
of long nanowires[256]. These findings have provided insight on the many interactions
that occur at the cell-material interface. However, ultrastructural information alone
is often inadequate to determine the precise nature and localisation of intracellular
proteins, vesicular bodies, or nuclear components.

The last decade has seen great progress in correlative light and electron microscopy
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(CLEM). Localisation of proteins of interest labelled with fluorophores combined with
ultrastructural information has the potential to create a complete picture of the structure-
function relationship of antigens of interest. Conventional LM and SRM have been
combined with SEM, TEM and more recently FIB-SEM in a number of instances to
study viral-cell interactions[257] focal adhesion assembly[258], NPCs[259] and endocy-
tosis[260]. Extending CLEM to studying cell-material platforms is currently limited
by the fact that integrated microscopes as cannot image by LM or EM simultaneously
due to sample opacity and thickness, and image integrating using different microscopes
requires considerable technical expertise and equipment set up.

While the combination of antigen labelling and ultrastructure visualisation in the
same sample represents one of the most powerful imaging techniques, introducing labels
within EM samples can be done in multiple ways, each of which are highlighted in the

following section.

2.1.2.1 Considerations for Labelling Proteins of Interest in EM

Preparations

It is possible to combine electron microscopy with intracellular labelling. This not
only allows the precise localisation of cellular targets but also provides quantitative
and structural information[261, 262]. Since fluorescent probes are not visible in the
electron microscope, antibodies conjugated to colloidal gold particles (immunogold)
have been used to visualise labeled structures with TEM, and represents the gold
standard for labelling structures of interest in EM. Depending on whether labelling is
conducted before heavy metal staining and resin embedding or after ultra-thin section
preparation, labelling can be classified as pre- or post-embedding. While pre-embedding
has the advantages of achieving greater specificity and labelling densities than post-
embedding[263], it often requires permeabilisation of the cells for efficient penetration of
immunogold, resulting in damage to ultrastructure[264]. Generally, the more gentle the
permeabilisation, the less the penetrability of the antibody. The use of extremely small
gold particles conjugated to antibodies has circumvented some of these issues, as their
small size (1.4 nm) easily penetrates cells, after which their size can be increased using
silver or gold enhancement reagents to be observed under EM. As the enhancement

process is highly controlled, by using different enhancement times, it has been possible
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to detect multiple antigens in the same samples distinguished by gold particle size[265].

The need for permeabilisation can also be circumvented through the use of genetic
probes. This occurs through expression of genetically encoded EM tags that produce
horseradish peroxidase (HRP) fused to proteins of interest. Contrast is enhanced at
the protein location through oxidation of diaminobenzidine (DAB) that forms a pre-
cipitate in the presence of HRP and osmium tetroxide during sample preparation[266].
However, there is difficulty in expressing HRP in the cytosol of mammalian cells as
HRP requires high intracellular calcium concentrations for binding, which is not the
case for mammalian cells and limits their use[267]. The use of light to generate oxygen
that precipitates DAB has also been shown, although the process is limited to thin
samples due to inadequate penetration by light[268]. More recent probes that incorpo-
rating ascorbate peroxidase (APEX) are currently the most advanced as they are are
smaller, light-independent and can potentially be tagged to any protein of interest in
mammalian cells[269, 270].

Several considerations when using genetic tags such as APEX for EM remain. The
introduction of EM tags, like other genetic tags such as Green Fluorescent Protein
(GFP) has the risks of affecting endogenous protein function and localisation, and
controls involving antibody detection are required to assess this possibility. They also
carry the risk of being cytotoxic to primary and sensitive cell types[266]. Since EM tags
produce enhanced contrast via DAB, the fixation and incubation with DAB reagents
must be carefully controlled in order to prevent ‘spread’ of the DAB product. Because
the contrast of EM tags must be higher than the background, it can potentially mask
the ultrastructure of nearby structures if too high, or be insufficient to detect if too

low([270].

2.1.3 Raman Spectroscopy

A technique that is capable of non-invasive label free imaging is Raman spectroscopy
(RS). RS is based on the principle of inelastic scattering of an incident monochromatic
laser beam through its interactions with molecules of a sample. Thus RS can provide
biochemical information and a spatial map of lipids, nucleic acids or protein present in
a sample. This enables studying differences in the biochemical signature between cell

populations, tissue samples or ECM. For instance, RS was able to distinguish between
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the quality of mineral content in engineered bone tissue derived from MSCs and ESCs
compared to native bone, showing that mineral from MSC derived bone was more
similar to native tissue[271]. RS can also distinguish between biochemical signatures
of cancerous and non-cancerous cell types[272] and ESCs and their derived cardiac
progenitors[273]. Because RS can identify metabolites, RS has far reaching applications
in disease diagnosis both in-vitro and in-vivo[274]. A more recent advancement of RS
is 3D RS confocal imaging of various cell systems including MSCs within hydrogels,
highlighting the great potential for high resolution biochemical characterisation of cells
in different microenvironments[275].

Although RS non-destructively provides biochemical signatures information, some
limitations remain. One of the most challenging aspects of RS is the detection of dif-
ferences in chemical signatures itself, that requires high signal to background ratios,
in order to decouple effects. For instance, the type of fixative and substrate can af-
fect the Raman signal, or autoflourescence of the sample may create high background
signal[276]. When these signals are low, it can also lead to high acquisition times.
Moreover, for thick and opaque samples, without the use of labels with confocal, the
z-axis resolution and substrate background levels remain high, complicating the analy-
sis due to spectral signature overlap. The spatial resolution of Raman is theoretically
the diffraction limit of light, but in reality because of scattering at the sample interface
this is rarely achieved, and is limited to about 0.5 pm when intracellular signatures are

required for localisation analysis.

2.1.4 Scanning Probe Microscopy
2.1.4.1 Atomic Force Microscopy

The basic working principle of atomic force microscropy (AFM) is that a controlled
force is applied through a cantilever which deflects when it comes in contact with the
sample surface, enabling topographical maps and other physical measurements to be
made[277]. AFM is a technique that can be used to image surface features at the
nanoscale as well as measure several functional attributes such as stiffness, binding
kinetics between receptors and ligands, and membrane/protein architecture[278]. This
is particularly important for studying biointerfaces, as a great deal of physicochemical

attributes of biointerfaces can be measured at the length scales they occur in their native
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state. Through its various imaging modes and resolution that is typically dependent on
the probe tip size, AFM has been successful in imaging molecular machinery and their
dynamics involved in cell-material interactions. For instance, the force of integrin-ECM
adhesion and unbinding[279] and focal adhesion structure and organisation[280] can
been measured using AFM. Moreover, the ability to combine AFM with other imaging
or analytical tools such as confocal fluorescence or Raman spectroscopy makes it a
potentially powerful non-destructive tool in characterising complex biointerfaces[281].

Since only surface features and interactions can be recorded, it constitutes a signif-
icant drawback for AFM, in terms of studying basal surface of a cell in contact with
the substrate. Moreover, because all standard AFM cantilevers come into contact with
the cell surface during imaging and stiffness mapping modes, they have been shown
to cause cell damage in some instances[282, 283]. This is particularly important in
stiffness mapping and dynamic imaging as cell viability must be maintained through
physical probing throughout the experiment. Moreover, it has been shown that accu-
rate imaging by AFM is highly sensitive to the imaging set-point used, and the most
accurate images are obtained only at cell surface height, making it difficult to obtain
both deformation measurements and accurate high-resolution topographical images si-
multaneously[284]. Cell imaging by AFM likely represents not only the surface but
also the underlying cytoskeleton, as it can indent the surface by 200-400 nm at the cell
periphery and close to 800 nm at the highest part of the cell[285]. A more recently
developed technique, fluidic force microscopy (Fluidic FM), that uses hollow cantilevers
to deliver biomolecules to individual cells as well as monitor their interactions at the
cell surface[286], potentially enabling functional cell studies along with topographical

imaging and force mapping[287, 288].

2.1.4.2 Scanning Ion Conductance Microscopy (SICM)

Another type of scanning probe microscopy technique, relatively less well known is
scanning ion conductance microscopy (SICM). Initially developed by Hansma et al[289],
SICM relies on a fluid-filled nanopipette in ionic solution to scan over biological samples
without making contact with the sample surface[289, 290, 291](Fig. 2.2). The probe-
sample separation is maintained by a distance control feedback hardware and software

system. Voltage that is applied across an Ag/AgCl electrode in the nanopipette and a
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reference electrode in the sample bath results in the ion current flow through the opening
of the nanopipette. As the probe approaches the sample, resistance to current flow is
built up and the ion current drops. A piezoelectric stage is used to move the nanopipette
in the z-direction to keep the current at a constant value and in this manner, the z-
position of the nanopipette is recorded at each point, generating a topographical map
that can potentially reach a resolution of 10 nm (Fig. 2.2) [290, 292]. The resolution
of the SICM image is determined by the pipette diameter and is estimated to provide
a resolution of 3 times the inner diameter[293]. Typically, the set-up of SICM allows
scans of a maximum size of 100 pum by 100 gm, but has more recently been developed

to image 25 mm by 25 mm areas[294].
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Figure 2.2: Schematic of SICM and its applications for investigating cell morphology. The
sample is placed in a petri dish in ionic solution (physiological media). Voltage is applied
between the silver electrodes in the pipette probe and in the bath and results in an ion current.
At every pixel the pipette approaches the sample until the drop in current is achieved is between
0.25-1%. At this point the height (Z) is recorded and stored in a topographical map. The
pipette is then retracted and moved to the next imaging location. In hopping mode of the
probe approaches the sample from a much greater height above the sample preventing collision
into tall structures[291].

SICM has been able to image clathrin coated pits at the cell surface[295], hair cell
cilia[296], microvilli[297] and ion channels[298], without the need for labels or contact
with the cell surface in its hydrated state. In addition, SICM has been used to map
membrane contours and correlatively determine their surface charge and density, as
well as study dynamic membrane events such as clathrin mediated endocytosis[295].

Due to the fact that the pipette probe can be fabricated with multiple inner channels
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as well as different tip sizes and functionalisation, the SICM probe is well suited to con-
ducting biomolecule delivery and sensing. For instance, along with obtaining nanoscale
topographical information, it is possible to locate single ion channels and obtain elec-
trophysiological recordings simultaneously[299, 300]. This multiple functionality of the
SICM probe has enabled functional studies of t-tubules[301, 302] and synapses[303] as
well as monitoring the release of secretory proteins[304]. Fabricating the SICM probe
as a carbon double barrel electrode functionalised with poly pyroll to conduct measure-
ments of extracellular pH[305]. SICM has also been combined with other techniques
including AFM[306], shear force microscopy([307] and confocal microscopy[308], making
it a powerful complementary, if not stand-alone technique.

Like AFM, SICM can be used to obtain stiffness measurements. Application of
hydrostatic pressure through the pipette tip, induces membrane deformation as the tip
approaches the cell surface[309, 310]. The resulting degree of deformation results in
a greater distance travelled by the probe controlled by the set-point. A deformation
height map is then obtained allowing calculation of the cell stiffness based on the
stress applied by the probe and degree of strain of the membrane at each position[310].
Another more recent method of acquiring local cell stiffness data is by modulating the
distance control feedback, without the application of external pressure[311]. This is
based on the idea that as the pipette probe approaches the cell surface, the current
drop is much slower for soft surface than a stiff substrate, thereby allowing multiple set-
points to be used over the soft sample, inducing more deformation. This slow decrease
in current can be modelled by the probe-surface interaction, where it was shown that as
the pipette approaches the soft surface, it is pushed away by the glass tip by 10 times
the distance than a stiff surface would be[312]. Again, because the probe does not come
into contact with the sample, and because much smaller pipette probes can be used, it
enables mechanical properties of biological samples to be mapped with similar lateral
and vertical resolution to topographical imaging by SICM[311].

Due to the fact that imaging and mechanical mapping by SICM do not make con-
tact with the sample surface, it is possible to study changes in cell morphology and
function without the complication of probe-sample interactions, which is a considerable
advantage over AFM. It has been shown that topographical imaging of cells by AFM

is underestimated by 25% when measuring height, 15% when measuring the width,
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compared to SICM[285]. Moreover, small features on the cell surface were also shown
to be 70% smaller with AFM][285].

Like AFM, SICM is limited in terms of studying surface level behaviour of cells. In
addition, the vertical system is limited in the sense that it is fitted with an inverted
microscope to locate cells prior to imaging, making it less applicable to opaque or
thick samples, or inaccessible surface structures. However, recently developments have
been made where in SICM was combined with an upright microscope, to enable patch
clamping of intercalated discs of cardiomyocytes, and visualisation of the arrangement
and organisation of individual stereocilia as well as surface features of cells on opaque
nanostructured arrays which was previously a challenge with the vertical scanning sys-

tem[296].

A summary of the possibilities and challenges of currently available techniques is

highlighted in 2.1.
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Possibilities and Challenges of Existing Visualisation Techniques

Technique ‘ Possibilities ‘ Challenges

LM/SRM -SRM resolution can reach 10 nm -Standard LM has an upper resolu-
-Multicolour labelling of antigens tion limit of 200 nm
-Straightforward sample prepara- | -No ultrastructural information
tion -Applying SRM to non-standard
-High-throughput compared to | substrates is limited by sample
other techniques thickness, opacity

TEM -Highest resolution (2 nm) -Complete 3D reconstruction is not
-Labelling with immunogold or ge- | possible
netic reporters along with ultra- | -Requires lift-out or substrate re-
structure moval if using biomaterials
-Less time consuming (imaging) -Usually chemically fixed and de-
-Semi-3D up to 1.5 um thick hydrated samples, cannot be con-

ducted live

FIB-SEM -Approaches TEM-like resolution | -Physical destruction of the sample
(10 nm) after milling
-Complete 3D reconstruction of cells | -Artefacts from milling possible
in-situ -Chemically fixed and dehydrated
-No need for substrate removal samples, cannot be conducted live
-Can potentially be combined with | -Time-consuming sample prepara-
labels tion, imaging and processing times
-Can select and mill any region of
interest at any location

RS -Chemical information from sample | -Lower resolution (typically 500 nm)
-Label free and live compared to other techniques
-3D imaging possible -High signal to noise ratio required
-Large depth of penetration -Background autofluorescence can

complicate analysis

AFM -Fast scan time compared to SICM | -Overestimates feature dimensions
-Minimum sample preparation -Comes into contact with sample
-Can be conducted live and hy- | during imaging and stiffness mea-
drated samples surements
-3D images obtainable
-Temporal imaging possible

SICM -Non-contact, does not touch the | -Surface features only

cell surface

-Resolution up to 50 nm

-Live and hydrated state

-3D images obtainable
-Temporal events can be mapped

-Challenging for opaque samples

Table 2.1: Summary of current visualisation methods for investigating cell-material interac-

tions
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2.2 Chapter Aims

In light of the current techniques available for studying cell-material interactions, the
aim of this chapter is to demonstrate the challenges and optimisation of visualisation
techniques, prior to their use in addressing specific biological questions. In particular,
this chapter highlights the optimisation procedures for sample preparation as well as
microscope operation and data analysis through visualisation of subcellular features by
FIB-SEM, SICM and fluorescence based two-photon microscopy.

Visualisation of intracellular features by FIB-SEM requires a sufficient amount of
contrast between intracellular structures. This is usually achievable by the application
of osmium tetroxide, an electron dense fixation and contrast agent. However, the degree
of contrast achievable with osmium tetroxide fixation is limited as it primarily enhances
contrast of lipid-dense structures. Thus in this study, staining protocols incorporating
osmium tetroxide along with other contrast agents are tested with the aim to identify
optimum staining parameters in a universal protocol that enable visualisation of cell
ultrastructure with FIB-SEM.

Visualisation of surface features of cells on material substrates using SICM has pre-
viously not been conducted. Two methods of SICM operation, a vertical approach as
well as an angled approach are described, with the aim to optimise imaging parameters
to study cell behaviour on non-standard substrates. Indeed, the development of these
scanning systems to study cells on opaque high-aspect biomaterial substrates demon-
strated in this chapter provided the basis for its inclusion in the publication ‘Angular
Approach Scanning Ion Conductance Microscopy’ published in 2016 by Dr. Andrew
Shevchuk[296].

Lastly, the generation of novel probes for fluorescence microscopy has enabled high
throughput analysis of membrane dynamics and lipid order. However, relatively little is
known about using such probes (concentrations, propensity to adhere to non-standard
substrates) while studying the cell-material interface, therefore requiring optimisation

of probe labelling and microscope set up.

63



2.3 Materials and Methods

2.3.1 Cell Culture

Mouse ear fibroblasts (MERFs) from C57B/6 mice (P0) were kindly isolated and pro-
vided by Constant Morez (Imperial College London). MERFs were expanded and
maintained in Dulbecco’s Minimum Essential Media (DMEM, Invitrogen) along with
10% (v/v) Fetal Bovine Serum (FBS) and 1% (w/v) Antibiotic-Antimycotic (A/A, Life
Technologies). For FIB-SEM experiments, cells were expanded for 1-2 passages after
which they were seeded onto flat PDMS membranes (see chapter 3, methods) coated
with 2% (w/v) gelatin at 10,000 cells/cm?.

HMSCs were purchased from Lonza, expanded and cultured in Alpha Minimum
Essential Medium (Invitrogen) supplemented with 16% (v/v) FBS and 1% A/A (w/v).
HUVECs were cultured in endothelial basal medium supplemented with EGM2 Single-
Quot Kit supplement and growth factors (Lonza). All cells were cultured in a humidified
atmosphere at 37°C containing 5% COy. HUVECs and hMSCs were subsequently cul-

2

tured on nanoneedle arrays or glass coverslips at 30,000 and 20,000 cells per cm® as

indicated for 6 hours.

2.3.2 Nanoneedle Array Preparation

Nanoneedle arrays were fabricated by Dr. Ciro Chiappini (King’s College London) ac-
cording to [296]. Nanoneedle arrays were functionalised with 3-aminopropyl triethoxysi-

lane (APTES) by liquid phase conjugation (for details see chapter 4, methods).

2.3.3 FIB-SEM Sample Preparation

Media was aspirated and MERFs were washed in PBS. Prior to fixing, cells were washed
in 0.1 M sodium cacodylate buffer (Electron Microscopy Sciences) for 5 minutes. Cells
were fixed in 2.5% (v/v) glutaraldehyde (GA, Sigma) in 0.1 M sodium cacodylate buffer
for 1 hour at room temperature. Samples were washed twice for thirty minutes in 0.1
M sodium cacodylate buffer.

For staining, cells were stained with a number of different agents (Table 2.2). All
samples were stained with 1% (v/v) OsO4 with or without 1% (w/v) potassium ferri-

cyanide (EM Sciences) in 0.1 M sodium cacodylate buffer and rinsed with Milli-Q twice
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for 5-10 minutes. Samples were subsequently processed for dehydration, or further in-
cubated with 1% (v/v) Platinum Blue (Pt-Blue, TAAB Laboratories) in distilled water
for 30 minutes, or stained with 1% (w/v) tannic acid for one hour. Samples stained
with tannic acid were washed twice in Milli-Q water for 10 minutes and further stained

with 1% (w/v) Uranyl acetate (UA, Sigma) in Milli-Q water for at least 2.5 hours in

the dark.
FIB-SEM Sample Staining Optimisation
Stain 1 | Stain 2 | Stain 3
1% Os0y4, K3[Fe(CN)g] | - -
1% 0s0y4 1% Platinum Blue -
1% OsOy4 1% Tannic Acid 1% Uranyl Acetate

Table 2.2: Cell staining protocols for visualisation under FIB-SEM. K3[Fe(CN)g] = Potassium
ferricyanide.

All samples were dehydrated in graded series of ethanol at concentrations of 20,
30, 50, 70, 80, 90 and 100% twice for 5 minutes at each concentration of ethanol.
Complete dehydration was achieved by treatment with 100% ethanol 4 times for 5
minutes. Samples were infiltrated with resin made according to the manufacturer’s
instructions (Epoxy resin embedding medium kit, Sigma) in resin to ethanol (v/v)
ratios of 1:3, 1:2, 2:1 for 3 hours each. Pure resin was allowed to infiltrate overnight.
Pure resin was replaced once and then again after 6 hours. Excess resin over the sample
was removed with ethanol using a spray bottle, dipping membranes in ethanol, dabbing
the membrane face down on paper towel or allowing the resin to drip off. Membranes
were allowed to polymerize in an oven over 48 hours at 60°C. Samples were mounted

and coated with 20 nm of chromium in a sputter coater (Q150T S Quorum).

2.3.4 FIB-SEM Operation

Samples were imaged using a FIB-SEM (Cross Beam Workstation Auriga, Zeiss) with
the help of Dr. Ciro Chiappini. Cells of interest were located from above under standard
SEM by using an accelerating voltage of 5 kV. Once located, a region of interest was
selected and a milling current of 1 nA was used, with an accelerating voltage of 1.6 kV

and 5 mm working distance.
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2.3.5 SICM Sample Preparation and Imaging

For experiments carried out on fixed samples, media was aspirated and samples were
washed with phosphate buffered saline (PBS, Invitrogen) and fixed with 4% (v/v)
paraformaldehyde solution (PFA, Sigma) following 6 hours of culture on nanoneedle
arrays (For nanoneedle substrate preparation, see chapter 4). For live experiments,
cells were washed in PBS, imaged in Leibovitz’ media (Invitrogen) at 37°C. All samples
were transferred to a 35 mm dish prior to imaging.

Borosilicate glass (Outer diameter = 1 mm, inner diameter = 0.5 mm, Intracel,
Cambridge, UK) was used to pull pipettes of inner diameters of approximately 100 nm
using a P-2000 laser puller (Sutter Instruments, Novato, CA). Ion current measurements
were obtained using Axopatch 200B amplifiers (Molecular Devices, Wokingham, UK).
Prior to imaging, pipettes were filled with sterile filtered PBS. Pulling parameters for
temperature and velocity of pull were optimised for each experiment to yield pipettes of
roughly 100 nm and ion currents of 1 nA. A bias potential of 200 mV was applied prior

to imaging and current traces were analysed using pClamp 10 (Molecular Devices).

2.3.5.1 Hopping Probe Ion Conductance Microscopy (HPICM) Operation

HPICM consisted of an upright pipette that vertically approaches the sample and an
inverted microscope. After the pipette was immersed, a current of approximately 1 nA
was detected, and the piezo controller was used to approach the sample. The pipette
approached the sample until there was a 0.3%-0.6% drop in current due to proximity
to the sample surface. Due to the opacity of the substrate, HUVECs and hMSCs were
located by observing the sudden withdrawal of the piezo (by its feedback mechanism)
in the z-direction when the pipette was moved in x and y directions. A quick low-
resolution scan was conducted to confirm the presence of the cell. The area containing
the cell was selected and scanned at high resolution. Due to the high aspect ratio of the
surface features of the nanoneedles substrate, a pre-scan hop size of 10 ym was used

when imaging cells in these instances.
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2.3.5.2 Angle Scanning Ion Conductance Microscopy (ASICM)

The HPICM set up was adapted around an upright optical microscope (Fig. 2.3). In
order to achieve this, a micromanipulator (Patchstar, Scientifica, UK) was used to
coarsely position the pipette probe that allowed 20 mm of movement in the x, y and
z directions, whose angle could also be changed between 0 and 90°. Live or fixed
samples were incubated with 0.5 pg/ml of Wheat Germ Agglutinin (WGA) Alexafluor
488 Conjugate (Life Technologies) for 10 minutes in the dark and washed in PBS prior
to imaging with ASICM. Cells on nanoneedle arrays were located by fluorescence using
an upright microscope. The pipette was immersed and approached manually with the
same set-point range and current values as standard HPICM. The approach angle was
set between 30-40°. The pipette probe was then positioned accurately alongside the

cell of interest to initiate scanning.

Figure 2.3: Set-up and schematic for angle scanning ion conductance microscopy (ASICM). a)
SICM mounted on an upright microscope. b) View of the piezo in conjunction with the optical
microscope objective. ¢) Schematic of the components of the angle set-up. Image reproduced
from [296] with permission under the Creative Commons Attribution License.

2.3.6 Laurdan Imaging Optimisation

HMSCs cultured on glass coverslips, nanoneedle arrays or flat silicon wafers were washed

with serum free media and treated with different concentrations (10, 30, 50 uM) of
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fluorescent membrane probe 6-Dodecanoyl-2-Dimethylaminonaphthalene or Laurdan
(Thermofisher Scientific) thirty minutes prior to washing with PBS and fixation with
4% (v/v) PFA. HMSCs on nanoneedle arrays and FSW were incubated with Laurdan
containing media at 37°C for 20 or 40 minutes.

Imaging of Laurdan stained samples was conducted using a Leica SP5 upright con-
focal microscope or Leica SP5 inverted confocal microscope equipped with a Spectra-
physics Mai-Tai 690-1020 multiphoton laser and a 63x oil immersion objective. Mul-
tiphoton imaging was set up according to [216]. Laurdan was excited at 800 nm and
intensity images were detected by photomultiplier tubes (PMT) at 400-460 nm and
470-530 nm.
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2.4 Results and Discussion

2.4.1 Optimisation of Sample Preparation for FIB-SEM

Unlike TEM, in which cells are resin embedded in blocks and mechanically sectioned
prior to imaging, FIB-SEM proceeds with direct milling of the resin embedded sample
in-situ. Although this is advantageous for observing the cell-material interface, it does
require the ability to recognise the cell surface under SEM, as blindly milling through
micrometer depths of resin blocks to find a cell is time consuming. Thus, in order to
identify cells on the substrate, excess resin must be removed after embedding and prior
to polymerisation. For this process, a number of different approaches were tested (Table
2.2), including washing with ethanol, spraying the sample with ethanol and drying it
under air intermittently, as well as allowing excess resin to drain by gravity. It was
found that the excess resin was best removed by spraying with ethanol and intermittent
drying. Repeating this process twice was the most effective way to retain a thin-layer
of resin over the sample, allowing cells to be distinguished on the substrate (Fig. 2.4a).
This method to remove excess resin is consistent with another report where rinsing
with small volumes of ethanol was found to retain a layer of resin over the cells[313].
Milling the sample in this manner ensured sufficiently infiltrated sample along with
a protective layer of resin above the cells, which is particularly advantageous for FIB
milling (Fig. 2.4Db).

Observing the intracellular architecture of cells using FIB-SEM is a relatively new
technique, that has mostly been achieved through the application of heavy metal stain-
ing, as in cell preparations for TEM. In order to prepare samples with adequate in-
tracellular contrast and ultrastructural preservation for visualisation under FIB-SEM,
adaptations of different EM staining protocols that have previously been used in the
literature were tested (Table 2.2). Three staining protocols were tested in which sam-
ples were always treated with osmium tetroxide, the gold standard for post-fixation
and lipid staining in electron microscopy. In addition, the effect of using potassium
ferricyanide, uranyl acetate and Platinum-Blue in conjunction with osmium tetroxide
staining was investigated according to protocols in a number of recent papers pub-
lished (Fig. 2.4c-¢)[256, 314].

In order to ascertain which staining parameters were optimal for visualisation of
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Figure 2.4: Optimisation of sample preparation for ultrastructural visualisation under FIB-
SEM. a) SEM image of a MERF embedded in resin with excess resin removed by washing with
ethanol. Scale bar 20 ym. b) SEM image of a MERF being milled by the FIB, exposing the
cross-sectional face. Scale bar = 20 pm. c¢) SEM image of the milled cross-section of a cell
stained with a combination of 1% OsO4 and Kj[Fe(CN)g]. Scale bar = 2 um. d) SEM image
of the milled cross-section of a cell stained with 1% OsO4 and Pt-Blue. Scale bar = 2 ym. e)
SEM image of the milled cross-section of a cell stained with 1% OsOy4, 1% tannic acid (TA)
and 1% UA. Scale bar = 2 ym. N = nucleus, C = cytoplasm.

ultrastructure by FIB-SEM, milled samples were imaged using an ESB detector. SEM
images of cross-sections of cells revealed vast differences in intracellular contrast. For
all preparation protocols however, the nuclear membrane could be observed, perhaps
due to osmium post-fixation and staining. Post-fixation and staining of cells conducted
with osmium tetroxide and potassium ferricyanide showed the nuclear membrane faintly
contrasted with the cytosol. However, no other intracellular structures were detected
using this staining protocol (Fig. 2.4c, Fig. 2.5a). Similarly, cells post-fixed and stained
with osmium tetroxide and further stained with Platinum Blue, similar to that used in
[314] resulted in low contrast within the cells, although nuclear components could be
faintly distinguished (Fig. 2.4d, Fig. 2.5b). Remarkably, the addition of tannic acid and
uranyl acetate in the staining protocol in a sequential manner provided the best contrast
and ultrastructural visualisation (Fig. 2.4e, Fig. 2.5¢c, d). A variety of organelles within
the cytoplasm, including golgi bodies, mitochondria, lysosomes, endoplasmic reticulum
as well as chromatin domains such as heterochromatin and euchromatin were observed
within a highly contrasted nuclear membrane (Fig. 2.5¢, d). The results indicate that
the post-fixation and staining with osmium, followed by the use of tannic acid as a
mordant, and uranyl acetate for further staining offers sufficient contrast to distinguish

various intracellular components when imaged under FIB-SEM. This staining protocol,
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was an adaptation from [256] and [252], wherein FIB-SEM was demonstrated as a
valuable technique to study the cell response to surface topography in the form of

high-aspect nanostructure arrays.
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Figure 2.5: Zoomed-in SEM cross-sections of cells prepared with a) 1% OsO,4 and Ks[Fe(CN)g]
indicating nuclear membrane but no other organelles. b) 1% OsO4 and Pt-Blue indicating
cytoplasmic region and potentially a mitochondrion. ¢) and d) 1% OsOy4, 1% TA and 1% UA
indicating stained organelles and condensed chromatin. G = Golgi Body, M = mitochondrion,
L = lysosome, E = endoplasmic reticulum, H = heterochromatin. Scale bars = 1 um.

2.4.2 Optimisation of Image Acquisition by SICM

In this section, some images are reproduced from the publication ‘Angular Approach
Scanning Ion Conductance Microscopy’ authored by Andrew Shevchuk, Sergiy Tokar,
Sahana Gopal, Jose L. Sanchez-Alonso, Andrei I. Tarasov, A. Catalina Velez-Ortega,
Ciro Chiappini, Patrik Rorsman, Molly M. Stevens, Julia Gorelik, Gregory I. Frol-
enkov, David Klenerman and Yuri Korchev. Biophysical Journal, Volume 110, Issue
10, 2016, Pages 2252-2265, DOI: 10.1016/5.bpj.2016.04.017 under the Creative Com-
mons Attribution License. Data collection in this section are my own, and images have
been adapted for publication by Dr. Shevchuk, unless otherwise specified.

For SICM imaging, two scanning approaches were used, including a vertical ap-
proach where the pipette scans the top of the cell (HPICM), and an angled approach
(ASICM), where the pipette is designed to scan the top as well as side of the cell, in
contact with substrate. Since the vertical approach system is equipped with with an in-
verted optical microscope, scanning cells cultured on opaque samples must be conducted

without optical guidance. To demonstrate that it was possible to scan the surface of
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cells cultured on opaque substrates, hMSCs and HUVECs cultured on nanoneedle ar-
rays, were scanned using the vertical approach. By culturing cells at high enough
densities on these substrates, a low resolution pre-scan of a 100 ym by 100 pm area
was used to identify and relocate the pipette to the region of interest containing a cell
(Fig. 2.6a). By scanning such a region, the area containing a cell was selected and

scanned at a higher resolution.
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Figure 2.6: HPICM optimisation for scanning cells on nanoneedle arrays. a) Quick 100 ym x
100 pm pre-scan of cells on nanoneedle arrays used to locate cells using upright HPICM. Low
resolution height map indicates presence of cell(s) (in orange, contrasted against the substrate
in blue. Scale bar = 20 pm. Scan height indicated adjacently in microns. b) 2D SICM image
of a HUVEC cultured on nanoneedle arrays after 6 hours. Scale bar = 5 ym. Scan height
indicated adjacently in microns. Image reproduced from [296] under the Creative Commons
Attribution License, copyright 2016. ¢) Zoomed-in 3D SICM projected of area highlighted in
b) indicating edge of HUVEC following the grid-like pattern of the nanoneedles. Scan scale
indicated in microns. d) 2D SICM image of HUVECs cultured on nanoneedle arrays for 48
hours. Scale bar = 10 um. Height indicated adjacently in microns. e) 2D image of zoomed-in
area indicated in d). Scale bar = 4 pm. e) 3D SICM scan of zoomed-in area indicated in d).
Scan dimensions indicated in microns. Images in (b, d, e) reproduced from [296] under the
Creative Commons Attribution License, copyright 2016.

Moreover, using a low set-point and high pre-scan position (10 pm) allowed the
pipette to retract to a height above the sample that prevented collision when it moved
laterally. In this manner HUVECs cultured on nanoneedles and could be scanned using
the vertical approach (Fig. 2.6b-f). At this resolution of scanning (200 nm per pixel),
nanoneedles surrounding the cell were often not detected, due to their small tip size (50-

100 nm) and high aspect ratio, while the feedback control often reached the base of the
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nanoneedle substrate. Nevertheless, these scanning parameters allowed for entire cells
to be scanned on nanoneedle arrays, and portions of the apical cell membrane could be
seen enveloping the nanoneedle arrays (Fig. 2.6b). Moreover, regions of interest such
as the edges of cells interacting with the nanoneedle array could be selectively scanned
and visualised as 3D maps, as indicated by the edge of the HUVEC following the grid
like pattern of the array after 6 hours of culture (Fig. 2.6¢). The nanoneedle arrays
used in this study are biodegradable, and although little degradation is expected by 6
hours, they have been shown to remain as short stubs after 48 hours[315]. HUVECs on
nanoneedles were subsequently scanned after 48 hours of culture (Fig. 2.6d-f). In this
instance, images were acquired at two scanning resolutions (110 and 220 nm per pixel)
to find that HUVECs appeared more spread, and confirmed that nanoneedles remained
as short stumps (Fig. 2.6 d). On closer observation, the edge of the HUVECs could
be observed pulling the remaining stumps of nanoneedles towards them (Fig. 2.6e).
However since the pipette approaches vertically, 3D images of these regions could not
be resolved as they are projected as cliffs (Fig. 2.6e). Nevertheless, the vertical approach
of SICM was able to provide information not only of the apical cell surface interacting
with nanoneedle arrays but also cytoplasmic extensions that seemed to cause bending
of nanoneedles towards the cell (Fig. 2.6)[296, 145].

The construction of SICM around an upright microscope enabled identification of
cell location on opaque substrates prior to beginning a scan, so long as the cell was
labelled using conventional membrane dyes. In this instance, WGA was used to label
cells on nanoneedles prior to imaging (Fig. 2.7a). The scanning pipette was angled at
33° to the sample surface prior to imaging. This allowed the pipette to scan the sample
without obstructing the 40x objective of the upright microscope.

Due to the angled position of the pipette, raw topography images of the cells on
nanoneedles causes the nanoneedles to be observed as steps (Fig. 2.7b). However, by
correcting the slope, the image can be rotated to yield a visual representation of the side
of the cell interacting with nanoneedles (Fig. 2.7¢). 3D projections of ASICM images
provided better visualisation of the edge of the cell interacting with the nanoneedles
(Fig. 2.7d, e), however could not resolve details at this interface (For example, nanonee-
dles under the edge of the cell could not be imaged). Moreover, the maximum scan area

that could be imaged by ASICM was 15 x 15 pm due to the fact that cells on nanonee-
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Figure 2.7: SICM imaging of hMSCs using the angled approach. a) Fluorescent image of
hMSC labelled with WGA. Scale bar = 20 pm. b) 3D projected raw topographical image
of hMSC on nanoneedle after 6 hours of interfacing. Schematic of pipette indicates angle of
scanning. ¢) 2D ASICM image of hMSC cultured on nanoneedles with corrected slope from b)
indicated by dashed line. Scale bar = 5 um. d) 3D projected image of c¢). Scan scale indicated
in microns. e) 3D Zoomed-in high-resolution image of region indicated in d) showing the angled
slope corrected view of the cell-nanoneedle interface. Scan scale indicated in microns. Images
(a-d) reproduced from [296] under the Creative Commons Attribution License, copyright 2016.

dles are relatively tall samples, causing inability to withdraw the pipette sufficiently for
regions further away from the pipette. For these reasons, vertical scanning approach
was used to assess the behaviour of the apical membrane of cells on nanoneedle arrays,

which is highlighted in chapter 4.

2.4.3 Optimisation of Laurdan Staining for Membrane Order

Imaging by Two Photon Microscopy

The membrane dye Laurdan was recently characterised for imaging and quantitative
analysis of membrane order, which is a measure of the degree of packing of lipids in the
bilayer[216]. Laurdan is a polarity sensitive dye. When Laurdan binds to a membrane
in a less polar (hydrophobic and lipid dense) environment, a 50 nm negative shift in
its emission spectrum results, which corresponds to a higher degree of lipid packing,
often considered to be accumulation sites of lipid rafts (Fig. 2.8a). Thus, observing the
spectral shift in different regions of the membrane provides information on membrane

order by calculating proportions of fluorescence in two separate channels[316].

79



a ﬂSO nm 5 500 nm

Ordered Disordered

2000
1500

1000

Fluorescence Intensity

c T T T T T T T T T T T T
ocdodadadacdad

Figure 2.8: Schematic and Optimisation of Laurdan Staining for Two Photon Microscopy.
a) Schematic of polarity-sensitive Laurdan dye intercalating with the membrane. Emission
of Laurdan is 450 nm (cyan) when it binds to ordered regions in the membrane, whereas it
fluoresces at 500 nm (green) when bound to polar or disordered regions in the membrane. b)
Optimisation of Laurdan concentrations and incubation times. Merged (ordered and disordered)
channel images of Laurdan labelled hMSCs at indicated concentrations and times. Scale bar =
20 pm. c) Fluorescence images of ordered, disordered and merged (L-R) of Laurdan labelled
hMSCs on nanoneedle arrays (nN, top) and flat silicon wafers (FSW, bottom) after 6 hours of
culture imaged on an inverted microscope. Reflection is observed for images on FSW. Scale
bars = 20 pm. d) Mean fluorescence intensity measurements of Laurdan in channel 1 (C1) and
channel 2 (C2) at 50, 30 and 10 uM concentrations for incubated for indicated times (in minutes)
in hMSCs. Data from 5-15 cells in each condition and plotted as box and whisker diagrams.
e) Merged single plane fluorescence images of the membrane region above the nanoneedles and
basal membrane of hMSC on FSW labelled with 50 uM Laurdan for 30 minutes imaged with
an upright microscope. Scale bar = 20 pm.

Labelling cells with Laurdan is a relatively straight forward process, that proceeds
with incubating live cells with the dye for approximately 30 minutes. In order to test
the labelling of membrane of hMSCs with Laurdan, different times of incubation and
concentrations were tested (Fig. 2.8b). Laurdan concentrations of 50 uM, 30 pM and
10 uM were incubated with cells between 20 and 40 minutes. These concentration were
selected based on Laurdan concentrations recommended in the literature[216] and that
Laurdan should typically label the plasma membrane alone, and not be internalised.
In addition, the intensity of the ordered and disordered channels should be similar for
quantification and analysis. Thus the quantity of ordered and disordered domains can
be calculated irrespective of intensity, as long as the channel intensities are similar.
Incubation times for Laurdan generally range from 30 to 40 minutes. Incubation of

hMSCs with Laurdan at all three concentrations and two different time points showed
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similar staining distributions indicating that these parameters did not change whether
Laurdan was present in the cytosol. Recently, a new variant of Laurdan, called C-
Laurdan has been shown to be more specific than Laudran in labelling the plasma
membrane alone, but has not been investigated here[317]. 50 uM concentrations of
Laurdan incubated for 30 and 20 minutes respectively demonstrated the least difference
between the two channels (Fig. 2.8¢c). Moreover, the variation in intensity profiles for
50 uM concentrations was much less than for other concentrations (Fig. 2.8¢). Previous
data of Laurdan analysis have only used single sections for quantitative analysis[318,
319]. This becomes an important consideration, particularly as the membrane of cells
cultured on topographical substrates may be present in different planes. Thus for the
analysis in this study, Z-stacks were obtained for membrane order quantification.

In order to image cells labelled with Laurdan, a suitable microscope set up is re-
quired. Since Laurdan is excited at 400 nm, it can be imaged easily through excitation
by a multi-photon laser at 800 nm. In addition, in order to study the changes in mem-
brane order in cells cultured on topographical substrates, hMSCs cultured on nanonee-
dle arrays as well as flat silicon wafer (FSW) controls and labelled with Laurdan after
6 hours. Subsequently, cells were imaged by placing the opaque substrates upside down
to be imaged by an inverted microscope equipped with a multiphoton laser. Although
imaging of cells on nanoneedle arrays was easily achieved, images of cells cultured on
flat silicon chips contained high background perhaps due to an alignment issue of the
microscope (Fig. 2.8d). To overcome this, Laurdan imaging for cells on nanoneedles
and flat silicon wafers were conducted using an upright microscope which did not show

any alignment artefacts (Fig. 2.8e).
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2.5 Conclusion

In this chapter, the optimisation of three important techniques: FIB-SEM, SICM and
Laurdan labelling for two photon microscopy was demonstrated with a view to apply
them to studying cell-material interactions. An optimisation of the sample preparation
method identified the optimal staining parameters for visualising cell ultrastructure
by FIB-SEM. An investigation into the scanning approach and operation of SICM for
imaging cells on high-aspect nanostructures was conducted to find that the membrane
of cells and surface structures could be imaged with nanometre resolution on such
materials, without the need for extensive sample preparation. Lastly, the optimisa-
tion of Laurdan labelling time and concentrations as well as microscope selection for
quantitative analysis and visualisation of membrane order of cells cultured on opaque
substrates was successfully highlighted. These optimised methods are hence incorpo-
rated into chapter 3 and 4, with a focus to elucidating key features of the cell response

to material cues.
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3. New Microscopy Methods to Study
the Influence of Microgrooved Substrates

on Nuclear Remodelling

It has previously been shown that grooved topography can induce changes in the
epigenome by controlling nuclear morphology[212, 122, 124]. Moreover, nuclear elonga-
tion can induce large scale chromatin silencing as DNA staining showed that it appeared
to be more dense[320]. These epigenetic and chromatin modifications are accompanied
by changes in gene expression and a corresponding change in cell differentiation state.
The fact that microgrooved topography promotes differentiation to cell types that in-
trinsically possess elongated and aligned morphology in their mature state, suggests
that there is a corresponding level of nuclear restructuring that is modulated by the
epigenome[124].

In consideration of the current difficulties in extending available state-of-the-art
techniques such as CLEM to complex cell-biomaterial systems, and that SRM does not
provide ultrastructural information, few attempts to visualise the relationship between
nuclear shape and histone modifications have been made. Moreover, the vast number of
studies incorporating LM are unable to provide information on the precise localisation of
specific histone modifications which is important in understanding genome organisation.
Moreover, there is limited application of techniques such as scanning probe microscopy,
that can measure physical response of the cell to its environment.

In this chapter, a newly developed technique incorporating immunolabelling with
FIB-SEM was developed to study the influence of microgrooved topography on nu-
clear architecture and epigenetic remodelling. Through acquisition of serial sections
at nanometre resolution, entire nuclei were reconstructed in 3D. By FIB-SEM, it was

demonstrated that microgrooves induced deep nuclear invaginations, while also increas-
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ing density of epigenetic marks. Moreover, by immunolabelling FIB-SEM, epigenetic
marks were re-located to the nuclear periphery for cells cultured on microgrooves. This
data is corroborated with the finding that cells on microgrooves increase their nuclear
stiffness as measured by applying a scanning probe microscopy technique, SICM.
Immunogold FIB-SEM technique can potentially be used to acquire multiple sec-
tions of cells on any biomaterial or system, as long as it fits in the constraints of the
primary antibody penetration, cell membrane permeabilisation and FIB-SEM sample
preparation. This allows high-resolution mapping of proteins of interest in 3D within
cells in-situ, along with ultrastructural information, and without the need for separate
fluorescence and FIB-SEM microscopes, which complies with the current restrictions

of most cell-biomaterial systems.
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3.1 Introduction

3.1.1 Nuclear Architecture and Gene Regulation
3.1.1.1 Internal Nuclear Architecture

The nucleus of eukaryotic cells is a highly organised structure comprised of compart-
mentalised and regulated domains, required for reliable replication, repair, gene ex-
pression[321]. The loss of genomic organisation and nuclear architecture that often
accompanies infection, cancer and genetic disorders supports this idea[322]. The com-
partmentalised framework of the nucleus is based on the non-random positioning of its
components namely chromosome territories, proteinaceous bodies (namely Cajal and
PML bodies), IF rich nuclear lamina, and ribosomal RNA rich nucleoli (Fig. 3.1)[192].
that can also dynamically interact with each other to influence gene expression[323,
324]. For instance, chromosome territories are separated from one another by distinct
channels called interchromosomal domains[325]. These provide conduits for RNA pro-
cessing, supplied by gene active regions, typically found at the peripheral region of the
chromosomes[321]. Although there is separation of the territories, significant intermin-
gling of different chromosome territories occurs in these regions, as chromatin from
different territories can loop into these regions[326, 327].

Gene active regions can also be visualised ultrastructurally in the nucleus. Located
centrally, these regions are recognised by low degrees of chromatin compaction termed
as euchromatin. In contrast, gene inactive or gene poor regions are visualised as dense
heterochromatin normally located at the nuclear periphery|[328].Gene active regions are
comprised of multiple chromosome territories. For instance, outward looping of chro-
matin consisting of transcriptionally active genes Hox1 and Hox9 into central domains
has been shown in differentiating ESCs[329], while repositioning of various genes to the
heterochromatin containing nuclear periphery is a hallmark of cell differentiation[330].
These effects are also seen microscopically. TEM images of undifferentiated ESC nuclei
showed a de-condensed granular appearance, while retinoic acid induced differentiation
of ESCs stimulated their nuclei to form heterochromatin domains[331]. It has also
been found that genes within heterochromatin may not always be inactive, as their

proximity to open regions could influence their activity, and it is the density of genes,
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rather than expression that is different between euchromatin and heterochromatin do-
mains[332]. Moreover, because of the sponge-like structure of chromosomal territories,
and the looping of interchromosomal domains into heterochromatin compartments, nu-
clear transcription factors can still access these regions[327, 333]. Nevertheless, the
function of heterochromatin as a repository for inactive genes represents an important

feature for maintaining nuclear function and gene expression[334].
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Figure 3.1: Schematic of nuclear architecture. The nucleus is organised into distinct domains
as its constitutive components occupy non-random positions. Chromosome territories form
the major distinct compartments which are separated by interchromosomal domains. Other
substructures of the nucleus include the nucleoli, Cajal bodies and PML bodies, as well as
nuclear speckles. The nuclear envelope is also punctured with nuclear pore complexes.

3.1.1.2 Nuclear Shape

In addition to internal nuclear architecture, nuclear shape plays an important role in cell
function. Not only does nuclear shape vary with cell type, but also with differentiation
or disease state[335]. It has been suggested that nuclear shape and morphology is
regulated by the actin cytoskeleton and microtubules through their direct links with
the nucleus[336, 337, 338] while the nuclear lamina is responsible for the maintenance
of nuclear shape based on the dramatic changes observed in nuclear morphology in
various laminopathies[199]. The nuclear envelope is composed of a double lipid-bilayer,
perforated by nuclear pore complexes (NPCs) that span both membranes. While its

outer membrane forms a continuous structure with the endoplasmic reticulum, its inner
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membrane is in contact with the nuclear lamina and chromatin. Together they form
a complex and tubulated organelle within the cell, referred to as the nucleoplasmic
reticulum (NR)[339]. Although the inner and outer membranes often follow the same
path and are found to invaginate deep within the nucleus (type II NR), the inner
nuclear membrane has also been found to invaginate on its own (type I NR). Although
they may be present in many cell types, the precise functions of type I and type II
NRs are only beginning to be understood (Fig. 3.2)[339, 340, 211]. Currently, it is
thought that type II NR provide access to the central nucleoplasm, where majority
of active genes are transcribed. In addition, NPCs have been found to localise at
these sites, facilitating import and export from the centre of the nucleus[210, 341]. NR
invaginations have also been linked to calcium signalling as specific calcium release
receptors have been found at NR locations, that can also lead to spatial control of
calcium dependent transcription[342]. Yet another function of the NR is highlighted
by its proximity to nucleoli, that are rich in ribosomal RNA, possibly facilitating the

export of such molecules via NPCs[343].
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Figure 3.2: Schematic illustration of the nucleoplasmic reticulum (NR). Invagination of the
INM called type I NR, or the ONM and INM called type II NR can regulate external architecture
of the nucleus and provide channels of functions to the inner nuclear area. Type II NR may be
studded with NPCs and have been found in close proximity to nucleoli, while type I NR have
been found to consist of calcium receptors and kinases that regulate calcium signalling.
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3.1.2 The Epigenome and Gene Regulation

The division of the eukaryotic nucleus into organised compartments provides sites for
transcriptional activation and silencing, and the organisation of these compartments is
dictated by their chemical modifications and resulting structural framework. Chemi-
cal modifications of the DNA backbone itself such as methylation of DNA on cytosine
residues of CpG dinucleotides present in repetitive sequences and promoter regions is an
epigenetic modification that directly regulates gene expression[344]. The methylation
of cytosine, orchestrated by a family of enzymatic proteins, DNA methyltransferases
(DNMTs) typically results in transcriptional silencing, that is normally mediated by
recruitment of methyl-CpG recognising proteins (M-CpG) that bind to these sites[345,
346]. The methylation of DNA at CpG islands is often associated with heterochro-
matin at the periphery as distinct foci in interphase nuclei[347]. However, it is debated
whether methylation itself can induce chromatin compaction. While a single molecule
approach based on fluorescence resonance energy transfer (FRET) in an isolated system
showed that chromatin compaction and rigidity increased with methylation of DNA,
another study demonstrated by nucleosome digestion of nuclei of ES cells that DNA
methylation had no effect on compaction, reflecting the complex interplay between
multiple regulatory components[348, 349]

In addition to DNA methylation, chemical modifications of histone proteins con-
stitute another form of epigenetic modification. An octamer of histone proteins en-
compassed by 146 base pairs of DNA constitute a nucleosome. Nucleosomes are linked
together much like beads on a string, giving rise to the basic structure of chromatin[350].
Higher order chromatin structure is established through interactions of nucleosomes,
and subsequent compaction of fibres that is mainly stabilised by histone linkers[351].
Histone proteins H2A, H2B, H3 and H4 can be chemically modified on their N-terminal
tails that protrude outwards from chromatin fibres. Covalent modifications such as
methylation, acetylation, sumoylation, ubiquitination and phosphorylation can take
place at site-specific residues lysine, arginine, serine and threonines (Fig. 3.3). These
modifications are carried out by families of enzymes that may act to specifically target
a particular residue or act on more than one residue[352]. For instance, histone lysine

methyl transferases can methylate H3 lysine 9 (H3K9) or H3K4 residues depending
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on their enzymatic SET domain[353]. In contrast, histone deacetylases (HDACs) that
are responsible for removing acetyl groups from histones are relatively non-specific and
have been shown to act on multiple residues on histones[352]. Like DNA methylation,
the resulting modifications have profound implications for gene expression and silenc-
ing. For instance, acetylation of lysine residues on histones can lead to neutralisation of
the positive charge that otherwise attracts the negative charge of the DNA backbone,
allowing DNA to be more accessible at the nucleosome, a case for directly modifying
chromatin structure[354]. Majority of the histone modifications are found on lysine
residues, while other residues such as serines and threonines can be phosphorylated,
and arginine could be methylated. The different types of histone modifications can re-
sult in changes in the biochemical environment disrupting or promoting the localisation

and interaction of various proteins involved in chromatin remodelling[355].
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Figure 3.3: Schematic of epigenetic modifications responsible for gene activation and silenc-
ing. Epigenetic modifications are present on the DNA backbone itself as DNA methylation and
as post-translational modifications of histone proteins that bind and package DNA. Depending
on the type of modification on the DNA or histone, chromatin may be segregated into different
domains (dashed line). Moreover, the enrichment of specific combinations of epigenetic modi-
fications can also contribute to the nature of the chromatin order or landscape. Nucleosomes
can also occupy specified regions that may be dictated by methylation patterns of DNA. Figure
reproduced from [356] with permission from Springer Nature, copyright 2010.

Moreover, DNA methylation and histone epigenetic modifications exhibit significant
interdependence. For instance, DNMTs and M-CpG proteins are known to facilitate
recruitment of histone repressor complexes consisting of HDACs[357], while histone

methylation of lysine residues recruits HP1 that in turn facilitates DNMTs to methylate
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CpG islands. This in turn attracts M-CpG proteins that recruit HDACs resulting in a
positive feedback loop for maintenance of repression[358].

While there is some evidence that histone modifications can directly impact chromo-
some structure, an alternative model is that histone modifications regulate chromatin
structure via their ability to recruit specific proteins based on the histone code[359,
360, 361]. Methylation of specific lysine residues including tri-methylation of H3K4
(termed as H3K4me3) and acetylation of lysine residues on histones 3 and 4 have been
found in majority of gene active regions. Normally, these histone marks are associated
with chromatin decondensation, and are found on chromosome loops that can extend
out of chromosome territories[329, 362]. In contrast, the epigenetic mark H3K9me3
(tri-methylation of lysine 9 on histone 3) acts as a repressive mark shielding tran-
scription factors from accessing genomic regions when present at promoter sites[363].
H3K9me3 in turn can recruit chromatin remodelling complexes heterochromatin protein
1 (HP1) that result in heterochromatin nucleation and gene silencing[364, 352]. The
loss of methylation of H3K9 also leads to genomic instability and heterochromatin dis-
organisation[365]. However, when H3K9me3 modifications are located within the gene
sequence, it can behave as as an active mark[366]. This highlights that site-specificity
in the histone code, particularly for H3K9me3, accounts for transcriptional control.
Modifications of histones may also contribute to the positioning of chromosomes as it
has been shown that inhibiting HDACs results in large-scale relocation of chromatin to

the nuclear periphery[367].

3.1.3 Heterochromatin and the Nuclear Envelope

The presence of condensed heterochromatin at the nuclear periphery has led to inves-
tigating this region as a gene silencing compartment. In mammalian cells, multiple
gene loci have been found to re-locate to the nuclear periphery and associate with
peripheral heterochromatin[368]. However, considering the non-random positioning of
chromosomes, and that some genes can remain active or inactive irrespective of their
positioning[369], accumulation of peripheral heterochromatin is considered an effect
rather than a cause of silencing. Moreover, silencing at heterochromatin regions is not
considered to be an accessibility issue, due to the sponge-like structure of these do-

mains, as well as their ability to loop inwards, as mentioned previously. To this end,
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it is important to understand how peripheral heterochromatin is regulated to control
and silence particular gene loci.

Peripheral heterochromatin is tethered to the nuclear lamina, a meshwork of in-
termediate filament proteins called lamins (see section 1.3.3.1). The lamin proteins
including A-type (Lamin A/C) and B-type (Lamin Bl and B2) anchor to the INM
by associating with integral SUN proteins. The importance of the nuclear lamina in
regulating peripheral heterochromatin is based on the findings from the loss of periph-
eral heterochromatin that occurs during structural integrity of the nuclear lamina in
ageing, laminopathies, and cancer[370, 201]. Moreover, unfavourable changes in nu-
clear shape are frequently observed in laminopathies, highlighting the interdependency
of chromatin structure, nuclear shape and lamina integrity[199, 371]. In addition, the
lack of lamin A/C and lamin B receptor (LBR) proteins in rod photoreceptors is ac-
companied by an inversion of global chromatin positioning, where heterochromatin is
located in the nuclear interior[372]. The fact that this can be reversed by ectopic ex-
pression of LBR highlights the role of the nuclear lamina in tethering heterochromatin
to the nuclear periphery[372].

The nuclear lamina and its binding partners can exert control over peripheral hete-
rochromatin by their ability to bind to transcriptional repressors[373]. Transcriptional
repressors such as HDACs can bind to lamin binding proteins that are present in the
INM such as emerin and lamina-associated polypeptide-2-B (LAP2p), thereby stimulat-
ing deacetylation[374, 375]. Deacetylation via HDACs facilitates both CpG methylation
and HP1 mediated H3K9me3 accumulation. LAP2{3, emerin, and another INM protein
MANT1 (collectively termed as LEM), have been shown to bind directly to chromatin
at the nuclear periphery via BAF, a chromatin binding protein[373]. In contrast, LBR
can bind to heterochromatin via HP1, which in turn binds and accumulates H3K9me3,
thereby enriching and maintaining the peripheral heterochromatin with this repressive
histone mark[202].

The interactions of heterochromatin and the nuclear lamina at the nuclear envelope
are key to modulating gene expression, and as a consequence, cell differentiation. In
undifferentiated states, the nuclear lamina is devoid of lamin A and cells display very
few heterochromatin foci[376]. As cells differentiate and lose their pluripotency, the ex-

pression of lamin A commences, initiating peripheral heterochromatin tethering, while
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also increasing nuclear rigidity and large scale gene silencing[377]. This is accompanied
by an increased coverage of H3K9me3[378, 363]. The finding is supported by the fact
that the use of biochemical inhibitors of H3K9me3 and HDACs in differentiated cell
types can aid in maintenance of stem cell plasticity through their ability to control
heterochromatin dynamics[378, 379]. In addition, H3K9me3 is considered to be a bar-
rier to cell reprogramming[363]. Thus both the nuclear lamina and heterochromatin
contribute significantly to structural as well as biochemical alterations of the nucleus,

which has implications for stem cell differentiation as well as reprogramming.

3.1.4 Using Material Cues to Induce Nuclear Remodelling

Nuclear lamins play a significant role in imparting mechanical stiffness to the nucleus
as it has been highlighted that lamin A/C increases with increasing tissue rigidity,
substrate stiffness as well as cytoskeletal tension[204, 380, 197]. Moreover, external
forces such as shear, compression and tension have all been shown to reorganise lamin
A/C[381]. These studies provide evidence that nuclear lamins can directly sense and
transduce mechanical forces from the extracellular environment, potentially leading to
adaptations in chromatin structure and epigenetic modifications through their close
association with heterochromatin.

Biophysical cues can control cell and nuclear morphology to induce dramatic alter-
ations in chromatin organisation as well as in transcription[320]. Nuclear deformation
induced by micropatterning of endothelial cells stimulated chromatin condensation and
a subsequent reduction in cell proliferation[320]. This is consistent with another study
in which increasing tensile stress on rectangular micropatterns was also shown to in-
duce nuclear indentations in the lamina along with regions of condensed chromatin[227].
The effect of substrate topography on nuclear architecture has also been investigated.
MSCs and fibroblasts cultured on 140 nm diameter nanocolumns show reduced nu-
clear area, and also stimulated chromosomal repositioning[382]. In other instances,
substrate topography in the form of microgrooves reported similar changes in chro-
mosome positioning in addition to silencing at telomeric regions which occurred in a
lamin-dependent manner[205].

Unsurprisingly, the alterations in nuclear shape and chromatin condensation in-

duced by material cues are often accompanied by changes at the epigenetic level
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(Fig. 3.4). An increase in chromatin condensation and decrease in global gene ex-
pression is accompanied by decreases in histone 3 and 4 acetylation in epithelial cells
forced to adopt a rounded morphology by circular micropatterns and 3D culture sys-
tems[383]. Opposite results have been observed in another study using MSCs on 10
pm microgrooves, indicating that nuclear elongation and increased tension are more
favourable for increasing H3 histone acetylation and decreasing HDAC activity[212].
As an increase in histone acetylation is reflective of more accessible chromatin struc-
ture, the epigenetic signature of fibroblasts was altered to facilitate cell reprogramming
using microgrooves (Fig. 3.4c, d). Along with global increases in active marks such as
H3K4me3 and histone acetylation, topography in the form of microgrooves was seen
to eliminate the need for biochemical epigenetic modifiers such as valproic acid[122].
More recently, microgrooved topography facilitated the generation of cardiomyocytes
from cardiac progenitor cells, while suggesting that global acetylation mediated by mi-

crogrooves elicits a favourable epigenetic response that promotes forward reprogram-

ming[124].
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Figure 3.4: Using microgrooved topography to stimulate epigenetic remodelling. a) False-
coloured SEM image of cells on microgrooves indicating elongated cell morphology and b)
corresponding analysis of nuclear shape as a result of culturing cells on microgrooves indicating
significant nuclear alignment. Scale bar = 20 pym. Images reproduced from [124] under the
Creative Commons Attribution License. Confocal micrographs of fibroblasts cultured on c)
flat and d) microgrooves labelled with indicated epigenetic modifications showing intensity
of acetylation and histone marks. Scale bar = 10 pm. Images reproduced from [122] with
permission from Springer Nature, copyright 2013.
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3.1.5 Developing New Techniques for Studying Nuclear Response to

Material Topography
3.1.5.1 Immunogold labelling with FIB-SEM

The potential of simple material cues to modulate changes in the epigenome that reg-
ulate differentiation provides immense opportunity for stem cell differentiation and re-
programming platforms. However, in order to develop such platforms towards clinical
integration or into cell culture systems, it is necessary to characterise and understand
the mechanisms of these precise interactions.

3D confocal microscopy has been instrumental in enabling the visualisation of not
only the gross distribution of histone labels, but also the morphology of the nucleus.
For instance, high magnification Z-stack projections of nuclei labelled with different
histone marks have indicated the typical staining pattern of H3K4me3 which is seen to
be present in the central portion of the nucleus[384], while H3K9me3 typically adopts a
similar pattern of distribution to DAPI, co-localising with individual heterochromatin
foci[385]. Moreover, the ability to label two different antigens in the same sample
enables the distribution of histone marks within the nucleus to be studied in relation
to its envelope morphology[384].

It has thus been possible to extend 3D confocal microscopy to characterising the
influence of surface topography on histone distribution, nuclear morphology and ar-
chitecture in separate instances[122, 124, 205, 128]. Although each of these studies
investigates histone marks and nuclear architecture separately, a recent report incor-
porating SRM technique SIM was used to image the nuclear lamina, along with the
actin cytoskeleton and DAPI-stained chromatin. This study highlighted the increase
chromatin compaction as well as the ability of the actin cytoskeleton to localise to
sites of high nuclear deformation that occurred in response to culturing cells on long
rectangular micropatterns[227]. Because the nuclear lamina is continuous with the nu-
clear membrane, immunolabelling of lamin proteins allows detection of the contour of
the nuclear membrane, which has enabled the detection of type IT NR, (deep nuclear
invaginations) in a number of cell types[384, 386], as well as proposed to be influenced
by microgrooved topography[205]. In addition to 3D confocal microscopy, a report

investigating the nuclear response to cell interfacing with nanopillar arrays showed by
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TEM that the nuclear membrane heavily deformed around the nanopillars, although
no conclusions about internal nuclear architecture were made[128].

Thus most studies investigations of nuclear remodelling in response to material
topography have utilised either 3D confocal microscopy that provides localisation in-
formation or TEM for structural information, limiting the ability to provide insight
into structure-function relationships. For instance, elucidating how histone modifica-
tions are influenced alongside nuclear ultrastructure can shed light on the mechanisms
involves in nuclear remodelling in response to material cues.

Of the number of current techniques (reviewed in section 2.1) that have the potential
to study nuclear and epigenetic changes in response to material topography, FIB-SEM
is ideally suited to visualising cell-material interactions, as it allows imaging of the cell
in cross-section, in-situ at any desired location[252]. For instance, FIB-SEM enables
particular regions of interest (ROI) to be imaged as the sample can be milled till
the ROI appears during slice-and-view. In this way, the distance of the deforming
nuclear membrane from nanopillars could be studied[252]. Moreover, samples can be
milled in different directions that allows freedom to observe and orient the slices for
3D visualisation. Along with ultrastructural information, it is necessary to obtain
information about specific proteins and their modifications that otherwise cannot be
distinguished by ultrastructure. Immunogold labelling, routinely used in conjunction
with TEM offers a straightforward readout of labelled antigen along with ultrastructural
information. Moreover, the ease of detection of gold particles at the site of interest offers
robust analysis compared with more ambiguous genetic probes that work by enhancing
regional contrast alone.

Thus, given the advantages of using FIB-SEM for obtaining 3D ultrastructural
information of cell-material interactions, its combination with immunogold labelling
can potentially provide correlative information required to discern the nature of these

complex biointerfaces, a method that is yet to be developed.

3.1.5.2 SICM in Stiffness Mapping Mode

Given the intimate link between nuclear shape, architecture and its mechanical prop-
erties, material topography can induce modifications of nuclear stiffness based on its

ability to stimulate changes in nuclear morphology[387, 128, 388]. AFM has contributed
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significantly to the study of mechanical properties of cells on various topographical sub-
strates. For instance, culturing cells on 400 nm wide microgrooves compared to 2 pum
wide microgrooves resulted in a decrease in the elastic modulus of nuclei measured
by AFM, that was accompanied by a decrease in nuclear volume[387]. The ability to
measure nuclear stiffness alongside obtaining fluorescence microscopy information, pro-
vides insight into how cells remodel their nuclei in response to substrate topography.
For instance, using micropillar topography, AFM measurements showed unexpectedly
that cell types that exhibited the highest deformability also demonstrate great cell stiff-
ness, perhaps owing to the thick actin stress fibres observed correlatively by confocal
microscopy[389].

SICM has recently demonstrated enormous potential for mapping the topography
and elastic modulus of cells with higher lateral resolution than AFM][311, 285, 284].
Moreover, because the technique maps stiffness without coming into contact with the
sample, it can potentially be used to gain stiffness measurements without inducing
damage and minimally impacting cell physiology. Stiffness measurements using SICM
are obtained alongside topographical imaging, thereby allowing correlations between
nuclear topography and stiffness measurements to be made. A relatively new technique,
low stress stiffness mapping is yet to be attempted on cells cultured on topographical
substrates, and could provide an additional powerful tool in characterising the cell

response to material topography.
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3.2 Chapter Aims

Substrate topography in the form of microgrooves has previously been shown to facili-
tate cell reprogramming and differentiation via adaptations in nuclear architecture and
downstream modifications in the epigenome. However, the specific nuclear adaptations
that occur in response to microgroove topography in triggering epigenetic changes are
yet to be elucidated (Fig. 3.5). Moreover, the close relationship between the 3D nuclear
architecture and its mechanical properties warrant further characterisation to establish
that microgrooved topography can induce changes in nuclear stiffness via modifications

in nuclear architecture. In order to study these phenomena, new techniques must be

Histone

Chromatin

A Epigenetic mark

Figure 3.5: Schematic of the potential influence of microgrooved topography to stimulate
epigenetic modifications. Cells cultured on microgrooved may adopt elongated morphologies
which result in altered cytoskeletal organisation, resulting in nuclear shape changes. Nuclear
shape changes can in turn exert effects on the internal chromatin structure and organisation in
terms of its compaction and epigenetic modification through direct links to the cytoskeleton.
Specific epigenetic marks may be reduced, increased or relocated.

developed and applied. While FIB-SEM has shown particular promise in revealing the
cell-material interface at nanometre resolution, the combination of ultrastructural in-
formation with specific protein targeting using a robust immunogold labelling method
has not been conducted previously. In this chapter, a technique using immunogold la-

belling and FIB-SEM is developed to elucidate the structural aspects of the relationship

between the material-initiated stimulus and epigenetic response, that has the potential
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to provide unprecedented resolution and spatial awareness. In order to demonstrate
proof-of-concept of this method, a previously characterised microgrooves system used
to influence the epigenetic state of neural stem cells was selected. Through this system
it was previously found that the histone methylation mark H3K9me3 was markedly
upregulated in response to microgrooves of 10 um width and 10 pm height. For this
reason, neural stem cells cultured on these grooves were selected to assess the locali-
sation of H3K9me3 in relation to the ultrastructure of the nucleus in 3D. Second, by
applying recently developed low-stress SICM, the mechanical properties of cells in re-
sponse to microgrooved topography are measured. Through the application of these
methods, the effect of biophysical cues induced by topography on nuclear ultrastructure
is highlighted, potentially allowing these methods to be extended to a wide variety of

cell-material systems.
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3.3 Materials and Methods

3.3.1 Antibodies

Anti-H3K9me3 was purchased from Abcam. Anti-rabbit fluoronanogold-Alexa488 (FNG)
was purchased from Nanoprobes. Donkey anti-rabbit secondary antibodies were pur-

chased from Invitrogen.

3.3.2 PDMS substrate fabrication

Silicon wafer moulds of parallel microgrooves (10 ym wide and 3 pm deep) were pre-
pared and provided by Dr Ciro Chiappini using established soft lithography techniques.
For PDMS production, silicone elastomer and curing agent (Sylgard 182 Kit, Dow Corn-
ing) were mixed in a ratio of 10:1 (v/v) and placed in a vacuum chamber for 30 minutes.
Silicon wafer moulds were subsequently spin-coated with PDMS at 500 rpm for 40 sec-
onds. For curing, spin-coated moulds were placed on a hot plate for 15 minutes at
140°C. Membranes were peeled off the masters, cut to appropriate dimensions with a
blade or hole punch (depending on the application). They were then were sonicated in
70% (v/v) ethanol for 20 minutes (VWR, 150T sonicator) following which they were
dried and oxygen-plasma treated for 1 minute (PlasmaPrep II, Gala Instrumente) to
increase hydrophilicity and binding of protein coatings. Membranes were subsequently
washed in 70% (v/v) ethanol and transferred to a culture plate under sterile conditions
after which they were UV-sterilized for 1 hour and coated with 2% (w/v) gelatin and

1% (w/v) laminin in an incubator for at least 30 minutes prior to cell seeding.

3.3.3 Cell culture and Seeding

Neural stem cells (NSCs) were cultured and seeded on substrates by Chia-Chen Hsu
(Department of Materials, Imperial College London). NSCs derived from hESCs and
hiPSCs were detached with Accutase (Stemcell Technologies, UK) when the cells were
80 to 100% confluent. The dissociated cells were suspended in PBS, pelleted at 300 x g
for 5 minutes and were resuspended in NSCR Neuron medium into the single-cell level
and counted. Cells were plated on substrates placed within a 48-well plate at a density

of 6.6 x 10* cells per cm? for immunostaining assays.
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3.3.4 Immunolabelling for Flourescence Microscopy

Immunolabelling for standard fluorescence microscopy was performed by Chia-Chen
Hsu. Immunolabelling for standard fluorescence microscopy were performed using the
following protocol. Cells were fixed with 4% (v/v) PFA for 15 minutes, permeabilised
with 0.2% (v/v) Triton X-100 for 10 minutes at room temperature, and then blocked in
3% (v/v) goat serum for at least 30 minutes. Primary antibody against histone 3 lysine
9 tri-methylation (H3K9me3) was then incubated with the sample for 1 hour in PBS,
and washed three times in PBS followed by secondary antibody incubation for 30 min-
utes. The nuclei were counterstained with DAPI along with the secondary antibodies.
The samples were mounted on slides with FluorSave’ Reagent (Millipore, UK) and
the cells fixed on the culture plates were preserved in PBS, and were both stored at 4°C
in the dark. Images were acquired with an epifluorescent microscope (EVOS FL Cell
Imaging System; Life Technologies) or a SP5 MP/FLIM inverted confocal microscope

(Leica).

3.3.5 Immunolabelling for FIB-SEM

HiPSC-derived NSCs were fixed with 4% (v/v) PFA for 15 minutes, permeabilised with
0.1% (w/v) Saponin (Sigma-Aldrich) or 0.1% (v/v) Triton X-100 for 5 minutes at room
temperature, and then blocked in 3% (v/v) goat serum (with 0.1% (w/v) saponin for
saponin-treated samples) in PBS for 30 minutes. The H3K9me3 primary antibody
was then incubated for 1 hour in 1.5% (v/v) goat serum (and 0.1% (w/v) saponin
for saponin-treated samples) in PBS. For pre-embedding fluorescence-immunogold la-
belling, samples were washed in 5% (w/v) skimmed milk in PBS 6 times for 5 minutes
and then incubated with FNG for 1.5 hours in 1% (w/v) skimmed milk (and 0.1%
(w/v) saponin for saponin-treated samples) in PBS in the dark at RT. Finally, samples
were washed 4 times for 10 minutes in PBS and fixed with 2.5% (v/v) glutaraldehyde
(GA, EM Sciences) in PBS for 10 minutes, rinsed 3-4 times in PBS and mounted in

Vectashield (Vector Labs) for fluorescence imaging, prior to immunogold enhancement.
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3.3.6 Gold Enhancement

For enhancement of FNG, Gold Enhance EM Plus (Nanoprobes) was used. Samples
were washed extensively in double distilled water to remove any salts remaining. All
reagents were prepared according to the manufacturer’s instructions. Gold enhance
solution was applied on samples for strict 5 minutes and washed in double distilled

water twice for 5 minutes.

3.3.7 Electron Microscopy Preparation

Staining Samples were incubated in 0.1 M sodium cacodylate buffer twice for 5 min-
utes. Samples were then treated with 1% (v/v) OsO4 solution in 0.1 M sodium ca-
codylate buffer for 1 hour at room temperature. Samples were washed in Milli-Q water
twice for 5 minutes and incubated with 1% (w/v) tannic acid solution in water for 1
hour. Samples were washed in Milli-Q water twice for 5 minutes and incubated with
1% (w/v) filtered UA solution in water for at least 2.5 hours in the dark.
Dehydration Samples were taken through a series of dehydration steps (20, 30, 50,
70, 80, 90%) with each concentration of ethanol applied twice for 5 minutes. Samples
were transferred to 100% ethanol four times for 5 minutes.

Resin embedding For resin embedding, Epon resin embedding kit was used to infil-
trate the samples as described previously (Chapter 2). Excess resin was rinsed off with
ethanol until a thin layer of resin was remaining on the samples. Infiltrated samples
were polymerised at 60°C for 24-48 hours. A schematic of the entire sample preparation

process can be found in Figure 3.6.

3.3.8 FIB-SEM Operation

Samples were sputtered with 10 nm chromium (Quorum Q150T S) prior to FIB-SEM
imaging. Samples were imaged using a FIB-SEM (Cross Beam Working Station, Auriga,
Zeiss). Cells of interest were located using secondary ion beam at accelerating voltage
of 5 kV and a standard aperture of 30 um. The stage was tilted to 54°, the acceleration
voltage dropped to 1.6 kV and the cell was milled with a current of 1 nA at a working
distance of 5 mm. Sections of 30 nm were milled and imaged at an interval of 3 resulting

in a section thickness of 90 nm using an ESB detector.
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Figure 3.6: A schematic of pre-embedding immunogold sample preparation for FIB-SEM.
a) Cells are labelled with primary antibody along with permeabilisation agents. b) Cells are
labelled with a secondary antibody comprised of a Fab’ fragment conjugated to a 1.4 nm gold
particle and AlexaFluor molecules after which they can be observed with standard confocal or
widefield fluorescence microscopy. c) The gold particle size on the Fab’ fragment is enhanced
up to 40 nm to enable clear detection under FIB-SEM. d) Samples are prepared for FIB-SEM
by a standard protocol of fixation, staining, dehydration and embedding after which samples
are milled with FIB-SEM for immunogold localisation of the protein of interest.

3.3.9 Energy Dispersive X-ray (EDX) Spectroscopy

EDX spectroscopy was conducted with Dr. Ciro Chiappini. EDX spectra were obtained
with AZtec Energy system and INCA software (Oxford instruments) equipped within
the FIB-SEM instrument. Point wise spectra were collected by dwelling the electron
beam at the desired spot. Spots with high electron scattering putatively associated
with gold nanoparticles were analysed, alongside control spots. The incident electron
beam energy was set at 20 keV and the emitted X-ray collected over the 0-10 keV
energy range, integrating for 60 seconds for every point. The INCA software analysed
the relative atomic and weight composition of the selected elements within the analysis

area.

3.3.10 Image Analysis

FIB-SEM images in .tiff formats were aligned in Amira (FEI) using a combination of
manual and automatic alignment. Regions of interest such as the nucleus or immuno-
gold labels were segmented manually. Segmented label files were converted into 3D tiffs

which were then imported into ImageJ or Volocity (Perkin Elmer) for further analysis
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(Fig. 3.7).
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Figure 3.7: Process flow of FIB-SEM data processing and analysis. After the acquisition of
serial cross-sections of complete cell nuclei, sequential images are aligned with a combination of
manual and least squares aligning methods in Amira. The region(s) of interest are segmented
in each slice manually using the lasso or paint tool resulting in different materials such as
the cytoplasm, nucleus, immunogold, etc. Segmented regions from serial cross-sections are
reconstructed in Amira to obtain volume and surface measurements. Materials segmented can
be imported to ImageJ as multi-channel images to enable distance, particle and volumetric
measurements of individual materials.

3.3.11 SICM Stiffness Mapping

hiPSC-derived NSCs were plated by Chia-Chen Hsu onto a 35 mm dish at 9.5 x 10* cells
per cm?, and the stiffness of the live NSCs was measured 48 hours after cell seeding using
SICM. Borosilicate glass (Outer diameter = 1 mm, inner diameter = 0.5 mm, Intracel,
Cambridge, UK) was used to pull pipettes of inner diameters of approximately 100 nm
using a P-2000 laser puller (Sutter Instruments, Novato, CA). Ion current measurements
were obtained using Axopatch 200B amplifiers (Molecular Devices, Wokingham, UK).
Prior to imaging, pipettes were filled with sterile filtered PBS. A bias potential of
200 mV was applied prior to imaging and current traces were analyzed using pClamp
10 (Molecular Devices). Samples were placed in 35 mm dishes (Corning) and media
was changed to warm Leibovitz-15 (Invitrogen) for the duration of the experiment.
Stiffness maps were generated by simultaneously recording three topographical images
at progressively increased set points using approach speed of 30 nm ms™1 as described
previously[311]. The topographical measurement (Z height) was acquired at set point
of 0.3%-0.4% of ion current drop compared to the reference (maximum) current[291].
At this set point only minimal stress in the range of 0.1 Pa to 10 Pa is exerted by the
nanopipette on the cell membrane. Then, the nanopipette was further lowered to two

consecutive set points of 0.6% and 3% and corresponding heights were stored as separate
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readings before the pipette moved to the next horizontal location. Eventually each
image had recorded height maps representing height differences, effectively representing
sample strain as the pipette deformed the sample at two higher, compressive stresses.
Cell stiffness measurements were obtained for each height map on the basis of stress
and strain using SICM image viewer software written by Dr. Pavel Novak, Queen Mary

University of London.

3.3.12 Statistical Analysis

Statistical analysis was performed using GraphPad Prism 6.0. In the case where data
was not normally distributed the non-parametric unpaired Wilcoxon-Mann-Whitney
test was used. For analysis involving immunogold labelling, the paired Wilcoxon
matched pairs signed rank test was used due to variations in immunogold labelling and
enhancement between experiments. Significant differences were reported for p-values

<0.05.
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3.4 Results

3.4.1 Characterising Nuclear Morphology with FIB-SEM

In order assess the effect of microgrooved topography on nuclear morphology with FIB-
SEM, serial cross-sections of complete nuclei of NSCs on microgrooves and flat PDMS
substrates were acquired at a section thickness of 90 nm. Cells present within the
grooves were selected for imaging and analysis. 3D reconstructions of nuclei on grooves
appeared more elongated while displaying multiple folds on their surface (Fig. 3.8a,
top). In contrast, nuclei on flat substrates appeared more rounded and did not exhibit
folds on their surface (Fig. 3.8a, bottom). However, there was no significant reduction
in nuclear volume for cells on grooves compared to flat substrates (Fig. 3.8b). Interest-
ingly, cells on microgrooves exhibited a significant increase in surface area to volume
ratios, consistent with what was observed in the 3D reconstructions (Fig. 3.8¢). In
addition, individual cross-sections revealed a high degree of nuclear invaginations in
cells cultured on microgrooves compared to cells cultured on flat substrates (Fig. 3.8d).
These invaginations could often be observed along multiple serial sections (often over
a micron in length, and several hundred micrometres in width). Moreover, the number
of nuclear invaginations was quantified in 3D reconstructions of nuclei on microgrooves
and flat surfaces by segmenting the invagination in each image. This indicated a signif-
icantly higher degree of nuclear folding (over a two-fold increase) for nuclei on grooves

compared to flat substrates (Fig. 3.8e, f).

3.4.2 Optimisation of Pre-embedding Immunolabelling for

Fluorescence Microscopy and FIB-SEM

In order to investigate the effect of permeabilisation agents on immunolabelling for
fluorescence microscopy, cells cultured on microgrooves and flat PDMS substrates were
fixed in 4% PFA and permeabilised prior to immunostaining with 0.1% Triton X-100 or
0.1% Saponin. For cells cultured on microgrooves or flat substrates and permeabilised
with Saponin or Triton X-100, both treatments resulted in detectable fluorescence of
the H3K9me3 signal indicating that both Saponin and Triton effectively permeabilise
the cell for entry and localisation of the primary antibody (Fig. 3.9). Moreover, the

signal of histone mark H3K9me3, typically present in the nucleus overlapped with DAPI
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Figure 3.8: Characterisation of nuclear morphology on microgrooves with FIB-SEM. a) Repre-
sentative 3D reconstruction of NSC cultured on microgrooves (top) and flat (bottom) displaying
surface folds and elongation. Scale bars = 2 um. b) Quantification of nuclear volume of NSCs
on microgrooves compared to flat substrates. Data represented as scatter plots with lines repre-
senting mean + s.d. N = 3, n = 3. ¢) Quantification of surface area to volume ratio of NSCs on
microgrooves compared to FSW. Data represented as scatter plots with lines representing mean
£+ sd. N =3, n=3*p<0.05. d) 2D FIB-SEM cross-section of NSC on microgrooves (top)
indicating deep nuclear invaginations and on flat substrate (bottom) showing no invaginations.
Scale bars = 2 ym. e) 2D segmented FIB slice indicating nuclear membrane (blue) and nuclear
invagination of the membrane (green). f) Quantification of number of nuclear invaginations per
3D reconstructed nucleus on microgrooves compared to flat substrates. Data represented at
scatter plot with lines representing mean + s.d. N = 3, n = 3, *p<0.05.

for immunostained cells with Triton X-100 and Saponin permeabilisation. Finally, the
nuclei of cells on microgrooves were elongated in the direction of the grooves compared
to nuclei on flat substrates that adopted random orientations.

Samples were subsequently prepared for visualisation under FIB-SEM by gold en-
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Figure 3.9: Fluorescence microscopy of NSCs on a) microgrooves or b) flat substrates treated
with 0.1% Triton X-100 or 0.1% Saponin and immunolabelled with H3K9me3 and DAPI. Scale
bar = 20 pm.

hancement followed by staining, dehydrating and embedding using thin-layer plastifi-
cation (See chapter 2, methods). SEM of embedded samples showed that only a thin
layer of resin was present on the surface of the cells on the substrate, and cells within
microgrooves or flat surfaces could easily be identified (Fig 3.10a, top and bottom re-
spectively). Visualisation under SEM was consistent in that cells spread along the
direction of the microgrooves, with most cells being present within the grooves and few
were spread in the direction of the ridges (Fig 3.10a, top). Cells on flat substrates once
again adopted random orientations on the surface (Fig. 3.10a, bottom). In most cases,
cells appeared smaller than the 10 ym width of the grooves and were not mechanically

constrained, but were still elongated along the grooves.
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Figure 3.10: Optimisation of immunogold FIB-SEM sample preparation. a) SEM of FNG-
probed and embedded NSCs on microgrooves (top) and flat PDMS substrates (bottom) after
thin layer plastification showing easily identifiable cells after the preparation process. Scale bars
= 10 pm. b) FIB-SEM cross-section under backscatter detector indicating bright puncta and
corresponding image under secondary ion detector at 10 keV to obtain EDX spectra. Circled
regions 1 and 2 containing bright spots correspond to spectrums in c¢) indicating presence of
gold at these locations. Scale bar = 10 pm. EDX spectra obtained with Dr. Ciro Chiappini.
d) FIB-SEM cross-section of a cell probed with FNG secondary but not H3K9me3 primary
antibody (negative control) and corresponding spectrum (below) of the area indicating no gold
was present. Scale bar = 10 ym. EDX spectra obtained with Dr. Ciro Chiappini. e) FIB-
SEM cross-sections of regions containing the nucleus (top) and regions containing the cytosol
(bottom) of cells treated with Triton X-100, Saponin or no permeabilisation agent prior to
immunolabelling. Scale bars = 2 ym. f) Quantification of H3K9me3 immunogold labels in the
cytosol in cells permeabilised by Triton X-100 or Saponin. Data presented as mean + s.d. N
= 3 cells, at least 60 cross-sections per cell containing the nucleus. ***p<0.001.

Using the FNG gold enhancement kit, the FNG was enhanced to a size detectable
by FIB-SEM. Five minutes of incubation with the Gold enhancement kit resulted in
detectable puncta within the nucleus as revealed by SEM imaging of milled cross-
sections revealed bright spots on the order of 20 - 30 nm within the nuclei of cells
(Fig. 3.10b). In order to confirm that the bright punctate spots were immunogold-
labelled H3K9me3, energy dispersive x-ray (EDX) spectroscopy was used. Elemental
analysis of point selected spectra at the sites of the puncta confirmed the presence of
gold (Fig 3.10b, c¢). In the negative control sample of FNG incubated without the

primary H3K9me3 antibody, no puncta or spectrum for gold was observed indicating
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the specificity of FNG in binding target antigens within the sample (Fig. 3.10d).
Triton X-100 induced widespread damage to cell ultrastructure in comparison to
Saponin-treated and non-permeabilised samples (Fig. 3.10e). Triton X-100 perme-
abilised cells showed a lack of identifiable organelles in the cytoplasm, with only the
nuclear membrane intact. Moreover, there was considerably more non-specific FNG
immunogold labelling of H3K9me3 in the cytosol as punctate spots were seen in these
regions (Fig. 3.10e,f). Cell permeabilisation with 0.1% Saponin showed relatively bet-
ter preservation of cell ultrastructure and was comparable to non-permeabilised cells
(Fig. 3.10e). Vesicular structures, endosomes, vacuoles and mitochondria were visible
in the cytosol, while the nucleoplasm also appeared to be conserved with an intact nu-
clear membrane. In addition, bright punctate spots were localised within the nucleus.
In addition, only 3-6% of nuclear H3K9me3 labels were found in the cytosol compared
with Triton permeabilised cells where approximately 40% were localised in the cytosol
(Fig. 3.10f). 0.1% Saponin treatment was selected for further experiments due to these

reasons.

3.4.3 The Epigenetic Mark H3K9me3 Increases in Response to
Microgrooved Topography

In order to assess whether the epigenetic mark H3K9me3 in NSCs is affected by mi-
crogrooved topography, the numbers and density of H3K9me3 labelled particles within
nuclei on microgrooves and flat substrates was assessed. 3D reconstructions of cell
nuclei demonstrated a dramatic increase in the number of immunogold H3K9me3 la-
bels between those cells cultured on microgrooves and flat surfaces, however there was
no observable difference in their distribution within the nucleoplasm (Fig. 3.11a, b).
Quantification of these particles confirmed this as cells on microgrooves exhibited a
significant increase in H3K9me3 labels (Fig. 3.11c). Moreover, as the nuclear volume
was not seen to change significantly on microgrooves, the increase in total H3K9 la-
bels also resulted in approximately 2-fold increase in H3K9me3 density within nuclei

(Fig. 3.11d).
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Figure 3.11: Microgrooves stimulate an increase in H3K9me3 density. a) 3D reconstruction of
NSC nucleus on microgrooves showing H3K9me3 distribution labelled with immunogold. Scale
bar = 2 um. b) 3D reconstruction of NSC nucleus on flat PDMS showing H3K9me3 distribution
labelled with immunogold. Scale bar = 2 pm. ¢) Quantification of number of H3K9me3 labels
within NSC nuclei on microgrooves and flat PDMS. Data are represented as box and whisker
plots from N = 3, n = 9, **p<0.01. d) Quantification of density of H3K9me3 labels within
NSC nuclei on microgrooves or flat substrates (H3K9me3 labels per nuclear volume). Data are
represented as box and whisker plots from N = 3, n = 9 cells per condition, **p<0.01.

3.4.4 The Epigenetic Mark H3K9me3 is Enhanced at the Nuclear

Periphery in Response to Microgrooved Topography

Since immunogold labelling in FIB-SEM allows precise localisation analysis, the dis-
tribution of H3K9me3 within the nuclei of cells cultured on microgrooves and flat
substrates was investigated. In order to do this, 3D stacks of segmented sections con-
taining the nuclear membrane were used to obtain a mask of the central and peripheral
regions of the nuclei (Fig. 3.12a). Since the nuclear membrane is approximately 50 nm
thick, and the lamina along with peripheral heterochromatin is estimated to lie within
200 nm of the nuclear membrane, the peripheral mask was set as 150 nm while the
central region corresponded to the volume within it (Fig. 3.12b). Next, the number of
H3K9me3 particles within the central region and the peripheral region were counted
within 3D projected mask, to obtain the number of particles in each domain. Quantifi-
cation of particles in each domain indicated that the number of particles in peripheral

region of nuclei on microgrooves was significantly increased compared to flat, while
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there was no significant change in centrally located particles between microgrooves and
flat substrates (Fig. 3.12¢). In addition, comparing the ratio of peripheral particles to
central particles for nuclei on microgrooves and flat substrates showed that the ratio
was significantly higher for nuclei on microgrooves, supporting the result that there was

a preferential shift in H3K9me3 localisation to the nuclear periphery (Fig. 3.12d).
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Figure 3.12: H3K9 is enhanced at the nuclear periphery. a) Representative 2D mask of central
region (white) created from subtracting 150 nm from the nuclear centre. b) Representative
2D mask of peripheral region (white) created from adding 150 nm inwards from the nuclear
membrane. ¢) 3D projected image of particles present in the central region obtained from stack
of (a). d) 3D projected image of particles present in the central region obtained from stack of
(b). e) Quantification of particles in central and peripheral locations for nuclei on microgrooves
and flat substrates. Data represented as scatter plots with lines indicating mean + s.d. N = 3,
n = 9 cells for each condition, **p<0.01. f) Ratio of number of peripheral particles to central
particles on microgrooves and flat substrates. Data represented as box and whisker plots, N =
3, n = 9 cells for each condition.
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3.4.5 SICM Reveals that Microgrooved Topography Stimulates

Changes in Nuclear Stiffness

Since microgrooved topography stimulates the accumulation of H3K9me3, a heterochro-
matin mark at the nuclear periphery, it was hypothesised whether it could contribute
to an increase in nuclear stiffness. In order to assess this, a newly developed stiffness
mapping mode of SICM was applied[311]. Topographical images obtained along with
deformation maps enabled visualisation of cell morphology and location (within grooves

or on ridges) to be correlated with stiffness measurements (Fig. 3.13a, ¢). Scanning with
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Figure 3.13: Cell stiffness increases in response to microgrooved topography. a) 50 um x 50
pum SICM topographical map and corresponding b) deformation map of NSCs on microgrooves.
¢) 50 pum x 50 pm SICM topographical map and corresponding d) deformation map of NSCs on
flat PDMS. e) Quantification of cell stiffness calculated from the ratio of force applied through
the SICM probe (stress) to the degree of deformation (strain) detected by the deformation
map. Data are represented as scatter plots with lines representing mean =+ s.d. stiffness values
reported in pN/um. N = 4, n = 3 with 5-20 1 ym? diameter circular ROIs per 50 pm x 50 ym
image **p<0.01.

multiple set-points enabled deformation maps to be obtained, which consisted of the
increased distance travelled by the probe at each point, constituting the degree of strain
or deformation at each point on the cell (Fig. 3.13b, d). Thus in deformation maps, the
hard PDMS substrate could be visualised with little to no deformation (black regions)
while the regions containing cells exhibited a degree of deformation (represented by

change in height or effectively, the strain) dependent on their stiffness. Values of higher
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compressive force applied through the SICM probe from higher set-points at each lo-
cation, enabled the stiffness at each point in the image to be calculated[311]. Since
NSC nuclei occupy the majority of the cell volume, central parts of the cells within
grooves were selected as regions of interest (ROIs) for analysis. This enabled precise
measurements of multiple areas within each image to be obtained. Quantification of
cell stiffness in this manner revealed that culturing NSCs on microgrooves contributed
to a significant increase in cell stiffness when compared to cells cultured on flat PDMS

membranes (Fig. 3.13e).
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3.5 Discussion

Currently, there is a great need to develop new methods to visualise cell-material in-
teractions at the sub-cellular scale. Studying these complex interfaces can aid in iden-
tification of key sub-cellular components that are responsible for macroscopic changes
in cell behaviour and function in response to material stimuli. This is particularly
important due to the fact that biomaterials can then be optimised and improved to
induce a specific biological outcome. Moreover, such material cues can be used not
only to probe the many unknowns of cell interactions in changing environments but
also for deciphering cell structure-function relationships stimulated by single physical
cues. Thus in this chapter, the characterisation and application of new methods to
visualise such cell-material interactions was investigated.

Through the use of simple microgrooved topography, which has already been pro-
posed to stimulate physical changes in nuclear morphology and chemical modifications
at the level of the epigenome[122, 390, 124], a protocol for immunogold labelling of epi-
genetic marks and their visualisation by FIB-SEM in-situ was successfully developed
and applied to this system, with the view of corroborating changes nuclear architecture
with epigenetic modifications. With the unique advantages FIB-SEM has to offer in
terms of examining large volumes of single cells with TEM-like resolution as well as
milling through the cell-substrate interface without the need for substrate removal, the
additional ability to incorporate labels of specific targets in image analysis enables 3D
localisation analysis of those targets alongside an ultrastructural backdrop. This fea-
ture of the technique can thereby help to reveal new characteristics of cells in response
to material systems, that is particularly important for characterisation of cell response
to implantable materials, biosensing apparatus and in this case, substrate topography
to modulate nuclear organisation.

The utility of FIB-SEM in characterising the cell-material interface has been high-
lighted in several recent studies[252, 253, 254]. Typically, FIB-SEM imaging is used
as an end point analysis of the plasma membrane and nuclear morphology, typically
presented as single images or reconstructed sections of nuclei or cytoplasmic regions,
but not whole-cell or whole-nuclei reconstructions. This is perhaps due to lengthy data

acquisition and processing times compared to other microscopy techniques, which may
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provide lower resolution, but similar quality of information.

In this study however, using FIB-SEM to reconstruct whole nuclei was vital in
demonstrating how nuclear structure and topology are affected in response to substrate
topography. Segmenting the highly contrasted nuclear membrane from each cross-
sectional image yielded reconstructions and quantifications of the surface contours and
volume, highlighting for the first time that while grooved topography induces nuclear
elongation, it is also accompanied by a significant degree of deep nuclear infolding,
otherwise known as type II NR, as opposed to a reduction in nuclear volume (Fig. 3.8).
This result is consistent with another study that indicated tubulations and involuted
regions of the nuclear envelope labelled with Lamin B1, that appeared to be in close
proximity to nucleoli in response to microgrooved topography[205]. Type II NR of
similar size range (300 nm) have previously been observed by FIB-SEM and TEM
in mammary epithelial cells grown in 3D culture[341]. Since the formation of type
IT NR (membrane bending) is an energy dense process, it is speculated that grooved
topography aids in overcoming the energy required to curve the nuclear membrane,
potentially via reorganisation of the cytoskeletal framework, that further results in
the aggregation of protein machinery that may stabilise the curvature[173, 161]. Thus,
while nuclear elongation has been the main focus of majority of the studies incorporating
microgrooved topography to influence nuclear function, these data reveal that creating
an environment conducive to the formation of type II NR may be the key drivers of
stimulating intranuclear modifications.

For image processing and analysis of FIB-SEM, the preparation of samples fol-
lows a strict protocol of fixation, staining, dehydration and embedding. The introduc-
tion of antibodies within the FIB-SEM samples complicates this preparation process
as antibody penetration by immunolabelling becomes as important as ultrastructural
preservation. Rather than visualisation of the fluorescence signal alone, the structural
integrity of the surrounding components is vital for robust data acquisition and analysis
by immunogold FIB-SEM. Thus in order to incorporate immunolabels effectively, with
minimal impact on cell ultrastructure, different permeabilisation agents were tested to
find that saponin best preserved cell ultrastructure, while allowing immunogold labels
of intranuclear antigens to be detected, with minimal background (Fig. 3.10). This

result was surprising as saponin permeabilisation, often considered as a reversible and
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relatively gentle permeabilisation method has previously been shown not to allow pen-
etration of antibodies into the nucleus[391]. Moreover, permeabilisation using ionic
detergent Triton X-100 that is normally conducted for immunofluorescence staining,
demonstrated the widespread damage it causes to ultrastructure, despite the initial fix-
ation step with PFA. Organic solvents such as methanol and acetone were not tested in
the optimisation process as they have been shown to negatively impact ultrastructure,
even more so than Triton X-100[392]. Overall, the results from the permeabilisation
optimisation indicate that if permeabilisation is necessary for antibody penetration,
saponin induces the least amount of ultrastructural destruction.

The relationship between biophysical cues, nuclear architecture and epigenetic mod-
ifications remains greatly unexplored. Thus the epigenetic modification H3K9me3 was
selected in order to assess its movement and density in response to topographical cues.
The successful immunogold labelling of epigenetic mark H3K9me3 within NSC nuclei
cultured on microgrooved substrates allowed the characterisation of their distribution
in response to topography. Since the histone methylation mark H3K9me3 has previ-
ously been shown to modulate peripheral gene silencing and increase during differenti-
ation[363], the ability of microgrooved topography to trigger changes in H3K9me3 was
tested in NSC nuclei. NSCs, that are capable of differentiating into a range of neural
cell types (such as astrocytes, oligodendrocytes and neurons), have previously been cul-
tured on grooved topography, to demonstrate that providing organisational cues such
as microgrooves can aid in NSC differentiation[393]. The results from this study are
consistent with this idea, as microgrooved topography was shown to stimulate an in-
crease in H3K9me3 histone marks (Fig. 3.11). Moreover, the finding that the increase
in H3K9me3 in nuclei on microgrooves occurred primary at the nuclear periphery is
indicative of the increasingly accepted notion that H3K9me3 is responsible for periph-
eral gene silencing and corresponding heterochromatin accumulation and anchoring to
the nuclear lamina[378].

The accumulation of H3K9me3 epigenetic marks at the nuclear periphery was ac-
companied by an increase in cell stiffness as measured by SICM (Fig. 3.13). Since nuclei
occupy a large proportion of the volume of these cells, it is likely that nuclear stiffness
also contributes to the measured cell stiffness. Due to the fact that microgrooved to-

pography exhibits differences in substrate height (grooves and ridges), and that SICM
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stiffness maps are obtained using feature height thresholding, strain maps rather than
elasticity (E) maps were displayed in order to make accurate calculations by exclud-
ing the ridge regions of the substrate. In addition, high spatial resolution permitted
the analysis of only cells attached within the grooves rather than on ridges or that
were not aligned. The method was hence adapted to stiffness mapping of cells on such
topographical substrates, potentially allowing cells on different topographies to be dis-
tinguished and analysed within the same sample. Moreover, the SICM probe did not
make contact with the sample at any point, which has not been possible with AFM.

The fact that increased cell stiffness accompanies a high degree of nuclear deforma-
tion may seem surprising, however these results are consistent with another report of
cells cultured on micropillar arrays, where increased stiffness was observed in cells with
highest deformable nuclei, possibly owing to the existence of thick actin fibres at the
apical surface, above the nucleus[389].

In this study, the observed increase in cell stiffness is thought to arise from in-
creased chromatin condensation at the nuclear periphery in response to microgrooved
topography. Although we did not observe any obvious increase in heterochromatin ac-
cumulation at the nuclear periphery with FIB-SEM imaging, this may be due to lack
of contrast within the nucleus as observed in another study[341]. As microgrooved to-
pography triggers global rearrangements of the nuclear envelope, it is accompanied by
a redistribution of chromatin domains and epigenetic marks, which can directly impact
the mechanical properties of the nucleus. Indeed, two recent studies have highlighted
that physical stretching of the chromatin results in chromatin decondensation as well
as the loss of the H3K9me3 mark([394, 395], indicating that the density of chromatin
at these regions can contribute to the mechanical stiffness of the nucleus. Moreover,
the ability of the epigenome to modulate stiffness has also been shown through appli-
cation of HDAC inhibitors that induced a reduction in nuclear viscosity[396]. Lastly,
reorganisation of the nuclear envelope particularly with respect to increasing type II
NR has been shown to increase with HDAC inhibition[397]. Although this corresponds
to a greater level of chromatin decondensation and is contrary to what is observed
for nuclei on microgrooves, type II NR are also found closely associated with repres-
sive complexes such as polycomb group proteins and nuclear lamina anchor HP1[343],

thereby highlighting the possible dual role and complexity of type II NRs in modulating
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gene expression.
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3.6 Conclusion

In conclusion, the influence of microgrooved topography on external nuclear architec-
ture as well as internal epigenetic modifications were studied through the application of
novel visualisation techniques immunogold FIB-SEM as well as low stress mechanical
mapping by SICM.

Using FIB-SEM, serial sections of the cell-material cross-sectional interface enabled
the production of 3D renders of nuclei on microgrooves. 3D rendering and analysis of
nuclei on microgrooves were shown to undergo significant amount of nuclear infolding,
reminiscent of nuclear invaginations recognised as type II NR. In order to advance FIB-
SEM technique further, particularly for studying cell-material interactions, immunogold
labelling was optimised and combined with FIB-SEM imaging for the first time. This
technique offers a straight forward read-out that does not require superimposition and
correlative analysis that is usually needed for CLEM. Successful immunogold labelling
of epigenetic modification H3K9me3, enabled visualisation of this histone mark with
surrounding nuclear architecture, that permitted robust analysis of its localisation and
density within the nucleus in response to material topography.

The novel application of SICM in low stress mapping mode showed that it was
possible to map the deformability of the nuclei with high lateral resolution on grooved
substrates without making contact with the sample, which is a current difficulty with
AFM. Since microgrooved topography was shown to stimulate an increase in nuclear
stiffness, it is concluded that the increase in peripheral H3K9 methylation which is
closely associated with compacted heterochromatin may contribute towards this find-
ing.

Overall, this study provides insight on the ability of material topography in the
form of microgrooves to stimulate coordinated changes in nuclear properties, achieved
by the application of new visualisation techniques and analyses. The development of
techniques described in this study are broadly applicable to investigating a variety of
cell-material interactions and are particularly relevant to those cell-material systems

that require in-situ nanoscale 3D localisation analysis.
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4. Investigating the Cell Membrane
Response to Nanoneedle Arrays for

Delivering Biological Payloads

Arrays of high-aspect ratio nanostructures or nanoneedles are promising materials for
intracellular delivery and sensing. Through mechanisms yet to be identified, nanonee-
dles of different geometries have been able to deliver a wide range of therapeutics includ-
ing nucleic acids, proteins and cell-impermeable cargoes, without negatively impacting
cell viability. In particular, whether nanoneedles can traverse the cell membrane, mod-
ulate membrane permeability or facilitate endocytosis for efficient intracellular delivery
is yet to be elucidated. In this chapter, the interactions between human mesenchymal
stem cells (hMSCs) and porous silicon nanoneedle arrays are investigated to identify
the features of the plasma membrane responsible for modulating payload transfer that
occurs across the membrane-nanoneedle interface. HMSCs interfaced with nanoneedles
display significant modifications to plasma membrane architecture in the form of apical
membrane ruffling and increase in membrane lipid order as demonstrated by SICM.
Using electron microscopy techniques, we show that the basal membrane in contact
with the nanoneedles has an intact lipid bilayer that is accompanied by an accumu-
lation of clathrin pits and caveolae. Moreover, nanoneedle stimulated an increase in
uptake of endocytotic cargo across the nanoneedle interface. Lastly, we show that
this concurrent activation of endocytotic pathways by nanoneedle arrays contributes
to nucleic acid payload entry into hMSCs and its distribution across the endolysoso-
mal system. The data provide insight into the biological processes that arise from
interfacing with nanoneedles and other such nanotopographical substrates, which has
implications for development of next generation stem cell manipulation technologies,

drug delivery platforms and achieving intracellular access for sensing applications.
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4.1 Introduction

4.1.1 The Need for Intracellular Access

Currently, there is a great need for methods to access the cytosol to (i) assess the
biochemical constitution and activity of cells and (ii) deliver biomolecules efficiently
to manipulate cell function. These two aspects cover a myriad of applications such as
monitoring electrical recordings, enabling efficient delivery of membrane-impermeable
molecules (including nucleic acids), on demand disease diagnostics, sensing of nucleic
acids and lipids, monitoring intracellular activities, amongst others (Fig 4.1).

While our understanding of biology has been fundamental in developing a multitude
of intracellular delivery[398] and sensing probes[399], the success of their utilisation is
highly dependent on their ability to gain cytosolic access. Obtaining intracellular ac-
cess is dependent on designing strategies that are able to overcome the protective cell
membrane barrier, enabling favourable interfacing with intracellular components while
minimally impacting cell function. This is a formidable task, particularly in clini-
cal applications, which involve the use of primary cell types. Even in basic research,
transfection remains a considerable challenge in primary and stem cell types due to
their high sensitivity to stress (ESCs, iPSCs and neurons)[400], lack of adherence (im-
mune cells)[401] or inefficient cell uptake[402]. Of the many applications capable of
achieving intracellular access, it is not surprising that the greatest focus has been on
intracellular delivery of genetic material. New capabilities in gene editing technologies
such as Crispr-Cas9, Zinc finger nucleases, transcription-activator like effector nucle-
ases (TALEN) offer unparalleled potential to correct or remove deleterious sequences,
or insert therapeutically relevant ones[403]. In other instances, different types of nucleic
acids such as mRNAs[404] and micro-RNAs (miRNAs)[405] as well as proteins[406] have
shown promise in their ability to generate iPSCs while avoiding the risks surrounding
genomic integration. The success of these promising cargoes relies on designing next-

generation platforms for safe and efficient intracellular delivery.

4.1.2 Current Methods for Intracellular Delivery

The plasma membrane is a key barrier to external molecules. Its physical and chemical

properties are tightly regulated to allow the exchange of exogenous and endogenous fac-
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Figure 4.1: Potential applications of gaining intracellular access. Schematic illustration of
different types of deliverable cargo and their associated ability to modify the cell response (cell
strategy). Novel delivery apparatus such as Cas9 or Zinc finger nucleases (ZFN) currently ex-
hibit the greatest ability to specifically edit genes of interest. Additionally, some conventional
cargo such as plasmid DNA may act by exerting overlapping effects on gene expression. Pro-
tein cargoes are most suited to influencing intracellular signalling pathways. The success of
intracellular delivery can be applied in a number of different respects listed in the schematic.
Figure adapted from [407].

tors, particularly large and charged molecules. The plasma membrane is a selectively
permeable entity and is segregated into inhomogeneous domains, providing a platform
for specific biomolecules to enter and exit through their respective domains[408]. In-
ternalisation of exogenous material proceeds via specific pathways at targeted regions
within the membrane that often require receptor binding and recycling, enabling only
required amounts of material to be internalised[409]. Thus, disturbing homeostatic
regulation of the cell membrane through chemical or physical manipulation bears the
risk of impeding cell function ultimately resulting in cell death. Bearing this in mind,
methods to induce non-destructive interfacing at the nanoscale, that can act symbiot-
ically with the cell response can increase the probability of successful delivery across

the plasma membrane.

4.1.2.1 Biochemical Methods

In order to achieve intracellular delivery, a number of chemical and physical methods
have been employed (Fig 4.2). Chemical platforms typically involve carriers to achieve

intracellular delivery by relying on the inherent capabilities of cells to internalise ex-
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Figure 4.2: Physical and biochemical methods of intracellular delivery. Physical methods to
disrupt the membrane include those that introduce pores in the membrane through the use
of detergents, pore forming toxins or electroporation techniques. The use of high-aspect ratio
structures such as microneedles or nanoneedles can be used to penetrate the membrane and
introduce cargo into the cytosol. On the other hand, biochemical methods rely on endocytosis
of carriers containing payload to enter cells. Inorganic carriers, lipid carriers and some viruses
use endocytosis to enter cells after which they may be recycled to the surface, entrapped within
early endosomes (EE) and late endosomes (LE) or escape these components altogether. Direct
fusion of carriers such as extracellular vesicles or certain viruses can also enable release of cargo
into the cytosol.

ogenous material. In particular, delivery of genetic material into cells has largely been
achieved through the use of viral vectors due to their high efficiency of internalisation.
Moreover, post-internalisation, viral vectors possess the capabilities to manipulate in-
tracellular trafficking mechanisms and achieve genomic integration. This has led to
their clinical success, and their testing in numerous clinical trials[410]. However, due
to their immunogenicity, low loading capacity and tumorigenicity, they remain heavily
restricted for the majority of clinical applications[411]. The slow progress in overcom-
ing the limitations of viral vectors has fuelled the development of numerous non-viral
carriers, including lipid-based vectors, polymers, inorganic particles and peptides in
various sizes and conformations[412]. These non-viral vectors are typically designed
to have better loading capacities, and more importantly, are safer and less immuno-
genic[412, 413]. Although many non-viral vectors possess these attributes, synthetic
carriers are faced with the added challenge of overcoming multiple intracellular barriers
they are confronted with before reaching their intracellular target site[414]. In order
for a synthetic carrier to be successful in its delivery of exogenous cargo, it must (a)
protect its cargo from degradative enzymes (b) be internalised effectively (c) escape

harsh conditions in the intracellular environment and (d) find its way to its target site
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of action i.e. the nucleus or specific protein complex in the cytosol. Each of these
instances consist of a barrier established by cellular machinery.

Cells can actively exchange exogenous and endogenous molecules that cannot be
transferred across the membrane by passive diffusion through the processes of endocy-
tosis and exocytosis. Endocytosis is a natural mechanism practised by cells that involves
active internalisation of exogenous molecules. It is initiated through binding of cargo
to specific cell receptors or the membrane, followed by membrane deformation, invagi-
nation and scission of an incoming ‘sac’ or vesicle by specific proteins at the membrane
interface. Internalisation of exogenous material by endocytosis not only represents
the major mechanism of entry of pathogens into cells, but also delivery vectors[415].
Depending on the cargo properties and protein machinery recruited during vesicle for-
mation, different types of endocytotic pathways can be activated (Summarised in Ta-
ble 4.1). Properties such as size, charge, shape or stiffness of the carrier can influence
the type and efficiency of internalisation through specific physicochemical interactions
at the plasma membrane. This has resulted in the development and optimisation of
hundreds of different organic and synthetic carriers for intracellular delivery (reviewed
extensively in [416, 417, 418]). It is therefore important to understand the workings of
different endocytotic pathways for controlling fate of delivered cargo. It is worth noting
that some of these pathways are not fully understood due to the non-specific nature of
inhibitors as well as lack of specific biomarkers. Moreover, carriers may be internalised
by one or more routes simultaneously.

Macropinocytosis can be observed as cell surface ruffles engulfing and internalis-
ing exogenous material[419]. Normally, macropinocytosis is stimulated by the presence
of growth factors such as platelet derived growth factor (PDGF), macrophage colony
stimulating factor-1 (CSF-1) or epidermal growth factor (EGF) amongst others[420].
The formation of the macropinosome is coordinated by small GTPases such as Ras and
signalling lipid phosphatidylinositol-triphosphate (PIP3)[421]. In the presence of these
factors or in antigen presenting cells that are constitutively macropinocytotic, actin
polymerisation drives the formation of membrane ruffles, that fold back on the plasma
membrane to form large vesicles or macropinosomes encapsulating nearby cargo[421].
In this way, large amounts of exogenous material can be internalised by immune cells

that can be processed for antigen presentation. Macropinosomes can range from 200
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nm upto 5 pum in diameter, and do not exhibit any specific coat proteins, however
due to the large size of vesicles, fluid phase markers such as Dextrans or Lucifer yel-
low are typically used to assess uptake[422]. Considering the relative non-specificity
of internalisation by macropinocytosis, they have been investigated for delivery of a
wide range of cargoes[423]. Lipoprotein and lipid vectors carrying nucleic acids have
been shown to internalise via macropinocytosis, however their recycling to the cell sur-
face was shown to be the reason for their inefficiency[424, 425]. Additionally it has
been difficult to predict the trafficking route between cell types. While some cell types
promote macropinosome maturation and direct trafficking to late endosomes and lyso-
somes[426], others fuse with early endosomes after which they may be recycled to the
surface without entering lysosomes[427].

Clathrin-mediated endocytosis (CME) is the best characterised endocytotic
pathway and plays a key role in multiple cellular processes. This includes the uptake of
specific nutrients such as iron binding protein Transferrin (Tfn) or low density lipopro-
tein (LDL) via ligand-stimulated receptor mediated endocytosis, regulation of signal
transduction pathways via modulating the distribution of cell membrane receptors at
the cell surface, and synaptic vesicle recycling for neurotransmission[428]. Endocytosis
via CME, occurs via the inward plasma membrane invagination of spherical vesicu-
lar structures coated with clathrin proteins that resemble lattice-like basket structures
with sizes ranging from 70-200 nm in diameter depending on the cargo and cell type.
Although clathrin itself does not bind to the plasma membrane, its ability to recognise
shallow curvatures in the membrane (such as F-BAR domains) is believed to trigger
its nucleation (Fig. 4.3)[181]. Assembly of clathrin pits occurs when clathrin triskelia
(three-legged structures composed of three clathrin heavy chain proteins brought to-
gether by three light chains) assemble in polygonal lattices[428]. Cargo selection for
CME mainly occurs through the combination of its adaptor proteins (AP), with AP2
typically recruiting other adaptors. Through this selective mechanism for cargoes, vi-
ral pathogens and consequently viral vectors, are known to exclusively enter cells via
CMEJ[429]. Moreover, viral proteins can increase the size of clathrin pits to accom-
modate them as cargo, with the upper limit currently thought to be 200-300 nm[430].
Because cargo interactions with the membrane can induce local deformation and cur-

vature, it is also possible that nanoscale surface modifications, shape or charge of cargo
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can have a profound impact on the generation of clathrin coated pits[431]. Eventu-
ally, cargo-containing clathrin coated vesicles undergo scission by GTPase dynamin,
followed by uncoating of clathrin by ATPase heat shock cognate 70 (HSC70), resulting
in an early endosome.

Clathrin Mediated Endocytosis

F-BAR proteins
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Figure 4.3: Formation of clathrin pit during CME. The formation of a clathrin coated pit
is initiated by F-BAR proteins such as formin binding protein 17 (FBN17) that recognise low
curvature and recruit Epsin, which in turn recruits adaptor protein 2 (AP2). AP2 is responsible
for the recruitment of cargo specific receptors. AP2 participates in clathrin triskelion recruit-
ment that polymerise to form a stable lattice. N-BAR proteins that sense higher curvatures
such as endophilin and amphiphysin are recruited to the evolving neck of the clathrin pit, which
results in further recruitment of dynamin to initiate clathrin pit scission with the help of actin
pulling[428, 432].

Caveolae-mediated endocytosis (CavME) is perhaps the most widely recog-
nised internalisation mechanism after CME. Caveolae are 50-100 nm flask shaped
invaginations in the plasma membrane that contain oligomers of Caveolin-1 (Cav-1)
protein within regions of the plasma membrane rich in cholesterol and sphingolipids
(Fig. 4.4)[433]. Along with Cav-1, other sets of proteins such as Cavins, F-BAR-domain
protein PACSIN-2 and ATPase EDH2 (similar to GTPase dynamins) are considered
to be involved in caveolae formation[434]. Additionally there are large variations in
presence of caveolae in different cell types. For instance, endothelial and smooth mus-
cle cells can have over 50% of their cell surface covered in caveolae[435] while they are
not found in certain kidney cells[436]. This has highlighted a potential role of caveolae
for carrying out specific cell function. Endothelial cells can adapt their distribution of

caveolae based on shear force they experience[437] and flattening out of caveolae has
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been observed during high membrane tension, indicating that caveolae can act as ten-
sion regulators and mechanosensors[438]. By their ability to anchor within the plasma
membrane and bind to cholesterol, caveolae participate in the regulation of lipids by
increasing levels of cholesterol and uptake of fatty acids. How caveolae select their cargo
and facilitate internalisation is less well understood. Caveolae are relatively immobile
compared to clathrin pits. Caveolar endocytosis of integrins and fibronectin is thought
to be involved during loss of cell adhesion[439, 440]. Moreover, caveolae are capable
of removing glycosphingolipids such as GM1 from the membrane which can in turn
modulate the presence and absence of raft associated membrane proteins, highlighting
its role in membrane organisation[441]. Caveolae can also internalise pathogenic cargo.
The internalisation of Cholera toxin (CTx) and Simian virus 40 (SV40) proceeds with
CavME, although some evidence for SV40 points out that internalisation can occur
independent of caveolae but dependent on cholesterol[442]. However since caveolae un-
dergo similar dynamin dependent scission, and fusion with an endosome, and recycling

this pathway represents an important mechanism of endocytosis[443].
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Figure 4.4: Structural composition of caveolae. Caveolae are recognised as 50-100 nm flask
shaped invaginations of the plasma membrane. Caveola formation is stabilised by cavin and
PACSIN (F-BAR protein). The major component of caveolae, Cav-1 is present in hairpin like
structures inserts directly to the lipid membrane via palmotyl groups, while the other end of
the caveolin interacts with cholesterol rich regions. Figure adapted from[433, 435].

Clathrin and Caveolin-Independent Endocytosis (CLIC) include a number

of pathways that can be classified as dynamin dependent or independent[444]. Other
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dynamin dependent pathways include small GTPase RhoA-mediated endocytosis re-
sponsible for internalisation of specific interleukin receptors in Chinese hamster ovary
(CHO) cells that proceeds with 50-100 nm invaginations, whose constitution is yet to
be determined[445, 446]. Dynamin independent pathways that are also devoid of any
specific coat proteins include those which account for large scale fluid uptake and en-
docytose GPI-APs termed as the clathrin independent carrier- GPI-AP enriched early
endosome (CLIC-GEEC) pathway and a cholesterol dependent pathway mediated by
Arf6[447]. Flotillin-mediated endocytosis is an additional mechanism that is analogous
in many ways to CavME[448], however its dependence on dynamin and caveolin itself

is still controversial[449]. More details on CLIC pathways can be found in table 4.1.

Type Coat Size Scission | Cargo Ref
Clathrin- Clathrin 70-200 Dynamin | Transferrin,  LDL, | [428]
mediated nm EGF
Caveolae- Caveolins, Cavins | 50-100 Dynamin | Albumin, SV40, | [435]
mediated nm CTx, GPI-APs
RhoA- Unknown 50-100 Dynamin | IL-2 receptor [445]
mediated nm
CLIC-GEEC | No coat, Sta- | 50-80 GRAF1 | Fluid phase uptake | [450]
mediated bilised by Arfl, | nm (constitutive)
GRAF1

Flotillin- Flotillins 1, 2 50-100 Dynamin | CD59 [451]
mediated nm (some

in-

stances)
Arf6- Actin 60-200 Racl MHC Class 1, Glut1, | [452,
mediated nm E-cadherin 453]
Macro- No coat 0.2-5pum | None Dextran, LuciferYel- | [420]
pinocytosis low

Table 4.1: Pathways of internalisation, their key coat components, sizes, scission mechanisms
and selected cargoes. Some endocytosis pathways such as RhoA have no identified coat proteins.
In the CLIC-GEEC pathway no coat proteins are present however invaginations are stabilised
by adenosine diphosphate-ribosylation factor-1 (Arfl) and GTPase regulator associated with
focal adhesion kinase-1 (GRAF1) and while dynamin is not required for scission. The role of
dynamin in flotillin-mediated uptake is also not clear as some cell types have shown dynamin
dependence, while others do not. Arf6 mediated endocytotic vesicles are mostly found within
the cytoplasm as recycling tubular structures, while scission is mediated by Racl rather than
dynamins.

The many different mechanisms of endocytosis presented here demonstrate that the
cell membrane is biochemically equipped for providing entry to exogenous biomolecules
required for cell metabolism and function. Regulation of internalisation by endocytosis

allows internalised biomolecules to be utilised and trafficked appropriately to target
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locations within the cell. Following internalisation by endocytosis and scission of the
incoming vesicle, pinosomes from macropinocytosis or incoming vesicles from other en-
docytotic routes are trafficked into the cytosol as early endosomes (EEs). EEs mature
into late endosomes and lysosomes. Rather than being distinct entities, EEs undergo
maturation as their contents, pH, surface markers and morphology are gradually altered
by fusion with other vesicles, kiss-and-run events and connections to other vesicles via
tubules that result in the formation of intermediates between lysosomes[454]. More-
over, during the maturation process EEs can generate branched tubulations and sort
cargo within these domains for recycling or recruitment to the trans-golgi network
(TGN)[455]. In other instances, the vacuolar portion of the EE can bud inwards and
form intralumenal vesicles (ILVs) that are normally targeted for lysosomal degrada-
tion[456]. Often, many ILVs can be visualised within late endosomes or multi-vesicular
bodies (MVBs), that have increased levels of lysosomal hydrolases and low levels of
cargo to be recycled[454].

Since endocytosis is a tightly regulated process, internalised molecules are automat-
ically recruited, destroyed or recycled to sites of their function mainly via signalling by
the endosomal sorting complex required for transport (ESCRT) that cleaves off cargo
labelled with ubiquitin for degradation[457]. Thus, for cargo which are not natural to
the cell, internalisation normally results in rapid acidification of the endosomal envi-
ronment and lysosomal degradation contributing to low efficiencies. For instance it has
been estimated that even the most advanced non-viral delivery vectors (that are lipid-
based) only have an efficiency of 1% due to their inability to escape the endolysosomal
pathway[424]. In another study, approximately 70% of small interfering RNA (siRNA)
delivered by a lipid vector was shown to be exocytosed via endosomal recycling[458].
Inducing endosomal escape carries the risk of impeding natural cellular processes that
can have cytotoxic effects[459]. Moreover, the mechanism of escape itself is poorly
understood, making it difficult to design delivery vectors that enable release into the
cytosol.

In addition to endocytosis, some carriers have the ability to fuse directly with the
plasma membrane and release their contents into the cytosol. These carriers are pre-
dominantly composed of viral proteins that fuse directly with the membrane, liposomes

or cell-derived vesicles (exosomes) that are loaded with cargo[460, 461, 462]. Although
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fusogenic carriers may have the potential to escape endocytosis, they are limited in
terms of application to a wide range of target cell types, (as all cell types do not pos-
sess the same membrane properties to allow for fusion to occur) as well as genomic
off-target effects from viral proteins and immunogens. The use of exosomes is a rela-
tively new strategy for intracellular delivery and requires more robust characterisation

of internalisation mechanisms.

4.1.2.2 Physical Methods

Physical methods of introducing payloads act by disrupting the continuity of the plasma
membrane. Methods such as microinjection, various mechanical, optical or electrical
poration techniques and the application of pore-forming carriers rely on rupturing the
membrane. The resulting transient perforations in the membrane facilitate an almost
immediate transfer of exogenous material into the cytosol. In some instances, even
primary cell types can be transfected, which are otherwise impermeable to non-viral
vectors[463]. These methods are promising through their application to a multitude of
cell types, however do not come without challenges.

Microinjection was the first demonstration of a membrane disruption method for
intracellular delivery[464]. Using glass micropipettes, injection of genetic material into
a precise location within single cells has been possible for several decades. Moreover,
this method allows for injection into the cytosol as well as directly into the nucleus,
overcoming multiple membrane barriers[465]. The technique however is limited due
to its low throughput, sample to sample variation, cytotoxicity issues from membrane
damage, and high technical expertise required for its operation. Attempts to improve
the scalability of the platform by developing a microfluidics device for injection, the
numbers of cells compared to other methods still remain relatively low[466].

Membrane Poration approaches that use transient forces have been developed
with the aim of reducing cytotoxic effects by precisely controlling the range and fre-
quency of force applied. Electroporation being by far the most established field-
disruption technique, is a method by which the application of an external electrical field
results in an increased permeability of the cell membrane by the transient formation of
pores[467]. Typically, the application of the field ranges from micro- to milli-seconds

and between 0.2-1 V to induce reversible permeabilisation. However depending on the
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cell type, permanent membrane disruption can be induced. Moreover, higher electrical
fields may be required depending on the cell size, as well as for cargoes that must cross
the nuclear membrane and specific intracellular targeting remains an issue, particularly
for sensitive and difficult to transfect cell types[468]. In some instances, application of
nanosecond pulses of higher magnitude have been shown to be more effective in crossing
the nuclear membrane[469]. However, higher magnitudes of electrical field are shown
to be associated with cargo degradation, particularly in the case of proteins[470].

Electroporation can be combined with delivery of non-viral carriers, with the hope
that carriers protect the cargo from degradation[471]. Apart from cytotoxicity issues,
electroporation results in extremely small pore sizes in the range of 10-100 nm. In
comparison, optoporation (that involves the use of a laser to create a pore at a spe-
cific location on the cell surface) and sonoporation (a non-invasive technique that uses
ultrasonic waves to create membrane disruptions) are methods that form larger pores
(up to 10 times larger) enabling delivery of larger cargo[472, 473, 474]. However, these
techniques run the risk of slow diffusion of large cargo that may not allow their lo-
calisation to their intracellular target site, and an inability to reseal large pores[470].
Although sonoporation has maintained the highest cell viability for delivery applica-
tions so far, endosomal entrapment and degradation has been suggested in trafficking
of the delivered cargo, leading to their reduced efficiency[474].

Biochemical Agents such as detergents and pore-forming toxins have been used
in other attempts to disrupt the membrane. Pore forming toxins such as Streptolysin
O can bind to the membrane, oligomerise and insert a pore complex to create pores as
large as 30 nm for allowing cargo to pass through[475]. Detergents such as digitonin
and saponin sequester membrane cholesterol in a reversible manner, forming variable
pore sizes through unknown mechanisms[476]. Following such membrane disruptions,
the membrane must be able to recover by resealing, and restoring normal cell function.
Due to large variations in pore sizes and numbers, the use of biochemical agents to
porate the membrane are usually disruptive to cell function, particularly in case of
sensitive cell types. Membrane repair itself is a complex process that creates changes
in ion concentrations, metabolites, stress factors and reactive oxygen species, causing
further damage to delivered biomolecules[477].

Overall, physical methods of intracellular delivery are faced with a different set of
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challenges including cytotoxicity, lack of scalability and high variability. Moreover, the
mechanisms that enable membrane disruption are only beginning to be uncovered. The
finding that membrane deformation induced by a constriction through a flow device
can trigger diffusion-based internalisation of cargo highlights that harsh disruption
methods may not be necessary to overcome the barrier[478]. Although combining
microfluidic platforms with membrane disruption techniques can improve throughput
and cell viability substantially[479, 478, 480, 481], the heterogeneity in cell populations,
results in a reduction in overall throughput due to different parameters required for each

cell.

4.1.3 Nanoneedle Arrays for Biomolecule Delivery

The realisation that minimal disruptions in the membrane are required to maintain
cell viability and function during intracellular delivery has fuelled the development of
nanomaterial platforms that interface favourably with membrane components at the
sub-cellular scale. Nanoinjection systems using single nanoneedles with radii of a few
hundred nanometers and AFM operated tips provided proof-of-concept non-invasive
cytocompatible delivery, even whilst being low throughput[482, 483, 484].

Recent advancements in nanofabrication techniques has assisted the production of
precisely engineered surfaces with high-aspect ratio nanotopographies in a variety of
shapes, sizes and geometries. Arrays of vertical nanoscale structures in the form of
cones[315], wires[485], tubes[486], straws[487], and pillars[127] have been created in
uniform or disordered patterns with controllable pitch spacing. Needles and wires are
used to describe structures with higher aspect ratios, in contrast to rods, pillars and
straws that normally refer to shorter cylindrical structures. While recognising the
different shapes and geometries exist, for the sake of simplicity, substrates consisting
of such nanostructures will now be referred to as nanoneedles.

Nanoneedle arrays enable tens to hundreds of nanoneedles to interface with a sin-
gle cell simultaneously, increasing throughput of delivery substantially. Being surface
bound nanostructures, they bypass potentially toxic cytosolic accumulation normally
associated with nanoparticle-mediated delivery. Moreover, the small feature sizes help
in maintaining viability of even the most sensitive cell types such as neurons[488],

dendritic cells[489] and stem cells[490]. Meeting the requirements of general biocom-
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patibility, nanoneedle arrays have been used as functionalised cell probes or hollow
channels, for intracellular delivery. This has lead to a number of studies demonstrat-
ing highly efficient introduction of biologically relevant molecules such as peptides and
proteins[485] and nucleic acids[491, 492, 485, 493, 494, 495, 315] into cells. Nanonee-
dles have also demonstrated potential to deliver membrane impermeable probes for
metabolic labelling in mammalian cells[496]. Electron microscopy of the cell-nanoneedle
interface has indicated that nanoneedles could also be used for efficient delivery of cell
impermeable nanoparticles such as quantum dots into the cytosol of Hela and Het-
la cells[254]. In some cases, nanoneedle-mediated delivery of DNA and siRNA has
demonstrated desired changes in gene expression[485, 495, 315], and overall delivery ef-
ficiencies are estimated to range from 40-99%[497]. Although fewer attempts of delivery
have been made in cell types that are difficult to transfect, one study has highlighted
successful transfection of primary immune cells (over 40%) and the specific geometry
of nanoneedles required to do so[489]. Moreover, intracellular delivery mediated by
nanoneedles has also been shown to escape endolysosomal entrapment[495]. Contin-
uous delivery has also been made possible using nanostraw devices, through which
biomolecules can continuously be fed by their attachment to a reservoir[498, 493, 496,
499]. More recently, nanoneedle arrays functionalised with vascular endothelial growth
factor plasmid stimulated neovascularisation by application of the device to the tissue

surface in-vivo[315].

4.1.3.1 Nanoneedle Fabrication

Depending on the nanofabrication process, different sizes, geometries, porosities of
nanoneedles can result (Fig. 4.5). Parameters such as height, radius, density, porosity,
density, pitch and regularity of nanoneedles can be optimised, to suit the cell type and
application. Nanowires and nanotubes can be produced by vapour-liquid-solid (VLS)
growth, a highly controlled and reproducible process, usually resulting in the develop-
ment of solid nanostructures[500]. For instance, in the development of silicon nanowires,
silicon from in the vapour phase (eg. SiCly) is converted into a nanodrop of an alloy
in the liquid phase (eg. Si-Au), after which Si nucleates beyond the eutectic point to
form cylindrical structures in the solid phase. The VLS method can be combined with

lithography techniques to produce extremely small nanostructures, with controllable
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densities and arrangements[501].

Metal-assisted electrochemical etching (MACE) has been used to develop similar
high-aspect ratio structures in the form of cones and tubes with the added advan-
tage of introducing porosity[502]. In MACE, a noble metal (eg. AgNOs3) is deposited
on a silicon surface behaves as a catalyst for the etching of silicon in the presence of
hydrofluoric acid and oxidising agents. Again, when combined with lithography tech-
niques, MACE can produced ordered arrays of nanoneedles reproducibly and at a lower
cost than VLS[220].

Yet another etching method is deep reactive ion etching (DRIE), a process by which
plasma containing ions (such as SFg) are used to etch away silicon, followed by a
protective phase (using C4Fg) preventing the nanostructure from further etching[503].
Thus through this controllable cyclic process, DRIE can be used to etch down silicon to
produce features down to 50 nm in diameter and up to 20 pm in height[503]. FIB etching
using a Gallium ion source enables the production of single nanoneedles and AFM
operated tips with nanometer precision based on the milling current[504]. However the
process is time-consuming as each needle on the array is produced individually, and
higher milling currents for quicker fabrication result in lower tip resolution. Replica
moulding of nanofabricated surfaces with polymeric materials is an additional indirect
method of producing arrays with transparent, compliant biomaterials, although feature
sizes are generally in the range of hundreds of nanometers[505].

Nanoneedle arrays are typically manufactured from materials such as silicon[507],
platinum[508], carbon[509], indium arsenide[510], gallium phosphide[234] or oxides of
aluminium[493], zinc[511] or copper[512]. Of these, silicon, dominates the field, due to
its use in the semiconducting industry. In addition, silicon can be made porous (using
MACE for instance), which has considerable advantages for interfacing with biological
components. Due to its biocompatibility[513], tuneable degradation properties[502],
and high surface to volume ratio[514], porous silicon is an attractive option for appli-
cations that require both local and continuous release of biological cargoes. It is not
surprising that porous silicon has found use in the production of drug delivery sys-
tems, small implantable devices and tissue engineering scaffolds, relying on its ability

to interface biological tissues without inducing inflammatory responses[515].
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Figure 4.5: Methods of nanoneedle fabrication. a) In the VLS technique, a constant supply
of Si in gaseous form allows nucleation when its concentration overcomes the eutectic point
resulting in the formation of long silicon nanowires in the solid phase. Image reproduced from
[506] with permission from American Chemical Society, copyright 2005. Scale bar = 1 um. b)
In the MACE technique, a noble metal in the presence of HF is deposited on a silicon surface
and acts as a catalyst as silicon is etched down in the presence of HF. Controlling the etching
parameters and combining this with microfabrication techniques can result in the formation
of porous silicon nanoneedles. Image reproduced from [315] with permission from Springer
Nature, copyright 2015. Scale bar = 2 ym. ¢) FIB (Focused ion beam) etching can be used
to make single nanoneedles of desired thickness from AFM tips. Images reproduced from [504]
with permission from Elsevier, copyright 2005. Scale bar = 5 ym. d) Deep reactive ion etching
(DRIE) is a process that can be used to fabricate nanowires of high aspect ratio. Silicon is
etched down by cycles of plasma (SFg) and passivation (C4Fg). Image reproduced from [503]
with permission from AIP Publishing, copyright 2009. Scale bar = 2 pm.

4.1.4 Nanoneedle Properties for Intracellular Delivery
4.1.4.1 Nanoneedle Toxicity

Regardless of the manufacturing process, it is imperative that nanoneedle arrays do
not incorporate any compounds that induce cytotoxicity or possess geometries that
negatively impact cell function. For instance, fibroblasts cultured on gallium phos-
phide nanoneedles of different heights exhibited DNA damage and elevated levels of
reactive oxygen species, particularly when cultured on longer needles up to 6.7 ym in
height[256]. In addition, the diameter of nanoneedles can also influence cell viability as
another study reported that using smaller diameter nanoneedles (90 nm) maintained
viability in mammalian cells better than those with larger ones (400 nm)[492]. Typ-
ically structures with diameters 300 nm and below do not impede cell function, even
when forcibly interfaced[491]. Nanoneedles made of copper oxide, a cytotoxic material
have been coated with inert silicon dioxide to improve cell viability[512]. While these
considerations are important, for the large part nanoneedle arrays are manufactured

within these dimensions and are able to maintain cell viability up from several days to
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a few weeks[516, 517, 497, 518]. Additionally, to induce favourable cell attachment, the
surface of nanoneedle arrays can be modified by adsorption of matrix proteins that aid

in cell adhesion such as fibronection[519], laminin[520], polylysine[521] or collagen[522].

4.1.4.2 Nanoneedle Surface Functionalisation

Besides maintaining viability during interfacing, successful nanoneedle-mediated deliv-
ery of biomolecules is largely dependent on their ability to modulate cargo adsorption
and release, which is in turn dependent on the material of the nanoneedles and tun-
ing their surface chemistry. The broad range of properties of therapeutically relevant
cargo, such as their size, charge and robustness has further added to the complexities
surrounding the best way to administer them via nanoneedle arrays. The first ob-
servations of intracellular delivery of proteins and nucleic acids via nanoneedle arrays
were conducted by simple physisorption of cargo onto the substrate surface[485, 483].
The nanoneedle surface itself, can be modified for improving physisorption and fur-
ther functionalisation by treatment with oxygen plasma, making it negatively charged
and hydrophilic[523]. Payload adsorption improves with opposing charges of the sur-
face and the cargo, which has led to surface functionalisation of nanoneedles with
charged molecules. For instance, positively charged amine-terminated silanes such as
3-(aminopropyl)triethoxysilane (APTES) functionalised nanoneedle arrays have been
used to aid in the adsorption of negatively charged nucleic acids onto nanoneedles
for intracellular delivery[485]. Although such charged molecules increase adsorption
of the payload, release of the payload into cells is equally important. For instance,
nanoneedles that were treated with a positively-charged polymer polyethylimine used
to electrostatically bind negatively charged DNA, demonstrated only 1% transfection
efficiency, while APTES treated nanoneedles triggered nucleic acid delivery in over
95% of cells and high efficiency of gene silencing, most likely through hydrolysis of the
silane layer[492, 485]. In another study, although successful immobilization of DNA to
nanoneedles through streptavidin-biotin linkage was demonstrated, most of the DNA
was not released on intracellular injection[482]. To overcome this problem, functionali-
sation of AFM-operated nanoneedles with positively charged polylysine that was used
to bind a large excess of DNA, preventing its rapid release into solution. 50% of DNA

could then be released within three minutes of intracellular injection[483]. These stud-
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ies highlight the possible issues and need for optimisation of cargo loading and release

strategies in the case of using solid nanoneedles for intracellular delivery.

4.1.4.3 Nanoneedle Porosity

Using porous nanoneedles is an alternative straightforward strategy for controlled re-
lease of biological payloads. Porous structures possess higher surface area making
them amenable to higher loading capacities, and can be modified to act as cargo reser-
voirs[524]. As mentioned previously, the discovery of favourable properties of porous
silicon nanoparticles for biointerfacing and its development as a versatile drug delivery
system have provided a wealth of knowledge of its loading and release patterns[525,
526]. Controlled release of payloads loaded within pores is achievable via biodegra-
dation of the material itself, or capping the pores with molecules that enable release
in low pH environments found intracellularly[527, 528]. MACE can be used to pro-
duce porous silicon nanoneedles, imparting the advantageous cargo release mechanisms
of porous silicon nanoparticles, with the added benefit of controlled interfacing with
cells[502, 254]. In addition, it was estimated that nanoneedles formed from mesoporous
silicon have an increased surface area for adsorption compared to solid nanoneedles of
the same size by 300-fold[315]. Although porous nanoneedles can stimulate delivery for
longer periods of time, the release characteristics are eventually reliant on the maxi-
mum volume that can be loaded within these tiny structures, and their degradation
time.

Yet another type of nanoneedle device incorporating ‘pores’ in a different context are
hollow nanoneedles, those that have a single pore or channel running through them.
Below the substrate base, a reservoir of cargo that can constantly flow through the
conduits provided by the nanoneedles via passive diffusion, eventually entering cells[499,
498]. In this manner, flow of cargo is essentially unlimited, with the ability to administer
cargo repeatedly[499]. Due to the nature of the etching processes involved, nanostraws
are generally short structures, as smaller lumens (100 nm) would require more shallow
etching resulting in shorter pillar structures. For instance, hollow nanoneedles with 250
nm lumens are a maximum 5 pm in height[499], while 100 nm lumen nanoneedles are
only 1 pm high[498, 487]. Smaller lumens also run the risk of being blocked by proteins

in solution that may impede continuous delivery of the payload.
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4.1.5 Gaining Intracellular Access with Nanoneedles

Apart from their major application in intracellular delivery, nanoneedle arrays have
been used to measure endogenous enzymatic activity and pH[529, 530], record neu-
ronal activity[521, 488], sense mechanical forces exerted by cells[520], control cell divi-
sion[145], perform metabolic labelling[496] and monitor signalling events by introducing
gene silencing[489]. Nanoneedle arrays thereby have the potential to serve many of cur-
rent needs in delivery and sensing applications, making their ability to gain intracellular
access and traverse the cell membrane a feature of utmost importance (Fig. 4.1).

The observation that biological cargo is efficiently delivered to the cytosol may
suggest that nanoneedle arrays can easily penetrate cells. Indeed, a study reporting
highly efficient delivery of a wide range of biomolecules by simply culturing cells on
functionalised nanoneedle arrays also claimed that there was membrane penetration
in over 95% of cells[485]. Along with this an absence of membrane surrounding the
tips of nanoneedles was claimed to be due to membrane penetration[489]. Delivery
of biomolecules such as GFP and membrane impermeable fluorescent dyes via hollow
nanoneedles 100 nm in diameter has also been suggested to take place through direct
membrane penetration, although considered a stochastic event as high variation in flu-
orescence intensities was observed across cells[487]. Moreover, it is suggested that the
overall efficiency of penetration remains high due to the high density of nanoneedles,
thereby increasing the chance of penetration. Consistent with this is the observation of
low transfection rates (1%) when using nanowire substrates with only 2-3 nanoneedles
interfacing per cell[492]. Direct penetration of the membrane offers advantages in terms
of bypassing endocytotic uptake and entrapment. A homogenous distribution of deliv-
ered molecules in the cytosol (as opposed to punctate distribution signifying endosomal
entrapment), and a lack of co-localisation with endosomal compartments indicate that
nanoneedle mediated delivery does not occur via endocytosis[487, 495]. Conflicting
evidence indicates that the cell membrane penetration by nanoneedles is a rare event
without the application of external force. Experimental evidence indicates that only
7% of nanoneedles were able to gain intracellular access[487]. Moreover, a mechanical
model of cell membrane penetration for nanoneedles supports this finding as the force

required to penetrate the cell membrane was found to be an order of magnitude higher
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Figure 4.6: Microscopy of the cell-nanoneedle interface. The wide variety of high-aspect ratio
nanoneedle arrays has led to few studies to investigate the membrane-nanoneedle interface.
a) Electron microscopy image of porous silicon nanoneedles delivering quantum dots into the
cytosol of HeLa cells. N = Nucleus, C = Cytosol. Image reproduced from [254] with permission
from American Chemical Society, copyright 2015. b) Confocal microscopy of indium arsenide
nanoneedle arrays deforming the cell membrane, while demonstrating lack of inserting into the
cytosol. Image reproduced from [219] with permission from IOP publishing, copyright 2012.
¢) Series of transmission electron micrographs of nanopillar-cell interface indicating membrane
wrapping around the nanopillars. Image reproduced from [246] with permission from American
Chemical Society, copyright 2012. d), ¢) TEM images of the cell membrane wrapping around
a silicon dioxide coated copper oxide nanowire. V = vesicle. Image reproduced from [512] with
permission from John Wiley and Sons, copyright 2013.

than the force of gravity[531]. Further, a number of studies incorporating nanoneedle
devices to obtain intracellular recordings of action potentials and enable high efficiency
delivery was only possible in combination with electroporation or optoporation tech-
niques[519, 532, 493, 533, 534]. The conformation of the membrane at the nanoneedle
interface has been assessed in a few studies using microscopy techniques (Fig. 4.6).
Electron microscopy of the cell membrane and nanoneedle interface have highlighted a
tight association between the membrane and nanoneedles for a range of heights (500
nm to 2 um) and diameters (50 nm - 500 nm)[512, 246, 252]. Image analysis of fluores-
cently tagged cell membranes interfaced with nanoneedles of varying lengths, spacing
and surface functionalisations indicated that membranes wrapped around nanoneedles
at the interface and that any absence of the membrane at the tip is due to high signal
of fluorescence at the nanoneedle tip in comparison to the rest of the structures at the
interface[219, 535]. In line with this observation, FIB-SEM data from a study using
gold nanorods showed that penetration does not occur and engulfment itself varies spa-

tially, as nanoneedles were engulfed only at the cell edges and not at the cell centre[536].
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Finally, the initial presence of a membrane wrapping around SERS active nanoneedles,
its disruption upon poration and its resealing process, that lead to changes in the mem-
brane composition has been identified by Raman spectroscopy[486]. Other reports have
provided insight on the ability of cells to actively deform their membranes around the
nanostructures[184, 252, 127].

Overall, the variations in nanoneedle array geometry and surface functionalisation
potentially contribute to conflicting observations in the literature surrounding their
penetrability. While recognising that both outcomes are possible, the cell-nanoneedle
interface warrants further characterisation to better explain the evolving concepts in
achieving intracellular access with nanoneedles. Not only has this led to investigating
the cell properties that may increase the changes of penetration but also nanoneedle

properties that determine their ability to access the cytosol (Fig. 4.7).

4.1.6 Properties that Influence Nanoneedle Penetration
4.1.6.1 Cell Properties

Predictive models for cell settling on nanostructure arrays suggest that 2 pum pitch
between nanoneedles may be the critical distance in determining whether cells remain
suspended on top of the nanostructures or whether they settle to the bottom of the
substrate[537]. This is an important parameter when considering how cells attach to
nanoneedles as increasing the cell adhesion strength by coating nanoneedle arrays with
adhesion molecule fibronectin can enhance intracellular access by 70%[487]. By increas-
ing the adhesion force, the cell membrane is able to deform around the nanoneedles,
resulting in a localised increase in membrane tension potentially leading to membrane
penetration[538, 531]. A mechanical penetration model also suggests that cell stiffness
is an influential factor in gaining access to the cytosol. Softer cells are less easily pene-
trated than stiff ones, requiring a longer indentation distance (5 pm as opposed to 1 pm)
and smaller radii (<10 nm) to induce spontaneous penetration[531]. Experimental evi-
dence indicating that only sharp and long nanoeedles and not thick and short ones were
able to transfect less adherent primary immune cells is consistent with this idea[489].
Additionally, the insertion probability of single nanoneedles into cells is seen to increase
with greater densities of actin cytoskeleton, suggesting that mechanical rigidity of cells

may facilitate penetration[539]. In addition to the cytoskeleton, the cell membrane can
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also provide a synergistic barrier to cytosolic access. Gaining intracellular access with
nanoneedles was shown to be dependent on overcoming the actin cytoskeleton via La-
trunculin A treatment and the cell membrane using dimethyl sulfoxide. Simultaneous
treatment was shown to improve intracellular access compared to single treatments of
one or the other[540]. In another study, transient chemical poration of the membrane

using saponin, improved delivery of small molecules via nanoneedle arrays[499].

4.1.6.2 Application of External Force

Studies of AFM-operated nanoneedles have been instrumental in determining the quan-
tity of force required to gain intracellular access. By visualising nanoneedle insertion
via confocal microscopy alongside a corresponding drop in force-displacement curves by
AFM, it was estimated that 0.5-20 nN of force, with an insertion speed of 3-10 pm/s
was required to penetrate the membrane for a nanoneedle below 100 nm in radius in
a number of different cell types[541, 504, 482, 483]. Arrays of nanoneedles exerting
forces in the range of 2-6 nN applied via centrifugation on top of cultured cells was also
shown to be sufficient for immediate delivery of plasmid DNA into primary neurons,
co-delivery of DNA and siRNAs and intracellular sensing of enzymatic activity[542,
315, 530]. In a more complex system, arrays have been designed with a high-speed
piezoelectric oscillator, that enable plasmid DNA delivery and expression with over
40% efficiency when in contact with cells[543].

It has been possible to gain intracellular access through electroporation at much
lower potentials compared to standard electroporation, which is likely facilitated by
the tight interaction at the membrane-nanoneedle interface[519, 532]. Experimental
evidence suggest that electroporation enables intracellular access for one hour follow-
ing stimulation, after which the membrane begins to reseal[532] and that access can be
gained on multiple occasions in the same sample over several days[519, 532, 545]. In
another study access by electroporation was facilitated in the remaining 50% of cells
that were not spontaneously penetrated[521]. Plasmonic optoporation using nanonee-
dles made of plasmonic materials such as gold, porate the membrane with shock waves
from laser light transduced by gold with the added advantage of spatial and temporal

targeting[534].
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Figure 4.7: Schematic of methods to gain intracellular access using nanoneedles. Access to
the cytosol can be triggered by application of external force. In the case of applying nanoneedle
arrays from the top, centrifugation or application of force manually over cultured cells can
be used to gain intracellular access[530]. The concept is similar to application of force via
single AFM-operated nanoneedles[504]. In the case of culturing cells on nanoneedle arrays
(nanoneedles from bottom), access can be improved by promoting cell adhesion through the
use of cell-adhesive molecules such as fibronectin[487]. Electroporation and optoporation can
be used in conjunction with nanoneedle arrays[519]. Coating nanoneedle arrays with ‘stealth’
molecules such as bilayers and hydrophobic silanes has also improved intracellular access[544].

4.1.6.3 Nanoneedle Surface Functionalisation

In addition to improving adsorption of cargo onto the nanoneedle surface (section
4.1.4.2), functionalisation of nanoneedles could also promote intracellular access with-
out the application of external force. Coating extremely sharp nanoneedle probes with
phospholipid bilayers and vesicles has enabled intracellular measurements of cardiac
cell potential in a number of instances[544, 546, 484, 547]. Moreover, functionalising
single nanoneedle tips with hydrophobic silanes enabled measurement of sub-threshold
cell potentials as well as intracellular action potentials, while uncoated nanoneedles
did not[548]. By mimicking the hydrophobic and hydrophilic arrangements present
in the cell membrane, probes designed with hydrophobic cores designed to fuse with
the cell membrane were efficient at inserting into a lipid bilayer, indicating that mem-
brane access could be granted while using such stealth probes[549]. The fact that most
transfection reagents including polyethylenimine (PEI) and poly-L-lysine (PLL) are
developed on the basis of their high concentration of positively charged amine groups
that can strongly bind negatively charged components such as DNA or the cell mem-
brane, has fuelled attempts at functionalising amine groups on nanoneedles to increase
interactions at the interface, enhancing the chances of membrane penetration. APTES

functionalisation has been shown to improve adhesion of hMSCs on porous silicon sub-
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strates by improving hydrophilicity that occurs through the addition of free amines at
the surface[550]. APTES functionalisation of nanoneedle arrays has also been used in
previous studies that showed high efficiencies of intracellular delivery[485, 315]. In other
instances, relatively harsh strategies such as decorating nanoneedles with molecules of
high positive charge such as cell penetrating peptides have been used to achieve 15%
internalisation efficiency in primary neurons, with surprisingly little impact on cell
viability[551].

Overall, the many parameters that influence intracellular access of nanoneedles
demonstrates that a simple membrane penetration model does not fully describe the
uniqueness and complexity of the cell-nanoneedle interface. The nature of interaction
at the interface has a significant impact on events occurring across it, such as intracel-
lular delivery, calling for more detailed investigations of the features of interaction and

mechanism of delivery at the interface.

4.1.7 Potential Mechanisms of Nanoneedle-Mediated Delivery

Along with the aforementioned properties of nanoneedles and cells to facilitate cytoso-
lic access, it is important to identify how the cell membrane responds to nanoneedle
interfacing. As mentioned in section 1.3.2, the cell membrane is a highly complex and
dynamic system that is sensitive to external forces, be it mechanical and biochemical.
Mechanical deformation of the cell membrane can modulate the local composition of
lipids and proteins[178], followed by crowding of intracellular scaffolding domains and
potentially an induction of endocytosis[177, 173].

To this end, nanoneedle arrays can be recognised as topographical cues that induce
nanoscale membrane deformation, and depending on the type and extent of curvature
created, can influence accumulation of curvature sensing and endocytotic proteins. For
instance, nanocones of 50 nm diameter have been used to study the recruitment of
N-BAR domain proteins to sites of membrane deformation[183]. Moreover, nanopil-
lars and nanobars induce curvature-dependent accumulation of proteins involved in
CME[127]. Accumulation of CME proteins is initiated by positive curvatures within a
radius of 200 nm, a finding supported by another study incorporating nanocolumns of
100 nm in diameter that induced clathrin protein accumulation[184]. A study modelling

clathrin reorganisation during membrane invagination showed that over a certain degree
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of indentation, there is disruption and ‘fluidization’ of the clathrin lattice around the
indented area, initiating the binding and stabilisation of membrane curvature proteins
and adaptors, leading to formation of clathrin coated pits[552].

Membrane tension is a key regulator of endo- and exocytosis, as the mechanical
stress of the membrane is directly related to the cost of forming or losing vesicles[553].
The role of caveolae in membrane tension sensing, membrane resealing and endocytosis,
highlights a potential role for their localisation to regions of high membrane tension
and/or rupture during nanoneedle interfacing[435]. Although caveolae localisation was
not found on nanopillars, caveolae have been observed on larger pillars of 5 ym diameter
and height indicating an alternative role for their localisation[185].

High membrane curvature can influence stability of the membrane and also its
permeability via changes in pore sizes[554]. This is indicative of the ambiguity in
mechanism of delivery as small ruptures via membrane curvature may induce cytosolic
entry, but cannot be resolved by current imaging techniques[512, 555]. It has been
observed that for high-aspect ratio nanorods, intracellular access occurs only when
tip of the rod is oriented perpendicular to the membrane surface, and uptake occurs
as the cell initially perceives the nanostructure as a particle but eventually cannot
engulf the entire length of the structure, causing frustrated phagocytosis and incomplete
uptake[556, 557]. This is especially important since vertical nanoneedle arrays interface
with cells perpendicularly. Additionally, the radius of the particle perceived by the cell
is given by the tip radius of the nanostructure, usually between 50 and 100 nm, which
is in the range for endocytotic uptake[430].

Although a number of studies have attempted to investigate membrane integrity
and its contributions to nanoneedle-mediated delivery, the contribution of endocytosis
towards cargo delivery via nanoneedles is a relatively new concept and remains to be
investigated. Moreover, the ability to bypass the cell membrane barrier, the uptake
response and fate of internalised cargo following nanoneedle-mediated delivery is cell
type dependent and requires characterisation for clinically relevant cell types rather

than transformed or immortalised cell lines studied in majority of nanoneedle literature.
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4.1.8 Porous Silicon Nanoneedle Arrays for Biomolecule Delivery

Vertical arrays of biodegradable porous silicon nanoneedles used in this study have
previously been shown to interface favourably with a number of cell types, with mini-
mal impact on viability, while demonstrating proof-of-concept for delivery and sensing
applications[507, 315, 530, 254, 558]. These nanoneedle arrays have enabled intracellu-
lar co-delivery of plasmid DNA and siRNA with over 90% efficiency, in-vivo delivery of
plasmids for neovascularisation, and intracellular delivery of cell-impermeable quantum
dots[315, 254].

Nanoneedle arrays used in this study are fabricated by Dr. Ciro Chiappini by com-
bination of UV photolithography (that establishes position of the nanoneedles), MACE
(that etches down the silicon and tailors porosity), and reactive ion etching (to intro-
duce conical structure) (Fig. 4.8a). Porous silicon nanoneedle arrays are 4-5 pm in
height, have a 2 um pitch spacing, 50 nm tip diameter and 600 nm diameter at the
base (Fig. 4.8b). The porosity allows these nanoneedles to be loaded with large concen-
trations of cargo, and their release profiles to be tailored to suit the application[254]. In
spite of being porous, nanoneedles exhibit high failure and buckling loads around 260
nN, about 10-fold higher than force required to penetrate a cell membrane[482]. Addi-
tionally, porosity imparts tailorable degradation properties. In physiological conditions,
these nanoneedles begin to lose their vertical structure by 8 hours, their complete shape
by 15 hours and become shallow stumps by 24 hours (Fig. 4.8¢)[315]. In this manner
it is possible to inject payload overtime through an initial gain in intracellular access,

while restoring original cell behaviour as the nanoneedles degrade (Fig. 4.8d).
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Figure 4.8: Fabrication, structure and degradation of vertical arrays of porous silicon nanonee-
dles. a) Fabrication process of porous silicon nanoneedles. Silicon nitride is deposited on a
silicon wafer. Array of 600 nm dots with 2 um pitch photoresist layer is deposited over the
silicon nitride which is then etched down leaving silicon exposed. Silver nanoparticles are then
deposited selectively on the silicon surface. MACE of silicon in HF yields porous silicon pillars.
Reactive ion etching (RIE) of silicon in SFg results in conical shape of the nanoneedles. b)
Scanning electron micrographs of porous nanoneedles of different tip diameters. Scale bar =
200 nm. c¢) Degradation of porous silicon nanoneedles over 24 hours at 37°C with indicated
times. Scale bar = 2 um. a-c) Images reproduced from [315] with permission from Springer
Nature, copyright 2015. d) SEM micrographs of cells cultured on nanoneedles over time, indi-
cating initial attachment to complete spreading between 1 hour and 72 hours. Scale bar = 10
pum. Image reproduced from [254] with permission from American Chemical Society, copyright
2015.
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4.2 Chapter Aims

Nanoneedle arrays have demonstrated high efficiencies of nucleic acid delivery[485, 489,
315]. However, the mechanisms by which cargo delivery occurs are unknown, while
simple models of membrane penetration have not been able to describe the uniqueness
of the membrane-nanoneedle interface. Direct evidence of membrane penetration while
facilitating intracellular delivery is also lacking.

Given the complexity of the cell membrane and its ability to sense curvature, ac-
tively deform and initiate protein scaffolding, the involvement of membrane reshaping
processes such as endocytosis during nanoneedle interfacing remains to be explored. Of
parallel importance is the fate of the payload delivered by nanoneedles, as initiation of
endocytosis can result in cargo degradation by endolysosomal entrapment.

In this chapter, the mechanism by which porous silicon nanoneedle arrays inter-
act with the cell membrane to facilitate efficiency delivery of therapeutically relevant

payloads, with a particular focus on the role of endocytosis, is investigated.
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4.3 Materials and Methods

4.3.1 Antibodies and Reagents

6-Dodecanoyl-N,N-dimethyl-2-naphthylamine or Laurdan was purchased from Sigma-
Aldrich. Anti-clathrin light chain (CLC, Rabbit) was purchased from Novus Bio-
logicals (NBP2-14913), Anti-Caveolin-1 (Cav-1, Rabbit) was purchased from Abcam
(ab2910), Anti-Early Endosome Antigen-1 (EEA1, Rabbit, C45B10), Anti-Lysosome
Associated Membrane Protein-1 (Lampl, Mouse, D401S) were purchased from Cell
Signaling Technologies. Goat anti-Rabbit Fab’ fragment was purchased from Jackson
Immunolabs. Cy3-siRNA for GAPDH (Cy3-siRNA), Transferrin-Alexa488 (Tfn-488),
Cholera Toxin B subunit-Alexad88 (CTxB-488), Albumin-Alexafluor488 (Alb-488) and
Dextran-TexasRed (Dex-10kDa, Dex-40kDa and Dex-70kDa) and were purchased from

ThermoFisher Scientific.

4.3.2 Preparation of Nanoneedle Arrays

Porous silicon nanoneedle arrays (nN) were fabricated by Dr. Ciro Chiappini and as
previously described in [315, 502]. Flat silicon wafers (FSW) of the same size were
used as controls. Nanoneedle arrays and FSW were cleaned using oxygen plasma for
15 minutes (PlasmaPrep II, Gala Instrumente, Germany). For experiments with 3-
Aminopropyltriethoxysilane (APTES) functionalisation, nanoneedles and FSW were
incubated with 2% (v/v) APTES (Sigma-Aldrich, A3648) in ethanol for 2.5 hours,
after which they were extensively washed in 100% ethanol. Nanoneedle and FSW were
dried under nitrogen gas. Prior to cell seeding functionalised and non-functionalised
substrates were placed under a UV lamp for 20 minutes for further sterilisation. Cell
seeding on nanoneedles and FSW took place immediately after plasma treatment in the

case of non-functionalised substrates or within 24 hours of APTES functionalisation.

4.3.3 Cell Culture

HMSCs obtained from Lonza were expanded in chemically defined mesenchymal stem
cell growth medium (MSCGM-CD, Lonza) or in MSCGM basal media (Lonza) with

supplements added according the manufacturer’s instructions until passage 3. HMSCs
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were detached from culture flasks after rinsing with phosphate buffered saline (Invit-
rogen) using 0.05% (v/v) trypsin-EDTA and seeded on prepared nanoneedle or FSW
substrates between passage 4 and 6. HMSCs were seeded in Minimum Essential Media
Alpha (a-MEM, Gibco) supplemented with 10% (v/v) MSC-grade foetal bovine serum
(Gibco) and 1% (v/v) Penicillin/Streptomycin (Gibco). For experiments without cargo
loading onto nanoneedles and FSW, hMSCs were seeded on substrates placed in 24-well
plates at 20,000 cells/cm? for 6 hours. For intracellular delivery experiments, in order
to assess only cells in contact with the substrates for cargo uptake and not the rest
of the well, a 50 ul cell suspension containing 60,000-80,000 cells was ‘dry seeded’ by
dropping it over the substrates and care was taken to ensure it did not spread into the
well. Substrates with the cell suspension were incubated for 1.5 hours at 37°C, during
which time the cells were allowed to attach to substrates alone, after which the media
in each well was gently filled to normal volume and allowed to incubate for 24 hours.
This ensured that all cells to be analysed remained on the substrates and did not attach

to the bottom of the wells.

4.3.4 SICM Operation

SICM images of hMSCs cells cultured on nanoneedle arrays and FSW were acquired in
hopping probe scanning mode using a home-built microscope (Fig ?7)[291]. Pipettes
were pulled from borosilicate glass (Outer diameter = 1 mm, inner diameter = 0.5
mm, length = 7.5 cm Intracel, Cambridge, UK) using a P-2000 laser puller (Sutter In-
struments). Pulling parameters for temperature and velocity of pull were optimised for
each experiment to yield pipettes of roughly 100 nm and ion currents of 1 nA. Axopatch
200B amplifiers (Molecular Devices) were used to determine ion current measurements
and a bias potential of 200 mV was applied. Pipettes were filled with sterile filtered
PBS and attached to the piezo device. Ion current traces were tracked using pClamp10
(Molecular Devices).

Cells cultured on APTES and non-APTES treated nanoneedles and FSW for 6 hours
were fixed in 4% (v/v) methanol-free paraformaldehyde solution (PFA, EM Sciences)
for 15 minutes, washed with phosphate buffered saline (PBS) and placed in a 35 mm
petri dish in PBS. After the pipette was immersed, a current of approximately 1 nA

was detected, and the piezo controller was used to approach the sample. The pipette
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approached the sample until there was a 0.3%-0.6% drop in current due to proximity to
the sample surface. Cells were located by sudden increases in z-position of the pipette
as shown by the current trace (See chapter 2, methods). SICM Image viewer, a home-
written software was used for image presentation. Gwyiddion software for scanning
probe microscopy data visualisation and analysis (www.gwyddion.net) was used for

surface roughness measurements.

4.3.5 Electron Microscopy Sample Preparation

For scanning electron microscopy, hMSCs cultured on nanoneedles or FSW were fixed
in 2.5% (v/v) GA in PBS or 0.1 M sodium cacodylate buffer for 30 minutes at room
temperature. Samples fixed in GA-PBS were transferred to 0.1 M sodium cacodylate
buffer. Samples were then treated with 1% (v/v) OsO4 for 1 hour in 0.1M sodium
cacodylate buffer. Samples were washed extensively in Milli-Q water twice for 5 minutes
after which they were dehydrated in a series of graded ethanol concentrations in Milli-
Q water twice for 5 minutes at 20%, 30%, 50%, 70%, 80% and 90%. Finally, samples
were treated with 100% ethanol 4 times for 5 minutes each. Dehydrated samples were
treated with hexamethyldisilazane (HMDS, Sigma) for 5 minutes and air dried.

For FIB-SEM and TEM, samples were prepared as above until the osmium fixation
and wash step. Samples were treated with 1% (w/v) tannic acid (Sigma-Aldrich) in
Milli-Q water for 1 hour and washed twice with Milli-QQ water for 5 minutes. Samples
were treated with 1% (w/v) UA in water for a minimum of 2.5 hours in the dark.
Samples were washed in water twice for 5 minutes after which they went through a
series of ethanol dehydrations as above. Dehydrated samples were infiltrated with
epoxy resin as described previously. Excess resin was washed off with ethanol twice,
with air drying the sample between washes, until some roughness of the sample surface
was observed indicating that enough resin was washed off. Infiltrated samples were left
to polymerise in an oven for 48 hours at 60°C. For SEM and FIB-SEM, samples were
mounted on aluminium stubs using carbon tape and sputtered with 10 nm of chromium

or gold.
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4.3.6 Electron Microscopy Imaging

4.3.6.1 SEM Imaging

For SEM, samples were visualised using a Sigma300 (Zeiss, Oberkochen, Germany) or
Auriga Cross Beam SEM (Zeiss, Oberkochen, Germany) at an accelerating voltage of
5 kV and a working distance of 5 mm and secondary ion detector. The stage was tilted

to 54° for SEM imaging.

4.3.6.2 FIB-SEM Imaging

FIB-SEM imaging was conducted using Zeiss Auriga CrossBeam Workstation. Cells
on nanoneedles were located using the SEM and the stage was tilted to 54°. The
same cell was located at the eucentric point using the FIB beam at a working distance
of 5 mm. SEM images were obtained with an accelerating voltage of 1.6 kV using an
electron back scatter detector. An imaging interval of 1 was used for 3D reconstructions
yielding 30 nm sections using 1 nA:30 kV milling current. For vesicle number analysis,
the sample was milled at 1 nA:30 kV until a row of nanoneedles appeared and a single
image obtained at the estimated tallest part of the nanoneedles-membrane interface.

Non-nanoneedles locations imaged in the same cell served as control.

4.3.6.3 FIB-Lift Out and TEM Imaging

FIB-milled lift-outs were prepared and imaged by Jelle Penders (Department of Materi-
als, Imperial College London). Lamellas of hMSCs seeded on nanoneedles were prepared
for TEM/STEM imaging by FIB-SEM lift-out using a Helios Nanolab 600 (FEI, Eind-
hoven, The Netherlands) equipped with a Gallium ion beam and a micromanipulator
(Omniprobe, Oxford Instruments ple, Oxfordshire, United Kingdom). SEM imaging
was performed at 2 kV and 0.17 nA and FIB milling at 30 kV with currents ranging
from 28 pA to 2.8 nA. FIB polishing was performed down to 5 kV and 8 pA. A cell of
interest was located by SEM imaging, showing normal morphology and proper preser-
vation (Fig. 4.9a). The sample was oriented to have the nanoneedles rows perpendicular
to the FIB direction. First a rough trench was milled in the front of the cell at 2.8 nA,
then the region of interest was approached by milling at 0.92 nA while simultaneously

imaging in SEM mode. After ensuring the cell staining and ultrastructure preservation
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was adequate, milling was continued until the row of nanoneedles appeared (Fig. 4.9b).
Platinum was deposited on top (1-1.5 pm wide) by Gallium assisted injection system
at 93 pA-0.28 nA, up to a thickness of 1-2 um. Further trenches were milled behind
the region of interest and on the sides, freeing the lamella except for attachment to the
base (Fig. 4.9¢). The lamella was approached with the micromanipulator needle and
attached by platinum deposition. The base of the lamella was milled loose and for struc-
tural stability of the lamella, up to 4 um of silicon substrate was included in the lift-out
(Fig. 4.9d). The middle post of a 3-post copper lift-out grid (Omniprobe, EM Sciences,
Hatfield, PA, USA) was approached with the micromanipulator and the lamella was
attached to the post by further platinum deposition, after which the micromanipulator
was cut loose (Fig. 4.9¢). The lamella was thinned to electron transparency, 100-120
nm, by FIB milling equally on both front and back of the lamella ensuring the apex
of the nanoneedles is in the centre of the lamella (pre-thinning Fig. 4.9f, post-thinning
Fig. 4.9g side view, Fig.h front view). The lift-outs were imaged by TEM with a JEOL
JEM-2100F TEM at 200 kV or at 200 kV with a dark field detector in STEM mode.

4.3.7 Laurdan Staining, Multiphoton Imaging and Analysis

Thirty minutes prior to PFA fixation, media was aspirated and replaced with serum-free
MSCGM containing a final concentration of 50 pM Laurdan. HMSCs on nanoneedle
arrays and FSW were incubated with Laurdan containing media at 37°C for 30 minutes.
Media was aspirated, samples were washed with PBS and fixed in 4% (v/v) PFA.

Imaging of Laurdan stained samples was conducted using a Leica SP5 upright con-
focal microscope equipped with a Spectraphysics Mai-Tai 690-1020 multiphoton laser
and a 63x oil immersion objective. Multiphoton imaging was set up according to [216].
Laurdan was excited at 800 nm and intensity images were detected by photomultiplier
tubes (PMT) at 400-460 nm and 470-530 nm.

Generalised polarisation values (GP) were obtained according to:

T100— — Gly7o—
ap — Ta00—160 470—530
T400—460 + G1470-530

where the G value was calibrated for each experiment to allow cross comparison

between different experiments due to the use of different PMT gains and I represents
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Figure 4.9: Schematic and process flow of FIB-SEM lift-out sample preparation for TEM. Top
panel schematic summarises the process of FIB-SEM lift out for TEM. Bottom panel indicates
actual process of lift-out of cell-nanoneedle thin-section. a) Location of cell of interest. b)
Milling of first trench and observation of interior cell structure, mill until start of nanoneedle
row. ¢) Platinum deposition on region of interest (1-1.5 pm wide), milling of trenches on the back
and sides forming a free standing lamella. d) Approach and attachment of micromanipulator
needle, milling of bottom and freeing of the lamella, retraction and lift-out of lamella. e)
Approach and attachment of lamella to a lift-out grid by platinum deposition. f) Side view of
the lamella prior to thinning. g) Thinning of the lamella equally on both sides to 100-120 nm
thickness ensuring the apex of the nanoneedles is in the centre of the lamella. h) Front view of
the lamella post thinning. Scale bars = 5 um. Images obtained by Jelle Penders.

the intensity of pixels in the ordered channel (400-460) and the disordered channel
(470-530)[216]. The G value was measured for each experiment and calculated from
a calibration image Gj,es, the intensity image of Laurdan at 50 uM concentration in
dimethyl sulphoxide (DMSO) (i.e. the same concentration and the same PMT gains as

in each experiment) and a G,.s value from the literature = 0.207[559] according to:

_ GPref + GprefGPmes — GPpes — 1

G =
GPmes + GPrefGPmes - GPref -1

Laurdan images of confocal sections of hMSCs just above the tips of the nanoneedles

and at the basal surface of FSW were obtained for analysis of GP values. A minimum
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of 20 cells from 3 independent experiments were used for analysis.

4.3.8 Immunolabelling, confocal fluorescence imaging and analysis

HMSCs on nanoneedles and FSW were fixed with 4% PFA for 15 minutes in PBS.
Samples were washed twice for 5 minutes in PBS and treated with 0.25% (v/v) Triton
X-100 in PBS for 5 minutes. Samples were washed with PBS and incubated with
5% normal serum in PBS (v/v) of the same species as the secondary antibody for 1
hour at room temperature. Primary antibodies to Cav-1 (1:300, v/v), CLC (1:300,
v/v), were allowed to incubate overnight at 4°C in 0.1% (v/v) Bovine serum albumin
(BSA) in PBS. For Lamp] staining, PFA fixed samples were treated with methanol for
5 minutes at -20°C and washed twice in PBS for 5 minutes. For immunofluorescence
staining with multiple primary antibodies of the same species, primary antibodies to
Cav-1 or CLC were applied as mentioned and samples were washed in 0.1% (v/v)
BSA-PBS three times for 5 minutes. Samples were probed with goat anti-rabbit Fab’
fragment (1:30, v/v) in 0.1% BSA-PBS was for 1.5 hours and washed three times for 5
minutes in 0.1% BSA-PBS. Secondary Alexafluor anti-goat antibodies (ThermoFisher
Scientific) were applied to detect Cav-1 or CLC for 1 hour in 0.1% BSA-PBS in the
dark (Fig. 4.10). Samples were probed with both EEA1 (1:100, v/v) and Lamp1 (1:200,
v/v) antibodies in 0.1% BSA-PBS overnight at 4°C. Samples were washed three times
for 5 minutes in 0.1% BSA-PBS and probed with secondary Alexafluor antibodies
for EEA1 and Lampl. Samples were washed 3 times for 5 minutes in PBS, stained
with DAPI (1:1000, v/v), washed and flipped upside down into chamber slides (Ibidi)
containing Vectashield (Vector Labs) for imaging by confocal microscopy. Images were
obtained using a Leica SP5 inverted microscope using a 63X oil immersion lens and
optical zoom (Leica Microsystems, Wetzler, Germany). For co-localisation analysis,
single planes of multi-channel images were imported into Volocity Software (6.3, Perkin-
Elmer) and automatically thresholded using Costes’ method. Mander’s coefficient of
overlap of channel 1 (siRNA) over channel 2 (CLC, Cav-1, EEA1 or Lamp1) was selected
and converted to a percentage for statistical analysis. For endolysosomal pathway co-
localisation analysis, multi-channel images of CLC or Cav-1 with EEA1 and Lampl
were overlaid in a single channel and analysed for co-localisation with delivered payload

as mentioned above.
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* Rabbit Clathrin ’ Rabbit Clathrin
Goat anti Rabbit Fab’ lGoat anti Rabbit Fab’
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Figure 4.10: Fluorescence microscopy images of hMSCs immunolabeled with rabbit anti-
clathrin antibody, incubated with goat-anti rabbit Fab’ fragment followed by (left) donkey
anti-rabbit secondary AlexaFluor488 or (right) anti-rabbit secondary AlexaFluor488 and anti-
goat AlexaFluorb55 indicating that the primary rabbit immunolabel is converted to goat by
goat anti-rabbit Fab’ fragment. Scale bar = 20 pm.

4.3.9 Nanoneedle-Mediated Biomolecule Loading and Delivery

Tfn-488 (25 ug/ml), Alb-488 (40 pug/ml), CTxB-488 (5 pug/ml), and Dex-TexasRed (10
kDa, 40 kDa and 70 kDa, 1 mg/ml) were each reconstituted in a previously optimised
buffer containing 0.25 M glycine and 400 mM KCI, pH adjusted to 5.0 (Buffer 1). A
volume of 10 ul of cargo solutions were physisorbed onto nanoneedles and FSW for 45
minutes in a humidified chamber at room temperature in the dark. Cargo loaded FSW
substrates were rinsed briefly in Buffer 1 after which cells were dry seeded onto the
substrates for 24 hours.

For Cy3-siRNA delivery, substrates were pre-treated with 2 M HCI for 10 minutes
after plasma and UV treatment followed by rinsing in distilled water and air drying. 10
pl of Cy3-siRNA (1 pM) solution in Buffer 1 was adsorbed for 45 minutes in a humid-
ified chamber in the dark. Substrates were washed once with Buffer 1 and air-dried.
Substrates loaded with Cy3-siRNA were washed further with Buffer RPE (Qiagen) and
air-dried. Cells were dry seeded on loaded substrates for 24 hours. For Cy3-siRNA de-
livery experiments, it was important that hMSCs were thawed from frozen, cultured to

70% confluence at passage 4 and seeded at passage 5 in all experiments.

4.3.10 Flow Cytometry

After 24 hours of culture on cargo loaded nanoneedle and FSW substrates, media

was aspirated and substrates were transferred to a new well plate and washed with
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ice cold PBS. Cells were detached from substrates using 0.05% (v/v) Trypsin-EDTA,
collected and centrifuged at 300 x g for 7 minutes at 4°C. Cells were resuspended in
PBS and centrifuged once again, after which the pellet was resuspended in 200 ul of flow
cytometry staining buffer (BioLegend). Flow cytometry data was acquired by Vincent
Leonardo (Department of Materials, Imperial College London). Samples were measured
with a LSR FORTESSA (BD) equipped with 488 nm and 561 nm laser and 530/30,
582/15 and 610/20 filters. Raw data were analysed with FlowJo and equal population

gates were applied in order to allow direct comparison between experimental groups.

4.3.11 Quantitative Real Time Polymerase Chain Reaction
(gqRT-PCR)

qRT-PCR and analysis was performed by Dr. Hyejeong Seong (Department of Materi-
als, Imperial College London). Cells on nanoneedle and FSW substrates were treated
with Trizol reagent (Life Technologies), mixed with chloroform (1:5, v/v, Chloro-
form:Trizol) and separated by centrifugation for 15 min at 4°C at 12,000 x g. RNA was
isolated from the aqueous phase after the centrifugation using Direct-zol RNA MiniPrep
Kit (Zymo Research) based on the manufacturer’s instructions. cDNA was synthesised
using High Capacity cDNA Reverse Transcription Kits (Applied Bioscience) according
to the manufacturer’s instructions. qRT-PCR, was performed with the PowerUP SYBR
Green Master Mix (Applied Biosystems), with 2.5 ng ¢cDNA and 500 nM forward and
reverse primers, using a StepOne Plus machine (Applied Biosystems). The StepOne
Plus protocol ran as 95°C for 2 minutes followed by 40 cycles of denaturation at 95°C
for 3 seconds and annealing at a temperature 60°C for 30 seconds. Cycles-to-threshold
(Ct) values were automatically obtained from the StepOne software v2.3. These values
were exported to the Excel file and manually processed to generate fold change expres-
sion values. The expression of each gene of interest was normalized to the geometric
mean of the expression of at least two housekeeping genes PPIA and RPL13A, gener-
ating the 3C(t) value, and expression of 27¢C(t) relative to the control. Primers were

purchased from Invitrogen and sequences are listed below in Table 4.2.
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Gene Accession Forward Primer 5’-3’/ Amplicon | Total
Name No. Reverse Primer 5°-3’ (bp) Primer
Conc.

GAPDH NM002046.4 | GCACCGTCAAGGCTGAGAAC | 138 500 nM
TGGTGAAGACGCCAGTGGA

PPIA NM021130 | CTTCACACGCCATAATGGC 273 500 nM
GTGATCTTCTTGCTGGTCTTG

RPL13A NMO012423 | AAGTACCAGGCAGTGACAG 100 500 nM
CCTGTTTCCGTAGCCTCATG

Table 4.2: qRT-PCR Primer Sequences

4.3.12 Statistical Analysis

Statistical analysis was performed using GraphPad Prism 6.0. In the case where data of
two groups were normally distributed, the Student’s unpaired t-test was used. When
the data was not normally distributed the non-parametric Wilcoxon-Mann-Whitney

test was used. Significant differences were reported for p-values <0.05.
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4.4 Results

4.4.1 Cell Viability

A key feature of nanoneedles is their ability to maintain cell viability during cell inter-
facing. This has been demonstrated in a number of cell types as well as nanoneedle
arrays made of different materials[489, 560, 492]. Porous silicon nanoneedle arrays
have also been applied to cancer cell lines such as HeLa[315] and OE33[530, 254], ep-
ithelial cell line Het-1A[530, 254]. Moreover, HeLa cells have been shown to survive
for over five days on porous silicon nanoneedles, without any negative impact on their
metabolism[315]. More recently, the viability and proliferation of primary cells such
as hMSCs and human umbilical vein endothelial cells (HUVECs) on APTES function-
alised porous silicon nanoneedles were tested up to 48 hours, showing no impact on cell
viability (unpublished data).

In order to assess whether APTES functionalisation is necessary for maintenance
of cell viability, hMSCs were cultured on porous silicon nanoneedles after treatment
with oxygen plasma and UV sterilization. After 6 hours of culture, the viability of
hMSCs on plasma treated nanoneedle arrays and FSW substrates was assessed using
a LIVE/DEAD™™ cytotoxicity kit for mammalian cells (ThermoFisher Scientific) con-
taining Calcein-AM (live, green) and Ethidium homodimer-1 (dead, red). Calcein-AM
indicates esterase activity within cells, while ethidium homodimer-1 indicates a loss
of cell membrane integrity. A time point of 6 hours was selected due to the degra-
dation profile of nanoneedles, where in 6 hours the nanoneedles are still presented as
sharp structures and their specific interactions with cells can be studied, while by 24
hours they remain as blunt stumps (Fig. 4.8c,d). LIVE/DEAD”M labelling of hMSCs
cultured on nanoneedle and FSW substrates indicated that cells were viable on both

surfaces, with very few observed dead cells (Fig. 4.11).

4.4.2 Membrane Morphology on Nanoneedle Arrays
4.4.2.1 Nanoneedle Interfacing Induces Apical Membrane Ruffling

After ascertaining that nanoneedles do not impact hMSC viability, the morphology of

the membrane on the nanoneedles was studied in more detail. Label free topographical
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Figure 4.11: LIVE/DEAD™™ labelling of hMSCs cultured on a) nanoneedle arrays and b)
FSW substrates for 6 hours. hMSC viability is maintained during interfacing with plasma
treated nanoneedle arrays. Scale bar = 50 pm.

imaging of apical membrane of hMSCs cultured on nanoneedle arrays and FSW for 6
hours was performed through SICM. SICM was did not require sample dehydration or
extensive fixation, and cells were imaged in their native, hydrated state. Nanoneedle
arrays stimulated the formation of numerous membrane protrusions in hMSCs as ob-
served by topographical maps of the membrane surface imaged by SICM (Fig. 4.12a).
The membrane of hMSCs on nanoneedle arrays appeared ruffled, similar to dorsal
membrane ruffles seen in cells treated with growth factors that stimulate macropinocy-
tosis[561]. Moreover, membrane ruffling in hMSCs on nanoneedle arrays contributed to
a 1.5-2-fold increase in apical membrane roughness compared to cells cultured on FSW
(Fig. 4.12b,c).

This appearance of the membrane was further confirmed by SEM imaging. In
addition to apical membrane ruffling, SEM imaging of tilted samples showed cells on
nanoneedle arrays extending their filopodia, and pulling individual nanoneedles towards
them (Fig. 4.12d). As a result, many bent nanoneedles were observed around the cell
periphery, indicating that cells exert a considerable amount of force on these nanos-
tructures[236]. Filopodia have previously been recognised as important cell processes

responsible for topography sensing[145].
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Figure 4.12: The membrane response to nanoneedle interfacing. a) Top panel: 2D, 3D and
a zoomed-in 2D 20 pm x 20 pm SICM topographical scan of a hMSC cultured on nanoneedles
after 6 hours. Bottom panel: 2D, 3D and a zoomed-in 2D 20 pum x 20 pum topographical SICM
scan of a hMSC cultured on FSW after 6 hours. Scale bar = 10 ym. b) Surface roughness
(Rrums) of apical membrane of hMSCs on nanoneedles compared to FSW measured by SICM.
¢) Surface roughness (R,) of apical membrane of hMSCs on nanoneedles compared to FSW
measured by SICM. n = 8 for nN and n = 11 for FSW. Data represented as box and whisker
plots with median, interquartile range, minimum and maximum values. ****p<0.0001 between
indicated groups. d) Tilted SEM image of hMSC on nanoneedles and zoomed-in SEM image
of its apical membrane. e) Tilted SEM image of hMSC on FSW and zoomed-in SEM image of
its apical membrane. Scale bar = 5um.

4.4.2.2 Nanoneedle Interfacing Stimulates Changes in Membrane Lipid
Order

In order to elucidate whether nanoneedle interfacing induced changes in microdomain
membrane ordering, particularly at the interface, Laurdan, a lipophilic membrane dye
was used as a reporter for membrane order[559, 216]. For Laurdan, an increase in spec-
tral shift of 50 nm takes place when it incorporates into more disordered fluid portions
of the membrane (between 470-530 nm), while its binding to ordered phases of the mem-
brane results in fluorescence at lower wavelengths (between 400-460 nm)(Fig. 4.13a).
The spectral shift can then be used to determine both spatially and quantitatively,
the proportions of the membrane in lipid ordered and disordered phases by calculating
generalised polarisation (GP) values from the intensity at each pixel in the spectrally

separated images (See methods).
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Laurdan images were collected at confocal depths between the top of the apical
membrane to the confocal plane above the nanoneedles. For FSW control, complete Z-
stacks were obtained. For analysis, the confocal slice above the region of the nanoneedle
arrays was selected and compared against the basal surface of cells on FSW (Fig. 4.13b).
Analysed GP values for hMSCs on nanoneedle arrays compared to cells on FSW, indi-
cated a mean positive shift of 0.07 in GP (Mean + s.d. were 0.51 % 0.04 for cells on
nanoneedles versus 0.43 + 0.06 for FSW)(Fig. 4.13c). This corresponded to a signifi-
cant increase in membrane lipid ordering (Fig. 4.13d). Increased GP values in cells on
nanoneedles were seen at the cell edges and in membrane protrusions which is consis-
tent with other studies indicating increase in GP values in filopodia[562]. Moreover, the
increase in GP was seen particularly in the confocal planes just above the nanoneedles,
where the nanoneedle tips were estimated to interact with the cell membrane. However,
the areas of increased GP values for hMSCs on nanoneedle arrays did not present any
spatial correlation or co-localization with the nanoneedles themselves, perhaps due to
the complexity of the interface considering the 3D structure of the nanoneedles and

resolution limit of the microscope.
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Figure 4.13: Nanoneedle stimulate changes in membrane order in hMSCs. False coloured
intensity images of a single plane of hMSCs on nanoneedles after 6 hours of culture at depicting
Laurdan images of 400-460 nm (I400—460) and 470-530 nm (I470—530). b) Representative psuedo-
coloured GP images of hMSCs on nanoneedles (left) and FSW (right). All scale bars = 20 pm.
c) Distribution of GP values depicting relative membrane order for hMSCs on nanoneedles
and on FSW. d) Mean GP values for hMSCs on nanoneedles compared to FSW. Data are
represented as box and whisker plots of mean GP values from N = 3 experiments and at least
20 cells for each condition. **p<0.01 between indicated groups.
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4.4.3 Membrane Integrity at the Cell-Nanoneedle Interface

To better characterise the biointerface, a recently developed focused ion beam scanning
electron microscopy (FIB-SEM) approach was used for in-situ slice-and-view, that per-
mits visualisation of the interface at the nanoscale, at any selected location in the
sample. A sample is sequentially milled by a focused ion beam generally comprised of
gallium ions, while the newly milled face is imaged by an SEM detector (Fig. 4.14a,
Schematic). Milling depths are determined by the magnitude of milling current, where
lower milling currents enable greater control over milling, and lower slice thickness
(down to 10 nm), but longer milling times. In order to observe different cellular com-
ponents, samples were prepared according to the protocol optimised in Chapter 2. This
allowed cells on the substrate to be imaged effectively (Fig. 4.14b).

After 6 hours of culture, the interface between hMSCs and nanoneedles was as-
sessed with FIB-SEM. The samples were milled until the highest point of a row of
nanoneedles was visible underneath the cells (Fig. 4.14c). At higher magnifications,
FIB-SEM showed the basal membrane of hMSCs deforming and wrapping around in-
dividual nanoneedles without discontinuities in the membrane evident at 30 nm resolu-
tion, indicating that the membrane was not traversed in this situation. The membrane
was in tight association for most of the length and tip of each nanoneedle similar to
the portion of the membrane in contact with non-nanoneedle locations. There was
an occasional appearance of a cleft at the side of the nanoneedles similar to what
has been observed for cells on nanopillar structures (Fig. 4.14d,e)[252]. Although the
samples were prepared with standard chemical fixation and dehydration techniques for
EM, it is worth noting that chemical fixation of samples can be more damaging to in-
tracellular tubular structures including cytoskeletal filaments, rather than the plasma
membrane[563, 564].

Alongside FIB-SEM studies, analysis of resin-embedded sections was performed by
transmission electron microscopy (TEM) or scanning TEM (STEM). Since it was nec-
essary to observe cells on nanoneedles in-situ, thin sections of hMSCs on nanoneedles
were prepared by the FIB lift out method (Fig. 4.9, methods). Thin-sections were
prepared and imaged by Jelle Penders. Higher resolution STEM/TEM micrographs

of FIB-milled sections showed extreme vicinity (in the order of nanometers) between
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Figure 4.14: a) Schematic of FIB-SEM set up. 2D cross sections of the cell-nanoneedle
interface at 30 nm sections as the focused ion (gallium) beam mills through the sample. Samples
are milled orthogonally and newly milled face is imaged using an SEM backscatter detector at
the coincidence point (where the beams meet). b) Zoomed-out SEM cross-section of an resin-
embedded hMSC located on the nanoneedle sample. Scale bar = 6 ym. ¢) SEM images of a
milled cross-section indicating two cells in contact while interfacing with nanoneedles. Scale
bar = 2 pum. d) SEM images of milled cross sections of nanoneedle (top) and non-nanoneedle
(bottom) regions indicating intact membranes. Scale bar = 2 um. e) Zoomed-in view of
membrane-nanoneedle interface indicating membrane-wrapping and clathrin-like vesicles. Scale
bar = 200 nm.

nanoneedles and the membrane at the interface. The darkly stained 4-6 nm plasma
membrane bilayer could be seen wrapping around the nanoneedles in multiple instances
(Fig. 4.15a). Since the thickness of the section was approximately 100 nm, the mem-
brane did not appear uniformly thick or defined across the nanoneedles as the membrane
is present within different planes within the thin section itself. Nevertheless, the mem-
brane was observed at the tip and over the side of the nanoneedles, along with some

cases of inwardly budding vesicular structures (Fig. 4.15b).

4.4.4 Nanoneedle Interfacing Triggers Endocytosis

Given the lack of discontinuities in the plasma membrane, the absence of observed
membrane penetration, increased membrane ruffling and membrane order, endocytosis

could contribute to payload delivery via nanoneedle arrays. To investigate whether
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Figure 4.15: STEM and TEM of the cell-membrane nanoneedle interface. a) Zoomed-out
STEM image of the hMSC-nanoneedle interface indicating two nanoneedles being wrapped
by the cell membrane with close association and extreme vicinity between the membrane and
nanoneedles. Scale bar = 1 um. b) Left to right: TEM of a FIB lift-out thin section of the
hMSC-nanoneedle interface. TEM image of the side of the nanoneedle. TEM image of the top
of the nanoneedle interface. TEM image of the side of the interface indicating a vesicle at the
side of the nanoneedle. C= cytosol M = membrane, scale bar = 200 nm. STEM/TEM imaging
was conducted with Jelle Penders

endocytotic proteins are associated with membrane-nanoneedle interfacing, immuno-
labelling and fluorescence microscopy of proteins that modulate the formation of key
endocytotic vesicles, namely clathrin light chain (CLC) for clathrin-mediated endocy-
tosis (CME) and caveolin-1 (Cav-1) for caveolae-mediated endocytosis (CavME) was
conducted for hMSCs cultured on nanoneedle arrays and FSW substrates. Immunoflu-
orescence analysis highlighted that both CLC and Cav-1 were localised to nanoneedle
locations, as the basal membrane of hMSCs was clustered with periodic intensity of
these proteins (Fig. 4.16). Fourier transform analysis confirmed that the period (1.967
+ 0.05 pm) matched the nanoneedle spacing of 2 um (Fig. 4.16d, h). The same proteins
were unaffected both at the apical membrane, as well as basally or apically for hMSCs
on FSW as no periodicity was observed (Fig. 4.16a, c, e, g).

In order to validate that the localisation of CLC and Cav-1 to sites of nanoneedle
interfacing results in the formation of functional endocytotic vesicles, FIB-SEM was
used to detect the presence of clathrin coated pits (CCP) and caveolae at the interface.
Imaging the interface with nanoscale resolution of FIB-SEM, membrane invaginations in
the size range and shape of CCPs and caveolae were found budding into the cell around
the nanoneedles (Fig. 4.17a). CCPs, spherical ‘coated’ structures in the size range of

150-200 nm, and caveolae, smaller flask shaped structures were found invaginating
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Figure 4.16: Endocytosis is triggered at sites of nanoneedle interfacing. Confocal fluorescence
images of caveolin-1 in the a) apical membrane of hMSCs cultured on nanoneedles or FSW
b) basal membrane of hMSCs cultured on nanoneedles or FSW and their respective intensity
profiles across the apical or basal surface. Fourier transform analysis of basal surface of hMSCs
on ¢) FSW and d) nanoneedles. Confocal fluorescence images of clathrin light chain (CLC) in
the e) apical membrane of hMSCs cultured on nanoneedles or FSW and f) basal membrane of
hMSCs cultured on nanoneedles or FSW and their respective intensity profiles across the apical
and basal cell surfaces. Fourier transform analysis of basal surface of hMSCs on g) FSW and
h) nanoneedles. Scale bars = 20 pm.

inwards into the cells around the tips and sides of nanoneedles.

By performing sequential imaging over two rows of four nanoneedles with 30 nm
section thickness, a 3D reconstruction of this region with segmentation of vesicular
structures was obtained (Fig. 4.17b). This was investigated further, by segmenting
vesicles found at nanoneedle, and non-nanoneedle locations (Fig. 4.17¢). The localisa-

tion of endocytotic vesicles was not found to accumulate to any specific regions around

165



the nanoneedles, as roughly equal distributions could be found along the entire length
of the nanoneedles.

In order to ascertain that there was a re-distribution of endocytotic vesicles to
nanoneedle locations, and not merely an accumulation of these structures due to the
greater proportion of plasma membrane surrounding these regions, the number of endo-
cytotic vesicles at nanoneedle locations versus non-nanoneedle locations were quantified
(Fig. 4.17d). Cross-sectional images of rows of nanoneedles at their highest point were
compared against regions of non-nanoneedle locations with the same magnification, for
numbers of endocytotic vesicles normalised to the length of membrane analysed. For
this analysis, a row of four nanoneedles was imaged in each instance for sufficient mag-
nification to detect endocytotic vesicles. Numbers of vesicles for nanoneedle locations
were seen to be significantly higher than for control regions with no nanoneedles, in-
dicating that nanoneedle interfacing actively promotes the redistribution of CCP and

caveolae to these locations.

Invaginations per um

Figure 4.17: a) High-resolution FIB-SEM image of the hMSC-nanoneedle interface indicating
the presence of endocytotic vesicles in the form of clathrin pits (orange arrows) and caveolae
(green arrows). Scale bars = 100 nm. b) 3D reconstruction of two consecutive rows of nanonee-
dles with segmented cytoplasm, nanoneedles and vesicular structures present in the hMSC
membrane across the interface. c¢) Segmentation of vesicles at nanoneedle and non-nanoneedle
locations indicating distribution of vesicles around the nanoneedles, and non-nanoneedle loca-
tions. d) Quantification of vesicular invaginations in the membrane from FIB-SEM data at
nanoneedle and non-nanoneedle locations. Data represented as scatter plots with lines indicat-
ing mean + s.d. N = 4, from n = 10 (cells), ****p<0.0001 between the indicated groups.

166



4.4.5 Pathway-Specific Endocytosis Accounts for Cytosolic Delivery

The presence of endocytotic machinery at the membrane-nanoneedle interface, along
with the lack of evidence for nanoneedles traversing the membrane, calls into question
as to whether and to what extent specific endocytotic pathways are stimulated by
nanoneedles. In order to assess this, cargo that are known to enter specifically through
CME, CavME and macropinocytosis were delivered via nanoneedle arrays. CME was
assessed by Transferrin (Tfn) uptake, CavME was assessed by internalization of cholera
toxin B-subunit (CTxB) and albumin, while macropinocytosis was assessed by uptake
of various Dextrans (10 kDa, 40 kDa and 70 kDa).

First, the adsorption efficiency of Tfn, Dex and CTxB on nanoneedle arrays and
FSW was measured in order to ascertain that enhanced delivery of endocytosis-specific
cargo via nanoneedles was not merely a result of increased payload adsorption due to
nanoneedle surface area. The adsorption efficiencies of fluorescently labelled Ttn, Dex
10 kDa and CTxB on nanoneedle arrays and FSW were not found to be significantly
different (Fig. 4.18.) However a considerable amount of variation in adsorption of Dex
10 kDa on nanoneedle and FSW was observed (Fig. 4.18d).

After ascertaining that nanoneedle did not adsorb significantly higher concentra-
tions of payload, efficiencies of delivery of endocytosis-specific cargo into hMSCs via
nanoneedles was assessed and compared with FSW. After 24 hours of culture, nanonee-
dles were able to deliver a number of endocytosis-specific cargo including Tfn, Albumin,
CTxB and Dextrans of different sizes with significantly higher efficiency compared to
FSW. For Tfn, primarily internalised by CME, although there was considerable varia-
tion (27%), nanoneedles were able to deliver Ttn close to 80% efficiency compared to
FSW that only managed to deliver Tfn into 3% of cells (Fig. 4.19).

Similarly, cargo that have been reported to be specific for CavME such as albumin
and CTxB were delivered via nanoneedles and FSW into hMSCs. After 24 hours of
culture, hMSCs positive for fluorescently labelled albumin and CTxB were found to be
internalised with higher efficiencies in the presence of nanoneedle arrays. Albumin, was
internalised by almost 100% of the cells on nanoneedles, a 2-fold increase compared to
FSW (Fig 4.20c). In addition, fluorescence intensities within cells were higher for cells

cultured on nanoneedle arrays (Fig 4.20b). Similar to Tfn, the delivery of CTxB was
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Figure 4.18: a) Standard curve of Tin-Alexa488. b) Quantities of Tfn-488 initially loaded
on nanoneedles and FSW, and finally adsorbed on nanoneedle and FSW after 45 minutes of
incubation. c¢) Standard curve of Dextran 10kDa TexasRed. d) Quantities of Dextran 10kDa
TexasRed initially loaded on nanoneedle and FSW, and finally adsorbed on nanoneedle and
FSW after 45 minutes of incubation. e) Standard curve of CTxB-Alexad88. f) Quantities of
CTxB-488 initially loaded on nanoneedle and FSW, and finally adsorbed on nanoneedle and
FSW after 45 minutes of incubation. Loaded and adsorbed values presented as mean + s.d. of
N = 3 experiments for Tfn, CTxB and N = 2 for Dex, p > 0.05, not significant (n.s.) between
indicated groups.

variable, although demonstrated higher internalisation by hMSCs on nanoneedle arrays
in all instances, with a mean and s.d. of 30 & 20% for nanoneedles compared to 4 +
3% for FSW (Fig. 4.20f). Intensity of mean fluorescence was also seen to be great for
cells on nanoneedle arrays (Fig 4.20e).

Next, the delivery of different sizes of Dextrans via nanoneedle arrays was inves-
tigated. Dextrans have been previously shown to be taken up via MP[422]. Dextran
delivery via nanoneedle arrays demonstrated some unique characteristics. While Dex-
tran of 10 kDa and 70 kDa were delivered in 46 £ 30% and 66 & 30% of cells respectively
via nanoneedle arrays, Dextran of 40 kDa was delivered with consistently low efficiency
of 2.7 + 1.8% (Fig. 4.21). Nevertheless, nanoneedle arrays outperformed FSW in de-
livering dextrans of different sizes in all instances.

In order to assess the fate of endocytosis specific cargo that enters during nanoneedle-
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Figure 4.19: Delivery of CME specific Tfn (Tfn-Alexad88) mediated by nanoneedles. a) Rep-
resentative scatter plots of flow cytometry data indicating Tfn uptake on nanoneedles (red)
compared to FSW (blue) and control (black). b) Representative mean fluorescence intensity
plots of flow cytometry data indicating an increase in Tfn-Alexa488 fluorescence in hMSCs
cultured on nanoneedle arrays. c) Flow cytometry plots of Tfn uptake mediated by nanonee-
dles or FSW. Data represented as scatter plot distributions with bars indicating median and
interquartile range. N = 3, n = 2 (biological replicates), **p<0.01 between indicated groups.

mediated delivery, the co-localisation of one cargo from each pathway was selected and
assessed against their respective carrier markers (CLC or Cav-1 if applicable), en-
dosomes and lysosomes. For instance, being a CME specific cargo, the intracellular
localisation of Tfn was assessed against CLC, EEA1 and Lampl. It was found that
Tfn co-localised to the greatest extent with CLC (46 + 16%) and Lampl (49 + 20%)
followed by EEA1 (33 £+ 12%) in most cases (Fig. 4.22a).

The extent of co-localisation of CTxB with Cav-1 and EEA1 was variable. For
instance, the co-localisation of CTxB with its carrier Cav-1 and with EEA1 ranged
from below 20% in some cases to above 90% in others. CTxB was however seen to
co-localise consistently with Lampl (82 + 14%), suggesting that CavME stimulated by
nanoneedles inevitably leads to lysosomal accumulation (Fig. 4.22b).

Unsurprisingly, Dex, showed highly consistent degrees of co-localisation with endo-
somes and lysosomes (20-30%), possibly owing to the fact that MP occurs from the
apical cell surface, and relies on release of fluid phase markers into the surrounding
media for internalisation rather than from the basal cell surface in contact with the
nanoneedles (Fig. 4.22¢).

In summary, when combining carriers markers, early endosomes and lysosomes,
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Figure 4.20: Delivery of CavME specific albumin and CTxB (Albumin-Alexa488 and CTxB-
Alexad88 respectively) mediated by nanoneedles. a) Representative scatter plots of flow cy-
tometry data indicating albumin uptake on nanoneedles (red) compared to FSW (blue) and
control (black). b) Representative mean fluorescence intensity plots of flow cytometry data
indicating an increase in Alb-Alexad88 fluorescence in hMSCs cultured on nanoneedle arrays.
¢) Flow cytometry plots of albumin uptake mediated by nanoneedles or FSW. Data represented
as scatter plot distributions with bars indicating median and interquartile range. N = 2, n =
2, *p<0.05 between indicated groups. d) Representative scatter plots of flow cytometry data
indicating CTxB uptake on nanoneedles (red) compared to FSW (blue) and control (black). e)
Representative mean fluorescence intensity plots of flow cytometry data indicating an increase
in CTxB-Alexa488 fluorescence in hMSCs cultured on nanoneedle arrays. f) Flow cytometry
plots of CTxB uptake mediated by nanoneedles or FSW. Data represented as scatter plot distri-
butions with bars indicating median and interquartile range. N = 3, n = 2 (biological replicates)
*p<0.05 **p<0.01 between indicated groups.

it was confirmed that endocytosis by CavME were trafficked into the endolysomal
system to the greatest extent (65 + 20%) perhaps owing to their high accumulation

particularly within lysosomes (Fig. 4.22d). This was followed by CME where 45 + 17%
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(Dex 10kDa, Dex 40kDa and Dex 70kDa) mediated by nanoneedles. Representative scatter
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in hMSCs cultured on nanoneedle arrays. Flow cytometry plots of ¢) Dex 10 kDa f) Dex 40
kDa i) Dex 70 kDa uptake mediated by nanoneedles or FSW. Data represented as scatter plot
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replicates) **p<0.01 between indicated groups.
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of delivered Tfn was found in the endolysosomal system. MP stimulated in the presence
of nanoneedles accounted for 38 + 11% of accumulation of the Dextran payload within

the endolysosomal pathway.
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Figure 4.22: a) (L-R) Representative confocal plane images (above the region of nanoneedles)
and quantification of Ttn co-localization with CLC, EEA1 and Lamp1 in hMSCs after 24 hours
of delivery. b) (L-R) Representative confocal plane images (above the region of nanoneedles) and
quantification of CTxB co-localisation with Cav-1, EEA1 and Lamp1 in hMSCs after 24 hours of
delivery. ¢) (L-R) Representative confocal plane images (above the region of nanoneedles) and
quantification of Dex 10 kDa co-localisation with EEA1 and Lampl in hMSCs after 24 hours
of delivery. Quantified data represented as min-to-max box plots. N = 1, n = 3 (biological
replicates), at least 5 images per n. d) Quantification of co-localisation of Ttn, CTxB and Dex
10 kDa with the endolysosomal pathway. Quantified data presented as min-to-max plots, N =
1, n = 3 (biological replicates), at least 5 images per n.

4.4.6 Nucleic Acid Fate Following Nanoneedle-Mediated Delivery

If endocytosis and its trafficking mechanisms are key contributors to nanoneedle-mediated
delivery, the entrapment of therapeutically relevant payloads in endosomes and lyso-
somes may hamper their functionality. In order to assess this, the delivery of cyanine-3
(Cy3) labelled siRNA (Cy3-siRNA) targeting the silencing of glyceraldehyde 3-phosphate

dehydrogenase (GAPDH) that relies on the co-localisation with the RISC complex in
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the cytosol[565] was delivered via nanoneedle arrays.

Cy3-siRNA was physisorbed onto nanoneedle and FSW substrates in a previously
optimised buffer for nucleic acid delivery (unpublished data, see methods). HMSCs
cultured on Cy3-siRNA loaded nanoneedles and FSW were interfaced for 24 hours and
assessed for Cy3-siRNA uptake by flow cytometry and confocal fluorescence microscopy.
After 24 hours, Cy3-siRNA was clearly visible in the cytosol of hMSCs cultured on
nanoneedle arrays, with a considerable amount of punctate signal present in the perin-
uclear region (Fig. 4.23a). Moreover, nanoneedles facilitated significantly higher levels
of Cy3-siRNA delivery into hMSCs compared to FSW substrates as indicated by a
3-fold increase in percentage of Cy3-positive cells by flow cytometry (Fig. 4.23b, c).

Although efficienct intracellular delivery of nucleic acids into hMSCs was demon-
strated, in order for nucleic acids such as siRNAs to express their function of altering
gene expression, they must reach their target site within the cell (i.e. protein complexes
within the cytoplasm). If endocytosis represents the primary mechanism of uptake from
nanoneedle arrays, endocytosis of nucleic acids could lead to endosomal entrapment and
lysosomal degradation or recycling, reducing the efficiency of the nanoneedle-delivery
platform.

To assess the fate of delivered siRNA, immunostaining of components of the en-
dolysosomal pathway was carried out in cells interfaced with Cy3-siRNA loaded nanonee-
dles after 24 hours (Fig. 4.23d). Co-localisation analysis of Cy3-siRNA with CLC,
Cav-1, EEA1, Lampl, and a combination of all these components constituting the
majority of the endolysosomal pathway was conducted (Fig. 4.23e). The finding that
an average of 45 + 13% of siRNAs were co-localised with Cav-1, 34 + 9% of siRNAs
were co-localised with CLC, 44 + 14% of siRNA with EEA1 positive endosomes and
40 + 13% of the siRNAs were entrapped within lysosomes by their co-localisation with
Lampl, indicates that a substantial percentage of nucleic acids enter the endolysosomal
pathway. Moreover, the average percentage of siRNA trafficked into the endolysosomal
pathway as a whole was estimated to be approximately 60% (Fig. 4.23e). Thus al-
though intracellular delivery via nanoneedles may be efficient, their entrapment within
the endolysosomal system may account for any reduced efficiency of siRNAs in down-
regulating gene expression. The functionality of siIRNA-GAPDH delivered into hMSCs
via nanoneedles was then assessed by PCR (Fig. 4.23f). Although siRNA-GAPDH

173



delivered into hMSCs via nanoneedles did not significantly reduce GADPH gene ex-
pression, there was an average reduction of expression by 42%, indicating that some

proportion of siRNAs are available in the cytosol.
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Figure 4.23: Fate of nucleic acids delivered via nanoneedles. a) Z-stack projection of con-
focal sections of hMSCs above the nanoneedles indicating delivery of fluorescently labelled
Cy3-siRNA-GAPDH (green) in the cytosol after 24 hours of interfacing. b) Representative
flow cytometry scatter plot of Cy3-siRNA uptake in hMSCs mediated by nanoneedles (left)
and FSW (right) after 24 hours. c¢) Flow cytometry plots of Cy3-siRNA uptake in hMSCs
mediated by nanoneedles compared to FSW after 24 hours. N = 4, n = 2 Data represented
as min-to-max box and whisker plots with median and interquartile range **p<0.01 between
indicated groups. d) Representative confocal fluorescence images for quantitative analysis of
Cy3-siRNA co-localisation with CLC, Cav-1, EEA1 and Lampl as indicated in the images.
Scale bars = 20 um. e) Quantification of co-localisation of endocytotic carrier proteins (CLC,
Cav-1), endosomes (EEA1) and late endosomes/lysosomes (Lampl) and the combination of all
these components (All) with Cy3-siRNA. Values reported as aligned scatter plot of percent-
ages of Cy3-siRNA pixels overlapping with indicated components of the endolysosomal system
(Mander’s coeflicient). Lines represent Mean &+ s.d. N = 4, n = 2 for Lampl, EEA1. N =3, n
= 1 for CLC, Cav-1. 5-10 images per sample. ) PCR indicating GAPDH relative expression
in hMSCs after 24 hours of interfacing with or without siRNA-GAPDH loaded on nanoneedle
substrates. N = 3, n = 3, Data represented as mean + s.d. p = 0.2, not significant (n.s.).
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4.4.7 Effect of Changing Surface Chemistry on Cell-Nanoneedle

Interfacing

In order to investigate whether changing the surface chemistry of nanoneedles by addi-
tion of positively charged amines alters nanoneedle-membrane interactions, nanoneedles
were functionalised with APTES by liquid phase conjugation. First, the viability of
hMSCs on APTES functionalised nanoneedles (AP-nanoneedles) was tested. After 6
hours of culture, AP-nanoneedle arrays had negligible impact on viability (Fig. 4.24a,
b). Cells were also able to spread over the arrays by this time. AP-nanoneedles were
shown to stimulate formation of apical membrane ruffles to a significantly greater extent
compared to AP-FSW, as indicated by SICM and SEM micrographs (Fig. 4.24¢, d). In-
terestingly, the degree of apical membrane ruffling in cells cultured on AP-nanoneedles
was significantly lower than previously observed on non-functionalised nanoneedle ar-
rays (Fig. 4.12e).

Since some evidence indicates that increasing nanoneedle-membrane interactions
can aid in overcoming the membrane barrier[540, 531], the basal membrane of hMSCs
in contact with the nanoneedles was studied using FIB-SEM after 6 hours of interfac-
ing. Initial observations showed that the basal membrane of hMSCs appeared highly
invaginated by the nanoneedles, to visibly greater extents than observed previously
on non-treated nanoneedles (Fig. 4.25a). A uniformly tight interface, with very few
clefts between membrane and nanoneedle was observed. This was particularly the
case when cells were more spread. Sequential milling of the interface indicated that
along with the cell membrane, the nanoneedles heavily deformed the nuclear mem-
brane, as it was clearly curtained over the nanoneedle tips (Fig. 4.25a). On closer
examination, the cross sections just after milling a row of nanoneedles showed a gap
indicating where the nanoneedle was, and the membrane deforming around this re-
gion (Fig 4.25b). This curtaining effect of the membrane was further confirmed by
3D reconstruction of the membrane-nanoneedle interface (Fig. 4.25¢c). Gaps between
the membrane and nanoneedle could be clearly visualised, while the basal membrane
itself appeared rough with nanoscale negative (inward) invaginations in the sections
interacting with nanoneedles (Fig. 4.25d, e).

In order to ascertain whether the AP-nanoneedles stimulated endocytosis at regions
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Figure 4.24: Effect of APTES functionalisation of nanoneedles on the membrane morphology.
a) Live and b) dead staining of hMSCs on APTES functionalised nanoneedles after 6 hours.
Scale bar = 50 ym using the LIVE/DEADTM assay kit. ¢) SICM micrographs and roughness
measurements of hMSCs on APTES-nanoneedle arrays. L-R SICM 2D and 3D micrographs of
hMSC on APTES treated nanoneedle arrays (nN, top panel) and on FSW (bottom panel) and
corresponding apical membrane roughness measurements R, (top) and R, (bottom). Scale
bars = 20 pm. Data represented as min-to-max box and whisker plots with bars representing
median and interquartile range, n = 7 for nanoneedles and n = 6 for FSW. **p<0.01 between
indicated groups. d) SEM micrographs of hMSCs on nanoneedle arrays (nN) and FSW after
6 hours of interfacing. Scale bars = 10 pum. e) Surface roughness measurements of cells on
AP-nanoneedles (nN Ap) and non-functionalised plasma oxidised nanoneedle arrays (nN Ox).
Data represented as min-to-max box and whisker plots with bars representing median and
interquartile range. ***p<0.001 between indicated groups.

of membrane deformation, the localisation of Cav-1 and CLC in hMSCs was studied by
immunofluorescence. Much like hMSCs on non-functionalised nanoneedle arrays, after
6 hours of interfacing, both Cav-1 and CLC were localised to regions of the nanoneedles
as FFT analysis of immunofluorescence intensity clearly displayed 2 um periodicity for
both proteins (Fig. 4.26a). In order to understand the time frame for Cav-1 and CLC
to localise to these sites, immunofluorescence was conducted after 1 hour and 3 hours
of interfacing with AP-nanoneedles. Interestingly, no localisation of either protein was
found after 1 hour of interfacing (Fig. 4.26e, f). After 3 hours however, Cav-1 was

co-localised with nanoneedles, whilst CLC was not (Fig. 4.26¢, d).
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Figure 4.25: Basal membrane morphology at the AP-nanoneedle-membrane interface. a) (i-
vi) Serial cross-section SEM images of the membrane-AP-nanoneedle interface indicating high
degree of cell membrane and nuclear membrane invaginations. Scale bar = 2 pm. b) High-
magnification SEM image of a row of nanoneedles. Left most nanoneedle has disappeared
after milling indicated a gap left behind as the membrane deformed around its shape. Scale
bar = 2 pm. c¢) 3D reconstruction of a AP-nanoneedle under a hMSC membrane indicating
spaces between the nanoneedle and membrane. d), e) 3D reconstruction from c¢) without the
nanoneedle indicating the conformation of the membrane around the nanoneedle.
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Cav1 CLC

Figure 4.26: Effect of APTES surface functionalisation of nanoneedles on endocytotic protein
localisation. Representative confocal fluorescence intensity micrographs and FFT images of
Cav-1 (a, c, e) and CLC (b, d, f) in hMSCs on AP-nanoneedle arrays after a, b) 6 hours ¢, d)
3 hours and e, f) 1 hour of interfacing. Scale bars = 10 pm.
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4.5 Discussion

The success of the nanoneedle platform as a membrane disruption tool that facilitates
intracellular delivery relies on robust identification of cell membrane properties and
characterisation of the interface. Additionally, a thorough investigation of the mecha-
nism of payload transfer across the interface is necessary to validate its true efficiency.

Given their nanoscale feature sizes, porous silicon nanoneedle arrays are able to
interface with cells, while maintaining cell viability and metabolism during interfac-
ing[315]. The versatility of using these nanoneedle arrays is further demonstrated in
this chapter, as they were able to interface favourably with hMSCs without surface func-
tionalisation or adhesion promoting molecules, while introducing negligible cell death
(Fig. 4.11). Although maintaining cell viability is not a new finding, it constitutes a
considerable advantage of nanoneedle arrays in general as primary cell types are able
to stay viable without surface manipulation of the arrays. This allows the platform
to be characterised in isolation rather than having to decouple the effects of surface
chemistry in the presence of topography.

The apical membrane of hMSCs cultured on nanoneedle arrays was visibly altered
when visualised in the hydrated (SICM) and dehydrated state (SEM) (Fig. 4.12). There
was a striking increase in dorsal membrane ruffles, membrane protrusions usually stim-
ulated by growth factors and known to be hot spots for macropinocytosis[561]. This
finding was consistent with another study that reported the presence of membrane
protrusions on 90 and 40 nm high nanotubes by SEM[566]. MP can be enhanced
with ruffles due to the action of membrane protrusions to fold back on the membrane,
creating a macropinosome[421]. Moreover, apical membrane ruffles can assemble actin-
related protein 2/3 (ARP2/3) complexes, that are responsible for recruiting vesicle
scission proteins, dynamins, that scission off the macropinosomes[567]. In line with
this, another study that reported an increase in MP through uptake of dextran from
the media in hMSCs on micropillars also showed a concomitant increase in actin rich
rings at the apical surface of the cells[568]. Actin rich rings in hMSCs on porous silicon
nanoneedle arrays have also been shown by our group in a recent (yet unpublished)
study.

Analysis of membrane order provides clues to the nature of the interface, the in-
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tegrity and response of the membrane as it experiences high degrees of deformation
by nanoneedles. It is unknown how nanotopographies or microtopographies influence
membrane order across the interface. Membrane order depends on curvature as well
as mechanical properties of the membrane such as lateral tension. For instance, it has
been shown in vesicles that higher membrane curvature and increased lateral tension
promote more fluidity, and therefore lower membrane order[569]. Disordered phases of
membrane are thus likely to be present in regions of high lateral tension, where the
energy to overcome the membrane barrier and traverse the membrane is also reduced
[569, 531, 570]. In this study, hMSCs on nanoneedle arrays displayed higher membrane
order near the membrane-nanoneedle interface, indicating an active response to the sur-
face topography (Fig 4.13). Additionally, hMSCs on nanoneedles appear more rounded
and less spread compared to flat controls (Fig. 4.11) and are unable to form large focal
adhesions (unpublished data from our group and[571]), suggesting that they do not
possess high lateral tension, perhaps leading to the finding of higher lipid order on
nanoneedle arrays. Moreover, compressive forces on the membrane can lead to asym-
metrical increases in lipid density, packing and ordering[318]. The invasion of Shiga
Toxin has been shown to proceed with increasing negative curvature and compressive
stress on the outer layer of the membrane, creating increased lipid density and order in
these regions resulting in highly ordered 100 nm tubular membrane invaginations. It
can be speculated that nanoneedle arrays stress the membrane in a similar fashion, due
to the low lateral tension, which would otherwise prevent invaginations to be formed
(Fig. 4.27).

The cell membrane and the cytoskeleton impart mechanical properties to the cell,
and constitute the primary barriers to intracellular entry[540, 539]. For membrane
penetration to take place, nanoneedles must overcome the tension of the membrane
first in order to gain intracellular access[531]. This in turn depends upon parameters
of the system such as stiffness of the membrane, strength of adhesion, nanoneedle pitch
spacing and sharpness[537, 570]. Although mechanical models have provided great
insight into these parameters, ultimately they only present guidelines for what might
occur. Imaging the cell-nanoneedle interface with sufficient resolution is hence critical
to determining the route of entry via nanoneedles.

To resolve the question of whether nanoneedles can traverse the membrane, both
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Figure 4.27: Schematic of possible mechanism of increasing membrane lipid order by nanonee-
dle interfacing. A bilayer is formed by two phospholipid monolayers that have no preference
for curvature and form a symmetrical bilayer, equal amounts of lateral tension on the inner
and outer layers. Nanoneedle interfacing results in increased compressive stress on the outer
lipid membrane, with compressive stress on the lipid head region and tensile stress in the tail
region, and lipid density can increase on one side as the membrane binds to the nanoneedle[572].
Increased membrane thickness and order can result from the increase in lipid density at these
regions[318]. Figure adapted from [318].

fluorescence and electron microscopy have previously been used to investigate basal
membrane continuity. While fluorescence microscopy allows the possibility of imaging
cells live in their hydrated state, it lacks sufficient resolution to study the interface
with nanometre precision[219]. Electron microscopy provides sufficient resolution to
investigate the interface, however previous TEM studies have relied on substrate re-
moval prior to microtome sectioning that may introduce artefacts[246]. Thus in this
study, imaging of the membrane-nanoneedle interface was conducted in-situ using FIB-
SEM and TEM of FIB lift-out thin sections. By incorporating a sample preparation
protocol that adequately stains lipids and proteins, the membrane could be clearly
distinguished at the interface (Fig. 4.14). Moreover, by creating thin-sections using
FIB milling, damage induced by mechanical sectioning particularly at the interface was
avoided (Fig. 4.9). The finding from this study were consistent with another recent re-
port incorporating FIB-SEM to study the cell-nanopillar interface, although the aspect
ratio of these structures were much lower[252]. Although the result cannot prove that
the membrane is not impaled on initial contact with the nanoneedles, even if this does
occur the membrane is able to reseal, preventing long-term access to the cytosol[519].

Endocytosis represents the primary mechanism for cells to uptake cargo from their
external environment. Previous indications for topographical stimulation of endocy-
tosis have emerged from studies reporting local accumulation of endocytotic proteins

at cell-substrate interface[127, 184, 185]. The finding that porous silicon nanoneedle
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arrays stimulated the localisation of clathrin coat and caveolae specific proteins is likely
a result of their propensity to accumulate to sites of high membrane curvature[127] or
tension[573] respectively (Fig. 4.16). In the case of caveolae, which were not previously
shown to accumulate to highly curved regions of nanopillars[127], but only on larger
micropillar arrays[185], their localisation could be a result of adaptations to membrane
stress[435]. Moreover, caveolae are normally present in highly ordered membrane re-
gions, which is consistent with increased lipid ordering seen in hMSCs on nanoneedle
arrays (Fig 4.13). As in studies using nanopillar arrays, which confirmed an increase
in number of CME events at the interface by assessing the appearance and dynamics
of dynamin[127, 184], porous silicon nanoneedle arrays also stimulated an increase in
endocytotic vesicle localisation at sites of nanoneedle invaginations compared to non-
nanoneedle locations (Fig. 4.17).

Since indications for enhanced MP, CavME and CME were present from imag-
ing data, an investigation into which endocytotic pathway contributes to cargo inter-
nalisation was conducted, to find that all three pathways promoted highly efficient
biomolecule delivery of their respective cargo. Previously, only one study has investi-
gated delivery of endocytotic payloads, where they highlighted increased macropinocytic
uptake from the media while culturing cells on 2 ym micropillars[568]. In their study,
dextran internalisation by hMSCs was saturated for cells cultured on flat or patterned
substrates by 18 hours, while in this study, significant internalisation of dextran was
seen by 24 hours. The differences could be due to release kinetics and the method of
delivery as they delivered payload through the media, while in this study the payload
was loaded within the porous needles. Consistent with their findings, was that inter-
nalisation of dextran was found to be independent of the surface area of cells in contact
with the substrate (Fig. 4.21).

CME is considered a fast endocytotic process and cargo recycling is estimated to
take place within 7 minutes[574]. The fact that Tfn is delivered with high efficiency and
can be observed within cells after 24 hours indicates that CME occurs continuously,
due to payload availability at the interface as nanoneedles degrade, establishing the
system for sustained delivery over long periods of time (Fig. 4.19).

Following uptake, the trafficking modalities of each of these cargo showed that

payload that entered via CavME accumulated within lysosomes to the greatest extent
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compared to macropinocytosis and CME (Fig. 4.22). This potentially indicates that
delivery via macropinocytosis or CME allows a greater proportion of payload to leak
into the cytosol as greater percentages of Tfn and Dex did not co-localise with the
endolysosomal system.

In the absence of membrane penetration, initiation of endocytotic processes, and
uptake of endocytosis specific cargo, the fate and delivery of nucleic acids via nanonee-
dles was studied. Nanoneedles have previously been used to facilitate high efficiency
delivery of nucleic acids, however their mechanism of uptake and fate after uptake have
not been investigated[485, 315]. Delivery of plasmid DNA and siRNA by porous silicon
nanoneedle arrays has previously been shown in a number of cell lines[315, 254], but
not in primary cell types that are considerably more challenging candidates. Thus in
this study, nanoneedle-mediated delivery of siRNA into hMSCs was attempted validate
that the platform is applicable to primary cells. Although siRNA successfully entered
hMSCs after 24 hours, the finding that approximately 60% of siRNA entered the en-
dolysosomal system (Fig. 4.23), may potentially limit their co-localisation with their
target site, the RISC complex[565] within the cytosol (Fig. 4.28). Although previous
studies have indicated that delivery mediated by nanoneedles can bypass endocytosis
entirely, this conclusion was reached by assessing the lack of punctate appearance of de-
livered cargo in many instances, rather than direct analysis of co-localisation data[487].
Nanoneedle-assisted delivery of nucleic acids conjugated to nanocages into HeLa has
also been shown to escape endosomal entrapment[495], however the use of carriers as
well as moving from cell line to primary cell type can widely modify the uptake mecha-
nism or change whether uptake occurs at all[568]. From our study, over 45% of siRNA
co-localised with Cav-1 indicating that CavME may be responsible for a substantial
proportion of siRNA delivery.

Despite co-localisation of siRNA-GAPDH with the endolysosomal system, GAPDH
expression was silenced by 42% indicating that siRNA does reach its target site. Thus,
although endocytosis may represent a key mechanism of cargo internalisation via nanonee-
dles, it is possible that alternative delivery mechanisms could occur across the interface.
For instance, it has been reported from patch clamp experiments that polished, smooth
pipette tips create better seals and allow less leakage than rough ones[575, 576]. Since

nanoneedles used in this study are porous and rough, a leaky interface may be created,
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Figure 4.28: Schematic of mechanisms of nanoneedle-mediated delivery related to endocytosis.
Macropinocytosis, CME and CavME are triggered by nanoneedle interfacing. Macropinocyto-
sis at the apical cell surface occurs as dorsal ruffles fold back on the cell membrane, while
caveolae and clathrin coated pits (CCP) are localised to the basal membrane at the nanoneedle
interface. Macropinosomes, CCP and caveolae are eventually trafficked through the endosomes,
multivesicular bodies, later endosomes and lysosomes.

allowing some amount of diffusion into the cytosol.

A variety of surface modifications including the functionalisation of silanes as well
as cell adhesion promoting molecules have been used to increase the probability of
membrane penetration by nanoneedles. Xu et al showed improvements in penetration
from 6% to 12% when nanostraws with the ectopic coating of fibronectin[487]. Treating
nanoneedle arrays with aminosilanes resulted in apical membrane ruffling (Fig. 4.24c,
d), although to a visibly lower extent than non-treated substrates (Fig. 4.24e). This
could be due to the fact that aminosilanes promote membrane nanoneedle contact via
the positively charged amine resulting in better adhesion, possibly stimulating actin
re-localisation, which changing the extent of ruffling in the cell[568]. Although cell
spreading was generally improved and the basal membrane as well as the nucleus at
the nanoneedle interface appeared heavily deformed, while assessing the ability of AP-
nanoneedles to penetrate the membrane, it was found that despite the presence of the

positively charged amine group on the nanoneedle surface, fusion and penetration of
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the negatively charged membrane by the nanoneedles was not achieved (Fig. 4.25). The
results from this study are consistent with another fluorescence microscopy study of the
cell-nanowire interface, that indicated surface coatings of nanowires with aminosilanes
or polyethylimine resulted in encapsulation by the membrane. Only 4 out of 54 11-ym
long aminosilane coated nanowires did not show an apparent membrane, indicating
that longer nanowires may promote access, albeit at low probability[219].

The case for activation of endocytosis in aminosilane treated nanoneedles was sup-
ported by the finding that that endocytotic proteins caveolin-1 and clathrin light chain
were localised to nanoneedle indentation sites (Fig. 4.26). Interestingly, while accumu-
lation of caveolae and clathrin coat proteins were seen after 6 hours of interfacing, only
caveolin-1 was localised to nanoneedles at 3 hours, indicating that caveolin-1 respond
to nanoneedle topography sooner than clathrin proteins. One potential reason for this
difference may be due to the fact that caveolae are present within the plasma membrane
and therefore provide a first order response as soon as the cell attaches to the nanonee-
dles, while clathrin is localised only after sequential accumulation of curvature sensing
proteins, actin and adaptors[428]. Moreover, clathrin vesicles are unlikely to modulate
plasma membrane tension being rich in protein, small and spherical[553]. This is in
line with the idea that membrane tension is governed firstly by in-plane tension of the
lipid bilayer that is buffered by caveolae, and followed by cytoskeletal tension produced

by actin remodelling, that CME is dependent on for stabilising clathrin pits[553, 577].
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4.6 Conclusion

In summary, the mechanism of interaction between porous silicon nanoneedle arrays
and hMSCs to facilitate delivery of biomolecules was investigated to find that endo-
cytosis plays an important role in intracellular delivery (Fig. 4.28). Nanoneedles were
able to interface favourably with primary cells, that was independent of surface func-
tionalisation. As nanoneedle arrays interface with the hMSCs, they trigger a series
of membrane responses, including the stimulation of membrane ruffling and increased
membrane order. This was accompanied by the cell membrane wrapping tightly around
the nanoneedles in all instances observed, indicating that nanoneedles cannot gain long-
term cytosolic access. The presence of the lipid bilayer at the cell-nanoneedle interface
likely affects the mechanism of payload transfer across the interface. The presence of
endocytotic proteins at sites of nanoneedle interfacing highlighted that these processes
are localised to and active at the interface.

Endocytosis was confirmed to be a key contributor to biomolecule internalisation
across the nanoneedle interface, likely stimulated by the act of deforming the cell mem-
brane, increasing curvature and inducing local accumulation of vesicles. SIRNAs, and
endocytosis pathway specific cargoes were delivered with high efficiencies into hMSCs,
and establish the nanoneedle system as a high efficiency biomolecule delivery platform.
The peculiar interface created by nanoneedles does however promote endocytosis and
subsequently endolysosomal entrapment of the cargo, but not without permitting a
percentage the payload to diffuse into the cytosol, either by diffusion or endosomal
escape.

Overall, the study provides insight into how nanotopography in the form of nanonee-
dles can promote efficient delivery of therapeutically relevant cargo into primary cells.
These findings have implications for using such devices that require intracellular access

including nucleic acid delivery and biomolecule sensing applications.
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4.7 Future Work

The findings of this study indicate that nanoneedle interfacing facilitates a substantial
proportion of payload delivery via endocytosis. In addition, the absence of direct
membrane penetration would indicate that the membrane is not traversed or is able
to reseal following interfacing. Thus, in order to increase the probability of membrane
penetration, changing the surface chemistry of the nanoneedles using other adhesive
molecules and surface functionalisations should be tested. Moreover, the interface could
be studied at earlier time points to assess whether membrane penetration can occur
during cell attachment and spreading. In addition, the leakiness of the membrane-
nanoneedle interface should be studied, potentially by measuring resistance[519] in
order to understand whether the payload can diffuse across the interface.

Along with co-localisation analysis with the endolysosomal pathways, presented in
4.22, it would be useful to conduct other biochemical analysis such as a proximity liga-
tion assay or co-immunoprecipitation to support the data reported in the co-localisation
analysis. Moreover, in order to assess which pathway contributes to payload uptake
most significantly, endocytotic pathways would have to be disrupted via genetic knock-
downs where possible. For instance, knocking down Racl or RhoGTPases could iden-
tify whether actin remodelling affects uptake via macropinocytosis. SIRNA for caveolin
could be used to assess the uptake dependency on CavME.

Since nanoneedles were loaded with payload, it would also be important to assess
the quantity of payload that is internalised from solution, which can be assessed by
quantifying the fluorescence of the payload in the media after 24 hours. In addition, a
direct comparison of siRNA delivery by nanoneedles compared to Lipofectamine would

further highlight the efficiency of the platform.
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4.8 Limitations of the Study

In this chapter, the mechanisms of interaction between nanoneedle arrays and hMSCs
was investigated to find for the first time that endocytosis plays an significant role in
payload internalisation. In this study however, different endocytosis pathways could not
be inhibited due to a number of reasons - i) inhibitors are highly non-specific particularly
beyond very short time points and ii) since chemical inhibitors would need to be loaded
into the nanoneedle arrays for the same time as the cargo, these would be toxic and
non-specific. Other methods such as genetic knockdowns to inhibit specific pathways
were not investigated in this study as hMSCs are difficult candidates for transfection.
This could however be achieved with other cell types but the mechanism of interaction
between immortalised cell lines and non-primary cell types may differ. In addition,
due to the lack of negative or positive controls available for co-localisation analysis, it
was not possible to distinguish true co-localisation because of the lack of measurement
of background fluroescence co-localisation of endolysosomal pathway components and

payload using such controls.
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5. Concluding Remarks and Future

Directions

In recent years, the increasing evidence that suggests that biophysical cues can probe
and control stem cell behaviour has led to great advancements in the development of
biomaterials. These materials are selected and engineered based on the extracellular
microenvironment that stem cells experience while carrying out cell fate transitions.
By providing physical cues that work synergistically with soluble factors the efficiency
with which stem cells differentiate can be increased substantially, via supplementing
them with cues of the microenvironment that facilitate desired changes in behaviour.
However, the complexity of the microenvironment based on the interplay between bio-
chemical and physical cues, has made the design of materials a challenging task. More-
over, the high sensitivity of stem cells to external cues and the many unknowns of their
precise interactions have a direct impact on their fate and behaviour, which ultimately
affects their use as a cell source in the clinic. It is thus imperative to investigate features
of the stem cell response to physical material cues for the continued development of
biomaterials that can precisely and reproducibly control stem cell behaviour.

Physical and chemical cues presented on the surface of materials greatly affect cell
fate. Physical cues such as topography and stiffness, as well as patterning of chemical
groups on a surface can trigger intracellular signalling pathways, that is based on the
specific features of ligand binding, cell adhesion and subsequent forces transduced. The
forces transduced via the cytoskeleton translate into genetic changes that ultimately
control fate transitions. Thus, through the addition of well-designed material cues
while utilising the feature of direct contact between cell and material, the ability to
manipulate gene expression and achieve directed stem cell guidance is made possible.

In order to design specific material cues, it is necessary to obtain information about

the features of cell interaction when in direct contact with the material. Indeed, how
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cells respond to single material cues for biomaterial design is becoming an important
topic, as cell behaviour has been shown to change dramatically based on stiffness,
spatial positioning or chemical composition of the material at the nanoscale. In addi-
tion, recognising the response occurring from cell adhesion, as well as its transduction
through the cytosol and eventual impact on the nucleus under the governance of mate-
rial cues determines how to better design physical cues for cell manipulation strategies.

The question then arises as to how to one monitors and observes such interactions.
Robust methods for studying such biointerfaces are equally important in providing
directionality for future development of materials as well as highlighting the role of
biological components in facilitating a response. Since such interactions occur on the
nanoscale in a localised manner, the ability to visualise cellular and subcellular fea-
tures along with the material in question, with high spatial and temporal resolution
is a critical aspect for obtaining information about key cell components involved in a
response.

With a focus on developing and applying new techniques to achieve the above,
the effect of material cues in the form of substrate topography on cell behaviour was
investigated in two ways:

(i) First, at the level of the nucleus by providing new tools to study nuclear remodelling
and the epigenetic response to microgrooved topography

(ii) Second, at the level of the cell membrane by attempts to introduce external cargo
intracellularly through the use of high-aspect ratio nanotopographical cues.

In both these studies, the cell-to-material interface was characterised high resolution
microscopy techniques, while highlighting the development and application of visuali-
sation techniques and analysis to these complex interfaces. It is hoped that methods
of investigation developed and applied in this body of work will be applicable to not
only study the interactions of cells with material topography, but also other biophysical
cues such as substrate stiffness, chemical patterning and external forces that have the

potential to exert control over stem cell function.
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5.1 Optimisation of Visualisation Methods to Study

Cell-Material Interactions

In order to study the complex interplay between cells and materials, existing methods
were optimised and validated for use on material substrates. The state-of-the-art tech-
nique of FIB-SEM that has only made recent contributions in biology was optimised
and validated for the purpose of visualising intracellular architecture of cells in-situ.
The cell staining protocol for FIB-SEM had a dramatic effect on the ability to display
intracellular structures, highlighting the various considerations in sample preparation.
Using a combination of heavy metal stains provided sufficient ultrastructural detail.

Although the protocol for FIB-SEM optimised in this chapter was shown to be
adequate in gaining sufficient ultrastructural detail, different concentrations and incu-
bation times for each of the staining reagents were not optimised for each case, rather
selected based on protocols previously published. In order to optimise the protocol
further, these parameters should be tested to make the protocol more efficient as it has
a lengthy preparation time of five days at present.

In contrast, SICM which did not require extensive sample preparation, required
optimisation of the approach parameters and microscope operation. Using angled and
upright approaches to scan cells on opaque nanoneedle arrays, proved how SICM could
image cell membrane in its native state, without the need for labelling, dehydration or
even fixation. Since the membrane itself is a highly dynamic structure that responds
to surface topography, it was interesting to study the membrane organisation using
polarity sensitive probes such as Laurdan, that fluoresce at different wavelengths based
on lipid packing. In order to study this phenomenon, the application of Laurdan dye
to the membrane of cells cultured on opaque biomaterial substrates such as nanoneedle
arrays and flat silicon wafers was tested, as it has previously not been optimised for cells
on biomaterial substrates, to find that dye concentrations and incubation times did not
affect its intracellular uptake, or staining distribution, but only staining intensity.

The findings of this optimisation study informed decisions for the investigations
that followed, as these techniques were incorporated for visualisation and analysis of

the stem cell response to material topography.
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5.2 New Microscopy Methods to Study the Influence of

Microgrooved Substrates on Nuclear Remodelling

Material topography has previously been used to modulate a variety of cellular processes
including differentiation, proliferation and migration. These processes are initiated
through changes in cell shape and the reorganisation of the cytoskeleton, that manifest
at the level of the genome via its direct link with the nucleus. In chapter 3, the
conformational, epigenetic and mechanical changes that occur in the nucleus in response
to microgrooved topography were investigated through the development and application
of state-of-the-art microscopy techniques.

FIB-SEM as a standalone technique provided unprecedented detail of the physical
conformation of the nuclei in response to microtopography. Novel findings from this
chapter indicate that grooved topography significantly induce the formation of deep
nuclear invaginations, across substantial lengths of the nuclear surface. In addition,
a novel method for the observation of immunogold labels with FIB-SEM was success-
fully developed, which permitted the visualisation of epigenetic modifications and their
movement in response to microtopography. Moreover, the relocation of silencing epi-
genetic modifications to the nuclear periphery was shown to correlate with increased
mechanical stiffness of the nucleus, highlighting the ability to microgrooved topography
to modulate chromatin architecture.

Overall, this study demonstrated the ability to visualise the localisation of single
antigens of interest alongside cell ultrastructure in 3D with nanometre resolution, in
cells in direct contact with biomaterial substrates. This is a new method that has the
ability to clarify many of the structure-function relationships in studying biointerfaces

that currently cannot be solved with other high-resolution microscopy techniques.

5.2.1 Future Directions

While the focus of this chapter was to develop and validate immunogold labelling
method with FIB-SEM for studying cell-material interactions, it enables the technique
to be used to study other cell-material interactions wherein the nature of the sample
(in terms of its physical dimensions, opacity or thickness) limits it being studied by

other powerful techniques such as super resolution microscopy or CLEM. The findings
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of this study demonstrate the utility and novelty of FIB-SEM imaging in combination
with immunogold labelling to identify the location of relevant targets in relation to
their association with the ultrastructural components of the cell. Here, the localisation
of H3K9me3 is studied, however immunolabelling of any protein of interest could be
conducted. The method is therefore limited by the quality of the primary antibody and
its penetrability rather than the sample preparation process. Moreover, the method is
not limited to 2D materials as block sectioning of 3D matrices can be conducted with
FIB-SEM. Thus it would be interesting to apply immunolabelling FIB-SEM method to
those biomaterial culture systems wherein CLEM cannot be conducted, typically thick
or opaque samples. Additionally, immunolabelling with FIB-SEM has offers particular
novelty in studying specific antigens of interest that are hypothesised to associate with
structural components of the cell recognisable by EM.

Although TEM has been instrumental in our understanding of the different types
of NRs and their formation[210], FIB-SEM offers a complete 3D view of the nucleo-
plasmic reticulum (NR) as well as in-situ slice-and-view to then investigate the NR’s
functional involvement during nuclear remodelling under topographical cues. In this
study, microgrooves stimulated formation of type II NRs as well as an increase in pe-
ripheral distribution of H3K9me3. However, since no direct correlation between type I1
NRs and epigenetic marks were observed in nuclei on microgrooves, it would be inter-
esting to identify proteins involved at the NR-nucleoplasm interface, as these targets
could be directly visualised with the invaginating nuclear membrane with unparalleled
z-resolution of the FIB-SEM. For instance, it has been shown that NPCs localise to
type IT NRs[210], and that specific NPC proteins are expressed during cell differenti-
ation[213]. To this end, immunogold FIB-SEM could be used to study specific NPC
proteins that may co-localise with type II NRs to facilitate transcriptional processes and
intranuclear-cytoplasmic cross-talk[214]. In addition, immunogold FIB-SEM using do-
main specific antibodies can potentially resolve the orientation of NPC proteins within
the nuclear pore basket that may lead to it being open or closed in conformation[578].

In this study, a material that triggers nuclear membrane deformation was used to
assess the relationship with epigenetic marks, however the method can be applied to
any biological question i.e. irrespective or whether a material is involved or not. For

instance, since specific segments (such as C- or N-terminal) of proteins can be tagged
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using antibodies, immunogold FIB-SEM could be used to visualise how some endoplas-
mic reticulum (ER) proteins can flip across a membrane to influence ER function[579].

Since SICM was demonstrated the ability to map the nuclear stiffness of cells on
microgrooved substrates, this method of assessing cell mechanics could be extended
to studying cells on other material topographies. Moreover, higher resolution stiffness
maps of single cells can be obtained for more in-detail analysis and correlation of the

cell membrane topography with mechanical properties.
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5.3 Investigating the Cell Membrane Response to
Nanoneedle Arrays for Delivering Biological

Payloads

For most part, the use of material cues in stimulating desired changes in cell behaviour
is based on using materials that only provide external cues and do not interface with its
intracellular content. With advancements in nanofabrication technologies, this concept
has changed in recent years through the use of materials designed to probe the intracel-
lular environment of cells. Attempts to gain intracellular access for biomolecule delivery
applications have thus led to investigations of material systems that can facilitate or
enhance payload transfer across the interface through negotiating the cell membrane
barrier. In particular, because material topography can stimulate a response from the
cell membrane and its constitutive components, it is necessary to assess the nature of
its interactions at the biointerface. In chapter 4, the use of nanoneedle arrays as a tool
to facilitate biomolecule delivery was investigated. Through their intimate interaction
with the cell membrane, nanoneedle arrays were shown to modulate key processes of
cell membrane remodelling, resulting in the activation of endocytotic pathways at the
membrane-nanoneedle interface.

Novel findings from this chapter indicate that nanoneedle arrays significantly im-
prove the delivery of endocytotic specific payloads as well as nucleic acids in hMSCs.
This feature that is partly mediated by the endocytotic processes, that are selectively
enhanced at the cell-nanoneedle interface demonstrates that the substrate topography
is a key stimulator of membrane remodelling through the induction of membrane curva-
ture and its recognition, that results in a cascade of protein binding events to facilitate
intracellular uptake. Previously, nanotopographies in the form of nanoposts[184] and
nanopillars[127] have been shown to stimulate endocytosis at the interface, however for
the first time, this study reports that the enhancement of endocyotosis at the interface
is also a major contributor to payload transfer and its subsequent trafficking mechanism
within the cell.

Despite payload uptake via endocytosis and endosomal trafficking, additional novel

findings highlight that a significant fraction of delivered nucleic acids remain active
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in the cytosol. In previous work, reports of nanoneedle-mediated biomolecule delivery
are highly variable ranging from 0% to over 90%, depending on the cell type as well
as nanoneedle properties[516, 485, 492, 489, 315, 512]. The results from this study
indicate that in addition to these factors, endocytosis pathway engagement and the
trafficking mechanism also plays in a significant role in the efficiency of the nanoneedle
delivery platform. Thus, this study highlights that these aspects of cytosolic entry must
be considered for the continued optimisation and development of nanoneedle arrays for

biomolecule delivery.

5.3.1 Future Directions

The best established pathways of endocytosis were investigated in this study. It is
possible that clathrin and caveolae independent pathways may be activated at the in-
terface. Since relatively little is known about these pathways and their trafficking, it
is possible that some of these pathways may be responsible for payload internalisation,
especially since many of them do not possess coat proteins and are linked to the invagi-
nating membrane. Moreover, the trafficking routes of each of these pathways may also
be different to CME, CavME and MP. It would therefore be important to investigate
the dependencies on such pathways.

Live-cell imaging was not conducted in this study, however with advances in mi-
croscopy techniques and set-ups, it would be possible to image cargo release, uptake
and trafficking. Inhibitors were not used in this study due to their non-specific effects
especially after long incubation times (24 hours in this case). Knocking down endocy-
tosis specific genes such as clathrin, caveolin-1 or Racl for MP, although difficult to
achieve in hMSCs could be conducted in order to confirm the findings in relation to
siRNA uptake and trafficking. Although co-localisation analysis enabled the assessment
of cargo entering the endosomes and lysosomes, cytosolic accumulation was not directly
observed. By conjugating the surface of a gold nanoparticle with the cargo, cytosolic
delivery can be studied using FIB-SEM. Not only would this provide an understanding
of payload transfer across the interface, but also a direct view of payload within the
cytosol, lysosomes or endosomes simultaneously.

Currently, the major hurdle in intracellular delivery platforms is endosomal entrap-

ment. However, endosomal trafficking is important for incoming cargo to reach their
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target site (eg. the perinuclear region or the nucleus), that is mostly facilitated by mi-
crotubule transport within the cytosol. Thus, although nanoneedle interfacing results
in a proportion of uptake of cargo by endocytosis, this might be an advantage in terms
of proximity of the nanoinjected molecules to their active sites. Endosomal escape itself
is a highly investigated field and the combination of the nanoneedle delivery system
with endosomal escape probes could be a potential approach for successful delivery as

well as cytosolic release of the payload.
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5.4 Conclusion

The success of regenerative medicine and tissue engineering relies on robust strategies
to faithfully recapitulate aspects of the microenvironment that supports the intended
cell lineage transitions. Creating environments that are conducive to controlling cell
behaviour requires a fundamental understanding of physical cues that translate into
biological changes, which has fuelled the development of biomaterial platforms for in-
dividualised investigations of cell-material interactions.

Studies such as in this body of work have been conducted with the aim to provide
an understanding of the stem cell response to material topography, with implications
for controlling cell function and fate. By providing avenues for incorporation of new
methods to visualise and assess cell behaviour on engineered substrates, unanswered
biological questions with regards to the cell-material interface have been addressed.
The use of immunogold labels within FIB-SEM as a tool to study nuclear remodelling
in response to microgrooved topography was demonstrated as a robust technique in
elucidating the relationship between cell structure and function, which is currently a
challenge for cell-material systems. The study of the ability of material topography to
enhance the intracellular delivery of therapeutic payload has provided novel insights
into the unique nature and features of the cell-material interface, as well as the cellular
components that modulate these interactions with great attention to detail.

It is hoped that providing new ways to probe and monitor the response of cells to
engineered material cues will lead to improvements in relevant complexity of biomate-
rials in the near future as well as in our understanding of fundamental biology that is

so elegantly designed.
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