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Abstract

The cell membrane is a recent target for the imaging and quantification of viscosity in light of
evidence which suggests that abnormal membrane behaviour is related to various disease
states. We propose the use of a novel technique involving a class of compounds termed
‘molecular rotors’, which can image cellular viscosity with high spatial and temporal resolution.
This Thesis concerns one type of molecular rotors, conjugated porphyrin dimers, which have
dual functionality: as viscosity sensors and as photosensitizers for photoinduced cell death

during Photodynamic Therapy of cancer (PDT).

First, we consider the photophysics of several conjugated dimers bearing various substituents
and assess the effect of various parameters on dimer’s intermolecular rotation. We find that the
photophysical properties of most dimers are primarily sensitive to the viscosity of their

environment and are minimally sensitive to temperature and solution polarity.

Secondly, using polymer solutions and melts, we establish the physical origin of the porphyrin
dimer’s viscosity sensitivity as detection of solvent ‘free volume’, which is related to both

macromolecular crowding and solvent hydrodynamic pressure.

Thirdly, we establish conditions for the inclusion of a porphyrin dimer into model lipid
membranes; demonstrating the detection of lipid phase as a function of temperature, sensitivity
to free-volume occupancy of lipid tails according to saturation, and finally reporting viscosity

values in close agreement with those from literature obtained using alternative methods.

Finally we find that under conditions of imaging using fluorescence microscopy, the porphyrin
dimer has compromised fluorescence signal due to limitations of solubility during sample
preparation. However, by combining the detection from a poprhyrin dimer and a well-known
molecular rotor BODIPY-Cio we were able to detect a viscosity increase in unsaturated lipid
membranes upon increased exposure to light, replicating conditions of singlet oxygen

production during PDT.



I. Introduction

Many macromolecular interactions within the cell are governed by the likelihood of diffusion-
controlled collisions between interacting partners. Crucial to likelihood of such collisions taking
place is the viscosity of the solution in which these molecules are immersed. In light of what is
known regarding the local isolation of biochemical processes, we predict that viscosity varies
widely, both spatially and temporally, amongst organelles and subdomains. Multiple cellular
disease states have been correlated to departures from normal cellular viscosity. Quantification
of viscosity inside cells is necessary for understanding the processes that occur during these
cellular dysfunctions. In addition, due to the wide spatial variety in cellular domains, imaging

cellular viscosity allows a comprehensive view of these same processes in tandem.

1.1 The importance of measuring cellular viscosity
Departures from normal cellular viscosity are not yet determined as causes or consequences of

cellular disease but medical research as often related abnormal cellular viscosity and impaired
cellular function. In normal function, rates and mechanisms of collision-controlled biochemical
processes are determined by diffusion-controlled interactions. Abnormal cellular viscosity is
implicated in diseases such as arthrosclerosis!, hypertension and hypercholesteraemia?,
diabetes34, ageing® and during the initiation of apoptosis by the application of photodynamic
therapy (PDT)é. Arthrosclerosis!, and hypercholesterolemia? are associated with elevated
cellular membrane viscosity which can alter the mechanical properties of entire tissues by
alterations of the lipid components or compositions of membranes. Alternatively, high protein
concentration within the cellular membrane can initiate mechanical changes to the membrane.
Alzheimer’s disease, for example can be diagnosed by altered character of the neuronal
membrane due to the accumulation of proteinaceous plaque on the surface of neurons which
exerts shear stress upon the membrane’. Shear stress contributes to the elevation of fluid
viscosity and alters the viscoelastic and diffusive properties of the membrane?8. In light of

significant literature that correlates abnormal cell membrane viscoelasticity with disease states,
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we aim to develop a novel technique for spatially and temporally resolved measurements of

lipid bilayer viscosity to inform upon the biophysical origins of this parameter.

1.1.1 Scales of viscosity: macro and micro
The most widely used methods for measuring bulk viscosity involve mechanical deformation of

fluid, e.g. in a rheometer or a flow viscometer. It is clear that such measurements are not
applicable on the microscopic scale, and for measurements of hydrodynamic properties of
individual organelles. The latter, here termed ‘microviscosity’ is intrinsically related to the
organization of solvent molecules in the immediate environment of the probe used and the
frictional interactions between them. For instance, Valeur et al, 2001 denotes two types of
solute motion that contribute to bulk viscosity: i) Stokes-Einstein diffusion910: where
translational motion of a given solute requires the displacement of solvent molecules by the
kinetic energy and ii) free-volume diffusion??, in which solutes move into ‘empty’ space between

surrounding molecules as summarized in Figure 1.1.

DIFFUSION MECHANISMS

[ FREE VOLUME |

Figure 1.1: Two diffusion mechanisms of a solute (black) dissolved in solvent molecules (white);
Stokes-Einstein diffusion (left) occurs by displacement of solvent molecules at velocity, vi, with
diameters 2r and 2r; for solute and solvent, respectively, giving a friction coefficient of
& Alternatively, free volume diffusion (right) occurs by diffusion into solvent ‘holes’, with velocity
vz, giving a friction coefficient of &, Scheme from Valeur et al., 200112

.11



The probability of each mode of diffusion is determined, amongst physical parameters such as
temperature, by the size and shape of the solute and its electrostatic interaction with the
solvent?13. Together, these are the physical origins of microviscosity. However, microviscosity is
not equivalent to bulk viscosity that is measured by mechanical means. Microviscosity is
measured as (i) translational motion of the probe in fluid and/or (ii) rotational motion of the
probe, each described by a diffusion coefficient that relates to n, a measurement of bulk
viscosity. Translational motion of the probe in an organized solvent is impeded by solvent
friction and other dissolved solutes within the solution. Alternatively, the restriction of a probe’s
local rotation during rotational diffusion has been interpreted as a good means of measuring
solvent viscosity as it informs upon internal friction in solution and the hindrance to an

individual molecule’s movement!4,

It is important to remember that while both approaches are valid, the scale of diffusion as
described by both models is different: translational diffusion is measured on the scale of
micrometers, while rotational diffusion is measured on the scale of the probe’s diameter, often
nanometers. Both models are associated with a number of assumptions regarding the nature of
a probe’s motion within a solvent. Previous report by our group compared both approaches for
a single fluorophore and found a good agreement!> however it is important to emphasise that
such result may not be representative of all molecular rotors and/or microviscous systems. This
Thesis reports microscopic viscosity measurements via the use of molecular rotors, molecules
whose fluorescent behavior is intrinsically linked to solvent viscosity due to twisting and/or
rotation of molecular parts. As will be seen, the use of molecular rotors poses unique
advantages, namely it allow the imaging of viscosity in cells, under physiological conditions. The
images provide temporal and spatial resolution, with the ability to quantification of a dynamic
and complex parameter. Whenever possible, all results obtained using molecular rotors in this
Thesis will be compared to the literature values obtained using translational diffusion

approaches.
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1.2 Microviscosity in membrane regions
Membrane fluidity is a highly relevant parameter for the maintenance of normal cellular

function. The cell membrane is itself a bilayer of amphiphiles which, once assembled, create a
planar layer of charged groups exposed to the external aqueous compartment which protect an
inner hydrocarbon region. What at first sight seems like a two-dimensional film compared to
the size and complexity of the cellular interior is, in fact, a complex three dimensional
environment. Moreover, the membrane hosts many biochemical reactions that are catalyzed by
proteins embedded within a largely phospholipid bilayer and must be able to diffuse laterally
along the surface. Janmey et al., 2006 summarise the effects of biophysical character of the
membrane on the behaviour of embedded proteins, where lateral pressure or stress can
regulate integral proteins that actively alter membrane character, causing bending or stretching
or can alter biochemical processes!é. On the other hand, physical membrane properties such as
lateral tension between the phospholipids, bilayer depth, asymmetry between the two layers,
out-of-plane diffusion and collective undulations of the component phospholipids are all
implicated in the mechanical role of the membrane; isolating subcellular locales, determining
cellular volume, and the elastic properties of the cell in response to external stress. We attribute
these macroscopic features of membrane behaviour to the microscopic features of individual
phospholipid molecules, they undergo rotational motion, and have hydrocarbon chain and
independent head group dynamics, and diffuse laterally to give the membrane its characteristic
‘viscosity’17.18, The molecular nature of the phospholipid strongly determines its individual
dynamics, two parameters we examine are acyl chain length and saturation in their effect on

viscosity1°.

As such, membrane parameters such as fluidity and mechanical strength are kept in necessarily
narrow ranges for cellular health20. The bilayer is often described as in a liquid-crystalline state,
having fluid and solid properties where the component amphiphilic molecules determine the
properties of the whole membrane. Marr et al., 1962, found that unicellular organisms maintain

the fluidity of the cell membrane by adjusting the composition of lipids in the membrane such
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that the membrane is always fluid at the temperature of growth. This exemplifies the
importance of the specific fluid properties of the cell membrane as they determine protein
diffusion as well as the cell’s elastic properties?!. Indeed, since then, it has been established that
the liquid-crystalline state and resultant fluidity of the membrane depends strongly on the

degree of saturation of its fatty acid chains 2223,

The shape and size of the composite lipids within a bilayer determine its curvature, strength,
associated proteins and their lateral diffusion. Macroviscosity of the membrane is described by
the shear stress attributed to membrane-embedded or surface-associated proteins.
Microviscosity in the membrane, the significant determinant of its fluidity, is defined by the
order of the hydrocarbon interior of the bilayer, commonly referred to as lipid phase. Cogan et
al, 1973, and many authors since, have modelled a considerable change in membrane fluidity
upon the addition of cholesterol to liposomes or simple vesicles2024 In light of this view of
membrane order, the microviscosity of the hydrocarbon region is a target for viscosity-sensing

in terms of quantification and viscosity.

Our approach is to measure microviscosity as a means of estimating macroscopic bulk viscosity
as it translates in common bulk liquids. Where possible, we compare our measurements with

those made by different techniques.

1.3 Established methodologies for viscosity measurement
Precedents for the measurement of cellular viscosity are varied and extensive. The

methodologies already employed in resolution of cellular viscosity are sensitive to independent
contributors (micro and macro) to cellular fluid dynamics. Consideration of these contributors
and their influence upon diffusion are central in determining the suitability and relevance of a
particular method for viscosity measurement.

1.3.1 Motion of ‘solvent’ molecules

The measurement of the motion of solvent molecules themselves is one approach to

determining microscopic viscosity. Under the circumstances of the phospholipid bilayer, the
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phospholipids themselves are the ‘solvent’ molecules. To this end, proton nucleic magnetic
resonance spectroscopy (HINMR) has been used to determine the transverse relaxation rates of
protons in a cellular environment252627, Measurements are made relative to rates of protons in
pure water, proton relaxation rates after alignment to a magnetic field reflect the random
orientation of the proton dipoles and this is interpreted as a measurement of their rotational
freedom in the medium. A non-invasive method for cells, HINMR has estimated the transverse
relaxation times of cytoplasmic water dipoles to be 1/50t of those in pure water implying that
diffusion is restricted seven-fold in the cytoplasm?”25 Another method developed to measure the
motion of ‘solvent’ molecules is quasi-elastic neutron scattering (QENS), which measures the
scattering of neutrons at high resolution inside the cell (several Angstroms). The technique
gives a picosecond (10-12 s ) time resolution of, which excludes the possibility of observing
collisional interactions with solutes because they occur at longer timescales. QENS data, due to
the advantageously small area of measurement inside the cell, resolves the structure of the
bilayer, which can reveal the order and ‘phase’ of the component lipids in the bilayer. From this,

viscosity is extrapolated using a range of frictional models.

QENS and H!NMR have been performed on model membranes in order to discern the
conformational dynamics of the fatty acid chains. It was shown that the number of ‘kinks’ in the
fatty acid chain can predict certain motions within the hydrocarbon region and gel-phase
dynamics can be modeled as the result of these ‘kinks’28. However, quantification of
microviscosity in the hydrocarbon region has not been attempted by QENS. In addition,
methods that resolve solvent molecules such as QENS and HINMR, are non-ideal for cells due to
harsh experimental conditions and long measurement times?”.25. Most importantly, they are not

imaging techniques and spatial resolution of microviscosity in the cell is lost.

More common than measuring proton motion or neutron scattering, is the introduction of an
exogenous probe into the bilayer. Many features of this probe can be measured, for example the

probe’s excited electron spin relaxation or its spectroscopic behaviour depending on the
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technique employed. These methods are generally more widely available and theoretical
assumptions make viscosity estimation more straightforward than for methods that resolve
bilayer structure. Nevertheless, any technique involving the introduction of an exogenous
molecule can have the disadvantage of altering the bilayer or, in the case of biological
environments, can be said to bind to a complimentary macromolecule, restricting its free
motion. Below, we summarise the more common techniques employed in viscosity
measurement.

1.3.2 Small ‘spin’ probes used to mimic solvent molecules

HINMR has an analogous technique that measures the spin relaxation of unpaired electrons as
an indicator of their local environment. The original justification for and mechanism of using
ESR in viscosity measurement is much the same as that in HINMR but ESR involves monitoring
the motion of probe molecules rather than the random ordering of solvent molecules and so is
subject to the same considerations as all methods involving the use of exogenous probes.
Experimentally, ESR is performed on paramagnetic molecules, i.e. those with an unpaired
electron, it informs on the highly specific localization and interactions of radicals. Electrons are
separated according to their spin alignment either parallel or anti-parallel (m = * %) to an
externally applied magnetic field, Bo, where a large proportion of the electron population is
expected to be aligned parallel to Bo. A frequency of microwave radiation (typically 9-10 GHz) is
applied to the magnetically aligned sample while the strength of the external magnetic field is
varied. Absorption of the applied microwave radiation at a particular frequency, the resonant
frequency, matches the energy difference of electrons occupying the states, m = * %5, causing the

spin alignment to collapse or ‘relax’.

Structure-free ESR spectra imply an isolated atomic sample where spin alignment and
relaxation are not affected by local features, and this can be observed in gas-phase ESR. Yet, in
solution, spectral line widths give information about the local environment of the paramagnetic
species, both in terms of intermolecular proximity to the interfering magnetic fields of closeby

nuclei and external factors such as solvent viscosity. Two consequences of highly viscous
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solution on spin alignment are presented by Atkins and Kivelson, 1966: 1) the angular
momentum of the spinning electron is decelerated more rapidly (meaning that the rotational
correlation time, the relaxation of the rotational angular momentum of the spin-probe is
dependent upon the inverse of viscosity (n1)) and 2) the reorientation correlation time, the
frequency with which the molecule’s spin coincides with By, is reduced?9. Rotational correlation
time is an important parameter in viscosity sensing and will be discussed in further detail in the
context of fluorescence anisotropy in later sections. Mathematically, Atkins and Kivelson
showed that these two phenomena are dependent upon a frictional constant (viscosity or
temperature) and are represented by time-resolved parameters 2930, Spin-rotational coupling
describes the co-dependence of these factors because as a molecule rotates, the electrons do not
strictly follow the motion of the nuclei creating a temporary and tiny imbalance in charge
distribution. This imperfection in the rotating molecule creates a magnetic moment that can
affect the electronic spin, the very parameter measured by ESR2930, So in application, the
perturbation of electron spins (ESR) can measure viscosity by a probe-molecule’s rotation.
Cytoplasmic viscosity has been measured by ESR in several instances: Lepock et al., 1983,
obtained viscosity estimates of 11 cP for Chinese hamster lung cells using the spin-probe,
2,2,6,6-tetramethyl-4-piperidone-N-oxide (TEMPONE)31. The group of Keith et al.,, pioneered the
use of water-soluble spin probes and ESR to measure the viscosity of cytoplasm, but their
measurements varied with experimental conditions. In 1977, Keith et al, explained this
variation by identifying the two-fold dependence of spectral line width on concentration and on
viscosity32. Spin-spin interactions and charge interactions are two concentration dependent
factors that cause ESR line width broadening and can be confused with the effects of viscosity.
He also demonstrated that different diffusion dynamics in a heterogeneous environment
complicated the direct relationship between ESR line width and viscosity32. For this reason,

measurements of viscosity are spatially compromised by averaging, similar to in HINMR3z.

ESR is most often applied to the investigation of membrane fluidity. Mason and Freed’s 1974
simplified model relates spectral line width and rotational correlation time and has been
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applied to studying the changing membrane fluidity of Chinese hamster ovary cells during the
cell cycle, the importance of fluidity on regulation of certain proteins, and to the investigation of
the gel-phase of egg yolk lecithin liposomes 33343536, However, Lai et al, 1980, during their
investigation of changing membrane composition through the cell cycle, found that the modeled
isotropic rotation from which they extrapolated un-broadened spectral line width did not hold
to anisotropic rotation in lipid bilayers and comparisons between the two did not give as clear a
relation to rotational correlation time as first anticipated3+. ESR-based viscosity sensing of lipid
membranes also suffers from the same concentration-related confounding effects mentioned
above that we identified by Keith et al., 197734 More recently, however, membrane domains
have been probed by ESR through monitoring the spin of endogenously produced oxygen
radicals37:38, This latter approach has recently been used to image oxygen metabolism and
oxygenation in live tissues, namely rabbit aorta and heart tissue3’. Imaging by ESR is not;
however, the most common approach to spatially resolving viscosity in cells due to the complex
assortment of biochemical consequences of a large concentration of radicals in a membrane

environment.

The techniques described above have been quickly overshadowed by those involving
fluorescence spectroscopy as a means of measuring viscosity at cellular scale. These methods
are sensitive to the emission of photons from molecules whose electronic configuration can be

temporarily altered by absorption of light.

1.4 The phenomenon of fluorescence

A photon with sufficient energy can excite an electron between states, each of which is
characterized by a certain spin configuration and energy of the orbitals, relative to the zero
energy of unexcited ground state (So). Molecular orbitals are separated by a quantum of energy

proportional to a wavelength of light as predicted by the Planck-Einstein relation (equation 1.1)

E =hv=hc/A (1.1)

1.18



Where E is energy (J) , h is Planck’s constant (6.626 x 10-3¢] s), and v is frequency (s'1). Equation
1.1 is often expressed in terms of wavelength, A (m), using the proportion v = ¢/A where c is the
speed of light (2.998 x108 m/s). Figure 1.2 depicts four (So, S1, S2 and T1) of the most commonly
accessed states in fluorescence experiments. Electronic excitation (movement of an electron to a
higher energy state by absorption of light) always occurs from the highest occupied molecular
orbital (HOMO, or HO as in Figure 1.2) to the lowest unoccupied molecular orbital (LUMO, LU, in
Figure 1.2), regardless of the nature of the molecular orbital or occupation of lower energy
orbitals. Typically, as predicted by the Pauli Exclusion Principle, both electrons occupying a
ground state HOMO are spin-paired, as in Sy (inset, Figure 1.2), where they have opposite spins,
represented as’™M. Once in separate orbitals, by excitation of one electron to the LUMO, the
electrons are no longer required to be spin-paired, and can result in either a singlet excited state
(Sn) or a triplet excited state (T, represented as N1) where both electrons occupy the same
spin state. The subscript n identifies the relative energy of the state to the HOMO, whereby S; is

the first singlet excited state, T; the first triplet excited state and so on.

Conversion between states are characterised by various time scales and probabilities particular

to each fluorescent molecule and are discussed in detail below.
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Figure 1.2: A Jablonski diagram showing instances of absorption from the singlet S HOMO to the
S1 LUMO (blue solid lines, transitions 1-3), internal conversion (black dotted lines, transitions 4, 7)
emission (green solid lines, transitions 5,6), intersystem crossing to the triplet T; state (purple
dotted line, transition 8), and phosphorescence from the T; to the Sy state (red lines, transition 9).
Inset, showing electron spin configuration in the Sy, S1 and T; states.

1.4.1 Absorption
The transition So = S, occurs by transfer of the energy of a photon to the absorbing molecule,

when the energy of the photon (i.e. at appropriate A) is matched to the energy difference
between the Sy and S, states as shown in Figure 1.2, transition 1 where the energy of photon hv,

is equal to the energy band gap; AE = Es1 - Eso = hv;.

Absorbance is typically measured as ‘transmittance’ or the relative difference in intensity of
incident light after interaction with a known concentration of the absorbing species. The
decrease in transmittance is proportional to the Absorbance of the molecule at a given
wavelength, which is dependent on its concentration and the path length of the light through a

sample. The molar extinction coefficient € (M- cm) is a proportionality constant that relates
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Absorbance (4, in arbitrary units) to concentration (c, in M-1) and path length (/, in cm1) by the

Beer-Lambert Law (equation 1.2).

A=ecl (1.2)

Absorption spectra of complex organic molecules are most often observed as relatively broad
bands with some structured peaks, rather than sharp lines as are observed for atomic
absorption spectra. This is due to the vibrational motion of the molecule, creating multiple
permutations of each electronic state. This results in multiple substates of varying energy
associated with each state Sy, S1 etc. In Figure 1.1, transition 2 is depicted as between the S
substate 0 to substate 2 of the S; state (0 = 2) whereas transition 1 is transition from 0 of S; to
0 of Sz (0 = 0). The distribution of molecules into substates in the ground state is best described
by the Boltzmann distribution function, reflecting its dependence on temperature. However at
room temperature, the vast majority of organic molecules transition from the lowest vibrational

level of the ground state.

In a stable HOMO, the geometry of the atomic nucleus is balanced against the orientation of
electrons in their respective orbitals. Once absorption excites an electron, and electron density
is altered, the geometry of the nucleus must reorient relative to the new magnetic dipole of the
molecule. However, because absorption takes place on the order of femtoseconds (x10-15 s),
there is a brief configuration of the excited state where the nuclear configuration is unchanged,
this is termed the Franck-Condon state with picosecond lifetime (x10-12 s). The Franck-Condon
principle, for which the Franck-Condon state is named, predicts that all instances of absorption
are ‘vertical’ transitions between potential energy curves of both the ground and excited states.
Under this explanation, potential energy curves of the two states only observe very small
changes in shape, but are separated vertically by the energy band gap, i.e. ‘vertical’ transitions.
Absorptive transitions to higher states are also observed in many cases, such as shown in Figure
1.2, transition 3, where the electron is excited to the S, state, where hvs represents a excitation

at a shorter A (higher v) absorption band than seen in transitions 1 and 2.
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Absorption of a photon results in formation of an excited state that can undergo several de-
excitation pathways, namely: emission, internal conversion, intersystem crossing and chemical
reactions leading to photochemistry.

1.4.2 Emission

In solution, at ambient temperatures, the vibrational energy of the excited state molecule in a
nonzero substate (i.e. transition 2) is often dissipated by collisional interaction with the solvent.
Also, higher vibrational energy can spread from one part of the molecule to others, and is often
dissipated this way into the solvent. A combination of both processes is termed ‘vibrational
relaxation’ and takes place on the order of picoseconds (x10-12 s): prior to emission, which takes
place on the order of nanoseconds (x10-9). It is due to the difference in timescales that, as a rule,
solvent-assisted vibrational relaxation always takes place faster than emission. For this reason,
structure in the emission spectra that reflects the vibrational substates of the excited state is
lost and emission spectra are independent of excitation A. This phenomenon is termed Kasha’s
rule, and applies not only to relaxation of vibrational energy but also between higher and lower
excited states. For instance, the electron that is excited to the S; state in Figure 1.2, transition 3,
is shown to relax to the lowest vibrational substate of S; and subsequently relax to the S; state
without emission of a photon. This is termed internal conversion and applies to both relaxation
between states, and relaxation within their vibrational substates. Emission from excited states
higher than the LU state is rare because the potential energy surfaces of excited states are
commonly very close in energy, with significant overlap such that internal conversion to the

lowest excited state occurs prior to emission.

The Franck-Condon principle also strongly affects the nature of emission spectra, with
wavefunctions’ overlap determining the substate of the ground state to which the emission of
photon will be directed, i.e. transition 5 or 6 in Figure 1.2. Figure 1.2, transitions 5 and 6 show
that while emission generally occurs from the lowest vibrational level of the lowest excited
state, the emitted electron may drop to one of the numerous substates to the ground state. As

such, emission spectra are often broad, but contain information regarding the vibrational
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structure of the ground state. For the purposes of spectroscopy, most molecules are chosen that
are excited in the visible range of the electromagnetic spectrum (i.e. 200-700 nm). However,
absorption of longer wavelengths (700-1000 nm) of light can be used to probe an electron’s
movement between vibrational energy levels within a given state. Transitions 5 and 6 in Figure
1.2 are radiative, meaning a photon is emitted upon the decay of the excited state. Nonetheless,
non-radiative transitions from the excited states back to the ground state are also possible and
their likelihood is closely related to the environment of the fluorophore. Non radiative decay, as
shown in transition 7 of Figure 1.2, can be caused by many different interactions between the
fluorophore and its surroundings. For instance, upon interaction with large macromolecules, as
in biological media, or by very effective dissipation of the excited state energy into vibrational or
rotational movement of the molecular structure, both phenomena are sometimes referred to as

quenching.

Quenching by collisional interactions with neighbouring molecules occurs when the excited
state fluorophore decays to the ground state following a collision, without any chemical
interaction or alteration in the process. The fluorophore in the ground state can also be
‘quenched’ even before excitation if it should form a non-fluorescent interaction with another
molecule. Thus the chemical nature of the solvent, and the presence of various solutes can

strongly alter the emissive behaviour of a fluorophore.

Some interactions between excited fluorophores and heavy atoms or halogens result in
intersystem crossing, or the formation of the triplet excited state from the singlet excited state as
shown as transition 8 of Figure 1.2. Intersystem crossing occurs due to coupling between the
excited electron’s spin and the magnetic field created by the nucleus of the atom, causing the
electron to reverse its spin. Should the potential energy surfaces of the singlet and the triplet
overlap; the fluorophore can form the triplet state from the singlet, though the reverse is much
more rarely observed, due to a relative position of the energy levels. The two electrons with

parallel spins require less energy to repel one another, and this reduces the overall energy of
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the triplet excited state relative to the singlet excited state, as shown in Figure 1.2, the triplet
excited state has lower energy (but equal possibility of vibrational substates). Intersystem
crossing is considered fluorescence quenching because decay from the triplet excited state back
to the singlet ground state is not fluorescence, but rather phosphorescence as shown by
transition 9 in Figure 1.2. This is a radiative transition back to the singlet ground state occurring
at much longer A than fluorescence. The triplet state has much longer lifetime than the singlet
excited state, and is of interest in the framework of this Thesis due to the possibility of energy
transfer with ground state molecular oxygen (02) which exists in a triplet ground state. Certain
molecules that have triplet state energies matched well with the band gap between ground state
oxygen and a singlet excited state of molecular oxygen are used for the production of the latter
which has significance for therapeutic purposes. This process is the subject of one of the
chapters of this Thesis and will be discussed in more detail in later sections. Other forms by
which radiative decay are quenched include resonance energy transfer (RET), and electron

transfer, but are not discussed in detail in this Thesis.

Fluorescence spectroscopy is concerned with the measurement of radiative decay, the quantum
efficiency and the lifetime of the excited state. From these two parameters, inferences can be
made about the relative rates of radiative and non-radiative decay, the energy associated with
the fluorophore in various contexts which informs upon the nature of the environment
surrounding the fluorophore. As will be seen in later sections of this Thesis, fluorophores can be
designed in such a way that the non-radiative decay of their excited states reflects on the
properties of it’s environment. The dependence of the non-radiative decay in molecular rotors
on the viscosity of their environment will be central to the work reported in this Thesis.

1.4.3 Parameters of measurement of radiative decay

When looking at emission spectra, the Amax and intensity of emission at the Ama.x are central to
interpretation of the fluorophore’s behaviour. Intensity of fluorescence can be quantified as
quantum yield, a value given to the proportion of photons emitted for every photon absorbed.

This may be subject to the excitation A, solvent, and temperature surrounding the fluorophore
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and so inferences about unknown environments can be made using general rules regarding
emission quantum yield. However, intensity measurements are strongly affected by
concentration of fluorophore and for the purposes of many experiments in heterogeneous
environments such as cells, concentration is either not known or is dynamic over a given
volume of measurement. For this reason, it is often beneficial to measure a fluorescence lifetime
instead. The fluorescence lifetime is the average amount of time a fluorophore remains in the
excited state, as mentioned before it is generally on the order of nanoseconds (x10-9 s).
Quantum yield is related to the inverse of lifetime, k. the rate of radiative decay by equation 1.3,

where Q is quantum yield and k,-is the rate of non-radiative decay.

Ky

Q=% (1.3)
The lifetime 7, is related to k: and k- by equation 1.4;
T=— (1.4)

knr+ky

Fluorescence lifetime is calculated by collection of single photons as they are emitted after
excitation, characterised by the time difference, t, between excitation and emission of the
photon. Because deactivation from the excited state is a variable process, a distribution of times
t, is obtained. Fitting an exponential to the distribution allows calculation of the average lifetime
T, of that fluorophore. If the distribution can be fitted well by a single exponential decay, this
signifies that 63% of the photons have been emitted prior to the time t, while 37% will be

emitted at t greater than .

Fluorescence lifetime is a desirable parameter to measure in fluorescence microscopy, due to its
independence of fluorophore concentration. In systems involving biological trafficking of
proteins and other molecules, where fluorophores can often be compartmentalised, the
measurement of fluorescence lifetime allows reliable comparison of two regions with vastly
different probe concentrations. Moreover, fluorophores with a long fluorescence lifetimes and

high quantum yield are often used to monitor diffusion in biological environments. The longer
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the fluorophore remains in the excited state, the further diffusion distances can be monitored by
measurement of fluorophore intensity in a given volume; later sections discuss multiple
techniques that utilize this approach.

1.4.4 Polarisation

The rotational motion allowed during the excited state lifetime of the fluorophore is a sensitive
parameter for estimating a fluorophore’s rotational diffusion, which can be linked to the
viscosity of its environment. It is convenient to monitor such rotational motion in terms of the
polarization of emitted photons. Here it is pertinent that for absorption to take place it is
required that the polarization of incident light be aligned with the electric dipole moment of a
molecule’s HOMO. The electron distribution in the HOMO gives rise to a ground state dipole
moment pa, which describes the direction of charge distribution in the fluorophore. The electric
field of a light wave is described as an oscillating electric force, which must be aligned with the
ground state pa for absorption to occur. This alignment is required to match the angular
momentum of the fluorophore with that of the photon during the Sy = S, transition. Light that
has a single direction for the electric field vector is plane polarized, and can be used to select
molecules with matched direction of pa. The intensity of absorption will not be the same in all

directions of polarization of incident light.

The same is true of emission. The transition S, = So gives rise to an emitted photon with
polarization matching the direction this time of the emission dipole moment pg. Thus for
molecules where the dipole moments of the ground and excited states are close, the rotation of
the molecule can be monitored. Generally, in these experiments, plane polarized light is used to
photoselect a population of fluorophores in a sample, and the emitted light is monitored for its
polarization. If the intensity of emission in the parallel direction is closely correlated with that
of the polarized incident light, it shows that the fluorophore has restricted motion during its
excited state lifetime. Comparison of emission intensities in two directions, parallel and
perpendicular (relative to the axis of excitation) indicates the degree of correlation between the

excitation direction and the emission direction, by the term anisotropy (r) (i.e.
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Iparailel = IPerpendicular

r= ). Lack of correlation between the two shows a freedom of rotation,
Iparaitel+ 21Perpendicular

and as such this is a measure of resistance against diffusion, as discussed in section 1.5.2. This is
a very useful property of fluorescence that informs upon the rotational motion of fluorophores.
Furthermore, it can be used to elucidate the orientation of packing of molecules with which a
fluorophore must align. Following sections expand upon spectroscopic methods that monitor

the polarization of emitted light.

We have described the fundamental parameters of fluorescence that can be measured for the
characterization of fluorescent molecules in various systems. It will be clear later that some of
these parameters can be used for determining local microviscosity around a fluorophore. It is
important to note here that fluorescent techniques are made more appealing due to their
compatibility with microscopy, giving rise to spatial resolution of viscosity and other
biophysical parameters. The following sections focus on the most established fluorescence-

based microscopy techniques

1.5 Spectroscopic techniques for the measurement of membrane viscosity
The potential for imaging in living cells utilizes distributions in photophysical parameters such

as fluorescence intensity, maximum emission wavelength, excited state lifetime, or polarization
in order to create false colour maps that spatially resolve factors affecting these fluorescent
properties3?. Several techniques have been developed of late that directly link one or more of

these properties to solvent viscosity.

With the use of exogenous probes, the compatibility of the probe in the cellular region being
investigated must be established. Considering the large variation in pH, polarity and protein
concentration amongst cytoplasmic regions and membrane regions, solubility can be a complex
parameter and universally affects all methods that incorporate the use of fluorophores. In the
examples cited below, probe compatibility is a vital primary step in establishing the validity of

the probe and accompanying viscosity measurement technique.
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1.5.1 Translational diffusion
Typically, methods that relate a probe’s translational diffusion to solvent viscosity depend upon

the deceleration of a probe’s motion in a viscous environment as observed by fluorescence
microscopy. Thus, all techniques that measure translational diffusion produce imaging data
which confers spatial resolution to the viscosity measurement in a sample, however, this
resolution can be limited in scale and can only give estimates of microviscosity as predicted by
theory. Among these imaging methods, fluorescence recovery after photobleaching (FRAP),
fluorescence correlation spectroscopy (FCS) and single particle tracking (SPT) are those most
commonly used. These measurements resolve a translational diffusion coefficient (D) which
can be related to solvent viscosity, 1, by the Stokes-Einstein equation® (equation 1.5) where kzis

the Boltzmann constant; T, the temperature, and V is the fluorophore’s hydrodynamic volume.

_ KBT
Dp= 220 (1.5)

FRAP is a popular method in use for investigating membrane protein lateral diffusion. It
involves the permanent photobleaching of a small region of the sample by an intense (up to 1
MW cm-2) pulse of laser light and the subsequent detection of fluorescence in the same region
by unbleached fluorophores replacing the bleached molecules by diffusion. Axelrod et al., 1976
introduced the method by demonstrating that diffusion coefficients, D (cm?/s), could be
obtained from these measurements and the data can identify diffusion, flow and a mixture of
both processes*0. FRAP was first performed on membranes, in order to observe lateral diffusion
in the plane of the bilayer but diffusion coefficients have been consistently lower than those
expected from Brownian diffusion4!. To explain this phenomenon, Feder et al, 1996,
supplemented FRAP data with single particle tracking (SPT) experiments which enabled them
to observe the motion of a single fluorophore in the detected region and so to distinguish
between Brownian motion and directed motion (termed ‘anomalous diffusion’ that was
presumed to cause the high D values*!. In SPT, trajectories of individual probes are analysed by

algorithms that model Brownian diffusion. The data obtained by Feder et al.,, was explained as
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‘anomalous sub diffusion’ within the membrane where a large proportion of fluorophores
became immobile at different times in different areas of the membrane#!. This disadvantageous
phenomenon disallows accurate measurement of microviscosity. High diffusion coefficients,
obtained from FRAP on cytoplasmic regions were also investigated in regard to steric
hindrance. Jacobson and Wojcieszyn, 1984, demonstrated that a large degree of immobile
fluorophores, even after accounting for the steric hindrance of translational diffusion by the
cytoskeleton, are decelerated in their motion by macromolecular binding*2. From this, it is
apparent that assumptions about probe interactions with macromolecules are also, if not more,
relevant in experimental methodologies relating translational diffusion of probes to bilayer

viscosity.

Fluorescence correlation spectroscopy (FCS) brings a unique advantage to viscosity-sensing
methods that measure translational diffusion, in that it can resolve the number of fluorophores
in the measurement (i.e. probe concentration) and can give information about particle
aggregation. In FCS, similarly to FRAP, a region of interest is probed for fluorescence from
dissolved particles and fluctuations in the detection volume are monitored and attributed to
Brownian diffusion. Figure 1.2a shows sample data of intensity fluctuations within the small
focal volume over time*. The fluorescence intensity changes proportionally to the
concentration of fluorophores within the detection volume. When the detection time is
sufficiently long, intensity fluctuations are cross-correlated, giving an ‘autocorrelation’ (Gt)
which gives a characteristic value for the correlation time, t of intensity fluctuations. The value
of Gt is given as the product of fluorescence intensity at a given time ¢, F(t) and the intensity
after a delay in time T, (F(t+1)!% From this, the correlation between a fluorophores position and
its position in the case of Brownian diffusion are related by the autocorrelation function as
shown in Figure 1.2b. Here, we show an example of translational diffusion coefficients as they
are estimated from FCS data*3. The example shown in Figure 1.3 shows how translational
diffusion is estimated from autocorrelation curves: the full width at half maximum (FWHM) of
the autocorrelation function. Here, Chen et al, compared the fluorescence correlation of a
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fluorophore in solution and that in a membrane environment, showing that the membrane
(right hand curve) is shifted to the right: displays high values of Gt for larger values of t, higher
correlation at longer delay times. The corresponding top values of x10* s to x102 s in the
membrane environment, this yields translational diffusion coefficients of 300 to 0.01 ps?/s,
respectively. This is characteristic of translational diffusion in highly viscous environments. In
the context of molecular diffusion, slower and faster diffusion can be separated. From G, a
translational diffusion coefficient Dr can be calculated which is used to estimate 1, , using the

Stokes-Einstein equation®.
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Figure 1.3: a) Sample data of fluorescence intensity fluctuations over time in confocal volume,
showing the time averaged fluorescence intensity imposed upon the sample data. b) The resultant
autocorrelation curve of the product of the functions F(t) and F(t+t) as determined by the time
delay t. Two sample curves are shown, the blue curve simulates translational diffusion in free
solution and in a restricted, viscous, membrane environment as the dashed line. tp marks the
FWHM for each autocorrelation function, from which the diffusion coefficient is calculated is
shown for each curve.
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However, the Stokes-Einstein model ° of translational diffusion is limited in its assumptions
regarding fluorophore size and shape, which are of particular importance in the two-
dimensional environment of the lipid bilayer. The nature of the probe has been shown to
strongly determine the type of diffusion that can be observed, large probes undergo ‘anomalous
diffusion’, while smaller probes undergo Brownian diffusion from which true viscosity values
can be ascertained 4445. Instead, translational diffusion coefficients are converted to viscosity
values by the use of the Saffmann-Delbrick46 equation (equation 1.6), which itself entails
assumptions about the size and shape of the fluorophore which is observed diffusing through a
membrane (i.e. cylindrical shape of roughly the same volume as a single phospholipid). In
equation 1.6, kg is the Boltzmann constant; T is temperature; p is the kinematic viscosity of the

bilayer; while p’ is that of the external aqueous solution; h is bilayer thickness; Y is Euler’s

constant; and V is the fluorophore volume.

ICBT

r= 4muh

(log £ - (1.6)

Saffmann and Delbruck et al., provided a means to reconcile the rotational and translational
diffusion coefficients Dr and D1#7. Using FCS data, which separates intensity fluctuations by time
scale assuming that translational diffusion occurs at much longer timescales than rotational
diffusion, they believed they were able to distinguish between the two components.
Additionally, Abney et al., describe the application of FCS to membrane regions and the
advantage conferred by this method over FRAP due to the resolution of particle concentration
and from that, the potential to describe macromolecular binding and/or aggregation*s.
However, Ariola et al., 2009 found that fluorophore size and shape determined the validity of
both measurements and differentiation between them was compromised in large
fluorophores*. Ultimately, they conclude that the Stokes-Einstein equation is better for
predicting experimental values of Dt than the Saffmann-Delbrick equation despite assumptions
of three-dimensional diffusion. Finally, another method that claims to resolve the translational

diffusion in membranes is the widely used measurement of pyrene eximer fluorescence. Pyrene
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is a hydrophobic fluorophore which undergoes a bathochromic shift upon excimer formation.
The detection of relative intensities of the monomer and excimer emission peaks can be
modelled to diffusion kinetics, from which a translational diffusion coefficient can be calculated.
Chapter IV discusses some membrane viscosity measurements calculated from pyrene excimer

formation.

One disadvantage associated with FCS that the fluorophore size can affect the validity and range
of viscosity measurements. Also, model and cell membranes can be complex and spatially
heterogeneous. This has the potential to affect local concentration gradients, skewing an
autocorrelation curve. Spatial heterogeneity of membranes is a constant limitation in the three
techniques described above, here focal volumes are necessarily limited in size (FRAP, FCS) or is
constrained to the diffusion path of the probe itself (SPT). Recently, advances have been made in
FCS, such as Raster Image Correlation Spectroscopy (RICS) that improve spatial resolution
though the computational complexity of these techniques preclude them from being widely
applicable. Results from these techniques on diffusion coefficients pertinent to the lipid bilayer
environment studied in this Thesis are summarized in Chapter V.

1.5.2 Rotational diffusion

Steady-state and Time-resolved Anisotropy

Anisotropy, r, defines a fluorophore’s orientation of transition dipole moments which can be
monitored. In reference to the above section on polarization, anisotropy measurements relate
the polarization of emitted light to the rotational dynamics of the probe in solution. A rotational
diffusion coefficient, D,, is related to the hydrodynamic volume of the probe and most
importantly, the viscosity of the surrounding medium, hence anisotropy can measure solvent
viscosity39. Fluorophore-emitted light is measured in two orientations, perpendicular and
parallel, to the polarization vector of the excitation source, which itself is necessarily linearly
polarized. Simultaneous measurement of parallel and orthogonally polarized emission has
greatly increased the quality of anisotropy data collected in biological tissues by reducing

artefacts from temporal changes in the sample and in the instrumentation50. Steady-state
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anisotropy imaging makes use of the fact that most small probes have extremely high D, values,
which is inversely related to r by the Jablonski-Perrin equation (Equation 1.7) and gives most r

values in non-viscous solution as nearly zero.

1/r=1/ro (1 + 6D,ty) (1.7)

ro is the initial anisotropy, a unique term determined by the orientation absorption and
emission transition dipole moments of the fluorophore in that particular solution, D, is the
rotational diffusion coefficient and tr is the fluorescence lifetime of the probe. ry can give
information regarding the intrinsic ordering of the fluorophore in that system. Very high or very
low values of ry suggest that the fluorophore is non-randomly aligned in the system. As
mentioned above, D; is related to the freedom of motion of the probe in its environment.
Subsequently, increases in r from restricted motion can be attributed to multiple causes,
including macromolecular binding and high solution viscosity3?. In steady-state imaging, the
distribution of r values is used to create a false-colour image of the distribution of r values
through a sample. Discerning between binding effects and high viscosity as the causes of
distributed r values is not simple and this is the disadvantage of using steady-state anisotropy to

directly map viscosity.

Alternatively, time-resolved anisotropy, r; describes the increasing randomisation of
polarisation of the emitted light during the lifetime of the probe’s excited state and provides a
mechanism for distinction between macromolecular binding and high viscosity as contributors
to restricted probe motion. The characteristed time scales at which anisotropy decays contains
information regarding the fluorophore (i.e. size, shape and association with proteins).
Additionally anisotropy decays are able to give more detailed information regarding the
restriction to rotation than an averaged value as seen in steady state anisotropy. The parameter
resulting from time resolution of r, anisotropy decay, is related to both lifetime and anisotropy

and can inform on a number of biochemical phenomena occurring around the probe including:
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complex formation, energy transfer due to molecular proximity and molecular ‘tumbling’.

Anisotropy decay is described by monoexponential decay by Equation 1.8:
re= (1o - 7o) 0t/ + 1o (1.8)

Where ry is the initial anisotropy, and © is the rotational correlation time. The non-zero value to
which the probe’s anisotropy decays, re, is constant between long time intervals and informs on
the restricted rotation of the probe. High r., values can arise from restriction of rotation in one
axis relative to another, whereas the time related to the rotation is given by another parameter,
the rotational correlation time. During macromolecular binding, r. is often used as an indicator
that the probe is bound or in an anisotropic environment where rotation is not free in all axes, it
is a common parameter mentioned in fluorescence polarisation studies on membrane fluidity,
for example, for this reason which will be discussed further below?4. Increasing randomness of
polarization is interpreted as an indication of its rotational freedom within a solvent and
demonstrates molecular tumbling. This is described by a probe’s rotational correlation time, 8,
which is directly proportional to solvent viscosity as demonstrated by the Stokes-Debye-

Einstein equation (Equation 1.9).
© =nV/kT (1.9)

Rotational correlation time, ©, is directly proportional to viscosity, 1 and the probe’s
hydrodynamic volume ,V, while inversely proportional to the Boltzmann constant k and
absolute temperature T. Equation 1.8 demonstrates the relationship between anisotropy decay,
rrand ©. The term for hydrodynamic volume in this equation assumes probes to be spherical in
shape and additionally, for movement of the probe to be isotropic. Time-resolved anisotropy in

membranes

Microviscosity describes largely homogenous and isotropic environment. Due to the cylindrical
nature of their phospholipid component parts that can be relatively rigid, membranes are

inherently anisotropic environments and this property can be extrapolated to a measure of
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membrane fluidity. In order to characterise the restriction of membrane fluidity by increasing
cholesterol content in membranes, Veatch et al,, 1977, demonstrated the increase in r- of the
anisotropy decay of diphenylhexatriene (DPH) inserted into liposomes as an effect of restricted
probe motion24. Their other significant observation was biexponential anisotropy decays from
liposomes with high cholesterol content. Veatch et al., 1977, determined that the rod-like shape
of DPH gave anisotropic rotation amongst the lipid-chains of a phospholipid-membrane and
increasing cholesterol-content decreased its rotational motion along only one axis?%
Fluorescence anisotropy has been used on multiple occasions as an indicator of membrane
fluidity, phase transitions of lipids, lipid domains in membranes, and on the dynamics of
phospholipid bilayers 202223, Further, Verkman et al,, also demonstrated the use of fluorescence
anisotropy in membrane environments when they compared r values between basolateral and
apical membrane regions in rabbit kidney5!. Because of the shape of the bilayer, which is highly
restricted in one axis, the probe selected for anisotropy measurements must be highly
solubilised within the hydrocarbon region, where three-dimensional motion is possible for the
extrapolation of viscosity measurements. Fluorescence anisotropy in membranes can be
complicated by the compatibility of probe shape with membrane environment and some lipid-
mediated alterations in the probe’s excited state lifetime. Nevertheless, this technique is
informative on the nature of solvent interactions as measured on the scale of individual probe
molecules, which we believe is the origin of microviscosity.

1.6 Molecular Rotors

While fluorescence anisotropy probes the rotation of a fluorescent molecule as a whole as a
function of solvent micro-friction, it is also possible to measure microviscosity by making use of
rotation of a part of a molecule for the same purpose. By measuring the fluorescence quantum
yield and lifetime of so called ‘molecular rotors’, and by correlating these parameters to classical
rheology measurements of liquids, it is possible to create microscopic probes of solvent

viscosity inside cells. The subject of this Thesis is the detailed investigation of the photophysical
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behavior of one of one such molecular rotor and determining the limits of its applicability for

viscosity measurements in lipid bilayers and other membrane model systems.

1.6.1A basis for viscosity sensitivity in molecular rotors
Fluorescent probes with photophysical properties responsive to viscosity of their environment

are collectively termed molecular rotors. These fluorophores generally share a degree of
rotational freedom that causes them to twist in solution. The perturbation of molecular orbitals
in these twisted conformations alters the photophysics of the molecule and can be observed
spectroscopically. Apart from viscosity, features of the local environment that affect this
twisting include polarity (particularly if a charge-transfer excited state is involved), the
concentration of other solutes in a solution, temperature, and pH. Any molecular rotor that is
used for the measurement of viscosity in unknown samples must be well characterised for
sensitivity to these other parameters in the interest of validity. Photophysical changes due to
twisting can affect the fluorescence intensity, lifetime, and emission maxima of the probe. The
Forster-Hoffmann equation>2 (1.10) predicts a linear relationship between log(viscosity) and

the log(quantum yield) of a flexible fluorophore.

logio @f= C + alogiom (1.10)

Quantum yield is a problematic parameter to measure in living cells due to variable uptake of a
probe in different cellular regions and the impossibility of absorption measurements for
determining concentration. A ratiometric approach negates the need for measuring quantum
yield of a molecular rotor in order to calculate the viscosity of its surroundings. Haidekker et al,
2006, have constructed a conjugated molecular rotor which demonstrates the use of a
ratiometric methodology in viscosity-sensing53. An electron donor moiety, 7-methoxycoumarin-
3-carboxylic acid (MCCA), is conjugated to an electron acceptor moiety, 2-cyano-3-(4-
dimethylaminophenyl)acrylic acid methyl ester (CMAM) by a rigid linker region that maintains

a Forster distance between the two fluorophoress3. The MCCA moiety is a reference for dye
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concentration because its emission is independent of viscosity. Once the MCCA moiety is
excited, energy transfer to the acceptor, CMAM, allows measurement of its viscosity-sensitive
emission. The resonant energy transfer (RET) between the two moieties ensures the ratiometric
legitimacy of the method because one excited molecule of MCCA yields one excited molecule of
CMAMS3. When tested in solutions of increasing glycerol content, the donor moiety fluorescence
intensity has a very small linear increase that corresponds to increase in the refractive index of
the solvent due to glycerol. However this increase in donor fluorescence (a = 0.09) is negligible
in comparison with the highly viscosity dependent acceptor fluorescence intensity (i.e. a =

0.6)5.

The ratiometric approach has also been demonstrated by unconjugated dyes using Ficoll 70
labelled independently with indocyanine dyes Cy3.18 and Cy5.18 54 Here, RET is not necessary
in excitation of the viscosity sensitive moiety, as both fluorophores are simultaneously excited.
The indocyanine dyes vary in the length and flexibility of a polymethine chain between two
indole rings. Cy5.18 is has viscosity independent emission intensity while Cy3.18 dissipates
excited state energy by non-radiative intermolecular rotation’*. The two dyes are used
concurrently as they have been demonstrated to share subcellular localisation behaviour upon
entry into cells and the Cy5.18 can inform upon the concentration of Cy3.18 in a specific cellular
regions4, Thus, the ratiometric measurement of Cy3.18/Cy5.18 was used to measure the
viscosity of the aqueous phase in cells and determined cytoplasmic microviscosity to be

indistinguishable from that of bulk water>+.

Similarly, some molecular rotors display sensitivity of their excited state lifetimes to solvent
viscosity. A meso-position substituted dipyrrometheneboron difluoride (BODIPY) is a lipophilic
probe and has been used to estimate the viscosity of cellular membranes. Due to its long excited
state lifetime, BODIPY is a good candidate for viscosity sensing by anisotropy as well as
fluorescence lifetime imaging microscopy (FLIM). BODIPY is capable of a ~60° twist in the

ground state but adopts a planar conformation in the excited state. Rotation of a 5-phenyl group
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at the meso position dissipates excited state energy by internal conversion and gives a low
quantum yield (0.06) and short lifetime (500 ps) when rotation is freely allowed. Restricted
rotation significantly increases its quantum yield (0.9) and increases the excited state lifetime (6

ns)55. Equation 1.11 summarises the direct relationship between viscosity and lifetime.

T = zko'Ina (1.11)

Where z and a are dye-dependent constants, ko is the radiative decay constant. Similarly to
quantum yield in equation 1.10, t as a function of logn yields a linear calibration curve with
slope a.

1.6.2 Advantages of viscosity-imaging using molecular rotors

The viscosity sensitivity of molecular rotors depends on intermolecular rotation of each
individual molecule, in a manner independent of probe concentration. Examples from literature
have shown that application of the ratiometric methodology or detection of fluorescence
lifetimes can report viscosity in a manner independent of the probe’s concentration gradient in
a given sample, making the application of molecular rotors to living cells a particularly unique
advantage over other viscosity imaging techniques. Indeed, molecular rotors are ideally suited
to be used in conjunction with standard or confocal microscopy, and depending on the rotor,
can be used for fluorescence lifetime imaging (FLIM)56. Equation 1.11 shows that lifetime can be
used to report the viscosity of solutions, by determination of the empirical relationship between
solvent viscosity and the lifetime of the molecular rotor. A calibration curve relating viscosity
and lifetime is fit to the Forster-Hoffmann equation, which is used to convert values of lifetime
to viscosity. During imaging, a laser scanning microscope sequentially measures the exponential
decay rate of fluorescence in each pixel. The decays are fitted to values of fluorescence lifetime
which are further converted to values of viscosity using the empirical relationship established
by the calibration curve. FLIM experiments confers the advantage of spatial resolution of

microscopic samples.
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Spatial resolution allows the imaging of viscosity distribution of heterogeneous samples, in
contrast with averaging techniques discussed above (NMR, ESR, QENS) and at much larger
volumes than other imaging techniques (FRAP, FCS, SPT) which are limited in their detection
volumes or trajectories. In addition to mapping the heterogeneity of samples, molecular rotors
can give time-resolved data of the dynamic states of viscosity in heterogeneous samples, an
advantage over the imaging methods mentioned previously. While anisotropy measurements
also allow whole images to be obtained, this method suffers from uncertainties of fluorophore
binding and low signal in a time-resolved anisotropy imaging, which to date precluded its use
for cellular viscosity imaging. Table 1.1 summarises our comparison of viscosity-sensing

techniques.

Table 1.1: Comparison of several techniques discussed in the introduction, suitable for
the measurement of lipid bilayer viscosity

Use of . . . . .
. Imaging Spatial Basis for viscosity .
Technique exogenous . . e Conversion ton
Technique Resolution sensitivity
probe
1H,/2H NMR < v < _Structur.al .
information
Structural
QENS X X X information X
FCS v v Limited Translational SE/SD
diffusion
FRAP v v Limited Translational SE/SD
diffusion
SPT v v Limited Translational SE/SD
diffusion
Anisotropy v v v Rotational diffusion ]ablonskl-.Perrm
equation
Molecular Forster-Hoffmann
v v v
Rotors Free volume Calibration
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In this Thesis, we investigate the photophysical properties of a molecular rotor based on the
structure of a conjugated porphyrin dimer, which exhibits ratiometric viscosity-sensing
behaviour and displays potential for sensing viscosity changes accompanying various
biophysical phenomena. We aim to characterize the viscosity sensitive fluorescent behavior of
the molecular rotor, taking into account the effect of other physical characteristics of solvents
such as temperature and polarity. Furthermore, we aim to investigate the nature of the viscosity
measurement and its relationship to ‘free volume’, the volume between solvent and solute
molecules. We aim to apply this interpretation of viscosity as measured by molecular rotors to
lipid membranes, in order to quantify the viscosity of a model lipid membrane. We aim to give

spatial resolution to this measurement, by the use of a ratiometric imaging.
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[I. Methodology

2.1 Sample Preparation

2.1.1 Synthesis of porphyrin dimers

All variants of the porphyrin dimers were synthesized by the group of Harry L Anderson at
Oxford University, by the method described in Ref 1. Samples were aliquoted into glass vials to
form 100 pl of 1mM solution and the solvent was evaporated under high vacuum for storage.
The vials were stored at -20 °C and reconstituted with solvents as necessary to form 1mM
solutions, Table 2.1. The chemical structures of the dimers used in this Thesis are shown in
Figure 3.4, Chapter II],

Table 2.1: Stock solutions of porphyrin dimers used for preparation of samples

Stock Name | Compound | Concentration Solvent Source
A-DMSO 1mM DMSO
P:NMes
A-MC 1 mM 1:1 MeOH, CHCl3
B-DMSO P 1 mM DMSO Prof. Harry
2
B-MC 1mM 1:1 MeOH, CHCl3 Anderson,
University of
C-DMSO P2NMel 1 mM DMSO Oxford
D-DMSO P2C2NMel 1mM DMSO
E-DMSO P2Suc 1 mM DMSO
F-CHCIs DOPC 2 mg/ml CHCIs
Avanti Polar
G-CHCI3 DPPC 2 mg/ml CHCl3 Lipids
H-CHCl3 DSPC 2 mg/ml CHCl3

2.1.2 Calibration in Methanol/Glycerol mixtures

Spectrophotometric grade methanol and glycerol (both from Sigma Aldrich) were used in
mixtures. To reproducibly prepare methanol/glycerol solutions of certain %, the following
method was developed: the density of glycerol? and methanol at various temperatures was
plotted and fit with linear regression such that density could be calculated according to room
temperature as measured on the day of sample preparation. Solutions of mixtures 0-100 % by

volume, methanol and glycerol were prepared by weight, using the known density of each
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solvent. The mixtures were sealed in vials and sonicated (PH350EL Elmasonic) for up to 5
minutes to ensure mixing. Viscosity measurements of all solutions were performed with a
rotational coaxial cylinder viscometer (Stabinger 3000 SVM Anton Paar, with accuracy and

precision of +/- 0.35% and 0.1% respectively3) at varying temperatures

Charged dimer samples were prepared by the addition of DMSO stock solution to the
methanol/glycerol mixtures (P,NMes;, P.NMel P,C:NMel, P,Suc); the uncharged dimer (P)
solutions were prepared from a 1:1 methanol: chloroform stock solution; these are summarised
in Table 2.1. All dimer stocks were prepared at 1 mM concentration, and the required volume
was added to yield an absorbance of 0.1 AU in each solution, the volumes varied slightly to
reflect the changes in the extinction coefficients, according to the charge of the dimer or the
nature of the methanol, glycerol mixture. Volumes added were roughly 1 pl each, making a final
dimer concentration at 0.33 uM in methanol/glycerol solutions (containing 0.03-0.1% DMSO of
the final volume). The solutions were transferred to a vial and sonicated for approx. 5 minutes

in order to ensure full mixing.

2.1.3 Polymer samples
Polymer samples were prepared in the same manner as methanol/glycerol mixtures, by
calculating the density of PEG600 from Refs 45. Viscosities were measured on the Stabinger

3000 SVM viscometer (Anton Paar) as described above.

2.1.4 Large Unilamellar Vesicles (LUVs)

1,2-dioleoyl-sn-glycero-3-phosphocholine (DOPC) and dipalmitoylphosphatidylcholine (DPPC)
were purchased from Avanti Polar Lipids in powder form and dissolved in chloroform to
concentration of 2 mg/ml (Table 2.1). For vesicles with embedded dimer, stock solutions of
dimers (A-MC, B-MC) were mixed with stock solutions of lipid (F-CHCI3;, G-CHCI;3) to a desired
molar ratio. The solution was evaporated under a stream of dry N for approx 1 minute and
placed under vacuum for 6 hours to remove any remaining organic solvent. After dehydration

the dried film was rehydrated by the addition of dH20 (such that the final solution is 0.66 uM
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dimer, 666 puM lipid in total volume) at 60 °C. The film is vortexed under dH,O until visually
dissolved. The turgid lipid solution was extruded 10 times at 85 bar pressure using a Lipex™
Thermobarrel Extruder (Northern Lipids Inc.) that had been pre-warmed to 60 °C. Inside the
extruder are two polycarbonate membrane sieves (Whatman® Nucleopore™) with pore
diameter 0.2 pm. LUVs without embedded dimer were made from pure lipid stock and
dehydrated without the addition of dimer stock; instead, the dimer solution was added to the
final volume containing fully formed lipid vesicles and allowed to incubate (for a minimum of 30
minutes). In order to perform spectroscopic measurement, stock solutions of dimer from DMSO
were used, and the final samples have 0.1% volume DMSO. DMSO is fully miscible with water
and we did not detect any effect from DMSO in concentrations used (between 0.1 - 0.5% by

volume).

2.1.5 Neutron Reflectrometry

Experiments were performed on floating lipid bilayers (FLBs) of 1,2-Distearoyl-sn-glycero-3-
phosphocholine (fully deuterated-DSPC) heated to 80 °C. Production of FLBs and collection and
analysis of the data was performed by the group of Dr. Arwel Hughes, at ISIS Neuron facility at

Rutherford Appleton Laboratories, using the method described in Ref 6.

2.1.6 Giant Unilamellar Vesicles (GUVs)

GUVs were produced by electroformation according to the general principles described by
Angelova et al.” whereby a lipid film is deposited on one surface of a conductive chamber which
is filled with aqueous solution. Alternating current is applied to the chamber and the lipid film
swells into floating layers which combine to form enclosed vesicles of roughly 10-30 um in size.
For our experiments, a conductive chamber was composed of two square glass slides coated on
one surface each with indium tin oxide (ITO glass slides, Sigma Aldrich, with surface resistivity
8-12 Q). Aluminium foil was applied to one edge of each slide, in contact with the conductive
surface in order to increase contact between the slides; crocodile clips were attached to the

pulse generator. ITO-coated slides were cleaned with 2% Triton X100, chloroform, distilled
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water and ethanol and dried in an oven until all solvent was removed. Stock solutions of the
desired lipid (F or G-CHCl3) were applied in a 0.5 pL droplet to one of the two slides and then
spread to a thin layer by dragging a microscope coverslip over the solution, spreading it over
the surface of the slide. The lipid layer was dried under a stream of dry N gas and further
dehydrated under vacuum for 30 minutes. Two slides, one with the dried lipid layer, were
assembled into a chamber with the PDMS spacer and sealed with clips. The chamber was filled
with a 200mM sucrose (VWR) solution, using a syringe and needle (VWR, 0.25 mm diameter),
taking care to avoid bubbles, and releasing gas with a second needle. The chamber was placed
on a hotplate at 60 °C, oriented such that the slide with the lipid layer was facing down.
Crocodile clips were attached, to either ITO slide and the following voltage was applied: 1.6 V,
10 Hz for 3 hours, then 2.6 V, 4 Hz for 45 minutes. The chamber was then allowed to cool before
disassembly. The vesicle solution was removed with a Pasteur pipette, and placed in a glass vial,
where it was diluted 1:9 in a solution of 200 mM glucose (VWR). Imaging was performed using

8-chamber slides (Lab-Tek, Nunc, Thermo Scientific) holding 200 pL solution in each chamber.

2.1.7 Irradiation set up

Irradiation of samples in quartz cuvettes described in Chapter VII was performed by the use of a
tuneable dye laser (Lambda Physik FL 2002), pumped by a third harmonic of a Continuum
Surelite Nd:YAG nanosecond laser (Model 111-01) at 355 nm. A solution of Coumarin480
(Sigma Aldrich) was used as a laser dye medium. The setup produced nanosecond pulses at 480
nm of 5 mW at 10 Hz, the laser spot size at the cuvette was 3mm in diameter. Samples were kept
at constant temperature by the use of a water-circulating cuvette holder (Ocean Optics, CUV-

QPOD FLKIT), samples were stirred throughout the experiment by the use of a magnetic stirrer.

2.2 Measurements
2.2.1 Absorption
Absorption measurements were performed on an Agilent 8453 diode array spectrometer with

deuterium and tungsten lamps as light sources. For all data shown the absorbance of bulk
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samples (with the exception of DOPC+P,/P;NMes LUVs) is shown after subtraction of a ‘blank’.
For the ‘blank’ measurements the sample in a quartz cuvette (Starna Scientific, Quartz Type 3
GL14) is measured prior to addition of the dimer. The spectra of all ‘blank’ solutions were
recorded, then transferred from the cuvette into a glass vial where the stock solution of the
dimer was added and the mixture was sonicated to ensure good mixing. The resulting dimer
solutions were then transferred to the measurements cuvette and placed into the spectrometer
for measurement. We found that using the same dimer-free solvent mixture as a ‘blank’
significantly improved the resulting spectral quality, probably due to high scattering by glycerol
solutions. Where possible (i.e = methanol/glycerol mixtures, polymers, pure DOPC LUV
suspensions) all emission measurements were performed on samples where absorbance at the

specified excitation wavelength was 0.1 AU.

2.2.2 Emission, Excitation

All bulk fluorescence measurements were performed on a HORIBA Jobin Yvon Fluoromax®-4

spectrofluorometer. The general scheme for the spectrometer is shown in Figure 2.1.
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Xenon arc-lamp and lamp housing

sk e

a Xenon-lamp power supply
2 Excitation monochromator
3 Sample compartment
4  Emission monochromator
5 Signal detector (photomultiplier tube and housing)
6 Reference detector (photodiode and current-acquisition module)

Host computer (not on diagram)

Figure 2.1: A schematic drawing of spectrofluorometer, taken from an operating manual for the
Jobin Yvon Fluoromax-4 supplied by HORIBA Scienfitic 8. The light beampath is shown in yellow
(center in red).

Figure 2.1 is a scheme of the optical setup inside the fluorometer casing , as detailed in the
specifications supplied by HORIBAS. Selected components of the setup are identified by number
as listed in the lower panel of Figure 2.1. This numbering shall be continued below in order to

expand upon the specifications of individual components.

1. Xenon arc-lamp and lamp housing: The 150 W Xenon (Xe) arc-lamp8 produces
continuous light with high intensities of emission throughout the visible spectrum (250-
700 nm)?. Xe gas is ionized by exposure to a high voltage current termed the ‘arc’.
Recombination of free electrons with the ionized gas produces broad bands of emitted
light, as opposed to solely sharp lines as expected from non-ionised spectra. An example

of the emission spectrum of the Xe arc-lamp is shown below in Figure 2.2, where sharp
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lines at approx. 480 nm reflect the emission from non-ionised Xe, mixed with broader
emission bands. The Xe emission spectrum has steady photon output at all wavelengths
relevant for excitation in these experiments. The arc lamp is made especially efficient
from increasing the pressure of Xe gas in the bulb. Light from the lamp passes through a
quartz window, blocking all wavelengths below 250 nm from where it is collected by an

elliptical mirror and focused onto the excitation monochromator as shown in Figure 2.1.
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Figure 2.2: Sample Xenon arc-lamp intensity profile by wavelength. There is relatively consistent
output within the visible region of the spectrum, with high peaks at approx. 480 nm, characteristic
of emission from non-ionised Xe. This consistent photon intensity across the visible range makes
the Xe arc-lamp a desirable light source for fluorescence experiments. Figure from 10,

2.

Excitation/emission monochromators: the light originating from the Xe arc lamp is a
mixture of the wavelengths shown in Figure 2.2. Accuracy in measuring fluorescence
requires excitation from a narrow spectral range, most commonly a single wavelength.
The excitation monochromator is a series of optical components which allows
dispersion of the light from the Xe arc-lamp and mechanical selection of the spectral
range for excitation. A similar monochromator is used to disperse the sample emission
onto the fluorescence detector.

The arrangement of the optics in a monochromator determines important features of its
performance including dispersion, efficiency, wavelength resolution, and stray light

level. Dispersion indicates the spatial distribution of the wavelength range by width, and
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is usually given relative to the size of the slits (i.e nm/mm). It is a fixed value for
reflective gratings. The width of slits thus determines the wavelength resolution of the
spectrum, where higher resolution will give more structural information in spectra. This
is not a crucial determinant in emission spectra, which are usually composed of broad
bands. Nevertheless, the accuracy of the spectrum is strongly affected by stray light
levels: light other than the selected wavelength that exits the monochromator. This can
originate from either poor dispersion by the grating or leakage of light from slits. These
factors together determine the efficacy of a monochromator. There are a variety of
arrangements and components that can compose a monochromator, selected for
advantages in the areas mentioned above.

Both the emission and excitation monochromators in the Fluoromax-4® are Czerny-
Turner-type monochromators, the schematic of this type of device is shown in Figure
2.3. Czerny-Turner monochromators are characterized by the use of two mirrors with
asymmetrical orientation relative to the dispersive element, in this case a reflective

plane grating. The component parts are discussed in further detail below.

M1

@ not equal to &

Plane Grating

Figure 2.3: A Czerny-Turner type monochromator with two mirrors and a rotating plane grating.
In this monochromator, light from the light source enters the slit at the bottom left hand of the
figure, and is collimated by the first mirror (M1). The collimated light is directed into the plane
grating, dispersing the light onto the second mirror (M2). The dispersed, collimated light is focused
by M2 into the second slit on the bottom right hand of the figure, onto the desired component,
either the sample or the detector. The Czerny-Turner configuration is asymmetrical, as the angles
e of reflection of the two mirrors are not equal. Figure from HORIBA Scientific 11.

11.52



Mirrors: There are two mirrors in the optical setup of each monochromator. The
first mirror, M1, collimates light, while M2 is a focusing mirror (Figure 2.3).
Grating: The dispersive element of the monochromator is a plane grating as
shown in Figure 2.3. Collimated light from M1 reaches the grating, which, when
rotated, reflects the dispersed light onto M2. The angle of rotation determines
which wavelength is focused onto the exit slit of the excitation monochromator
for exposure to the sample. In the emission monochromator, sample emission is
dispersed, and by systematic rotation of the grating, an emission spectrum is
collected for a large range of wavelengths. The reflective grating 1200
grooves/mm and is blazed at 330 nm. Blazing concerns the angle of the grooves,
which maximizes the reflective efficiency for one diffraction order - this
minimizes reflection of light in directions other than M2. Blazing is optimized for
one wavelength only for each grating (330 nm excitation and 500 nm emission in
our setup). The grating in the Fluoromax-4® rotates to scan the emission
spectrum up to 200 nm/s, with accuracy of 0.5 nm.8 The grating’s scan speed is
controlled by the FluorEssence software, as integration time, the amount of time
that the grating pauses at each wavelength for each measurement. The default
integration time is set to 1s and was sufficient for most samples studied here
unless otherwise stated. Integration time was decreased to 0.5 s for LUV samples
in order to decrease signal to a maximum uncorrected emission intensity of
1x106 counts per second (CPS).

Slits: the size of slits influences all parameters of monochromator performance.
The dispersion of the monochromator is dependent on the slit size, such that an
increase in slit size will increase the effective bandpass of excitation light. The
above value effectively alters the dispersion when slits altered from the 1 mm
value. Furthermore, slit size influences the stray light level of the

monochromator and wavelength resolution of the emission spectrum. Larger
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slits increase fluorescence signal by allowing a larger number of photons to
reach the detector for each wavelength. However, the resolution decreases due
to increased bandpass for each wavelength detected. In all experiments
presented in this Thesis, slit sizes were adjusted such that the maximum
uncorrected emission intensity signal was maintained at at < 1 x10¢ CPS. In all
instances where relative intensities or ratios are compared (e.g. Calibration
curves in Chapter III) slit sizes were kept the same between experiments from a

maximum size of 5mm to 0.75mm.

The following table summarizes specifications for component parts of each monochromator:

Table 2.2: Specifications for component parts of monochromators in Fluoromax-4:

Excitation Emission
Dispersion (nm/mm) 4.25 4.25
Grooves (1/mm) 1200 1200
Blazed A (nm) 330 500

3. Sample compartment: A toroidal mirror is used to focus light exiting the excitation
monochromator onto the sample. In the beam path towards the sample, however, a
beam splitter directs 8% of the incident light away towards the Reference detector, for

purposes of monitoring the lamp and monochromator.

The sample compartment itself fits a 1cm x 1cm cuvette and is temperature controlled
by a Peltier plate device (F-3004 Sample Heater/Cooler Peltier Thermocouple Drive
HORIBA Scientific) controlled by a thermoelectric temperature controller placed outside
the fluorometer casing (Model LFI-3751 from Wavelength Electronics) Temperatures
were set to vary within 0.5 °C of the set temperature. Temperature stability of the

controller is 0.001 °C (10 kQ thermistor at 25 °C) over one hour.Equilibrium times were
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optimised for each type of experiment. Specifically, methanol/glycerol mixtures were
equilibrated for 9 minutes, whereas LUV samples were equilibrated for 5 minutes each.
Additionally, LUV samples were stirred during data collection. Experiments shown in
Chapter III, Figure 3.9 were performed using a recirculating water bath in order to

stabilize the temperature (Thermo Scientific, Precision)

Signal detector: Emission from the sample enters the emission monochromator (as
described above) and subsequently directed onto the signal detector, a photon-counting
photomultiplier tube (R928P, HORIBA Scientific). It is sensitive in the region 180-850
nm, with dark counts < 1000 CPS8. For photon counting, a linear relationship between
number of photons and signal generation is required for accuracy. For this detector, the
linear region is between 2 x10¢ CPS. Outside of this range, the signal/noise is reduced
due to the increased volume of photons, as current generated in the PMT is no longer
proportional to light intensity. For this reason, precautions were taken to keep photon
counts within this range. Both this detector and the reference detector discussed below,
have wavelength dependent sensitivities due to the photocathode’s response (which
decreases with increasing wavelength) and the transparency of windows within the
instrument to particular wavelengths. Mechanisms to correct for these sources of
inaccuracy are summarized below.

Reference detector: In in the interest of accuracy, particularly in the case of excitation
experiments, the intensity of the lamp at different wavelengths was monitored by the
reference detector. A UV-enhanced silicon photodiode with good sensitivity between
190-980 nm serves as the reference detector detecting light split directly from incident
light prior to reaching the sample8

Correction of spectra: The main source of error in emission spectra is the wavelength
dependence of sensitivity of the PMT signal detector. Other sources of error such as the
transparency of the windows contribute minimal error relative to the detector. For this
reason, HORIBA supply a pre-determined function for correction of raw intensity values.
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This correction function multiplies the signal intensity of at each wavelength by a factor
dependent on the known PMT response to that wavelength. For all data collected in this
Thesis, both the uncorrected and corrected spectra were recorded, and either version of
the data is used where appropriate. Where comparisons were made between data, and
wherever calibration curves are used, only like-for-like data is compared (i.e. corrected

with corrected and uncorrected with uncorrected).

For excitation spectra, the signal intensity is dependent on the intensity of the lamp for
detection of each wavelength. Irregularities in lamp intensity contribute significantly to the
noise in the spectra. For this reason, wherever excitation spectra is presented, it is divided by

signal from the reference detector to correct for lamp intensity fluctuations.
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2.2.3 Microscopy
All microscopy data (Chapters VI and VII) was collected on an inverted scanning confocal

microscope (Leica Microsystems, TCS SP5 II). Figure 2.4 shows a scheme of selected

components of the microscope interior.

r

SAMPLE EMISSION

Figure 2.4: Scheme of the microscope interior of the Leica TCS SP5 Il showing path of laser
excitation (blue) through the acousto-optical beam splitter (AOBS, item 2) and objective (item 3)
onto the sample (stage, item 4). Transmitted excitation light is used to detect a bright field image,
with the use of the transmitted light detector (item 5). Sample emission (green) is transmitted
through the AOBS, and confocal pinhole (item 6) and dispersed by a prism (item 7) for detection by
five PMTs with varying user-defined spectral ranges).M1 and M2 are reflective mirrors and/or
dichroic mirrors.

Components of the setup are identified by number which shall be continued below in order to

expand upon their specifications.

1. Laser excitation: The excitation source used for all ratiometric and FLIM experiments
was a Ti:Sapphire pulsed laser source (spot size approximately 2 mm prior to focusing),
producing 140 fs pulses at 80 MHz in the range between 680-1080 nm (Chameleon

Vision II, Coherent Inc.) which is coupled to the confocal microscope. Excitation light
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passes through a second harmonic generating crystal (SHG, 340-540 nm at 80 MHz),
resulting in frequency doubling (Harmonic, Coherent Inc.). Additional optics attenuate
the power prior to entry into the microscope for sample excitation if necessary. During
ratiometric imaging, as shown in Chapter VI, the porphyrin dimer was excited at A = 453
nm (frequency doubled 906 nm output from the Ti:Sapphire source). For FLIM
experiments as shown in Chapter VII, the porphyrin dimer was excited at A = 453 nm,
while BODIPY C1o was excited at 488 nm (frequency doubled 906 and 976 nm outputs
from the Ti:Sapphire source, respectively). Laser power for all instances of excitation
(and irradiation) was kept at 5 mW, this is achieved by adjustment of the power
attenuation optics prior to entry into the microscope. A simplified setup of the excitation
path is shown below in Figure 2.5.

Non-ratiometric images of the porphyrin dimers (Figures 5.5, 5.6, 5.9 (Chapter V) were
performed with CW Argon laser fitted with the Leica SP5 with available excitation lines
458/476/488/496/514 nm. Imaging was performed by excitation at 458 nm, with
maximum laser output of 200 mW, and 50 mW at the focal plane. 10-40% of the total

laser output was used for imaging.

M / SECOND HARMONIC Ti: Sapphire
1 GENERATOR MP LASER

CONFOCAL
MICROSCOPE

M\

OPTICS

Figure 2.5: Laser excitation setup showing the path of light generated by the Ti:Sapphire
multiphoton laser is frequency doubled by a second harmonic generator. Power output is
attenuated prior to entry into the confocal microscope. M1 and M2 are reflective mirrors.
P1 is a periscopic mirror directing the excitation beam into the microscope interior.
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2. Acousto-Optical Beam Splitter (AOBS): A beam splitter separates sample emission from
laser excitation reflected from the surface of the sample. Traditionally, this is a dichroic
mirror that transmits wavelengths longer than the excitation wavelength, though in the
Leica SP5 II, this is replaced by an acousto optical device: a crystal with selective
reflective and transmission characteristics depending on the frequency of acoustic
waves generated by a mechanical transducer.

Frequency can be altered from 1) transmission of laser excitation to the sample to 2)
reflection of laser excitation and transmission of sample emission as fast as 10 ps. The
transmission bandgap of the AOBS is 2-6 nm.

3. Objectives: The Leica SP5 1l is fitted with four objectives, summarised below in Table 2.2.
All objectives used are apochromatic, that is, corrected for chromatic aberration by
bringing the light of all wavelengths (blue, greem, red) to the same focal plane. The x63
objective is a water immersion objective and has a corrective collar for refractive index-
mismatch. The numerical aperture of the objective (NA) determines the resolving
power and the brightness of the image. It is a measure for the width and depth of the
focal spot produced by the objective. It is defined by the sine of the half aperture angle of
the lens and the refractive index of the immersion medium. Thus, the larger the
numerical aperture, the more narrow the focal spot and hence the higher the resolving
power. According to the manufacturer’s specification the point spread function width
(characterizing the tightness of spot used for imaging) for all objectives used in this
work except x10 is within 0.5 um. Thus we are able to fully benefit from the diffraction

limited resolution of confocal imaging.
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Table 2.2: Leica Microsystems specifications for objectives used in data collection

Magnification NA Leica Spec. Objective Type Correction
Collar
Semi
x10 0.30 HCX/PL/FLUOTAR emt ;
Apochromatic
x20 0.70 HC/PL/APO Apochromatic -
Apochromatic
x40 0.82 APO CS CORR for Confocal Yes
Scanning
Apochromatic
63 t
%63 (water 1.20 APO CS CORR for Confocal Yes
immersion) )
Scanning

4. Transmitted light detector: brightfield measurements are made by collection of

transmitted laser excitation through the sample. The optics above the sample platform

allow Kohler illumination.

5. Confocal pinhole: confocal sectioning is enabled by the inclusion of a mechanical pinhole.

Ratiometric images of dimers were not recorded in confocal mode as the signal intensity

was too low for confocal sectioning. The fluorescence lifetime images using Bodipy-C10

as a marker were performed in a confocal mode.

6. Spectrophotometer prism: Sample emission is dispersed by a prism prior to detection.

7. Photomultiplier Tubes (PMTs) 1-5: Five different PMTs are used for imaging, two of

which are capable of single photon counting used for FLIM. After dispersion of the

sample emission light, the spectral detection range can be selected for up to three of

PMTs concurrently.

a. Ratiometric imaging is performed by two PMT channels were used to collect

fluorescence signal: PMT 2 was set to detect fluorescence between 640-650 nm;

PMT 3 recorded 705-715 nm. Frame averaging was differed for each image and

is specified in the figure legend of all imaging data presented.



b. FLIM is enabled by the inclusion of a time-correlated single photon counting
(TCSPC) card (SPC-830, Becker & Hickl). Fluorescence detection for the
purposes of FLIM was performed by a FLIM PMT over the detection range 520-
600 nm (PMC-100, Hamamatsu). Images were recorded at a size of 512 x 512
pixels and at a time resolution of 256 time bins. Scattering from a glass coverslip

was used to record the instrument response function (IRF).

2.3 Data Analysis

2.3.1 Ratiometric image processing
Ratiometric image processing program was written using MATLAB by Aurimas Vysniauskas.

Intensity from both PMTs was first summed and normalised. First, prior to ratio calculation in
each pixel of the image, the user specifies a given minimum threshold value in order to improve
the signal: noise ratio. Next, the user defines a value for binning pixels in the image, and
subsequently adjusts the pseudo-colour scale to fit the minimum and maximum ratios in the
image. The same adjustment of scale is performed for conversion of ratios to viscosity values
according to the ratiometric calibration graph. For the purposes of microscopy an additional
calibration curve was recorded by Aurimas Vysniauskas in solutions of methanol/glycerol
measured at the microscope stage to account for detector sensitivities and optics transmission
(Figure 5.3).

2.3.2 FLIM Data Analysis

Synthesis of BODIPY Cio was performed by Yilei Wu as described previously in Ref 12
Calibration of BODIPY Cip monoexponential fluorescence lifetime (tr) against viscosity was
performed previously Ref 13. To summarise briefly, solutions of methanol and glycerol are mixed
in increasing percentages of glycerol (w/v%), the temperature-dependent viscosity of which is
measured by use of the Stabinger 3000 viscometer as mentioned previously. BODIPY Cqo was
dissolved in these solutions and the viscosity-dependent lifetime was recorded using a IBH
5000F TCSPC device (Jobin Yvon, HORIBA) and a 467 nm NanoLED excitation source (200 ps

pulse duration, HORIBA). The decay in each pixel of the image was fit by a monoexponential
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model using the Levenberg-Marquardt algorithm. FLIM data was analysed by Aurimas

Vysniauskas using TRIZ software (Version 2.7.6.1, Gray Institute for Radiation Oncology and

Biology).
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[II. Characterisation of Porphyrin
Dimers

3.1 Development of porphyrin dimers
Porphyrin dimers (Figure 3.1) were first synthesized by Anderson et al., in 1994, in an effort to

make self-assembling molecular wires with unusually long m systems for electronic
applications!. Zn2+* benzoporphyrins are especially efficient m-conjugated systems owing to the
large area of alternating single and double bonds of the macrocycle. The overlap of p orbitals
between neighbouring carbon atoms allows the delocalization of electrons across the molecule.
The four orbital model proposed by Gouterman et al., 1963, identifies an ‘inner’ and ‘outer’
conjugation ring in each macrocycle?, making the porphyrin highly stable and reducing the
electron energy due to delocalization. Furthermore, the butadiyne bridge is itself a conjugated
structural element, which, when bonded to the macrocycles, greatly increases the area of
delocalized electrons, even, by some estimates, bridging the conjugated area over both
macrocycles3. Overall, the porphyrin macrocycle has a high degree of planarity owing to the Zn2+
centre of the molecule, giving a conformational rigidity and high degree of symmetry over the
dimerl. On the other hand, the lack of steric hindrance about the butadiyne bond allows free
rotation of the two macrocycles relative to one another, making m-electron conjugation
intermittent and dynamic in solution. The spectroscopic properties of the porphyrin dimer,
particularly under dynamic conditions determined by solution viscosity is the subject of this

Chapter.

The dimers were the monomer unit for self-assembly of the wire by aggregation. Anderson et
al, noted several electronic features of the dimer that meet with criteria necessary for the
production of organic semiconductor materials and attracted interest of researchers in the field.
In addition, it was known that molecules with long m-systems are prized for significant non-
linear optical properties which were necessary in the development for infra-red absorbing

dyes.1* When Anderson et al., synthesized the porphyrin dimer, it had long been known that
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compounds with extended m systems had high two photon absorption cross sections and a
series of porphyrin oligomers were investigated as potential two-photon absorbers.5 Drobhizev
et al,, first published dimer’s fluorescence spectrum and valued the two-photon cross section at
103 - 10% Goeppert-Mayer units.5 Two-photon absorption confers two advantages during
microscopic imaging, firstly it allows the use of longer, lower energy wavelengths, limiting
tissue damage and secondly, it has vastly increased spatial resolution relative to single photon

imaging*.

Anderson et al., predicted that both the dimer’s optical behaviour and electronic overlap would
be strongly affected by intramolecular rotation about the butadiyne link, owing to the
disruption of m-conjugation!. Indeed, this rotation has been the subject of substantial research

since Anderson et al,, first synthesized the porphyrin dimer.

Figure 3.1: A meso-butadiyne-linked dimer of Zn?+ porphyrins that was synthesized and studied by
Anderson et al., 1

Under aggregating conditions, porphyrin dimers of the type in Figure 3.1 have been shown to
assemble into “ladders” by the m-m interactions porphyrin macrocycles, resulting in two
columns of stacked porphyrin macrocycles held together by the butadiyne links of individual
dimerst. In this aggregated conformation, rotation about the butadiyne link is considered to be
significantly restricted due to steric hindrance of the ordered aggregatel. The combination of
enhanced optical properties and electronic properties of the self-assembling porphyrin ladder
made it an intriguing target for artificial photosynthesis and solar cellsé-8. The porphyrin dimer
displayed an augmented absorption window relative to that of the butadiyne-substituated

111.65



monomer by splitting of the Soret peak and broadening of the Q bands as is shown in Figure
3.2d 193. Anderson et al., explained the change in absorption spectra using Kasha’s point-dipole
exciton theory and conjectured that the absorption spectra of the dimer in solvent was a
representation of a mixture of molecular conformations?. They described a molecular geometry
where the mean planes of the porphyrin macrocycle were ‘coplanar’, the torsion angle about the
butadiyne link was 0°, and m-conjugation was maintained over the entire long axis of the
molecule. All other conformations, with porphyrin macrocycles out of alignment resulted in an
interruption of electronic communication between the porphyrins!. This changeability of
conformation and conjugation had potentially large implications upon the optical and electronic
behaviour of the dimer and was further investigated by density functional theory to predict its
effects683. Stranger et al., set out to determine the barrier to free rotation about the butadiyne
axis and found that the energy of rotation changed with the torsion angle: from 0° to 60°, it was
negligible but from 60° to 90° it was calculated to be as high as 14 kcal/molé. This was
particularly significant for the study of optically active supramolecular structures made from
porphyrin dimers such as boxes and grids, which were assemblies of either the pure ‘planar’
confomer or the ‘twisted’ but not combinations of both7-°. Using the spectroscopic
characteristics of self-assembled porphyrin-dimer boxes, Tsuda et al, confirmed the strong
driving force toward planarity for the butadiyne substituated dimer8. The nature of the bridge
between the two porphyrin macrocycles was shown to be the dominant factor in determining
which conformation was energetically favourable, confirming the significance of m-conjugation
in the butadiyne-linked dimers8. As such, rotation affects the spectroscopic properties of a range
of porphyrin dimers that are conjugated by alkyne, imine, imide and alkene links alike, by

splitting of the Soret band and altering the m system of these dimers 10.11,

Winters et al., conducted a detailed study of the photophysical consequences of intramolecular
rotation in solution3. They calculated (by density functional theory) absorption spectra of the
planar and twisted confomers and the absorption spectra using a Boltzmann weighted
distribution of dihedral angles at room temperature (Figure 3.2a) 3. The calculated spectrum
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predicts a mixture of both twisted and planar conformations contributing to absorption spectra
resulting in a heightened Soret peak and broadened Q bands. To verify the calculation, it was
necessary to measure spectra from solution in which the conformation of the dimer was
uniformly planar (without being aggregated). In order to achieve this Winters et al, used a
planarising dipyridyl ligand (Figure 3.2c) which coordinates with the Zn2+ centres of both
porphyrin macrocycles and forces them into a planar conformation, at 0°, relative to one
anothers. Titration of the ligand into solution with the dimer produces the spectrum of the
planar confomer (Figure 3.2d). The calculated spectra are shown to coincide with the
experimental spectra where a solution of the freely rotating dimer is shown to be a mixture of
spectra from the twisted and planar confomers3. Data shown by Winters et al., contradicts the
theoretical rotational energy barrier calculated by Stranger et al., as the spectrum of the dimer
in solution shows a thorough mixture of both conformations, which cannot be achieved at room
temperature if the barrier to rotation is 0.607 eV (14 kcal/mol). Instead, Winters et al,
calculated a value of 0.03 eV (0.69 kcal/mol) as the energy barrier between butadiyne torsion
angles of 0° and 90° in the ground state, and a barrier of 0.17eV (3.9 kcal/mol) in the excited
state3. According to this estimation, free rotation is possible at room temperature (gas phase
estimate of E = 0.026 eV (0.593 kcal/mol))!2. Winters et al., calculated energies of 1.70 and 1.87
eV (39.2 and 43.1 kcal/mol) for the excited planar and twisted conformations, respectively3
(Figure 2.2b). Though a much smaller value than what was predicted by Stranger et al., Winters
et al, sustained that the excited state has an ample energetic driving force towards planarity

that is not observed in the ground state, giving a uniform distribution of torsion angles é3.
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Figure 3.2: a) Calculated absorption spectra using DFT applied to: 0° - the planar confomer (blue
dashed line); 90° - the twisted confomer (red dashed line) and the simulated Boltzmann-weighted
distribution of torsional angles adopted by the dimer at room temperature (black solid line). b)
Potential energy surfaces for the Sy (solid) and S; (dashed) states. c) Structure of a dipyridyl
pyrrole ligand used to form a complex with the P; dimer and induce planarity. d) Absorption
spectra upon titration of the dimer into solution (2-MTHF) with the dipyridyl pyrrole ligand (L) in
excess. All figures are adapted from Winters et al., 2007.

Winters et al., also showed for the first time that the fluorescence spectra of the dimer changed
with excitation wavelength, namely in that higher energy excitation gave rise to two emission
peaks when low energy excitation gave rise only to one3. They offered the explanation that these
were emission bands corresponding to the high energy ‘twisted’ and low energy ‘planar’ peaks.
Moreover, excitation of the ‘twisted’ confomer may reorganise its conformation and emit as the
newly formed ‘planar’ confomer 3. This observation went some way to explaining their finding
that the relative amplitude of the two emission peaks are sensitive to the temperature of a

viscous solvent, 2-methyltetrahydrofuran (2-MTHF) as shown in Figure 3.33. Using Arrhenius
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plots, Winters et al., asserted that the energy barrier to rotation could be appreciably changed
by the viscous contribution of surrounding solvent, which, in turn, would alter intermolecular
rotation, giving two conformations3. Due to the spectroscopic independence of the two
conformations, this meant that the viscous contribution of surrounding solvent alters the
emission spectrum of the dimer 3. By this work, Winters et al.,, have established evidence that
the porphyrin dimer could behave as a molecular rotor. Figure 3.3b shows a Jablonski diagram

of the viscosity dependent conversion between the two confomers.
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Figure 3.3: a) Temperature effects upon Twisted/Planar peak emission ratios from Winters et al.,
2007 for a P:Si(C¢H13)3 substituated dimer3; b) Jablonksi scheme of the mechanism of viscosity
sensitivity; unidirectional conversion from twisted to planar confomers

In 2009, Several biocompatible porphyrin dimers were synthesized by the group of Harry
Anderson, with triethylene glycol moieties affixed to the  and & positions of both macrocycles
and a series of anionic and cationic charged substituents to meso positions of both porphyrins.
Two cationic, P,NMes and PNMel and two anionic, P,SO3NH4 and P2Suc variants are among the
biologically compatible porphyrin dimers shown in Figure 3.4. Two longer dimers incorporate
an ethyne link to the charged moieties, in both cationic, P,C;NMel, and anionic, P2C2CO2NHy,

variants (Figure 3.4).13 These dimers are the subject of this work.
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Figure 3.4: Structure of the porphyrin dimers used as molecular rotors. The butadiene link provides
the rotational changes that produce viscosity sensitivity. Below, the meso conjugated charged
moieties 1: PzH, 2: PzNMeI, 3: PzCzNMeI, 4: PzNM63 5.‘ PzSOgNH4, 6: PzCzCOzNH4, 7: PzSUC. [Pz.’ two
porphyrin substituents, C.: extended ethyne link)

Light-activated porphyrin drugs in cellular environments are known to produce singlet oxygen,
often in quantities that can affect the viability of the cell. This process is known as
photosensitisation, and can be exploited for therapeutic use against malignant and pathogen-
infected cells during what is termed photodynamic therapy (PDT). The photosensitizing effect
of the porphyrin dimers will be discussed in detail in subsequent chapters, though it provided
an important motive for the development of the hydrophilic dimers for use within cells. The
capacity of the porphyrin dimer for simultaneous viscosity sensitivity and singlet oxygen
production created a unique opportunity for the visualisation of PDT in cells and its effect on
cellular viscosity!4-17. The proof of concept was published in 2009 by Kuimova et al,, and this

work develops on these results?8.
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This chapter aims to characterise the viscosity sensing mechanism of the extended series of
porphyrin dimers and to propose and investigate other physical parameters that affect its
photophysical behaviour.

3.2 Spectroscopic behaviour

Here, the cationic dimer P,NMe3 was used as a model for the remaining variants and was subject
to both absorption (Figure 3.5a) and fluorescence (Figures 3.5b, 3.5c¢) spectroscopy. The
absorption spectrum confirms predictions from DFT that have been mentioned in literature by
Winters et al,, and Stranger et al,, 63. For this dimer, the Soret peak (So = S transition) has
multiplet character, between 400 and 500 nm, with two peaks at 453 nm and 477 nm. Q bands
(So = S1) are also split, and are seen between 640 and 725 nm. Since a significant overlap is
observed between the Q band absorption peaks and the emission bands, all emission spectra

were selectively excited at the So = S transition.

The longer-extended dimers of the type P2C; (dimers 3 and 6 in Figure 3.4) were found to have
red shifted and broadened absorption bands (both Soret and Q bands are shifted) due to the
increase in conjugation across the molecule. In these same dimers, it was found that the Soret
bands for the two conformations are closer together and the overlap is increased, as shown in

Kuimova et al., 2009 17 (See Appendix A).

Strong absorption at red visible wavelengths in potential PDT drugs is considered a substantial
advantage due to the overlap with the ‘tissue optical window’ as well as the corresponding red
shift for two-photon excitation into the infra-red. Infra-red light is much less likely to be
scattered by tissue and is much less damaging than visible light and so is ideal for
photosensitization in vivo as the therapeutic volume can be very accurately controlled!9.20,
Structural influence upon the two-photon absorption cross section can be demonstrated by
comparison between the dimer with simple meso substitution (P;,NMel) and the ethyne-linked
longer dimer with the same substituent (P,C2NMel). Kuimova et al., 2009 found an increase in

the Goeppert-Meyer number (two-photon molar extinction coefficient) from 8.7x103 to 17x103
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GM at the relative absorption maxima.!” Red excitation wavelengths are also beneficial for
sensing applications, as in measurement of intracellular viscosity. In spite of its advantages,
two-photon absorption of the dimers is not considered in this work and will be the subject of

future investigations in the group.

The characteristic absorption spectrum of the porphyrin dimer has a split Soret peak (from ca.
400 - 500 nm), and two Q bands (ca. 625 -725 nm). The P,NMes dimer has an absorption
maximum at 454nm (Figure 3.5a) which gives rise to the viscosity-dependent emission spectra

shown in Figure 3.5b.
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Figure 3.5: a) Absorption spectra for P;,NMes (0.33 uM, 70 w/v% glycerol in methanol, 0.001 % v
DMSO0) b) Normalised emission spectra of P,NMes in low viscosity solution (20 w/v % glycerol in
methanol) (black line) and high viscosity solution (70 % glycerol in methanol) (red line) when
excited at 454 nm (red line, Fig. 5a). c) Excitation spectra of P.NMe3 in 70 % glycerol in methanol
of emission at 639 nm (black) and 706 nm (red) showing two distinct excitation bands.
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The dimer’s fluorescence spectrum (at Aex = 454nm) is markedly different depending on the
solvent. The two spectra shown in Figure 3.5b are collected in 20% glycerol/80% methanol
(black line) and 70% glycerol/30% methanol (red line), used to simulate conditions of low and
high viscosity without change in temperature. In non-viscous solution the dimer has unimodal
emission as can be expected from a monomeric porphyrin, although considerably red shifted to
706 nm. In high viscosity, a second, higher energy (lower Aem) band appears at 639 nm, with

comparable intensity to the original 706 nm band (Figure 3.5b).

According to the assignment of Winters et al., emission from the higher energy band (639 nm),
is from the ‘twisted’ conformation of the dimer while the constant band at 706 nm originates
from the planar confomer3. Restriction of rotation to the planar confomer, by viscous solvent,
allows emission from the twisted confomer which is not observed under conditions of low
viscosity. The difference in the emission maximum suggests that the two confomers emit from
excited state with different contribution of molecular orbitals - a possibility introduced by both
Anderson et al.,, 19941 and Winters et al.,, 19973, when suggesting that internal rotation of the

molecule interferes with the m-conjugation over the two porphyrins and the butadiyne link.

Excitation spectroscopy reveals the excitation A that give rise to a specified emission band as
shown in Figure 3.5c. In order to further investigate the conformational dependence of the
emission, we recorded excitation spectra which would give the individual spectra of the
absorbing species that emit at each emission maxima (639 nm and 706 nm). Figure 3.5c shows,
the planar species displays its characteristic split Soret band and higher wavelength absorption
(cyan line) relative to the unimodal excitation of the twisted confomer (red line). Figure 3.5c
imposes the absorption spectrum on top of both excitation spectra to show that it is a
combination of them, and reflects the presence of both species in the ground state, independent
of solvent viscosity. It is only in the excited state that the planar confomer is strongly preferred,

as shown in Figure 3.2.
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Disruption of the 1 conjugation in the twisted confomer, causes both porphyrin macrocycles to
behave as monomers, which would absorb at the same A, as in the single peak seen in Figure
3.5c (red). On the other hand, the planar confomer behaves as expected for a conjugated dimer.
A broadened Soret peak is split, with two distinct peaks: one corresponding to the dipole along
the axis of the butadiyne link and one perpendicular to the link, across each macrocycle, as
suggested by Anderson et al, 19941 This is in agreement with spectra from Winters et al,,
where a planarising ligand showed that absorption by the two different confomers could be

distinguished by absorption spectroscopys3.

Thus we established that the two emission peaks correspond to the individual confomers, the
twisted and the planar. The intensity of each band indicates the frequency of emission from the
corresponding confomer - they are interchanging. This represents a larger relative population
of the twisted versus the planar and vice versa. Figure 3.6 shows this point in detail. In this
experiment, mixtures of glycerol in methanol with increasing glycerol content are used to
produce a set of solutions with increasing viscosity (glycerol/methanol mixtures are w/w %, as

described in Chapter II).

Figure 3.6: Emission spectra for P2NMez (1 uM, Aex= 453 nm) in solutions of increasing viscosity
(increase in w/v % glycerol in methanol).
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Systematic variation of viscosity shows a systematic rise in the ‘twisted’ emission (excited at
453 nm) band at 639 nm (Figure 3.6) which confirms the behaviour of the twisted confomer as
a molecular rotor. Its quantum yield increases with viscosity, as predicted by Forster and
Hoffmann. The intensity of emission from the planar confomer (Aem = 706 nm), on the other
hand decreases with increasing viscosity, as a greater quantity of dimers remain in the twisted
state. In non-viscous solution, the twisted confomer is excited and rotates into the planar
conformer so only emission from the planar confomer is observed. At high viscosity, rotation is
restricted by friction in the solution, the twisted confomer cannot be transformed into the
planar and emission from the twisted confomer can be observed. The one-way conversion of the
twisted into the planar rate is viscosity dependent and thus the viscosity can be measured by

the ratio of the two peaks.

3.2.1 Temperature-dependent viscosity
Another mode of manipulating the viscosity of a single solution is to change its temperature.

This is in some ways a superior method of investigating a large range of viscosities due to the
large number of models relating the effect of temperature on solution viscosity, making it highly
predictable and the data subject to many modes of analysis. Generally, the Arrhenius equation is
used to predict the effect of temperature on solution viscosity: increased kinetic energy of
collisions between solvent molecules reduces the friction between them, resulting in a reduced
bulk viscosity?122. The activation energy of viscosity, E;, in Arrhenius terms, is the intrinsic
energy of solvent-solvent bonds or steric interactions that must be overcome for motion of the
solvent molecules?3. The equation for Stokes-Einstein diffusion (equation 1.5) also includes a
coefficient for friction which is temperature dependent?. Furthermore, manipulation of
temperature can be performed on a single sample rather than using a number of samples, as in
Figure 3.6, which is subject to errors of preparation multiplied by the number of solutions
required. Nonetheless, a change in solution temperature can alter the rotational behaviour of
the molecular rotor independently of its contribution to solvent viscosity. As has already been

noted in the literature regarding the molecular rotor BODIPY C1025, the activation energy of
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rotation can be overcome at high temperatures, changing the rate of non-radiative decay. This
breaks the relationship between the rate of radiative decay and solution viscosity, and the
Forster-Hoffmann equation may no longer hold true. The following section explores the effect of
temperature on the behaviour of the porphyrin dimer, with the aims of i) creating a calibration
curve between emission ratios and solution viscosities and ii) investigating temperature as a

confounding variable in the viscosity-quantum yield relationship of the porphyrin dimer.

In order to establish the classical temperature-dependent viscosity of solutions, we measured a
series of methanol/glycerol mixtures using a mechanical rheometer. Viscosity measurements
performed on the viscometer were compared with emission ratios of the porphyrin dimer, as
shown in Figure 3.7. Crucial to our measurements is the temperature stability of all
measurement equipment: the Stabinger 3000 viscometer has a Peltier plate for temperature
control which has temperature accuracy of 0.005 °C26, comparable to that of the Jobin Yvon
Fluoromax 4 fluorometer, 0.002 °C27. Figure 3.7a shows the emission spectra of P,NMesat a
range of temperatures from 273 to 333 K, showing the characteristic drop in emission from the
twisted band as temperature increases. The same solution was measured by mechanical
rheometry to record the temperature-dependent viscosity as shown in Figure 3.7b (red data).
Figure 2.7b also shows the relationship between the twisted and planar emission band ratios
and temperature from the data shown in Figure 3.7a. The nature of the viscosity-temperature
relationships as measured by both techniques are similar, the curves are exponential. To test
the similarity between both temperature-responses we plotted them against one another on a
double-log plot, and found a strong linear relationship as predicted by the Forster-Hoffmann
equation as shown in Figure 3.7c. According to a least squares linear regression of the data, the
slope between emission ratio and viscosity is 0.77; a higher value than predicted by Forster and
Hoffmann, of 0.6 28, This is a highly limited viscosity range, with a small dataset, contributing to
the inflated slope observed. For true comparison with the Forster-Hoffmann theory, the

temperature dependence would need to be tested with greater range.
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Figure 3.7: a) Emission spectra of PNMes in 50% w/w glycerol in methanol at 273- 333K showing
the characteristic decrease in the twisted confomer upon increase in solution temperature. b)
Measurements performed on 50% w/w glycerol in methanol at 273- 333K by left axis: mechanical
rheometry (Stabinger 3000) and right axis: the twisted/planar emission ratio, on 50% w/w
glycerol in methanol at 273-33 K. c) Forster-Hoffmann double-log plot of emission ratio against
mechanical rheometry measurements showing good linear agreement. Least squares linear
regression yields Emission Ratio = -1.53 + 0.771n (at standard error intercept = 0.01, slope = 0.01, R?
=0.99).
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We used the entire range of glycerol/methanol solutions shown in Figure 3.6 under
temperature-controlled conditions to build a viscosity range from 1-7000 cP. Figure 3.8 shows
the relationships between viscosities reported by mechanical rheometry and porphyrin dimer
emission ratios as manipulated by temperature in seven more glycerol/methanol mixtures (a)
30; b) 40; c) 60; d) 70; e) 80; f) 90; g) 100 w/w % while data at 50% is shown above).
Temperatures range from 273 to 373 K though at low glycerol content is restricted to 343 K due
to the boiling point of methanol. All data is shown on double-log plots, in reflection of the
Forster-Hoffmann equation. A strong linear relationship is observed at low viscosities, both in
solutions of low glycerol content at 30, 40, 60 w/w%, and at high temperatures of solutions

with high glycerol content 70-100 w/w%.
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Figure 3.8: Férster-Hoffmann double-log plots of emission ratio against mechanical rheometry
measurements of a)30; b)40; c) 60; d) 70; e) 80; f) 90; g) 100 w/w% glycerol in methanol. Data
sets are temperature scans of ranges (a-c) 273-333 K; d) 273-343 K; (e-g) 273-373K.




At values higher than 100 cP, in all solutions, the emission ratio becomes less sensitive to
changes in viscosity. The extremes of our calibration data show the breakdown of the linear
relationship: at the highest measured viscosities, we observe a decrease in slope, signifying a
lack of sensitivity of the dimer to temperature-related viscosity changes. This decrease in slope
- or sensitivity to viscosity - in non-viscous solvents can be interpreted as the energy barrier to
rotation being insufficiently affected by solvent friction to compete with planarization of the
excited state of the dimer. Similarly, towards higher viscosities, decrease of the dimer’s slope
represents the case where the driving force towards planarity in the excited state is insufficient

to overcome the viscous friction in solution.

In Table 3.1, the temperature-dependent viscosity change as measured by the porphyrin
dimer’s emission ratios and mechanical rheometry is fit with a least squares linear regression of
the data from Figure 3.8. Parameters from the fit are shown below in Table 3.1. Only selected
ranges of the curve are fit, those where the linear relationship is maintained, because, as we
have discussed the porphyrin dimer loses sensitivity to changes in viscosity above
approximately 100 cP. Consistently, the fitted slope is found to be <0.6 (except in the cases of
70, 80 w/w% where linear fits include the non-linear region and the data demonstrates a larger
error). We propose that the high slope is indicative of a high sensitivity to the thermal
expansion of the solvent. Loutfy et al., observed a similarly high slope for the sensitivity of a p-
(dialkyl-amino) benzylidenemalonitrile molecular rotor to the temperature dependent viscosity
of glycerol. The slope of the two viscosity measurements, quantum yield and mechanical
rheometry, was found to be 0.75, a similar value to our fitted slopes. They attributed this to a
combination of effects in solvent relaxation; Stokes-Einstein diffusion and the free-volume
expansion of the solvent?9. In the former, as we have explained, the Enthalpic barrier of solvent
interactions is overcome by the kinetic energy of molecular collisions, reducing the steric
hindrance in the path of internal rotation of the molecular rotor. The second effect involves the
thermal expansion of the solvent whereby increased recoil from collisions creates excess
volume around solvent molecules, this is termed free volume. The barrier against rotation is

.81



further increased by the increase in unoccupied “free” volume, thus reducing the quantum yield
of the molecular rotor. The combination of these two effects increases the temperature-
dependent slope of viscosity curves further than that proposed by Forster and Hoffmann (0.6)
in their theoretical paper. Loutfy et al., 1982 have proposed Doolittle’s equation relating free
volume and viscosity as a model for the increased sensitivity to temperature-induced viscosity
change in solvents, particularly in glycerol. Here we refer to the combined activation energy of
solvent diffusion as it contributes to solvent viscosity as En. We refer to the porphyrin dimer’s
barrier to rotation as E,, the activation energy. Free volume is discussed in more detail in the

next chapter?9.

Table 3.1: Least squares linear regression parameters of P2NMe; in glycerol/methanol
calibration curves by solution

% Glycerol Intercept Slope Reduced Sum of Adjusted R? Range
Squares

30 -1.512 0.800 4.55E-04 0.996 1.2-4.4
40 -1.549 0.783 1.28E-04 0.999 2.0-9.3
50 -1.531 0.774 2.00E-04 0.999 2.4-22.2
60 -1.481 0.735 1.22E-03 0.996 6-53.6
70 -1.350 0.619 6.15E-03 0.985 7.6-141.7
80 -1.167 0.529 2.01E-02 0.970 20.2-395.6
90 -1.483 0.721 4.51E-04 0.998 8.9-67.3
100 -1.504 0.713 1.31E-04 0.997 15.1-50.0

*Adjusted R? gives the error of independent variables that are related to viscosity; that is the
(1-R?)x(n-1)

slope/ Adjusted R? is measured by the equation: Adjusted R2 = 1 — ( —— ).

We plotted the temperature-dependent viscosity curves of all the glycerol/methanol solutions
on a single graph as shown below in Figure 3.9. The amalgamated curves cover a large viscosity
range (1-7000 cP) with strong overlap of the curves. The overlap is good evidence that the

temperature does not alter the porphyrin dimer’s energy barrier to rotation outside of the
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viscous effects of the solvent. As we discussed in Figure 3.8, the Forster-Hoffmann linear
relationship collapses at viscosities above 100 cP. This is due to the saturation of the twisted
confomer in the excited state prior to emission - the proportion of twisted confomer that emits

is unchanging with viscosity.

Figure 3.9: Double log plot of glycerol/methanol solution viscosity measured by mechanical
rheometry a against P2NMes emission ratio. a) Fitting of data by three-parameter logarithmic
function of equation Emission ratio = -1.68-0.5In(n + 26.3) RZ = 0.989. b) Least squares linear
regression of a selected range < 100 cP fitted by Emission ratio = -1.50 + 0.74n R? = 0.98.
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This value is intrinsically related to the size of the dimer, and its torque relative to the frictional
resistance of glycerol. Nonetheless, we are able to fit the curves as one, as in Figure 3.9a, with

the use of a three parameter logarithm function with the following equation:

log,o Emission Ratio = a + b(Inn + ¢) (3.1)

where a =-1.68, b = 0.05 and ¢ = 26.9, with standard errors 0.095, 0.016 and 2.94, respectively,
and Rz = 0.989. This model was chosen for its goodness of fit to the empirical data in its
extended range (i.e. > 100 cP) though we assert that the Forster-Hoffmann prediction of
linearity is strongly maintained below this value. Figure 3.9b shows a linear fit of the same data

at a reduced range with the equation:

log,o Emission Ratio = a + bn (3.2)

where a = -1.50, b = 0.74 with standard error of 0.01 and 0.01, respectively and R? = 0.98. In
light of the quality of the fit of the curve, our intention is to use this data as a calibration for

unknown solvents.

Figure 3.10 shows the same calibration curve plotted against /T to show the temperature
independent relationship between the two measurements of viscosity. In Figure 3.10a we show
that the relationship of emission ratios to viscosity independent of temperature is identical to
the curves shown in Figure 3.9, plotted against temperature-dependent viscosity. This
establishes that the dimer’s rotation is only affected by the viscous barrier. From this data, we
calculated the maximum twisted/planar emission ratio to be 2.83. In Figure 3.10b this value is
used to calculate the viscosity-dependent ratio as a fraction of the theoretical maximum ratio,
R;/Ruax- Ry, and plotted against the temperature-independent viscosity. We find a very strong
linear relationship between the two variables, with slope 0.75 (standard error 0.0099, R2 =
0.99) reflecting the values estimated from the linear region of the Forster-Hoffmann calibration

curve shown in Figure 3.9.
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Figure 3.10: Temperature independent viscosity calibration curves of emission ratio against n/T.
a) the maximum emission ratio is estimated by the fitted function Emission ratio = -0.028+(2.00-
0.028) no6t/(150.90064+n06¢) Rz = (0.99. b) Temperature independent viscosity calibration curves of
the viscosity sensitive emission ratio (R;) as a fraction of the maximum (Rmax) Such that Ry/Rma- Ry
is plotted against n/T with good linear relationship. Least squares linear regression of the data
yields the equation Ry/Rma- Ry = -0.04+0.75n/T R? = 0.99.

Our calibration curve shows good linear prediction of macroviscosity by measurement of the
emission ratio of P,NMes. We plan to use this calibration curve to measure viscosity in unknown

solvents. However, there are a number of experimental conditions that must be met in order to
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produce a reliable and applicable calibration curve. First amongst these conditions is the choice
of the Aex used for ratiometric measurement.

3.2.2 Slope dependence on A, x

Table 2.1 lists the slopes and intercepts of temperature-dependent viscosity calibration curves
from Figure 3.9. The significance of the slope has been discussed in some detail above; it
represents the sensitivity of the emission ratio to changes in solution viscosity; the higher the
slope, the higher the viscosity “resolution” of the molecular rotor. Intrinsically, as we showed
above, the slope is related to quantum yield of the twisted confomer, whose emission is only
observed in the absence of a significant viscous barrier (E;). As such, we seek to maximize
excitation of the twisted confomer. When the emission maximum of the twisted confomer is
plainly measurable, this is the optimal Ac« for generating calibration curves. Figure 3.12a and b
demonstrate the effect of Aex (Figure 3.12a) on the slopes of calibration curves (Figure 3.12b).
Viscosity-dependent dimer emission ratios in mixtures of glycerol and methanol are measured
at four different Aex: 400, 452, 454 and 499 nm. Figure 3.12a shows the position of the A«
relative to the twisted excitation spectrum, and the absorption spectrum of P,NMes. At the two
extremes, 400 and 499 nm, a very small proportion of twisted confomer is excited, and the
corresponding slopes of calibration curves made by excitation at these Aex is low (400 nm, black
data points; 499 nm, magenta data points; Figure 3.12b). In contrast, the two calibration curves
produced by excitation at Aex corresponding to the maximum of the twisted excitation peak, 452
and 454 nm, (red and cyan data points; Figure 3.12b, respectively) are significantly higher.
Excitation at the peak of the twisted confomer (i.e maximised concentration of the twisted
excited state) produces a greater twisted signal for ratiometric measurement of between the
quantum yield of the twisted state as a function of viscosity. This is demonstrated by plotting
the slopes of a large number of calibration curves according to the A at which they are
measured, as in Figure 3.12c. The maximum value of the slope coincides with the twisted
excitation peak, as predicted. For reasons summarized above, the full viscosity range measured

(1-5000 cP) is not entirely linear, where the data reaches a maximum ratio at high viscosities.
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This causes least squares linear estimations of slope to be lower than the true slope in the
Forster-Hoffmann-predicted linear region (where E, < E;). Least squares linear regression of
the data without the inclusion of the high viscosity region (< 1000 cP) yields a distribution of
slopes that has more accurate coincidence with the twisted excitation spectrum (Figure 3.12d).
Thus we have demonstrated that the slopes of calibration curves are dependent upon the A

used to excite the twisted confomer.

Figure 3.12: a) Calibrations of twisted/planar ratios were produced by systematically exciting
solutions of increasing viscosity (w/v % glycerol in methanol) at the Aex shown in grey (400, 452,
454, 499 nm). (b) All calibration plots were plotted as twisted/planar ratios against the n of
methanol/glycerol solutions and fit to linear equations. c) From a larger range of excitation
wavelengths, the slopes from fitted lines were plotted against the excitation wavelength
corresponding to the calibration data for that wavelength and found to coincide with excitation
spectra for the twisted confomer (of emission at 639 nm). Plotting slopes of calibration data by the
viscosity of solution also coincides with the increasing excitation intensity of the twisted confomer
as viscosity increases. d) Removal of the 90 % w/v and 100 % w/v glycerol in methanol solutions
from calibration data yields a much more accurate coincidence of the distribution of calibration
slopes with the twisted confomer.
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However, Figures 3.12c and d also show that the apparent maximum peak of the twisted
confomer shifts depending on the solution in which it is measured. Figure 3.12d shows that the
maximum slope corresponds to an A« exactly between the two excitation peaks, from methanol
and glycerol at 454 nm, in comparison to that from Figure 3.12c, which coincides only with the
twisted excitation peak in glycerol. We attribute this to a small solvatochromic shift in the
excitation maximum of the twisted confomer, a function of differences in solvent relaxation
between the two pure solvents. The slopes in Figure 3.12d reflect the ratiometric response of
mixtures of methanol and glycerol between 30 and 80 w/w %, compared with those in Figure
3.12c from mixtures between 30 and 100% glycerol. The influence of greater glycerol content is
observed in Figure 3.12c, where the slopes are skewed towards the slightly red shifted twisted
maximum. This observation is small evidence that the twisted confomer is subject to
solvatochromism, changes in the Stokes shift determined by the magnetic dipole of solvent
molecules in the solvation shell. This subject is discussed in much greater detail in subsequent

sections.

Having discussed the importance of the excitation maximum on optimizing the slope of
calibration curves, we propose that structural features of the porphyrin dimer that also affect
the quality and shape of calibration curves. Figure 3.4 gives the structures of seven porphyrin
dimers, with varying meso substituents that were prepared by the group of Harry Anderson for
application into cellular environments. Below, we assess the structural characteristics that

affect viscosity sensitivity and opportunities for applying dimers of varying structure.

3.2.3 The photophysical effects of structural differences amongst the dimers
We believe the calibration data shown in Figure 3.9 is representative of the universal

mechanism for all the ionic dimers insofar as internal rotation about the butadiene link between
the two porphyrin macrocycles is determined by the viscosity of the surrounding solvent. As we
have shown with calibration data of P,NMe3 in mixtures of methanol and glycerol, the Forster-
Hoffman linear region is true in a range where the viscous barrier is less than the energetic

driving force towards planarity (E. > E;). However, the driving force towards planarity is
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dependent on various features of the dimer; the degree of conjugation, its size and its shape. For
instance, increased conjugation decreases the energy of the planar excited state relative to the
twisted excited state. This increases E, relative to E,, increasing the viscosity range in which the
emission ratio is sensitive to solution viscosity. Similarly, a larger dimer will have greater
energy of rotation, that is, a larger volume of solvent molecules are necessarily displaced in
order for internal rotation to take place. This increases the E, of the porphyrin dimer, and
makes it sensitive to higher viscosities than a smaller dimer, but alters the dynamic range. The
cumulative effect of various structural features that affect the dimer’s emission ratio is difficult
to predict. Thus, we investigate five dimers differing in shape, degree of conjugation, charge and
size of the side groups, in order to establish the dominant structural characteristics of a
porphyrin dimer that optimize its viscosity-sensitive behaviour for application in biomimetic

membranes.

Table 3.2: Structural features of five meso substituated porphyrin dimers that are
calibrated for viscosity-sensitive behaviour in Figure 3.14

Structure H_b(mdl?g/ Charge
counterion
-
P,C,NMel L= S I N

.
W +
P,NMel -I-QN-M!' I N

P,NMe, _;_O_;ms AcO +
P,Suc 'I'Q—H\Q/\/O%H v -

P, ™ No None
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We choose to assess a group of porphyrin dimers by a series of structure-dependent

characteristics that we believe will affect the mechanism of viscosity sensitivity. These are: size,

shape, conjugation, H-bonding capacity, and charge. The chemical structures and charged

groups of meso substituents of five porphyrin dimers are shown in Table 2. Of the five dimers,

three are cationic (P2C:NMel, P,NMel, P,NMe3) with counterions, one is anionic (P.Suc) and one

is a simple porphyrin dimer of the internal structure lacking in charged meso substituent (P>).

IL.

Size and shape: The entropic barrier to rotation from the twisted to planar
confomers is dependent in part on the volume of rotation between the two
conformations. The porphyrin dimer will occupy most volume during rotation, when
solvent molecules are displaced. A large dimer, or one with a greater two
dimensional area that rotates, causes displacement of a large number of molecules
in order to achieve a change in conformation. This leads to a large value of E,, which
makes a larger dimer more sensitive to higher viscosities, with potentially less
sensitivity to viscosity change. We predict that an increase in the size of a dimer will
shift the Forster-Hoffmann linear region to high viscosities, and reduce its slope
relative to a smaller dimer. Between the examples listed in Table 3.2, the
discrepancy in size is very small and perhaps too small to engender a difference in
sensitivity to viscosity. Of the five dimers listed in Table 3.2, P; is the smallest, P,Suc
is the largest, while all three positively charged dimers are roughly the same size,
though P,C;NMel is longer than its attenuated version, P,NMel.

Conjugation: The energy difference between the twisted and planar states is
determined in large part by the difference in entropic gain from reaching planarity
prior to emission. All porphyrin dimers are ere highly m-conjugated, but addition of
double bonds in the meso position can further increase conjugation. Thus, an
increase in conjugation via the meso substituent increases the E. of rotation. As
above, we predict this increases the slope of viscosity calibration curves at higher
viscosities. The long dimer P,C2NMel has an extra triple bond on either side of the

111.90



1L,

iv.

porphyrin conjugated core, in the meso substituent, extending the length of the
conjugated axis in this dimer. The effects of conjugation on calibration parameters
are best demonstrated by comparison of the viscosity-sensitivity of P.C.NMel with
the less-conjugated version of the dimer, P,NMel.

H-bonding - We have discussed that the presence of H-bonding in solvents can
increase both the micro and macroviscosity, though the capacity for H-bonding with
the porphyrin dimer itself can have strong consequences for determining the
sensitivities to viscosity in these solvents. For instance, a cumulative effect may be
observed in these dimers when the frictional barrier to rotation is increased by
sterically significant H-bonds. However, we predict this effect to be minimal
compared with points i and ii, listed above since the dimers under consideration in
this project are not expected to participate in strong specific hydrogen bonds with
the solvent..

Polarity/charge: All charged dimers, with the exception of P,Suc have counterions, to
maintain electric neutrality. The pK, of succinamide, at 9.6239, is such that it is not
expected to deprotonate at a neutral (or cellular) pH. All five dimers presented are
highly polar, with the aim of being soluble in aqueous biological environments. For
the purposes of building a viscosity calibration curve, this makes them soluble in
methanol and glycerol mixtures. We have seen that the solvation shell of the dimers
can exert some influence over the energies of the Si states in either conformation
(Figure 3.12), and therefore the changing composition of solutions made to be
viscous (increasing glycerol content) may affect the behaviour of these dimers.
Please note, data presented in Figure 2.14, viscosity calibration curves of five
porphyrin dimers, have limited viscosity ranges measured for P, and P,Suc, due to
the limited solubility of these dimers in methanol/glycerol mixtures. Polarity and
solubility are intrinsically related, as we have described in the section above. Balaz

et al., 2008 (ESI) report the high pressure liquid chromatography (HPLC) retention
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times under acidic conditions (1% aqueous acetic acid, tetrahydrofuran (THF),
60:40 v/v%)*3 as a means of describing the solubility of the dimers in polar solvents.
Increasing retention times are taken as a measure of decreasing polarity. The
retention times of the dimers increase in the order P,NMel < P,NMe3 < P,C;NMel <

P,Suc. P, was insoluble in the elution mixture.13

Excitation spectra measured at the peak of the twisted emission, in each dimer, reveal the

excitation maximum for the twisted confomer in each of these dimers (as shown in Figure

3.13; a) Aex = 448 nm for Pz; b) 462 nm for P,C:NMel; c) 458 nm for P,Suc; d) 452 nm for

P,NMel).
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Figure 3.13: Excitation spectra of the various dimers at the twisted and planar emission peaks as
indicated in the insert to each Figure. This data reveals the choice of excitation wavelength for the
dimer calibration: a) Aex = 448 nm for P;; b) 462 nm for P;C2NMel; c) 458 nm for P;Suc; d) 452 nm

for PNMel.
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Viscosity calibrations are carried out by excitation of the dimer at these twisted conformation
excitation maxima, for true comparison between emission ratios. The concentrations of all
solutions were kept such that Absorbance is equal to 0.1 AU, and emission spectra are collected

up to maximum intensities of 1x106 CPS.

Figure 3.14 compares viscosity and ratiometric measurement calibrations between the series of
dimers in mixtures of glycerol and methanol; good evidence that emission ratio between the
twisted and planar peaks increase with increasing macroviscosity (Figure 3.14). These
experiments are carried out in solutions of increasing glycerol content in methanol (10-100
w/w%) without alteration of temperature. Thus all experiments are measuring temperature-

independent viscosity change.
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Figure 3.14: a) Trend in dimer emission ratio against viscosity of methanol and glycerol mixtures
(10-100 w/w %) at 293 K; for the dimers P,C:NMel (dark blue), P.NMel (blue), P2NMes (cyan),
P2Suc (light green), P; (green) b) Calibration plots of dimer emission ratio against viscosity fitted
to Hill functions (as in equation 3.3). Fitted parameters for P.C:NMel emission ratio: Vyax = 3.30, k
= 9422.64, n = 0.32 with R? = 0.99; P:NMel: Vuax = 2.80, k = 5087.30, n = 0.44 with R? = 0.99;
P2NMes: Vyax = 2.90, k = 368.76, n = 0.72 with R? = 1.00; P:Suc: Ve = 1.06, k = 31.00, n = 0.72 with
R2 =0.96; P; = Vyax = 0.68, k = 83.41, n = 0.75 with R2 = 0.9. c) Saturation-adjusted twisted/ planar
emission ratios vs. viscosity using the excitation wavelengths chosen in Figure 3.13.
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The Forster-Hoffmann linear regions appear to be present in all dimers, extending to
approximately 100cP, as predicted by initial experiments with P,NMes. In Figure 3.14b, the data
is fit with a Hill function, in order to predict the maximum ratio achievable by the dimer. The

Hill function has following equation:

log,oEmission Ratio = Vg, % (3.3)

Fitted parameters are summarized in the legend of Figure 3.14. Hill functions fit to this data
have predicted the maximum achievable ratios for each dimer. This is intrinsically related to the
viscosity sensitivity, a function of the E, of rotation, for each dimer. For all dimers, the linear
relationship between logio emission ratio vs. logio viscosity curves is limited as we first noted in
Figure 3.9 (Figure 3.14). However slopes of the linear region can be estimated by least-squares
regression and are summarised in Table 3.3, along with the fitted parameter for the maximum
emission ratio, (Vua, in the above equation). The important parameters that affect viscosity
sensitivity are (i) the dynamic range i.e. the maximum vs. the minimum emission ratio and (ii)
the slope. The former determines the accuracy in the measurements (the larger the dynamic
range the smaller changes in viscosity can be resolved) and the latter determines the sensitivity

of the dimer to viscosity (unit of ratio per unit change in cP).

From this, we determine that P,C;NMel and P,NMel have the smallest slope, i.e. the lowest
sensitivity to viscosity change. This should be compared with our predictions above that a
highly conjugated dimer would have a strong entropic gain from planarity (i.e. lower sensitivity
to viscosity). In practice, it appears that higher conjugation or a larger size of P,C;NMel relative
to P2NMel does not play a role, or at least the two effects negate one another, resulting in similar

slopes for the two, which are much smaller than the slopes for other dimers.

A possible factor that may contribute to the spectra is aggregation. We believe that aggregates of
the porphyrin dimer are still fluorescent, but aggregation induces a planarising effect, such that

the relative proportion of the planar confomer is increased, reducing the overall emission ratio.
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The spectral effects of aggregation are discussed in further detail in subsequent sections. HPLC
retention times of the two smaller cationic dimers are roughly similar (6.2 and 6.8 minutes for
P;NMel and P;NMejs respectively!3) from which we conclude that they are both similarly polar
and soluble in methanol/glycerol mixtures. A comparison of slopes between them shows that
P,NMez has a much higher slope in methanol/glycerol mixtures in this range of viscosity.
Considering the similarity in size, and polarity, we suggest that P,NMel has a smaller slope than
P;NMe; due to the different overlap of twisted and planar excited state level due to structural
differences. Such differences cannot be currently predicted within our model of porphyrin

dimer behaviour, however, are very important in determining the spectroscopic behaviour.

As we mentioned before, these experiments were carried out in solutions of methanol and
glycerol at a uniform controlled temperature. Thus in Figure 3.14 the ratios are plotted against
n rather than n/T. Figure 3.14c shows the ratio plot adjusted for the saturation of emission at
higher viscosity and appears linear as shown before, Figure 3.10. This plot shows that P,Suc and
P, both show an impressive sensitivity to viscosity of methanol and glycerol at a limited range,
though the data has a larger source of error. The slopes of these dimers are similar to that
observed in the most sensitive dimer, P,NMe3z. However, experiments have shown that spectral
quality of P, emission is compromised by aggregation at high glycerol content (i.e. high
viscosity). The anionic dimer appears to have a maximum ratio of 1.06, much less than that of
similarly sized cationic dimers in methanol/glycerol solutions. Balaz et al., 2009 observed the
anionic dimer to be less hydrophilic than the cationic variants, even more so than the long
conjugated dimer, P,C2NMel 13. The poor quality of the linear regression is likely due to a loss of
signal quality in solutions of increasing glycerol content, where aggregates may be less

fluorescent than planar aggregates of the P,C;NMel dimer.
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Table 3.3: Hill function fitting parameters from least squares regression analysis of
emission ratios from five meso substituated porphyrin dimers

. Dynamic Range
Max Ratio (Vuax) Slope Intercept (Max - Min Emission
Ratio)
P2C2NMel 3.30 0.33 -0.131 1.04
P2NMel 2.79 0.46 -1.67 0.99
P2NMes; 2.90 0.75 -1.92 2.08
P2Suc 1.06 0.71 -1.06 0.79
P 0.68 0.73 -1.41 0.40

From this data, we conclude that the cationic dimers are the best for viscosity measurement in
hydrophilic environments. Effects of solubility are more fundamental to maintenance of the
ratiometric viscosity calibration than increases in conjugation, as is demonstrated by the
calibration curve of the P,C;NMel dimer. P,NMes has proven to be the superior probe for
viscosity and has demonstrated good solubility under our chosen calibration conditions. We
keep these observations in mind upon application of the porphyrin dimer to biomimetic lipid
membranes. The cationic dimers have a higher likelihood of associating with the phosphate
groups of phospholipids, ruling out the efficacy of the anionic dimer P,Suc. Chapter V provides a
comparison of the electrostatic interactions between the three cationic dimers and the

phospholipid membrane.

Solubility is one physical parameter that precludes easy interpretation of the data and
comparison between substituated porphyrin dimers. As can be seen from Figure 3.14, for all
dimers, a good linear calibration is observed between 5-100 cP excluding that for the
unsubstituated dimer P, which has extremely low emission ratios and a non-linear relationship

at higher viscosities. Due to its insolubility in solutions of methanol and glycerol, we dissolved
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the neutral dimer, P; in a hydrophobic solvent that can provide a significant viscosity range by
altering temperature. We chose to use Castor oil, a high viscosity solvent with strong
temperature-dependent viscous behaviour that has solvent molecules that mimic our target
environment, the lipid bilayer. The data for P, in this hydrophobic and viscous environment

complements the set of data obtained for charged dimers in solutions of glycerol and methanol.

3.3 Viscosity of hydrophobic environments

3.3.1 P; viscosity-sensitive emission in Castor oil
Castor oil is a mixture of multiple unsaturated fatty acids (87-91% ricinoleic acid, 4-5 % oleic

acid, 4-5% linoleic acid and others)3! all with chain lengths of 18-carbons. Castor oil dissolves
the neutrally charged dimer, P,, which we showed previously does not dissolve completely in
solutions with high glycerol content. This is reflected in the complete loss of colour of viscous
solutions of P, visible precipitation of P, and the complete loss of fluorescence intensity beyond
200 cP (Figure 3.14). Mechanical rheometry reveals that stepwise variation in the temperature
of a solution of Castor oil yields a temperature-dependent viscosity curve similar in shape to
that for methanol/glycerol mixtures. Thus we predict that the measurement of the P, porphyrin
dimer emission in Castor oil will reveal similar temperature-dependent microviscosity as we

observed in methanol/glycerol solutions for the soluble charged dimers.

Nevertheless, there are important discrepancies between the conditions of these two
experiments, the uncharged dimer in a non-polar solvent and the charged dimer in a mixture of
polar solvents. Firstly, it is likely that the internal order of the solvent will be different, as Castor
oil does not participate in hydrogen bonding, which is a major contributor of solvent friction,
contributing to the Stokes-Einstein hydrodynamic friction coefficient, which affects rotational
diffusion of probes. On the other hand, the average size of the fatty acid components of Castor
oil relative to that of the porphyrin dimer is much larger than that of methanol and glycerol
molecules. Contrary to expectation, theory suggests that large volume solvent molecules exert
less steric hindrance against rotational diffusion. The increase solvent molecular volume
similarly increases the free volume surrounding them during collisional motion - as in a
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uniform population of large molecules; none are small enough to fill gaps between them. This is
reflected in Gierer and Wirtz’ 1953 model of microscopic viscosity where one of two frictional
components is inversely dependent upon the ratio of solvent/solute volume32. However, the
long chain nature of the component fatty acid chains in Castor oil can induce a high degree of
entanglement, creating a steric boundary to diffusion. This is most likely the dominant physical
cause of high macroviscosity in Castor oil, and so serves as a good model for the hydrocarbon
region of lipid bilayers. P, emission in Castor oil under a range of temperatures thus serves as
the best possible calibration curve for interpretation of microviscosity of this same dimer

dissolved in the hydrocarbon region of lipid bilayers.
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Figure 3.15: a) Pz emission ratios (I (Asz9)/ I(Ass9)) versus mechanical viscosity measurements in
Castor oil (black) at from 268-373 K and methanol, glycerol mixtures (red) at 273-373 K. Data is

, , , , .. L n064
fit by a Hill function with equation Emissionratio = —0.03 + (2.00 + 0.03) 1509006417068 and
0.75
Emissionratio = 0.68 ————— respectively (standard errors listed in text). b) Emission

83.410.75 47075

ratios of P2NMe; in glycerol and methanol solutions between 273- 373 K (purple) and P; in Castor
oil from between 273-373 K (red) against mechanical rheometry measurements. c) Temperature
independent viscosity calibration curves of the viscosity sensitive emission ratio (R,) as a fraction
of the maximum (Rmax) such that R,/Rma- Ry is plotted against n/T for Pz in Castor oil, with P,NMez
in glycerol/methanol solutions overlayed. Castor oil data is fit with the equation R,/Rua-R, = 0.07
+0.697.
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A calibration curve of the P; emission ratio and a mechanical viscosity measurement is shown in
Figure 2.15a. As we mentioned previously, the Forster-Hoffmann linear relationship is limited
to a viscosity range where the E, of solvent diffusion is less than the E. of rotation from the
twisted to the planar confomer. Nonetheless, we observe a predictable relationship between
emission ratio and solution viscosity up to the value 5850 cP, as shown in Figure 3.15a. The
temperature-scan of Castor oil between 373 and 273 K is yields a range of viscosities from 31 to
5850 cP, higher than that probed by temperature scans of glycerol/methanol solutions from 1
to 1450 cP, though the calibration curve shows good agreement with data collected in Castor oil
at the higher viscosity range. We observe a non-linear relationship between the ratio and
viscosity in Castor oil, familiar in shape from the high-viscosity region of the methanol/glycerol
viscosity calibration curve shown in Figure 3.14. As expected, emission ratios in methanol,
glycerol and in Castor oil are not perfectly aligned in slope, we attribute this to partial
aggregation of P, in methanol/glycerol, increasing the error in emission ratios at high viscosities

in methanol/glycerol data. We fit the data with a Hill function of the following equation:

Emission Ratio =a+ (b —a) k"nTn" (3.4)

Where in Castor oil: a =-0.03; b=2.00; k=150.90; n=0.64 with standard errors 0.16, 0.06, 27.26,
and 0.07 respectively, and R2 = 0.99, in methanol, glycerol mixtures are fit by a Hill function with
equation 3.3 where Vmax =0.68; k=83.41; n=0.75 with standard errors 0, 44.97, and 0.10
respectively, and Rz = 0.99. The justification for the use of the Hill equation was recently

reported by our group33.

Absorption spectra of the dimers P,NMes and P, show a very close overlap!?, meaning that the
proportion of twisted and planar confomers being excited are roughly equivalent. Thus, we have
compared the viscosity sensitivity of the P,NMe3z dimer in glycerol, methanol mixtures and the
P, dimer in Castor oil, Figure 3.15b. When plotted according to the Forster-Hoffmann variables
on a double log plot, the curves appear to coincide well. That is, a high degree of overlap is

observed between emission ratios of the two dimers (P2NMe3; and P;) at the same viscosities, as
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measured by mechanical apparatus. Nevertheless, we observe the same decrease in sensitivity
to temperature-induced viscosity increase as observed using the P;NMe; dimer in
glycerol/methanol mixtures, that is, above approx 100 cP the emission ratio reaches a
maximum value. This data is good evidence that various porphyrin dimers with varying size and
charge have highly compatible behaviour in predicting mechanical viscosity measurements by
conformational emission ratio. There is a small vertical shift downward in emission ratio
relative to mechanical viscosity for the uncharged P, dimer compared with P,NMes. The overlap
between the two curves coincides best at lower viscosities in the range measured (i.e. 30 - 100
cP) compared with the higher viscosity range (280 - 5850 cP) where they appear to “saturate”
at different maximum values. We attribute this to a decreased E. of rotation in the P, dimer
relative to P,NMes, due to a decrease in conjugation by the lack of meso substituents. In this
case, Ea (P2NMes) > E, (P2), such that rotation of P,NMes remains sensitive to E, of the solvent at

higher viscosities than rotation of P.

Furthermore, from the comparison of data in these two solvents, we infer that the porphyrin
dimer can reflect temperature-dependent viscosity changes in solutions with greatly varying
internal structure. Hydrogen bonding of the polar solvents and the large solvent size of Castor
oil do not significantly alter the relationship between the observed microviscosity in relation to
measured macroviscosity of the solvents. Again, we observe the likely mixture of both effects of
Stokes diffusion (which is temperature dependent) and free-volume diffusion, as proposed by
Gierer and Witrz, 195334, though it is impossible to determine the relative contribution of either

the effects from this data.

Normalization of the emission ratios (Ro/Rwmax-Ro), as in Figure 3.15c shows that the relationship
with temperature-independent viscosity in Castor oil is linear as predicted by the Forster-
Hoffmann theory. Normalization of the emission ratios allows us to compare the behaviour of
the two dimers, each with their own maximum emission ratio. We fit the linear relationship

between the normalized ratio and temperature independent viscosity with the equation
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Ro/Rmax-Ro = 0.07 + 0.69n, with standard errors 0.011 and 0.015, respectively and Rz = 0.996

(Figure 3.15a).

Thus we have shown that two porphyrin dimers, with entirely different electrostatic properties,
and varying degrees of conjugation, are both sensitive to temperature-dependent and
independent viscosity in the manner predicted by Forster and Hoffmann. Furthermore, we have
established that the porphyrin dimer is well suited to relating the micro and macroviscosity of
non-polar solvents, as well as those composed of large macromolecules, such as the
hydrocarbon region of the lipid bilayer. The P, dimer is a good candidate for measurement of
the hydrocarbon tails in biomimetic lipid membranes, and we explore this application further in
Chapter V.

3.4 Sources of Error in Calibration curves

Given we are planning to use the calibration curves such as Figure 3.9 for quantification of
viscosity in unknown media it is important to discuss the errors associated with these
measurements. Also, we have fit viscosity calibration data with three different empirical
relationships. The application of these diverse functions and their relevance to the mechanism
of viscosity sensitivity are discussed in this section. Errors in viscosity calibration will fall in two
categories: (i) instrumental errors and (ii) sample errors. We will discuss each in turn.

3.4.1 Instrumental Errors

Our ratiometric methodology is dependent upon the relative intensities of spectra at different
wavelengths. Thus, the quality of the signal and the sensitivity to a change in relative ratio are
both crucial aspects of the validity of our measurement. As measured by the steady state
fluorometer, accuracy is optimal when emission intensity gives a linear response to detection,
i.e. has an uncorrected emission intensity of less than 106 CPS. At this value, errors are less than
1%, as stated by the manufacturer’s recommendation (HORIBA) 35. Likewise, the instrumental
errors of mechanical viscosity measurements are defined by the rheometer manufacturer to be
0.1% (Anton Paaar) 26. Furthermore, the wavelength dependence of sensitivity in detection has
been offset by the inclusion of a correction function. The nature of the correction function is
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specified in Chapter II, Methodology, and is further discussed in Chapter V. Nonetheless,
because the ratiometric method is relative, calibration curves produced with consistent
application or consistent exclusion of the correction function are comparable for the purposes
of building of a calibration curve. As could be seen, these low instrumental errors cannot
account for the experimental spread of data observed in this work, e.g. Figure 3.9. Errors of

detector sensitivity are most likely limited to increasing the noise in calibration curves.

3.4.2 Sample errors
Due to the nature of viscosity measurements, we must have strict control of the physical

variables used to create solutions of varying viscosity. Such errors will occur due to two
reasons: (i) imperfect sample preparation and (ii) imperfect temperature control. Mistakes in
either of these items will result in large variations of solution viscosity and hence imperfect
calibration curve. We have therefore performed the following steps in order to minimize the

user errors and thus reduce the uncertainty in the calibration data.

(i) Sample preparation

It is first important to note that the concentration of the dimer in the sample is not expected to
affect the readout value, due to the ratiometric nature of the measurements, which is
concentration independent. As mentioned previously, dimer concentrations are kept
purposefully low (Absorbance = 0.1 AU, Emission < 106 CPS) at between 0.4 and 0.3 uM
depending on the molar absorption coefficient, €, of the dimer. Thus, small variations in dye
concentration between samples are not considered a source of error affecting calibration

curves.

However, the precise compositions of mixtures of glycerol and methanol are of crucial
importance in determining the viscosity of these solutions. We minimized this possible error by
producing large batches of methanol, glycerol mixtures and using the same solutions for
mechanical rheometry as were used in fluorometry. Thus, any unavoidable errors of

compositional accuracy are consistent over two measurements. Nonetheless, we developed a
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protocol (detailed in the Chapter II, Methodology) in order to control compositional accuracy
based on weight/weight measurements of both solvents rather than the volume (which is more
challenging to measure accurately for viscous glycerol). The variable density of glycerol creates
inconsistencies in volumetric measurements, so that we used the temperature-independent
mass of both glycerol and methanol to compose solutions. Furthermore, glycerol can be difficult
to mix, particularly at room temperature in large volumes, so all mixtures were sonicated prior
to and subsequent to the addition of the dye, removing any striations of glycerol and
homogenizing the solution. For this reason, we can be confident that differences between
solubility of the dimer in glycerol are not due to differences in mixing between samples.

Furthermore, all solutions were stored at 4 °C (377 K) to prevent evaporation of methanol.

(ii) Temperature control

We noticed early on that small variations in the laboratory temperature (e.g. 1-2 °C due to the
warming up of the fluorometer) can significantly alter the readout of the ratiometric
measurement, due to the strong dependence of viscosity on temperature. Therefore for all
experiments reported here we have utilized a Peltier device for temperature control within the
fluorometer, and a compatible one installed inside the rheometer. Temperature is controlled
within a range of # 0.5 °C on the fluorometer, though the manufacturers estimating temperature
stability as 0.001 °C over the course of one hour?’. Equilibrium times were tested prior to
experiments being carried out, and determined to be approx. 9 minutes for pure glycerol, which

was then used for all methanol/glycerol mixtures.

Temperature control within the Stabinger 3000 rheometer is equally crucial to reproducing the
same temperature-dependent viscosity within both instruments. Anton Paar have estimated the

temperature stability of the sample chamber to be 0.005 °C 26.

Thus, the magnitude of errors in temperature control and stability are estimated to be minimal
in comparison to the ratiometric viscosity dependence we have observed in our experiments.

Ultimately, we propose that the major source of experimental errors originates from sample
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preparation. With this in mind, we have determined the aforementioned protocol for
minimization of errors in solution preparation and have taken precaution to use the same
solution for both measurements, eliminating differences between them.

3.4.3 Empirical models used to fit calibration data

We have used three different models to fit viscosity calibration data shown in this Chapter
(equations 3.1, 3.3, 3.4). Fits were found by the iterative least squares Levenberg-Marquardt
algorithm. Equation 3.1, a three-parameter log function, is fit to the behaviour of P,NMejs in
methanol/glycerol solutions at different temperatures, with good agreement (R2 = 0.99). The
log function is a good predictor of Forster-Hoffmann predicted linearity at low viscosities and

can also model the ‘saturation’ of viscosity sensitivity at larger viscosity values.

The calibration curves of five distinct dimers are all fit by Hill functions, again found by the
Levenberg-Marquardt algorithm for reduction of the sum of squares. The use of this model was
previously rationalized by our group33 and predicts the data with a high degree of accuracy (R2
= 0.99-0.96) The Hill function allows the particularly useful measurement of Vuax, a value we
took to represent the maximum twisted/planar ratio, where we see ‘saturation’ of the
conformational change. The value of Vwmax is used to calculate normalized linear regressions by
plotting the observed emission ratio as a fraction of its maximum, and is used as a good means
of comparing different calibration curves, of different ranges.

3.5 Confounding variables

The previous sections focused on production of a calibration curve that establishes the effect of
viscosity on torsional relaxation of the porphyrin dimer about its butadiyne bond. The energy
difference between the two conformations is shown to be independent of temperature, outside
of its effects on solvent viscosity. We have briefly summarized the features of a solvent that
contribute towards friction during flow, i.e. towards the viscosity of the solvent. In light of what
we know to be true about the dependence of the calibration slope upon the Ae, we are
concerned with any variables that affect the shape of spectra or have the ability to shift spectra,
such as a generalized polarity effect, known to affect polar chromophores. A polarity effect, or
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solvent effect is the subject of the following section as part of a discussion of variables that can

affect the relationship between solvent viscosity and porphyrin dimer rotation.

3.5.1 Specific solvent effect
Previously, we have mentioned the specific chemical interactions that engender viscosity

change in solvents, for instance, hydrogen bonding may contribute towards the barrier against
solvent motion. However, we have not found any evidence of a specific solvent effect impacting
the photophysical behaviour of the dimer by any other means, such as, for instance, losing the

chelation of the Zn2* metal centre of the porphyrin macrocycle.

Here we investigate the effect of solvent polarity on the spectra of the dimers. Figure 3.16 shows
the absorption (3.16a) and emission (3.16b) spectra of the most polar dimer, P,NMel in a range
of different solvents. Absorption spectra show spectral changes, namely in the shape of the
absorption peak suggesting that aggregation can also play a strong role in the photophysical
characteristics of the dimer in solution. We also observe a shift in emission maximum in
apparent correlation with increasing polarity of solvent. This is subject to systematic
investigation in the next section. Furthermore, there are clear signs of aggregation in some non-

polar solvents such as trichloroethane (TCE) and toluene, as well as in water. -
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Figure 3.16: a) Absorption and b) Emission spectra of P2NMel (0.33 uM from DMSO stock, 0.001%)
recorded in solvents of varying polarity (€ on graph). Emission spectra are excited at the maximum
of the high energy twisted excitation band for each dimer, Figure 3.13.
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We carried out a preliminary investigation of the effects of these solvents on the measured
emission ratio as the pure solvents have a very small range of viscosities (0.6 - 2 cP). We found
no correlation between the observed emission ratio (at the corresponding emission
wavelengths, adjusted for shift) and the dielectric constant of the solvents. One outlying data
point with a higher emission ratio than the others represents dimethylsulfoxide (DMSO), which
has a higher viscosity than the other solvents, at 2 cP, thus confirming our observation that the
emission ratio is sensitive to viscosity above any specific solvent effect. However, analysis of
this data requires flexibility in defining Aem maxima for either confomer. In order to rationalize
this solvatochromic effect, we investigated the general solvent effect as described below.

3.5.2 Polarity sensitivity

We have recorded the absorption and emission spectra of the dimers as a function of solvent
polarity to ascertain the presence of this affect on porphyrin dimers’ properties (Figure 3.16).
We note that in some solvents (toluene, trichloroacetic acid, tetrahydrofuran) it is difficult to
isolate twisted and planar excitation bands. However, we find that we cannot distinguish
between spectral effects being the signs of aggregation or those due to solvatochromism. For
this reason, systematic change of solvent dielectric constant was generated by preparing
stepwise mixtures of methanol and chloroform which have similar viscosities at room
temperature (0.60-0.59 cP, respectively) yet vastly different dielectric constants (¢ = 32.7, 4.8
respectively) though both are good solvents for the P;NMel dimer with no evidence for

aggregation. Figure 3.17 summarises the results.
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Figure 3.17: P2NMej3 in solutions of increasing combinations of v/v % methanol and chloroform. a)
Emission spectra Aex = 452 nm; b) ‘twisted’ (variable between 695 and 710 nm) Excitation spectra
monitoring emission at 639 nm; c) ‘planar’ excitation spectra monitoring emission at 710 nm; d)
Lippert plot of the data from a-c; e) emission energy vs Af; f) twisted: planar emission ratio vs Af

Emission spectra are shown in Figure 3.17a that confirm the solvatochromic shift observed in

Figure 3.16 where decreasing polarity was associated with blue-shifted spectra. Excitation
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spectra of both the twisted (Figure 3.17b) and planar (3.17c) conformations are shown, both of

which appear to shift slightly to the blue with increasing solvent dielectric constant.

The solvent polarity can affect the spectra of fluorescent molecules, primarily those with
charge- transfer states, by stabilising the polar excited state and causing shifts in emission and
absorption spectra. This behavior is termed solvatochromism. The dipole moment of any solute
exerts an ordering effect upon the group of solvent molecules in close proximity, termed its
‘solvent shell’. Dipole moments of the solvent molecules in the shell become aligned with those
of solutes in order to minimize the energy of solvation. We summarized in Chapter I that the
Franck-Condon state is the short lived (x10-12) excited state, where a new magnetic dipole is
produced by the localized displacement of a single electron. Redistribution of the electron
density in the chromophore causes solvent molecules to rotate such that their dipole moments
are in alignment with the new dipole of the excited chromophore. The reorganization of solvent
molecules lowers the overall energy of the excited state, and so the So = S; bandgap. As such,
spectral emission maxima undergo shifts according to the degree of stabilization provided by
the solvent shell. In bulk, this is the solvent polarity and sensitivity to it is observed as changes
in the Stokes shift (vex - Vem, in frequency units). In general, this refers to the effect of positive
solvatochromism, an increase in the Stokes shift with increasing solvents polarity. The opposite,
negative solvatochromism, is associated with an increase in excited state energy during

solvation.

The process of solvent shell reorientation is termed ‘solvent relaxation’, occurs at a timescale of
roughly 10-10 s in non-viscous solvents. Viscous solvents can take longer for full solvent
relaxation to be observed, due to the frictional barrier against rotation, such that the rate of
solvent orientation is close to the lifetime of the excited state (x10- s)36. In this case, time
resolved measurements can show the effects of these competing processes3¢, however our

steady state experiments are not able to resolve whether solvent reorientation is time-
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dependent or not in viscous solvents, another advantage of using a combination of methanol

and chloroform, both at low viscosity.

Figures 3.17d-e summarize the data by plotting the emission gap, the emission maxima, and the
emission band ratio against Af, the orientation polarizability of the solvents to generate a
Lippert plot. The orientation polarizability is a value that describes the capacity of a solvent to
reorient around a magnetic dipole, it is composed of two terms: a high and a low frequency
component of polarization. The high frequency component is a function of the refractive index
of the solvent, n, describing the reorganization of electrons in solvent molecules that compose
the solvent shell, this is instantaneous. The low frequency component is dependent on the
dielectric constant, g, of the solvent, representing the rotational orientation of the solvent into
alignment with the magnetic dipole of the chromophore, this process occurs at longer
timescales, (10-19 s). The difference between them is the value Af, the orientation polarizability

and is correlated with the Stokes shift in the case of solvatochromism.

e-1 n?-1

2e+1 2n2+1

Af = (3.5)

This plot, Figure 3.17d, for the cationic dimer P;NMes, shows no trend between Af and Stokes
shift, with the exception of the Stokes shift in pure methanol. We investigated the dependence of
excited state conformational ratio upon Af and found that though there was an apparent
increase in twisted: planar ratio with increasing Af, or decreasing polarity, this change was
relatively small when compared with the magnitude of absolute ratio changes that we have
observed in a large range of viscosities of methanol/glycerol mixtures, e.g. Figure 3.9. The
magnitude of the trend relating Af against n suggests that it could be due to a small shift in
excitation maximum of the twisted confomer, which we have shown can affect emission ratios,
the systematic nature of the change in solution polarity would reflect this change. Figure 3.17b
shows evidence of a slight shift in the twisted emission spectrum. In conclusion, solvent polarity

seems to have an effect on the emissive behaviour of the dimer which cannot be fully
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rationalized, however in most cases the effect is minor. We can also confirm that the
twisted/planar ratio is independent of polarity at least at low viscosity. One outlying data point
shows the collapse of the relationship, at an extremely low value of Af, giving an extremely low
emission ratio and significantly high Stokes shift (Figure 3.17d,f). This outlier is an exception to
the observed trend of negative solvatochromism. The biggest variable appears to be the
excitation ratio of twisted versus planar confomer that is excited by the chosen excitation

wavelength and the resulting uncertainty in calibration is caused by band shifts in solvent.

We conclude the cationic porphyrin dimers P;NMel and P;NMe;, display negative
solvatochromism in solutions of methanol and chloroform. However, this effect need not alter
the viscosity sensitivity of the porphyrin dimer nor the quality of spectra. Calibration curves can
be applied as long as the twisted dimer is excited near its maximum, such that emission ratios
are comparable amongst each other. Further research is needed to illuminate the
solvatochromic effect as a function of solution viscosity, whether or not the reorientation of

solvent dipoles is viscosity dependent will affect the emission maxima of both confomers.

Throughout this chapter, we have noted instances of low solubility of the dimers and the effects
of solubility upon the quality of calibration data and the effect on the viscosity sensitivity. Below

we summarize some of the spectral signs of aggregation.

3.5.3 Aggregation and Aging
Aggregation has been described above as a major practical component that affects the validity of

spectroscopic measurements. For example, the presence of aggregation is often revealed as
spectral broadening, and low fluorescence intensity which complicates the measurement of
emission band ratio, as is observed in Figure 3.16 for the P2ZNMel dimer in solutions of TCE
(blue, Figure 3.16a,b). Moreover, aggregation is a time dependent phenomena which introduces
the variable of sample age as a factor that affects viscosity measurements. For example,
aggregates are presumed to be forced into the planar conformation, which alters the

distribution of angles in the ground state. Furthermore, fluorescence intensity decreases
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markedly even if absorption spectra is relatively sharp. Figure 3.18b shows the emission
spectra of P,Suc in DMSO (red, disaggregated) and water (black, aggregated) immediately after

mixing in solution.

The aggregation behaviour of an anionic dimer P,Suc in water is summarised in Figure 3.18a.
The effective extinction coefficient of the dimer decreases rapidly in the first three hours of
solution preparation in water, and slowly up to 28 hours manifested by the observed broadened
spectra with low intensity. Incubation at 333 K prevents aggregation over the course of the first

30 minutes in water but is irreversible once aggregation has begun.
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Figure 3.18: a) Absorption spectra recorded for P,Suc in water (1 pM from DMSO stock) over
time up to 100 hours incubation. b) Fluorescence spectra for P,Suc in water (black) and DMSO
(red) with Aex = 453 nm.
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The important consequence of aggregation is unreliability of spectroscopic data obtained from
the solution containing aggregates. This can arise due to (i) low emission intensity from
aggregated solutions and (ii) forced planarization of the dimer upon aggregation leading to the
exaggerated presence of a planar conformer. Thus we have established the necessity for

carrying our calibration experiments in a “good” solvent for each substituated dimer.

3.6 Conclusions
Here we have investigated the series of biocompatible charged conjugated porphyrin dimers,

potentially suitable for use as ‘molecular rotors’, fluorophores sensitive to the viscosity of their
environment. We have shown that the emission from these porphyrin dimers in solution is
sensitive to viscosity in the manner predicted by Forster and Hoffmann. Two conformations, a
‘twisted’ and ‘planar’ conformation have distinct spectroscopic identities. During intermolecular
rotation, T conjugation between the two porphyrin macrocycles gives a strong driving force
towards planarity which is in competition with solvent friction. This friction results in a
restriction to rotation from ‘twisted’ to ‘planar’ conformation in viscous solvent, and the degree
of restriction can be observed by the ratio of the two emission bands representing these

conformations.

We have investigated the effects of variables such as temperature, solvent polarity and sample
aggregation to describe the variation in sensitivities and dynamic ranges of the substituated
porphyrin dimers. This shows the necessity of tailoring the use of each dimer to a specific
application by the relevance and influence of these factors. For the positively charged dimers
studied here it was established that they can be reliably calibrated in methanol/glycerol
solutions of moderate-to-high polarity. The solution polarity itself was found to have a minor
effect on the ratiometric measurement of viscosity. The positively charged dimers were
classified in order of their sensitivity to viscosity, with P,NMe; being the most sensitive, while

P,NMel and P,C;NMel displaying less sensitivity to a unit change in viscosity.
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The uncharged dimer P, was shown to be poorly soluble in polar methanol/glycerol mixtures,
which precluded its full calibration in this media. However, P, was successfully calibrated in
nonpolar environment of a castor oil and was shown to have high viscosity sensitivity
comparable to the sensitivity of P,NMes. As a result, P, and P,NMesrepresent best choice of
molecular viscometers that might be useful for viscosity measurements in polar (P;NMe3) and
non-polar (P;) compartments of cells and model biological systems. We will test the
applicability of these two dimers for viscosity measurements in model lipid membranes in

Chapter V.

It is worth noting that the series of substituted porphyrin dimers described above offers a huge
advantage for the purposes of cell and tissue imaging, namely in that the ratiometric method of
viscosity sensing is concentration independent. Therefore, upon application of the dimer in
living cells and ultimately in living tissues, the heterogeneous and highly variable uptake of
dimers in cells will not influence the validity of a viscosity measurement. We have been able to
show that the viscosity measurement is consistent and reliable for the large viscosity range
between 1-10000 cP and for a large range of temperatures, which enables us to measure
viscosity in many environments. The red shifted absorption spectra of the dimers compared to
monomeric porphyrins also give the advantage of being able to be used for deep tissue
penetration of light. Likewise, the application of photodynamic therapy for the production of 10,

is an important feature of these new probes, it is discussed in further detail in Chapter VI.
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V. Intrinsic Viscosity and Free
Volume of Polymer Solutions

In the previous chapter, we showed that the porphyrin dimer can measure the temperature-
dependent solution viscosity of pure and binary mixtures of organic solvents. For Newtonian
liquids, shear stress is related to shear rate by the proportionality factor 1, or viscosity. In these
liquids, viscosity can be modelled as a function of molecular collisions, and as such is described
by the Arrhenius equation in its relationship to temperature. However, ultimately, we are
interested in the dynamics of biological environments. These are far more likely to behave like
crowded colloidal suspensions due to the involvement of globular proteins and complex
macromolecular architecture within the cell. These large solutes can contribute towards viscous
effects in two distinct ways: firstly, large solutes cause organisation and ordering of solvent at
short distances altering the viscous properties of the solvent itself. Secondly, depending on
concentration, large solutes can cause molecular crowding and limit free-volume which will
alter the way a solvent molecule diffuses, giving an effect similar to high viscosity. In this
Chapter, we used polymers in solution to simulate the effects of large biological solutes. We
compare our results to functional models that predict the behaviour of polymers as well as the
viscosity of polymer solutions, as functions of concentration, molecular weight, temperature
and solvent-polymer interaction.

4.1 Polymer structure and solution viscosity

The degree of overlap and/or entanglement between polymer chains is a major source
contributing to solution viscosity in polymer suspensions, and is an effect dependent upon
polymer concentration: thus models for polymer viscosity are separated into i) dilute and ii)
concentrated solutions. Higher the concentration, the larger the degree of overlap between
polymer chains, the higher the likelihood of entanglement and thus the higher the frictional
resistance to deformation in the fluid - this is observed in ‘concentrated’ solutions. However, in

dilute solutions, polymers have been shown to have complex solute-solvent interactions which
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exert a ‘structuring’ effect upon their solvation shell. In dilute solutions where the likelihood of
chain overlap is not observed, this is the major contributor towards concentration-dependent
viscous behaviour. Thus the segregation of models viscous behaviour into dilute and
concentrated regimes are based on polymer shape and size! though, a functional definition of
either regime is give by the rule that concentrations less than 1 w/v % are considered dilute,
and those greater than 1 w/v % are considered concentrated?. However, more recent literature

has shown that this definition is variable 13.

First, we consider how measurement of viscosity in polymer solutions can be used to estimate
the size and shape of the solvated polymer. The structure-dependent viscosity of suspensions is
based on the hydrodynamic behaviour of polymers at dilute concentrations* due to some of the
effects we summarised previously in Chapter III: increased frictional interactions between
molecules (e.g. electrostatic) and increased steric obstruction to Brownian motion*. This is
exemplified by the Staudinger rule, for colloidal polymers, which states that with knowledge of
the shape of the solute, and having means to characterise its interaction with the solvent, we can
estimate its size (in terms of mass, or molecular weight)5. Staudinger’s rule has been formalised
a number of times including by Simha et al, 1940¢ and by Debye et al,19467, who each
proposed the physical origins of increased solution viscosity upon solvation of a polymer, even
expanding the theory to non-colloidal polymers. Both theories, amongst others, used a
parameter known as intrinsic viscosity to describe the effects of a semi-flexible solute upon the
hydrodynamic behaviour of the bulk solution1689. The application of the theory has been highly
successful, ultimately even being used to measure the molecular weight of globular proteins by

intrinsic viscosity measurements10.11,

Our second area of investigation is by dissolving the porphyrin dimer in concentrated polymer
solutions, or rather, pure ‘polymer melts’ which display extremely complex viscous behaviour.
In these systems, theory predicts that limitations on diffusion are due to polymer chain

entanglement and physical obstruction of solute diffusion by highly crowded molecular
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environments!24912, Under this assumption, the unoccupied ‘holes’ or ‘free-volume’ determines
diffusion of molecules and viscous behaviour, in a manner similar to that described by
Doolittle’s equation for solvent diffusion in the previous chapter491314, We hypothesise that the
intermolecular rotation of the porphyrin dimer is strongly sensitive to the magnitude of free-
volume in solution, as the limitation of free volume will prevent changes in molecular volume by
internal rotation about the dimer’s butadiyne bond. We have shown that intermolecular
rotation of the dimer is a measurable quantity with strong calibration to bulk solution viscosity,

and we seeKk to relate this measurement to free-volume in crowded suspensions.

Ultimately, we aim to use the porphyrin dimer’s as a viscosity probe in an hydrocarbon
environment of lipid chains and the previous chapter showed that the temperature-dependent
viscosity of Castor oil, a solution composed mainly of lipid chains, was well predicted by the
fluorescent response of the porphyrin dimer. However, Castor oil is composed of a large number
of molecules with different molecular weight, and with very complex entanglement behaviour.
In order to simplify the application of Staudinger’s rule and free-volume estimations, we used a
simple and well documented linear polyethylene glycol with molecular weight of 600 Da
(PEGe00)- The use of PEGeoo confers a number of advantages: its solvent-dependent behaviour is
well reported?s, it is soluble in a wide range of solvents, it does not interact chemically with the
porphyrin dimer, and finally its size and shape are highly comparable with those of the lipid
chains we intend to investigate in biomimetic lipid membranes. Namely, PEGgoo has 13
repeating units, giving an average polymer length on a very similar scale to that of the most

biologically common phospholipids (3-5 nm).

The length of the PEGeoo is also comparable with that of the length of the porphyrin dimer itself,
according to our estimations of dimer-length (approx 3 nm; Appendix B). Particularly in the
case that the PEG chain adopts a random-walk motion, with flexibility of the chain, the
porphyrin dimer is ideally suited to measuring both the dilute and concentrated regimes we

previously described. That the PEG molecule and the porphyrin dimer are roughly the same size
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gives a high probability of a good match between the enthalpy of motion, which we hypothesize,
would make the dimer’s motion highly sensitive to the polymer-volume related contribution
towards the viscosity of the bulk solution. Thus, we used the porphyrin dimer in dilute and
concentrated solutions in order to better understand the mechanism of viscosity-sensitivity and

to predict its behaviour in biological solutions.

We hypothesise that the porphyrin dimer will be sensitive to the intrinsic viscosity of dilute
polymer solutions. The following section tests our hypothesis by application of Staudinger’s rule
to estimate the molecular weight of PEGesoo dissolved in different solvents. Using our knowledge
of the dimer’s solubility in each solvent, we draw conclusions regarding its interaction with the
polymer molecule.

4.2 Intrinsic viscosity and polymer molecular weight

The most commonly used and simplest equation for diffusion within a solvent - Stokes-
Einstein!é diffusion (equation 4.1) includes a term, {, for solvent friction of solvent molecules as
they displace one another during diffusion as it impacts the rate of diffusion, signified by the

diffusion coefficient, D. Below in equation 4.1, k is the Boltzmann constant and T is temperature.

p== (4.1)

The Stokes-Einstein equation!é is normally used to describe diffusion of solvent molecules
amongst each other, in a homogenous solution, where diffusing molecules are of identical size?”.
It was known that dilute solutions of colloidal particles displace solvent and increase frictional
interactions between the solute and solvent in a manner proportional to the hydrodynamic
volume of the solute*5. However, the measurement of Einstein’s diffusion coefficient fails to
adequately relate the friction coefficient {, to a quantity of macroscopic viscosity, n1s.
Assumptions of size and shape of the solute and solvent molecules which are relevant in terms
of local diffusion (measured as D, the diffusion coefficient) are not easily extrapolated to the
scale of the bulk property, viscosity (This is discussed in detail in Chapter VI). Moreover, it has

been observed that very low concentrations of large dissolved solutes can alter the bulk

IV.122



viscoelastic properties of the solution, and has been observed in the case of colloids, globular
proteins and polymers4-6.10, To address this, in 1906, Einstein defined the term which is now
known as specific viscosity, nsp, (equation 4.2) 1619, which expresses the volume fraction of a
solution that is occupied by a solute, assuming the volume of the solute can be well described by
a sphere, as in equation 4.2, where k is the Boltzmann constant, V is the solution volume, and V,

is the volume of the solute that contributes to solution viscosity?7.
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Figure 4.1: a) ny/c and b) In n./c are linear with polymer concentration. Both parameters have the
units of 1/Concentration (mL/g). Theory predicts that the intercept of both parameters against
concentration is the intrinsic viscosity, [n].

In estimating the fraction of solution volume that is occupied by solute, it is possible to
extrapolate the viscous contribution of that same solute to bulk viscosity by estimating friction
generated by interaction with the solvent, creating, as Weissberg et al.,, 1951, describe, a solvent
‘cage’t that disrupts the normal hydrodynamics of the solvent and increases the activation

energy of diffusion in a manner dependent on its size and shape.

As an experimentally measured value, specific viscosity is defined as in equation 4.3, where 7o is

solvent viscosity or the viscosity of solution prior to addition of the solute or polymer.
= 1770 (4.3)
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It is measured alongside the quantity relative viscosity, n- as in equation 4.4.

=1
M= (4.4)

The quantities specific and relative viscosity can be normalised to concentration, giving the
incremental viscosity change per unit concentration of a large solute (polymer) in a solution
(Figure 4.1). Extrapolation to zero concentration of both parameters gives a value known as
intrinsic viscosity, [n] which describes a concentration-independent value for internal friction of
the polymer chain in relation with itself. Theoretical specific and relative viscosities, normalised
for concentration of a polymer solution intercept the zero-concentration y-axis at the same

point, the intrinsic viscosity.

The value of the intrinsic viscosity relates to polymer molecular weight, asserted by the Mark-

Houwink?20.21 equation (4.5)
[n] = KM* (4.5)

Here, K is a proportionality-constant specific to the polymer species, regarding its shape, which
makes the intrinsic viscosity value applicable to non-linear polymers or flexible linear polymers
with a collapsed or semi-collapsed configuration. g, is a constant relating to the combination of
polymer and solvent, which describes the nature of polymer conformation in that particular
solvent?0. Values for a are measured in what are known as theta-solvents for the polymer in
question, in which it is optimally solvated, such that polymer chains assume random walk coil
dimensions (neither completely collapsed nor tensed coil conformations)20. These ‘shape’
factors, K and a, give an approximation of the shape of the polymer, and the nature of its
interaction with the solvent, which directly inform the theoretical hydrodynamic shell of the
polymer, which is the origin of increased bulk viscosity of in solution20. Thus, M, in equation 4.5,
is the molecular weight. Typical values for both K and a are widely available from sources such

as the Polymer Handbook!s.
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Measurement of intrinsic viscosity is an established method for fast and reliable measurement
of polymer molecular weight and is increasingly applied to biological systems to measure
protein molecular weight!122, We first aim to measure intrinsic viscosity in a system with
known polymer molecular weight using the porphyrin dimer in order to test the molecular
rotor mechanism in polymer suspensions where it will be used to measure the molecular weight
of dissolved solutes in a rapid and accurate way. Determination of the values of K, M and a, as
measured by the porphyrin dimer will confirm our hypothesis that the local microviscosity
measurement is related to solvent friction and solute shape.

4.3 Ratiometric viscosity measurements of dilute solutions of PEGeoo

We prepared solutions of PEGeoo in solutions of water, chloroform, dimethylsulfoxide (DMSO)
and methanol, as model systems for the measurement of intrinsic viscosity. We systematically
increased the concentration of PEGeoo in the four solvents mentioned above, and measured their
viscosities by both mechanical rheometry and fluorescence, to determine the emission ratio. We
measured the viscosity-sensitivity of fluorescence spectra of the molecular rotor P;NMes,

characterised in the previous chapter, upon increase in PEGeoo concentration (Figure 4.2).

In all four solvents, upon addition of PEGeoo, we observe the appearance of a high energy, short
wavelength emission band (the peak of the ‘twisted’ confomer), characteristic of P,NMes
emission in high viscosity solutions. This is consistent with our hypothesis that solution
viscosity increases when the polymer concentration is increased. However, in Figure 4.2a, we
also observe a dramatic blue shift in the low energy, planar emission maximum upon addition of
PEGeoo in water. This shift can be associated with disaggregation as seen in the previous
Chapter, which we interpret as a sign of increasing solubility of the dimer in solutions of
increasing PEGeoo. Previously, P,NMes has been shown to be largely insoluble in water?3, and
displays, in our experiments, the characteristic signs of aggregation: red-shifted emission,
decreased emission intensity, and loss of viscosity-sensitivity. Aggregation was confirmed by
recording the absorption spectra of the same solutions, as in Figure 4.2b, where solutions of
very low concentrations of PEGeoo are shown to have decreased absorption intensity in both the
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Q bands and the Soret peaks, which appear broadened. Loss of viscosity sensitivity is attributed
to the conformational inflexibility of aggregates, making the planar confomer dominant in the
ground state, such that excitation at the maximum of the twisted confomer excites a large
proportion of the planar confomer as well. Thus the ratio of twisted to planar is low in the
ground state of the aggregated porphyrin dimer, P,NMes, and this collapses the ratiometric
calibration of viscosity in the excited state. However, addition of greater quantities of the less
polar PEGego into solution appears to reverse spectral signs of aggregation, shifting the planar
peak, and restoring the appearance of the twisted peak in response to increased polymer
concentration, as predicted by Staudinger’s rule that the presence of the polymer increases bulk
viscosity. We attribute this to preferential solvation of P,NMes in PEGeoo, in close proximity to
the polymer chains rather than fully solvated by water. This ensures that the dimer remains
disaggregated and therefore sensitive to the viscosity of its locale. We observe a combination of
two spectral effects, a blue shift indicative of increased solubility of the dimer (in PEGgoo) and
the appearance of the twisted confomer indicative of increased bulk viscosity. This combination
of effects makes the correlation between increased concentration of PEG and increased
emission ratio more difficult to interpret as the rise of the twisted peak is suppressed by

aggregation conditions in combination with the effects of low viscosity.

To test the validity of our data in water, we made a comparison with two solvents where both
the polymer and P,NMe; are completely soluble. We prepared solutions of PEGey in DMSO
(Figure 4.2c, d) and in methanol (Figure 4.2 g, h) where the rise in intensity of the ‘twisted’
emission peak is seen without any change in peak maxima. P,NMejs is highly soluble in both
DMSO and in methanol, as can be seen in the absorption spectra in these solutions shown in
Figure 4.2d and h - all spectra show sharp Soret absorption peaks. Due to good solubility of the
dimer in these solvents, there is no preferential solvation by PEGego, such that emission arises
equally from dimers solvated by the solvent and those in close proximity to PEGesgo chains. Thus
the presence of PEGeoo chains at ever increasing concentrations creates solvent ‘cages’, as per
the theory of Weissberg et al., 19514.
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Indeed, from this comparison, we infer that the consistently low emission ratios observed in
water are due to poor dimer solubility and not to any specific interaction with the polymer that
negates the ratiometric viscosity sensitivity. Furthermore, we tested the behaviour of P,NMez in
a non-polar solvent with increasing concentrations of PEGeoo to test whether viscosity-
sensitivity is still maintained or whether effects of insolubility are observed. We sought to
repeat the experiment with non-polar solvents as a mimic for the conditions of the hydrocarbon
interior of the lipid membrane; that is, we sought to test the sensitivity of the charged dimer to
large solutes in a non-polar environment (Figure 4.2e,f). Absorption spectra of P,NMes in
solutions of PEGeoo in chloroform indicate that the dimer is relatively well dissolved, with signs
of minor aggregation at very low concentrations of PEGeoo, as expected for the positively
charged P;NMe; (Figure 4.2f). We observe a good relationship between the increasing
concentration of PEGeoo and the rise of the twisted peak in emission spectra, in a manner
consistent with that observed in DMSO and methanol solutions. From this, we infer that the
dimer is moderately solvated in chloroform but does show an increase in twisted emission upon
addition of PEGeoo without significant aggregation or solvatochromic spectral effects to the

extent observed in water.

Thus, we established that the quality of absorption and fluorescence spectra (shown in Figure
4.2) reflects the solubility of the porphyrin dimer in both the solvent and in the polymer and is
of primary importance in the analysis. Ultimately, we conclude that viscosity measurements by
the porphyrin dimer in aqueous solution must be limited to samples in which the absorption
peak maximum is close to the value expected in a disaggregated state. According to our data this
includes concentrations of PEGeoo of > 0.4 g/mL. This is due to the nature of the microviscosity
measurement performed by the molecular rotor, in that, it is only sensitive to its immediate
solvation shell. Imperfect solubility in mixtures of solvents or structured solvents with large
solutes can thus strongly affect the interpretation of ‘bulk’ viscosity from the dimer’s ratiometric

measurements. With this in mind, here we discuss how the porphyrin dimer’s viscosity
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measurements of polymer solutions compare with theory and whether the dimer’s solubility is

an obstacle against viscosity-sensing in these solutions.

Figure 4.2: Ratiometric viscosity sensitivity of P.NMes to polymer concentration in solutions of a,b)
water; ¢,d) chloroform; e,f) DMSO; g,h) methanol containing PEGsp. Emission spectra (Aex = 453
nm): left column; absorption spectra: right column: Concentrations of PEGep range from 2 x 107 to
1 g/mL. Concentration of P.NMes is 0.33 uM, giving an absorption intensity of 0.1 AU at 453 nm.
The exception is the case of H;0 + PEGesp where the molar absorption coefficient of P.NMe3
increases significantly in the presence of PEGsoo.

In Chapter IlI, we showed that the dimer’s emission ratios in solutions of methanol and glycerol
are well-correlated to the mechanical measurements of viscosity, as predicted by the Forster-
Hoffmann equation. Here, we seek to investigate whether this linear relationship (on a double

log plot) is upheld in PEGeoo solutions in varying solvents. For these plots, emission ratios in
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methanol and glycerol solutions are compared with the kinematic viscosity (v, mm?2/s) as
measured by mechanical rheometry of the same solutions. Kinematic viscosity is the dynamic

viscosity independent of density (p, g/cm3) as (equation 4.6):

(4.6)

<
I
° I3

In Chapter III, we compared emission ratios against the dynamic viscosity (1, cP) as predicted
by the Forster-Hoffmann equation. However, Staudinger’s rule and constants for the Mark-
Houwink equation are all given in proportion to kinematic viscosity rather than dynamic
viscosity. As such, all viscosity data of polymer solutions is presented in terms of kinematic

viscosity, v (mm2/s).

Though the Forster-Hoffmann equation applies to pure solution viscosity, where the solvent
molecules are of roughly equal size, and much smaller relative to the dimer, we expect to see the
viscosity-dependent spectroscopic changes in structured solutions of PEGeo0. However, we also
hypothesise that the exact trend will vary according to the solvent in which the polymer is
dissolved. To this end, we show calibration curves, comparing the dimer’s emission ratio and

the viscosity as measured by mechanical rheometry in solutions of PEGeoo in Figure 4.3a.
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Figure 4.3: a) P2NMe;s emission ratios from solutions of PEGsp in methanol (pink) chloroform
(black) and water (cyan) plotted against the kinematic viscosity measurements of the same
solutions by mechanical rheometry using the Stabinger 3000 viscometer. Least squares linear
regression of the data gives Emission ratio = 0.72v - 1.30 with R? = 0.97 (methanol); Emission ratio
=0.65v - 1.56 with R? = 0.99 (chloroform); Emission ratio = 0.31v - 0.78 with R? = 0.69 (water). b)
P2NMes emission ratios against PEGge concentration (g/mlL). c) Combined graph showing P-NMe3
emission ratios from solutions of PEGespo as well as in mixtures of methanol and glycerol,
reproduced from Chapter I11.

Figure 4.3 shows that P;NMe3 emission ratios increase with increasing concentration of PEGeoo

and thus with increasing solution viscosity, as measured by mechanical rheometry. This is true
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in solutions of methanol and chloroform (pink, black data respectively), where both the polymer
and the dimer are highly soluble. In these two solutions we observed strong linear relationships
(in a double log plot) with approximately equivalent slopes (0.73, 0.66, respectively). However,
linear regression of the data in chloroform shows that the curve is shifted slightly to the right
relative to that for methanol: that is, the emission ratios in chloroform are lower than those
observed in methanol for the same viscosity values. By contrast, data collected in solutions of
PEGeoo in aqueous solutions has a reduced slope (0.31) and increased emission ratio at low
viscosities. We propose that this is a reflection of the dimer’s location in close proximity to (or
immediate contact with) PEGeoo chains to the exclusion of water molecules. The small slope is an
indicator that the dimer’s emission intensity is changes only slightly upon increasing
concentration of PEGeoo as it is not as sensitive to the presence of the polymer in the bulk
solvent, i.e. the hydrodynamic effects upon the order of water molecules. Instead, we can
hypothesise that the dimer’s viscosity-sensing mechanism of rotation is mainly affected by the
motion of the PEGgoo chains local to the dimer, and their increasing entanglement as that local
concentration increases. Thus, a positive correlation between emission ratio and solution
viscosity is observed, but does not reflect both contributing effects of the polymer upon solvent
viscosity, simply the steric barriers of PEGeoo in close proximity to the dimer (Figure 4.3b). This
is further demonstrated by the increased error of the linear regression to the data, signifying a
large degree of noise from data with low emission intensity, which we take as a sign of
aggregation. If we attempt to discern the two concentration-dependent components of bulk
viscosity concentration of polymer: i) hydrodynamic effects and ii) chain entanglement, we
propose that both effects are observed in solutions of PEGeoo in methanol and chloroform, while

only the second effect, chain entanglement is observed in aqueous solutions.

In order to compare sensitivity to viscosity of P,NMe3 in bulk homogeneous solutions and in
PEGsoo solutions, we also plotted the data discussed above together with the data from methanol
and glycerol solutions at various temperatures, discussed in Chapter IlI, Figure 4.3c. We plotted
the kinematic viscosity of solutions of methanol and glycerol with those of the polymer

IV.131



solutions as measured by mechanical rheometry against corresponding emission ratios
(Forster-Hoffmann plot of dimer emission and kinematic viscosity is discussed in the next
section). A direct comparison between solvents i.e. in methanol, glycerol mixtures (purple,
Figure 4.3c) and PEGsoo in methanol, (pink, Figure 4.3c) shows that we observe a similar slope
with increasing viscosity, but emission ratios are vertically translated such that emission ratios
in PEGeoo solutions are higher than observed in methanol glycerol mixtures. We interpret these
differences to be due to the relative size and shape of the polymer chain in comparison with
glycerol molecules. Evidently, interaction between the PEGesoo chain and the porphyrin dimer
results in a higher emission ratio than observed in methanol/glycerol mixtures. We attribute
this difference to the conformational organisation of the PEGeoo chain in methanol as compared
to the complete mixture of glycerol molecules ‘dissolved’ in methanol. Thus, the calibration of
the dimer appears to be non-universal and shows small effects depending on the exact nature of
the solvent molecules. In case of the larger polymer molecule dissolved, a possible effect of
polymer chain conformations also has to be taken into account.

4.3.1 Mark-Houwink parameters and polymer chain conformation

Mark-Houwink parameters (K and a, Equation 4.5) describe the expansion of the polymer chain
in solution, and the relationship between polymer shape and the effects on solvent organisation.
The parameter ‘a’ is a descriptor of the potential of mixing between the polymer and the
solvent. At what is known as ‘theta’ conditions, the chemical potential of mixing between
polymer and solvent is zero. Under these conditions, a is always 0.5 and the polymer adopts a
‘random walk’ coil dimension, defined as a relaxed polymer chain where each monomer adopts
random walk dynamics, as shown in Figure 4.4, in chloroform. On the other hand, solvents with
values of ‘a’ greater than 0.5 are termed ‘good’ solvents, where the polymer expands to adopt a

conformation that enables greater mixing with the solvent.
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Figure 4.4: Predicted conformation of PEGegs chains in solutions of methanol (left), chloroform
(middle) and water (right) according to the Mark-Houwink parameters for PEGego in these

solvents, detailed in the Polymer Data Handbook?*. Hypothesized interaction of P;NMes with the
PEGeoo based on the relative solubility of the dimer with the solvent.

Here, polymer chains are more likely to be linear, with large bond angles between the polymer
main chain and the side groups, as shown in Figure 4.4 in methanol and water. Polymers in good
solvents have greater molecular volume than when they are dissolved in theta solvents. At a >
0.5, the Mark-Houwink equation adheres best to experimental data. Figure 4.4 also depicts a
hypothetical scheme for the interaction of the dimer with the polymer chain depending on the
dimer’s solubility in the solvent. For instance, in methanol, PEGsoo adopts an expanded
conformation, and the dimer is well solvated, able to detect the solvent shell of the dimer.
Alternatively, in water, the dimer is preferentially solvated near the polymer chains, where they
are in contact with one another as opposed to freely dissolved in the solvent. In chloroform, the
polymer is relaxed, adopting a smaller molecular volume, on average, while the dimer is slightly
preferentially solvated near the polymer chain. This is reflected in the calibration curves shown
in Figure 4.3, where the incremental change in ratio (slope) with concentration of PEGeoo is
lower in water, due to aggregation, and in chloroform due to the reduced molecular volume
compared to methanol. The ratios in PEGeoo in methanol compared with glycerol are higher at
all concentrations due to the structured nature of the polymer chain, and its hydrodynamic shell
that occupies larger volume. The parameter ‘K’ is related to similar volume effects. In theta

solvents, K is largely unchanging in different solvents, reflecting the relaxed conformation of the
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polymer chain under theta conditions. Both parameters are sensitive to temperature and

change depending on a given molecular number My,

Thus, in our experiments, for true comparison between solvents, all experiments were
performed at 293 K and using the same batch of PEGeoo. We predict that the molecular weight
estimation performed using the porphyrin dimer is likely to reflect the differences in polymer
conformation in different solvents. The next section discusses the application of the Mark-
Houwink equation to data collected for the porphyrin dimer from PEGeoo solutions in methanol,

chloroform and water.

4.4 Intrinsic viscosity and molecular weight
In the introduction to this chapter, we summarised Staudinger’s rule, stating that the viscosity

of a solution of polymer is dependent upon the molecular volume of the polymer, a function of
its molecular weight. The Mark-Houwink equation formalises this relationship by relation of
polymer molecular weight to the parameter, ‘intrinsic viscosity’, a concentration-independent
parameter unique to the interaction between the polymer and the solvent, which is reflected by
bulk viscosity. In this section, we seek to apply the Mark-Houwink equation to the porphyrin
dimer’s ratiometric measurements of polymer viscosity in the PEGsoo solutions shown in Figure

4.2 and 4.3 by the following steps:

1. First we sought to convert ratiometric viscosity measurements to units of kinematic
viscosity. We did this by application of the calibration curve for P,NMes in methanol and
glycerol solutions at varying temperature, Figure 4.5. We intend this data to be the
definitive correlation between twisted/planar emission ratio and viscosity, as it is
independent of the effects of temperature, aggregation and solvatochromism as
summarised in Chapter IIl. Above, we discussed the source of disagreement between
calibration curves in PEGegoo and in mixtures of methanol and glycerol suggesting that
interaction between the dimer and long PEGeoo chains are the cause. However, the

intended application of the Mark-Houwink Sakurada equation is as a predictor of
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polymer size purely from the hydrodynamic effect of the polymer on its solvation shell.
Thus, the methanol/glycerol data should be a good model for application of the equation
and use of the parameters from literature. We plotted the P,NMe3z emission ratio against

kinematic viscosity, v, as below in Figure 4.5.

0.1

P,NMe, Twisted/Planar Emission Ratio

1 10 100 1000

v (mm?/s)

Figure 4.5: The calibration curve for P:NMes vs. kinematic viscosity recorded in
methanol/glycerol solutions. The data was fit by least squares regression (Levenberg-
Marquardt algorithm) to the following equation: Emission ratio = a — bln(v + c)Where
a=-1.51,b=-0.50 and c = 20.15.

Next, we calculated specific and relative viscosities, 1nsp and nr to be plotted against the
polymer concentration. By convention, the character n is used to denote these
parameters, though they are calculated using values of kinematic viscosity (v) in
accordance with theory and existing literature. The values ns,/c and In n./c are expected
to change linearly with the concentration of PEGeo, and their common intercept is
termed [n], the intrinsic viscosity. Figure 4.6 summarises these plots for solutions of

PEGeoo in methanol (Figure 4.6a); PEGeoo in chloroform (Figure 4.6b); and PEGeo in

water (Figure 4.6¢).
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Plots of nsp/c and In n./c against concentration are expected to change linearly with PEGeoo
concentration. However, we find that in Figures 4.6a and b, in the solvents methanol and
chloroform, nsp/c clearly shows exponential dependence on concentration. We hypothesise that
deviations from linearity can arise due to artefacts: namely the concentration at which we made
these measurements might exceed that at which the dilute-solution conditions are met, and

polymer-polymer entanglement is a major component of observed viscosity.

Furthermore, nsp/c becomes smaller as it approaches 0 concentration, at [n], and here is where
the linear region is expected to occur, however, we were limited in the minimum concentration
at which we could make measurements due to the insensitivity of the porphyrin dimer’s
emission ratio at viscosities less than 1 mm?2/s. However, In n:/c is shown to be linear with
concentration, even at the high concentrations we tested in this experiment, due to the
compound nature of the hydrodynamic and entanglement components of viscosity. Data
obtained in aqueous solution displays a roughly linear relationship between both ns,/c and In
N:/c against concentration, though with very shallow slope. The relative insensitivity of
ratiometric viscosity measurements against the large change in concentration leaves estimates
of [n] highly unreliable, and as can be seen, the two curves for nsp/c and In n/c do not appear to

share a common intercept.

From these plots, we calculated the respective [n] expected for each solution and compared it
with values from literature. Our intention is to use the Mark-Houwink equation to predict the
molecular weight of PEGeoo as a means of confirming the accuracy of ratiometric viscosity
measurements by P;NMes;. Mark-Houwink parameters are provided in the Polymer Data
Handbook?4 and are used to calculate the molecular weight as predicted by ratiometric viscosity
measurements in solutions of PEGeoo in methanol, chloroform and water. Further, using the
ratiometric measurement of [n], and the known molecular weight (600 Da) we calculated the
Mark-Houwink parameters as predicted by the porphyrin dimer for comparison with those

from literature. Parameters of the fit are summarised below in Table 4.1.
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Figure 4.6: Mark-Houwink plots made by conversion of P,NMesz emission ratios to kinematic
viscosity by application of calibration curve from Figure 4.3. ns/c and In n./c for a) PEGego in
methanol b) chloroform and c) water at concentrations from 0.2-3 - 1.0 g/mL. Least squares
linear regression of the In 1,/c against concentration gives mL/g = 4.55C +2.68 with R? = (.99
in methanol, and mL/g = 1.14C + 0.67 with R = 0.99 in chloroform. ns,/c against concentration
gives mL/g = -9.4C + 11.79 R? = 0.77 and In n./c against concentration gives mL/g =80.9C +
186.4 R? = 0.42; both in water.
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Table 4.1: Mark-Houwink analysis of PEGeoo in water, methanol and chloroform

Literature Nsp/C Inn./c
nl 3.30 2.68
a 0.72 0.69
Methanol Non-linear
K 0.033 0.027
MW 600 448.63
] 5.04 5.32
a 0.5 0.51
Chloroform Non-linear
K 0.206 0.22
MW 600 664.62
] 2.07 137.0 8.60
a 0.76 1.00 1.00
Water
K 0.157 0.093 0.35
MW 600 149442 3913.2

The data summarised in Table 4.1 shows that we had limited success in predicting the
molecular weight of PEGeoo from application of the Mark-Houwink equation to ratiometric
measurements of intrinsic viscosity. Ratiometric intrinsic viscosity measurements of PEGggo in
methanol and chloroform reported a molecular weight estimate of 449 and 664 Da, respectively.
Experiments performed on PEGsoo in aqueous solution returned an extremely high estimate of
molecular weight, in keeping with our interpretation that the P,NMes; dimer is localised to
tangled PEGsoo chains and insensitive to the bulk viscosity of the whole solution. Thus it reports
an exaggerated measurement of solutions viscosity, as rotation of the dimer is only affected by

steric hindrance of the PEGgoo and not the solvent shell.
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However, we find that the calculated shape parameters, K and a are well matched to those from
literature, suggesting that the porphyrin dimer is sensitive to the conformation of PEGeoo
dissolved in chloroform and must be well solubilised in proximity to the polymer chain and its
solvent shell. Additionally, the molecular weight estimate at 665 Da (in chloroform) is well
within the margin of error of these experiments. Thus we are satisfied that the application of the
Mark-Houwink equation to ratiometric measurements of viscosity in chloroform is successful.
The molecular weight estimate of PEGgoo in methanol is less than expected, as are the shape
parameters K and a, suggesting that the emission ratio of the dimer is not reporting true
conformation of the PEGesoo chain. This is the same phenomenon we observed in the mismatch
between the two calibration curves as shown in Figure 4.3c. We maintain that the dimer
solubility is not a limiting factor in methanol, but rather, errors in molecular weight estimation
in methanol solutions arise due to two factors: i) the concentrations used are higher than those
recommended for application of the Mark-Houwink equation and ii) at these concentrations,
entanglement of PEGeoo with the dimer is a viscous mode that affects emission ratios but is not

detected in mechanical rheometry measurements.

4.5 Viscosity measurements in pure polymer ‘melts’ and concentrated

solutions
In the previous section, we determined the applicability of the dimer to ‘measure’ the molecular

weight of a dissolved polymer, by its affect on the ordering of solvent molecules. Although the
molecular weight measurements in chloroform were successful, the measurements in water and
methanol were marred by errors. We attributed these errors to a different conformation of
polymer chains in solution, as well as the problem of aggregation of the P,NMe3 dimer in water.
Due to a very complex mixture of environments that might be found in a biologically relevant
situation, we thus conclude that the ratiometric measurements of dimers are unlikely to provide
a reliable measure of the molecular weight os a surrounding polymers and/or macromolecules
at present. Nonetheless, we still believe that the dimer be used to measure viscosity in highly

concentrated polymer melts where entanglement is the major mode of viscous friction. While
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not a biological sample, this situation is close to the setting that may be found in tightly packed
lipid membranes, or concentrated macromolecular solutions in certain cell compartments, such

as the synaptic cleft or a cellular cytoskeleton.

There is an existing precedent for the use of molecular rotors, or other volume-dependent
methods to describe the viscoelastic behaviour of concentrated polymer solutions or pure
polymer melts. Loutfy et al, used a series of three p-(N,N-dialkylamino) benzylidene
malononitrile dyes which were shown to behave as molecular rotors in solutions of various
polymers!4. Figure 4.7 shows that the fluorescence quantum yield of the relevant molecular
rotor increased with time in polymerisation reactions, confirming the assertion that molecular

rotors could report the increase in viscosity of polymer solution14.
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Figure 4.7: A fluorescence intensity measurements of molecular rotor, [p-(N,N, dialkylamino)-
benzylidene] malonitrile (structure shown in the inset) is sensitive to the polymerisation of methyl
methacrylate (MMA), ethyl methacrylate (EMA) and n-butyl methacrylate (n-BMA). Figure from
Loutfy et al., 1986, Ref 14.

To further develop the connection between solute molecular weight and microviscosity as
measured by molecular rotors, Loutfy et al., demonstrated that the dye’s quantum yield was

related to free volume in the polymer solutionl4 Beuche et al.,, showed that free volume in
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polymer solutions is related to macroscopic viscosity of the solution and the specific glass-
transition temperature T, for a particular polymer but independent of its molecular weight 25.
Approaching the glass-transition temperature of the polymer solution decreases the available
free volume for the dye’s rotation, increasing its quantum yield. Victor et al,, 1987, among
others, have expanded upon Loutfy’s work using photoisomerisation of stilbene dyes to
demonstrate the reduction of free-volume in polymer solutions approaching the glass
transition.26:27

4.5.1 Viscosity of pure polyethylene glycol ‘polymer melts’

As discussed in the introduction to this chapter, the viscosity of pure polymer melts or
concentrated polymer solutions is a function of free volume which is related to the motion of
polymer chains, as determined by, amongst other parameters, temperature. We measured the
viscosity of different molecular weight PEGs (400, 600, 900 Da) as a function of temperature, by
measuring ratiometric response of P,NMes, The resulting data is shown in Figure 4.8. We found
that emission ratios are roughly equal between PEGs of different molecular weights between
273 and 340 K, with the exception of PEG4o0 which can boil at temperatures above 340 K. We
know that entanglement of polymers is the main source of viscous friction in polymer melts.
The nature of branching and polymer main chain bonding are strong determinants of this
entanglement. The coincidence of P;NMes emission ratios in these polymer melts are good
evidence that the viscous contribution from chain entanglement, and its restriction of free
volume, is independent of molecular weight. We discussed in the previous section that intrinsic
viscosity measurements used to estimate polymer molecular weight failed at high
concentrations due to the restriction of free volume, and that we presumed the porphyrin dimer
to be sensitive to this effect. Here we show good evidence that the porphyrin dimer is sensitive
to viscosity changes by temperature-induced free volume change, and that this is independent

of the molecular weight of the chosen polymer.
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Figure 4.8: Emission ratios of P2NMes in PEG melts of varying molecular weight; 400 (black), 600
(red), 900 Da (cyan), measured by fluorescence under temperature change from 273-373 K

Figure 4.9: a) Viscosities of various solutions as measured by ratiometric detection from P.NMe3:
PEGsoo melt (black) 90% glycerol/10% methanol (red), Hz0 (blue), DMSO (magenta) recorded at
varying temperature, shown a) in Arrhenius coordinates and b) vs mechanically measured
viscosity.

Figure 4.9 shows ratiometric viscosity measurements obtained using P;NMe; of various
solutions against temperature (Figure 4.9a) and viscosity (Figure 4.9b). As can be seen from
Figure 4.9a, there is no clear correlation of the ratiometric viscosity measurement with
temperature, which is consistent with temperature-independent behaviour of P,NMes. A much
clearer correlation is observed between the measured twisted: planar ratio and mechanically

measured bulk viscosity of these solutions, Figure 4.9b. As shown in Chapter III, we expect the
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Forster-Hoffmann correlation between the emission peak ratio and viscosity; from the data in
Figure 4.9b, this correlation is indeed observed for DMSO, 90% glycerol, and PEGeo solutions
with the particularly close correlation between PEGeoo and 90% glycerol. Since in the glycerol
mixture, a Newtonian solvent, we are confident that emission band ratios for P,NMe3 accurately
reflect the temperature-dependent change in viscosity, we can now conclude that the same is
true for the polymer melt, PEGsoo.This leads us to the possibility that in polymer melts, the
temperature-dependent viscosity change is independent of molecular weight. Indeed, this is
reflected in the Williams-Landel-Ferry and Beuche models for free volume as a function of
temperature?528, An aqueous solution is a noteworthy exception, since here the rotor P,NMe3
seems unable to accurately measure solution viscosity. However, this is perhaps not surprising
given the low solubility of P,NMes; in water and its strong propensity to aggregate, as shown
earlier in this Chapter.

4.6 Conclusions

In conclusion, in this Chapter we have investigated the response of a molecular rotor to
viscosity, modulated by an addition of high molecular weight polymer to simple organic
solvents such as methanol, chloroform, water and DMSO. We have tested the applicability of the
dimer to provide the molecular weight of polymers dissolved in these simple solvent, when
measured in highly diluted solutions. Where the dimer is preferentially solvated near the
polymer chain, we were able to use conformational behaviour to predict the polymer molecular
weight. Our proof-of-principle preliminary study indicates that in dilute polymer solutions, the
porphyrin dimer can accurately measure intrinsic viscosity, which can be used to report the
molecular weight of dissolved polymers. However, the precise quantitative parameters needed

for this measurement are not clear at present.

Although the molecular weight measurements in chloroform were successful, the
measurements in water and methanol were marred by errors. We attributed these errors to a
different conformation of polymer chains in solution, as well as the problem of aggregation of
the P,NMes dimer in water. Overall, we conclude that the ratiometric measurements of P,NMes
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are not suitable for molecular weight determination of dissolved polymers. Firstly, the cellular
environment is expected to be significantoly crowded, and as such the dilute solution conditions
will never be satisfied. Secondly, our investigation revealed a very large dependence of results
on the nature of the solvent and, consequently, the shape of the polymer chains in this particular
solvent. Due to a very complex mixture of environments that might be found in a biologically
relevant situation, we thus conclude that the ratiometric measurements of dimers are unlikely
to provide a reliable measure of the molecular weight of a surrounding polymers and/or

macromolecules.

We have next investigated the applicability of the dimer ratiometric fluorescence to determine
viscosity in highly concentrated polymer melts. We judge this situation to be close to the setting
that may be found in tightly packed cellular domains, such as lipid membranes, or concentrated
macromolecular solutions in certain cell compartments, such as synaptic cleft or a cellular

cytoskeleton.

Thus we have shown that we are able to measure the temperature-dependent viscosity
behaviour of concentrated polymer melts and the viscosity predicted by the dimer matches the
values measured experimentally by mechanical methods, as well as matches viscosity
determined by ratiometric measurements in methanol/glycerol mixtures, and DMSO. Based on
this promising data, we were able to confirm that in the case of polymer melts, the relationship
between polymer melts the relationship between viscosity and temperature is independent of
polymer molecular weight, but rather determined by the ‘free volume’ of the polymer’s

conformation.
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V. Viscosity measurements in
biomimetic lipid membranes

Having established the capacity of the porphyrin dimer to measure the viscosity of both
isotropic liquids (Chapter III) and polymer suspensions (Chapter VI), we sought to measure the
viscosity of lipid membranes. We hypothesize that the fluidity of the membrane bilayer is
related to the free volume between phospholipid tails. This chapter discusses membrane
viscosity, measured by fluorescence spectroscopy, in order to establish grounds and conditions
for imaging it in larger lipid structures. Our interest in lipid membrane fluidity stems from the
fact that the fluidity of membrane bilayers is thought to be important for its impact on the
biochemical function of the cell membrane and the mechanical aspects of the membrane’s

function.

5.1 Currently existing non-imaging methodologies for the measurement of
bilayer viscosity

5.1.1 Bilayer fluidity, friction and viscosity

In Chapter I, we define membrane viscosity by listing the physical origins of friction in the
hydrocarbon region. Among them: the length and degree of saturation of lipid chains, as well as
composition of lipid bilayers that determine thermodynamic behaviour. We also establish that
our definition of bilayer viscosity is a three-dimensional measurement describing the
hydrophobic, hydrocarbon region of the membrane. Given this definition, here we aim to
compare our definition of membrane viscosity against existing parameters in literature such as
membrane fluidity, bending rigidity and monolayer density. These parameters are widely used
to describe the mechanical properties of a bilayer under strain, as such they are directly related
to the two dimensional surface viscosity of membranes as well as the three-dimensional
viscosity of the hydrocarbon region of membranes. However, bending rigidity, elasticity and

compressibility are generally measured under conditions of applied stress, as in membrane
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aspiration or during membrane motion, as in fluctuation analysis, both of which require the
measurement of macroscopic membrane deformation rather than a microscopic measurement
of probe behaviour or motion!. The following section briefly summarises the most common
biophysical methods that investigate the viscoelastic behaviour of membranes by monitoring

membrane motion.

5.1.2 Mechanical methods

Of the most common mechanical methods that measure membrane viscosity, micropipette
aspiration is the best established. Several of these studies have already been performed on
living cells, including, that by Hochmuth et al,, 2000, and Henricksen et al., 200323. However,
membrane aspiration is more commonly applied to model membranes*s, whereby negative
pressure is applied to the surface of a giant unilamellar vesicle by a micrometric pipette under a
microscope. The surface of the vesicle is deformed into the micropipette in degrees proportional
to the negative pressure applied*. The magnitude of deformation is calculated from changes in
vesicle radius (of the remaining circular portion) giving the change in vesicular area. Resistance
to deformation is determined by a variety of bilayer properties, on both macro and microscopic
scales. For instance, the rate of deformation of the vesicle can be related to curvature and
osmotic pressure: macroscopic properties, as well as individual phospholipid area and
membrane density: microscopic properties. In aspiration experiments, separation of these
effects can be difficult. The same is true for fluctuation analysis, a technique that measures
thermodynamic membrane deformation without the application of external stress: a bilayer’s
natural undulations within the membrane reveal viscoelastic properties. However, the
extrapolation of a value for membrane viscosity can be complicated: Seifert et al., 1993 observe
that relaxation of membrane undulations are determined by two independent viscous modes,
which are separated by their characteristic rate constantssé. At slow time scales, i.e. membrane
fluctuations at 0.003 MHz6, both monolayers have ‘relaxed densities’ and lipids can reorient,

making intermonolayer friction the primary source of dissipation (often measured as ‘area
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compressibility’. At fast timescales, (0.3 MHz and above)é however, where both monolayers are
static and lipids cannot move independently, the apparent bending rigidity increases. Thus the
speed of undulations can also be taken as a signifier of the area of the measurement on the
bilayer surface. For instance, viscous modes of dissipation at fast timescales for undulations
dominate on the microscopic scale of measurement (nm) such as the surrounding media
whereas the frictional component of translational reorientation of lipids is observed at slow
timescales for undulations. We suggest that the former component, the slow reorientation of
lipids is closely related to the viscosity measurement performed by molecular rotors. However
Seifert et al., 1993 show that these two effects are coupled; and the combination requires a
complicated derivation to separate themé. The measurement of lipid lateral reorientation within
the bilayer is the subject of multiple imaging techniques that measure the translational diffusion
coefficient Dr. These techniques, Dr and its relationship with three-dimensional membrane
viscosity are the subject of Chapter VI. This chapter discusses the physical origins of membrane
viscosity as it is measured by the porphyrin dimer, which is different from the parameters
commonly used in the existing literature on the subject and we believe can supplement a

biophysical interpretation of the viscoelasticity of lipid bilayers.

5.1.3 Spectroscopic measurements of membrane viscosity

Prior to the increase in availability of microscopy for spatial resolution in membrane systems,
membrane viscosity was measured by spectroscopy in bulk solutions of suspended lipid
vesicles; fluid-filled sacs enclosed by lipid bilayers. Lipid vesicles are formed with fluorescent
dyes embedded within the bilayer, creating opportunities for spectroscopic study. For the
measurement of bilayer viscosity in bulk systems, well established techniques include
measurement of pyrene eximer formation’8, and fluorescence depolarisation or molecular
‘tumbling’ 210, The fluorophore pyrene forms emissive excimers, at a rate proportional to the
viscosity of the surrounding medium; this property can be used to measure diffusion, and

extrapolate viscosity. Alternatively, in measuring the changing angles of polarised light from
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selected fluorophores, the tumbling of a molecule can be monitored, and has been shown to be
proportional to the surrounding viscosity. Chapter I describes the theoretical basis of judging
viscosity by anisotropy measurements of fluorescence depolarisation. Recently, imaging of
rotational correlation times (0, in nanoseconds), the characteristic parameter defining
molecular tumbling, has been used to provide spatial resolution of viscosity in cells. However, it
is commonly a technique performed on homogenous samples of large volume (i.e. bulk
solution) 11, Table 5.2, at the end of this chapter, summarises some instances of fluorescence
depolarisation used to measure viscosity in pure lipid systems. We use this data for comparison
against viscosity measurements performed by molecular rotors, with the hypothesis that the
measurements will be roughly equivalent due to the nature of the measurement, involving a
single fluorophore, that can either internally rotate (molecular rotor approach) or tumble

(anisotropy approach).

We propose the use of our molecular rotor, the porphyrin dimer in order to directly and easily
measure the viscosity of model membranes. In the literature there exists a wealth of evidence
that suggests membrane fluidity is a crucial determinant of cellular health and biochemical
functionality!2-14, For this reason, we sought to quantify and image the dynamics of membrane
viscosity using our chosen molecular rotor, the porphyrin dimer. The nature of the viscosity
measurement is described in detail in Chapters III and IV. This methodology is applied to a

range of biomimetic lipid bilayers that we use as a model for the intact cellular membrane.

5.2 Variables affecting membrane viscosity

During our investigation of membrane viscosity, we determined that there are four basic
requirements that must be met in order for our viscosity measurements to be comparable with

literature values and legitimately related to membrane fluidity as it influences cellular function.

1. Incorporation: The dimer must be able to incorporate into a bilayer from aqueous

solution in a disaggregated state. This requirement is specific to the measurement of
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vesicles or cells suspended in bulk solution as uniform localisation of the dye is assumed
within the membrane. Figure 5.1a demonstrates the hypothetical insertion of the dye
into the membrane from aqueous solution. Here, the dye is disaggregated in the external
aqueous phase (Figure 5.1a (1)) such that electrostatic interactions can take place
between exposed meso substituents (Figure 5.1a (2)) and the phosphate head groups of
phospholipids. After this initial interaction, we expect that the hydrophobic core of the
porphyrin macrocycles will have sufficient energetic driving force to pull the dimer into
the hydrocarbon region ((Figure 5.1a (3)) such that both macrocycles are embedded
and the dimer is anchored vertically by its meso substituents (Figure 5.1a (4)). Data in
Figure 5.1b shows the increase in emission peak ratio over time after a solution of the
charged porphyrin dimer is added to a suspension of lipid vesicles. This data reflects the
gradual attachment, and potentially, embedding of the dimer into the hydrocarbon
region of the bilayer. Likewise, the emission intensity of the dimer increases drastically
upon association with the vesicles, as shown in Figure 5.1d.

Localisation: The orientation and depth of the dimer within the membrane is dependent
upon various features of the dimer including the charge of its substituent, size, and rate
of aggregation in water. Interactions between the dye and the membrane are likely to be
complex such that a proportion of dimer molecules may be partially embedded (Figure
5.1c (1)), or only surface attached (Figure 5.1c (2)). Fluorescence from dimer molecules
in these positions may contribute to the bulk signal from a bulk sample. We must be
confident that a significant majority of dimer molecules are solubilised within the
hydrocarbon region such that we can be sure the conformational dynamics of the dimer
are truly reflecting viscosity (Figure 5.1c (3)) rather than other types of interactions
with the membrane.

Lipid: Dimer Ratio: We have described the localisation of the dimer into the lipid
membrane as a dynamic process, which competes with another major dynamic process

in aqueous solution, aggregation. If added to lipid vesicle suspensions in excess, it is
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reasonable to assume that a large proportion of dimer molecules will aggregate prior to
entering the bilayer. They may also cause aggregates to form on the surface of vesicles,
perturbing the curvature and preventing the entry of monomeric dimer molecules.
During these processes, the porphyrin dimer continues to contribute fluorescence signal
to the bulk measurement, potentially occluding signal from membrane-embedded dimer
molecules. Data in Figure 5.1d shows the increase in intensity and blue shift of its
emission maximum once the dimer solution is allowed to interact with lipid vesicles.
This can disrupt the ratiometric method, as bulk measurements will show a combination
of emission from planar, viscosity-insensitive aggregates and real viscosity-sensitive
monomers. For this reason, we seek to reduce the relative amount of dimer to lipid upon
formation of the bilayer.

Bilayer integrity: In bulk measurements, we must ensure that the bilayers we measure
are consistent in phase and composition as these factors will have a vast impact upon
the measured viscosity of the membrane. This does not apply to microscopy, where we
would have spatial resolution of the sample. This is one of the potential strengths of our

technique and is discussed in further detail in Chapter VI.
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Figure 5.1: a) Hypothesized mechanism for dimer penetration into the bilayer (1) dimer soluble in
aqueous solution; (2) meso-position association with phosphate head groups; (3) hydrophobic
macrocycles penetrate the hydrocarbon region; (4) dimer embedded in the bilayer, aligned
vertically. b) P2NMez (0.33 uM) emission ratio peaks increase over time in DOPC Large Unilamellar
Vesicles (LUVs) suspensions (23.1 uM), indicating the dimer’s interaction with the bilayer is time-
dependent. c) Possible interactions between the dimer and bilayer (1) partial penetration into the
bilayer; (2) surface association; (3) full penetration of the bilayer with vertical alignment. d)
P2NMes (0.33 uM) emission spectra recorded in water (black) and suspension of DOPC LUVs (23.1

uM) (red).
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5.2.1 Insertion into the membrane

Amphiphilic phosphate groups isolate the hydrocarbon region of the membrane from the
aqueous compartment. The dimer must penetrate this phosphate layer in order to incorporate
into the hydrocarbon region of the bilayer. Insertion into the membrane by this route requires
that the hydrophobic driving force of the macrocycles be strong enough to overcome the
attractive tension between phosphate head groups and remain completely disaggregated as
only the monomer is likely to be small enough for penetration of the bilayer. An aggregate
would likely significantly disrupt the bilayer. As such, the dimer’s solubility in the hydrocarbon
phase is crucial to successful incorporation into the membrane. The size and charge of the

dimers will strongly affect their capacity for disaggregated insertion into the bilayer.

We tested four dimers - two cationic (P,C;NMel, P,NMel) one anionic (P,Suc) and one neutral
(P2) - in their capacity for incorporation into the membrane bilayer. To do this, we made large
unilamellar vesicles (~180 nm) by extrusion in two different ways (the full description of

methodology is available in Chapter II, Section 2.1.4):

o Pure lipid stock vesicles: here, a known quantity of stock solution of lipid in chloroform is
placed under vacuum to remove the organic solvent. Once dehydrated, water is added to
the lipid solution and allowed to dissolve. The mixture is repeatedly passed through a
small diameter porous membrane (200 nm) at high pressure (~ 80 psi), resulting in a
highly homogenous solution of unilamellar vesicles at approximately the same diameter
as the membrane pores. The dimer solution is then added to the suspension of vesicles
and allowed to incubate for a minimum of 30 minutes.

o Lipid and dimer mix vesicles: the extrusion process is identical to that for the pure lipid
stock vesicles. However, the pure lipid stock in chloroform is mixed with a solution of
porphyrin dimer in a 1:1 methanol, chloroform solution. The molar ratio of lipid to
dimer is known and held constant. In order to maximise solubility of the dimer in

solution, the extrusion process is carried out at 60 °C.
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Using a suspension of the resulting vesicles, we compared viscosity measurements from the two
preparations. In the samples of pure lipid, dimer solution was added after preparation of the
vesicles and we expected to see the dimer penetrate the bilayer and incorporate itself into the
hydrocarbon region of the membrane. We compared this with what we considered a control
measurement of vesicles made from a mixture of the dimer with pure lipid stock in which
interactions with aqueous solution do not influence the dimer’s partitioning in the membrane
For instance, the dimer will display a significantly higher emission ratio after penetration into
the membrane, and this is a time-dependent process. Figure 5.1b shows data that supports our
initial hypothesis of a time-dependent uptake. This process is also strongly affected by the
concentration ratio of dimer to lipid, as we have previously mentioned. In Figure 5.1b, at a
dimer: lipid ratio of 1:70, the emission ratio increases for 60 minutes during incubation.
Subsequent experiments are carried out at a ratio of 1:1000, where the dimer’s emission ratio
stabilizes after approximately 30 minutes due to the increased surface area of lipid vesicles for
penetration. The comparison between these two preparation methods elucidates membrane
penetration and localisation by the dimer and will be a major component of making the

porphyrin dimer suitable for use in living cells.

In order to gather putative evidence of the dimer’s location within the membrane, we used
various spectroscopic features (emission maximum, peak ratio etc.) that we had characterised
earlier. Chapter III summarises the effect of solvent polarity on the Am.x of emission for the
charged dimers where emission from polar solvents is red shifted relative to that of non-polar
solvents. Using this property, we used the Amax as a first indicator of whether or not the majority
of the signal originates from polar, aqueous solution outside or non-polar hydrocarbon region
within the membrane. Similarly, we used the viscosity-sensitive ratio of the bimodal emission
peaks to confirm the position of the dimer within the membrane as we know from literature
that the room temperature fluidity of a DOPC membrane is much higher than that of water!5-17.
This method of assigning the dimer’s sub-membrane locale is not without shortcomings,

particularly considering that the measurement is performed on bulk solution where spatial
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resolution is lost. Emission signal could be originating from a range of sub-membrane locales
from dimer molecules in varying states of membrane penetration, surface attachment to the
vesicle, or states of aggregation. We have seen that aggregation forces planarization of the dimer
and, along with low signal intensity and the red-shifted, broadened emission spectrum, gives a
very low emission ratio (e.g. Figure 5.1 d, aqueous environment). Similarly, we hypothesize that
surface attachment to the vesicle will give an artificially low ratio due to the planarization of the
dimer as it associates with the lateral surface. However, we used this early spectroscopic data to
investigate whether incorporation of the dimer into the membrane was at all possible. We used

our findings to optimise experimental conditions for subsequent measurements.

V.156



Figure 5.2: Normalised emission spectra (left column) and Absorption spectra (right column)
recorded for dimers in water (blue) or incorporated in DOPC LUVs: either added to LUV solution
post pure lipid vesicle preparation (black), or preformed from a dehydrated mixture of DOPC and
dimer to ensure a full dimer insertion into the bilayer (red). Dimer concentrations are kept at 1uM,
and lipid concentrations at 70uM. a,b) P, Aexat 440nm; c,d) P.Suc, A.x at 458nm; e,f) P2NMel, Aex at
447nm; g,h) P,C:NMel, Aexat 463nm.
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Figure 5.2 shows absorption and emission data obtained from DOPC vesicle suspensions of four
different dimers (emission spectra were obtained by excitation at the corresponding absorption
Amax Of the high energy ‘twisted’ confomer). Black lined spectra represent emission spectra of
vesicles that are preformed from a mixture of DOPC and dimer, used as a control for membrane
localisation; we term this preparation method ‘dimer-lipid mix’. Red lined spectra, alternatively,
represent the emission spectra recorded from DOPC vesicles prepared from pure lipid and then
incubated with dimer solution for 30 min; termed ‘dimer insertion’. Blue lined spectra show
emission and absorption of the dimers in water, at the same concentration of the dimer. For
these experiments, the concentration of all dimers was kept equal, at 1uM, such that the dimer:
lipid ratio and thus lipid concentration (70 uM) can be kept equal in order to avoid errors due to
concentration effects of either component. Due to differences in the molar extinction coefficient,
g, in water, of all dimers, the Absorbance at the A« varies. Furthermore, absorption spectra
shown in Figure 5.2 is strongly affected by scattering of incident light by the suspension of LUVs,
giving a scattering curve that decreases in intensity with wavelength (this is discussed in further

detail later in this Chapter).

Note, all emission spectra shown in Figure 5.2 were corrected for the decreasing sensitivity of
the emission detector with increasing wavelength. In regions of particularly low intensity this
led to artefacts, i.e. a perceived increase in intensity at long wavelengths, which was due to the

correction function, rather than to the actual emission from the sample.

Comparison of Amax of both emission and absorption measurements allows us to speculate on
the interaction of the dimer with LUVs in free solution. We expected to observe a number of

possible interactions, possibly in combination with one another:

i) Aggregation of the dimer in aqueous solution, and no interaction with LUVs, which
would be signified by red shifted emission, broad absorption peaks and low

emission ratio observed;
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ii) Surface association of the dimer with the LUV, which would keep it disaggregated
(and resulting in no shift or broadening in spectra). This mode of interaction,
however will likely report no increase in twisted/planar emission ratio signifying
preferential face to face binding to a bilayer surface.

iii) Partial or total penetration of the dimer into the vesiclular bilayer, in which case we
expect to observe no spectral shift and the appearance of a twisted emission band,

signifying high viscosity.

We speculate that the charge and size of the dimer will dictate the likelihood of these
interactions and we will be able to interpret emission and absorption spectra for indications of

the above interactions.

Figures 5.2a and b show that the neutrally charged dimer, P, has extremely low emission in
water and broadened absorption peaks (blue spectra, Figure 5.2 a,b respectively), consistent
with our expectation that it aggregates in aqueous environment. When P; is allowed to incubate
with DOPC LUVs, we observe a small increase in emission intensity and the same broadened
absorption peaks (red spectrum, Figure 5.2 a, b). In contrast, when DOPC LUVs are formed from
a mixture of lipid and dimer, we observe stronger emission and the appearance of the twisted
band (black spectrum, Figure 5.2a, b). From this data, we conclude that P, cannot penetrate the
LUVs from solution, consistent with the low emission and low emission peak ratio observed in
the ‘dimer-insertion’ samples. Instead, the emission spectrum is more similar to that observed
in water, a unimodal peak but with slightly augmented emission, indicative of some degree of

surface-association with LUVs.

Similarly, P2Suc, the anionic dimer, displays a strong coincidence between the emission and
absorption spectra in water (blue, Figure 5.2 ¢, d) and when incubated in solution with DOPC
LUVs (red, Figure 5.2¢, d). Emission from preformed DOPC containing P,Suc LUVs (black, 5.2c)

displays a higher emission ratio and a blue shifted emission maximum, signifying good
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incorporation into the membrane bilayer. From this, we conclude that, similar to P, P2Suc is
unable to penetrate LUVs from external aqueous solution. Instead, it appears that P,Suc remains

solvated in the aqueous fraction, possibly due to extensive aggregation.

The cationic dimers, P,NMel and P,C:NMel (Figure 5.2 d-h) behave markedly differently than
the neutrally charged, P; and anionic P,Suc discussed above. Emission from P,NMel after
incubation with DOPC LUVs (red, Figure 5.2e), in particular, shows good coincidence with
emission from P,NMel ‘dimer-lipid mix’ LUVs (black, Figure 5.2f). Indeed, absorption spectra of
these samples show a strong increase in absorption and a sharpening of the absorption maxima,
signifying a well-solvated disaggregated state of the dimer. Furthermore, the emission ratio
(Figure 5.2 e) between the pre-incorporated and subsequently mixed samples is roughly equal
and the emission maximum is approximately the same. We believe this is good evidence that the
cationic dimers can (at least partially) penetrate the lipid bilayer for access to the viscous

hydrocarbon region of the bilayer.

The longer cationic dimer, P,C:NMel also displays good coincidence between the ‘dimer-
insertion’ and ‘dimer-lipid mix’ samples (Figure 5.2g). However, in this case, the control
experiment, ‘dimer-lipid mix’ which shows emission from LUVs with the dimer embedded in the
bilayer is extremely weak. We take this as evidence that the long cationic dimer, P,C;NMel does
not fit well within the DOPC bilayer, perhaps due to the increased length and thus increased
distance of the positive meso substituents from the phosphate groups. Indeed, absorption
spectra of P,C;NMel (Figure 5.2h) show that the ‘dimer-lipid mix’ spectrum coincides with that
in water, showing broad absorption peaks and reduced absorption intensity. From this, we
speculate that P,C:NMel is aggregated under aqueous conditions, and disaggregates upon
incubation with LUVs due to surface association, planarising the dimer. This is supported by the
low emission ratio observed in emission (red, Figure 5.2g). However, P,C:NMel does not
incorporate well into lipid bilayers, with possible partial penetration (increased twisted peak

emission, Figure 5.2g) but overall predominant evidence of aggregation.
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Overall, the data shown in Figure 5.2 gives good evidence that cationic dimers (in particular
P,NMel) are the most likely to successfully incorporate into lipid bilayers from aqueous
solution. The length of the dimer is a possible variable determining the extent of penetration
into bilayer, with the shorter dimer, P,NMel displaying better evidence of incorporation and

viscosity-sensitivity than the longer dimer P,C;NMel.

5.2.2 Localisation of the dye within the lipid bilayer

Once a bilayer is assembled, the hydrocarbon and phosphocholine regions are expected to
display fundamentally different viscous behaviours. Literature predicts that in its liquid phase,
the hydrocarbon region acts as an isotropic liquid with Newtonian propertiesi8. The
phosphocholine region, on the other hand, consists of tightly packed charged molecules with
large ionic volumes that form the interface between the hydrocarbon region and the excluded
aqueous solution!8. Thus, from fluorescence spectroscopy, we expect to observe a combination
of viscous effects within the membrane in different micro-domains; the hydrocarbon region, the
phosphocholine layer and the interface between them. Considering this, the partitioning of the
porphyrin dimer into the membrane must be such that rotation about the butadiyne bond is

free of interactions with and steric hindrance from the phosphate head groups.

We have calculated the length of the dimer along the butadiyne axis to be approximately 30.09
A (See Appendix B), which is compatible with the depth of the DOPC bilayer at 38 A, as reported
in the literature by studies from molecular dynamics® and 2H NMR2°, We approximated the
volume of the dimer to be 54.12 nm3 (Appendix B), as a cylinder, to account for the freedom of
rotation in the butadiyne bond. From this, we hypothesize that the hydrophobic core of the
dimer will be able to fit in the hydrocarbon region of the membrane. If both macrocycles are
solvated by the hydrocarbon region, the charged meso substituents will be exposed to the
aqueous solution, acting as anchors holding the dimer vertically across the width of the
membrane. With this orientation, viscosity-dependent rotation of the macrocycles will be

affected only by the hydrocarbon region. We assumed that the negative charge of the phosphate
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head group would interact with positively charged meso substituents. However, we were also
aware that there could be interaction between the phosphate head group and the Zn2+ at the
centre of the porphyrin macrocycle. This would raise the relative position of the dimer within
the bilayer and interfere with free rotation within the hydrocarbon region as shown in Figure

5.1c.

To settle these concerns we turned to neutron reflectrometry. We characterised the structure of
a floating deuterated 1,2-distearoyl-sn-glycero-3-phosphocholine (DSPC) membrane bilayer in
the liquid disordered phase at 50 °C prior to and after incubation with an aqueous solution of
the positively charged dimer P,C;NMel for 12 hours. These experiments are carried out in
collaboration with Dr Arwel Hughes at ISIS neutron facility at Rutherford Apple Laboratories in
Didcot, Oxford. Preparation of a floating lipid bilayer suitable for neutron reflectrometry

experiments has been described previously in Hughes et al., 2008 21
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Figure 5.3: a) Neutron reflectrometry data for the floating self-assembled bilayer?! composed of
d70-DSPC: P,C:NMel, at 70:1, recorded at 50 °C; momentum transfer Q (A) against Reflectivity (AU)
for three solvents exchanged over the bilayer prior to (black) and after incubation with the dimer
for 12 hours (red). b) Structural information is extracted from neutron reflectivity data when
plotted in scattering length density, showing a change in the lipid tail region of the bilayer.

Neutron reflectrometry is a non-destructive specular reflection technique often used to
characterise lipid membranes at wavelengths that are approximately equal to lipid mono and
bi-layer thickness, giving high resolution of structure. Figure 5.3 shows the results of a neutron
reflectrometry experiment on a floating d70-DSPC (an 18 carbon lipid chain, fully saturated but
with hydrogenated choline group) the bilayer at 50 °C, where the intensity of reflected neutrons

is plotted against the momentum transfer vector q,, a function of the neutron angle of incidence,

0, as shown in equation (5.1).

4T

=—sinf 51
qz

V.163



As 0 is varied, neutrons penetrate into the depth of the membrane, along the z-axis. Momentum
transfer, increases with increasing 0 (equation 5.1). Structural components are associated with
depth into the membrane, intensity profiles of phosphate ‘head’ groups and hydrocarbon lipid

‘tails’ can be separated and identified, as shown in Figure 5.3.

In the sample chamber, contrast in neutron scatter between the bilayer and its solvent must be
maximised to achieve the highest possible resolution for the experiment. In NR, this contrast is
determined by differences in the ‘scattering length density’ (SLD) between atomic nuclei. For
example, the SLDs of hydrogenated water and of deuterated water are -0.56 A2 and 6.35 A,
respectively (the SL of hydrogen is negative due to a 180° phase shift of the neutron radiation
after interaction). Relative to the SLDs of other atomic nuclei that are major components of
biological molecules (e.g. oxygen, phosphorus, nitrogen etc.), the difference in scatter between
hydrogen and deuterium is extremely large, making them a good pair for the creation of
contrast in neutron reflectrometry. In the experiment shown in Figure 5.3, the bilayer is
composed of phospholipids with hydrogenated phosphocholine head groups and deuterated
lipid tails while the assembled bilayer is supported on a silicon block, under a large volume of
solvent. Due to the difference in scattering intensity, the deuterated lipid region of the bilayer
has most contrast when it is suspended in H,0. However, the three elements of the bilayer
sample can be identified using a method of varying the solvent while the bilayer remains in the
sample chamber: in H;0, both the silicon support and the lipid region contrast against the
solvent, in D,0, the silicon support and the phosphocholine groups are contrasted. In order to
contrast the whole bilayer alone, a mixture of D;0 and H,O is produced that matches the
scattering of the Silicon block, which then disappears into the solvent ‘background’. These three
solvent conditions (Hz0, D20 and Si-matched H,0) are shown in Figure 5.3a, where reflectivity
is plotted against the momentum transfer vector Q. The bilayer is measured in these three
solvents prior to (black, Figure 5.3a) and after (red, Figure 5.3a) incubation with the dimer. As
expected, the panel showing the deuterated bilayer under H,O shows the highest reflectivity at

low values of Q. Each floating lipid bilayer has a slightly different intensity profile though
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characteristic curves in both the shallow ‘heads’ and deep ‘tails’ regions. For this reason, we
needed to characterise the bilayer before incorporation of the (hydrogenated) dimer in order to
be able to compare intensity profiles reliably. The bilayer without dimer is shown as black in
Figure 5.3a, and after incubation with the dimer is shown in red. Figure 5.3b shows the inverse
of 5.3a: scattering length density against the bilayer depth with data from all three solvents
represented. In all three curves, the changes observed upon incubation of the dimer-solution
with the membrane, are observed at greater depths within the membrane, towards the
hydrophobic tail region. This confirms our hypothesis and preliminary data that positively
charged dimers can penetrate a pure lipid bilayer. We were constrained by the limited ISIS
beam time to test the positioning of only one dimer within the bilayer. However, as shown in
our fluorescence study (Figure 5.2) we have evidence that cationic dimers behave similarly
upon interaction with the phospholipid bilayer, and we used this reasoning to extrapolate that
the remaining cationic dimers would also penetrate the bilayer and localize in the hydrocarbon

region.

We determined that the scattering length density of the bilayer with the dimer included is

composed of both the bilayer and the dimer:

SLDtotar = X1SLDy + x2SLD,

Where y; and y, are mole fractions;

SLDtotar = XdaimerSLDgimer + (1 — Xdimer)SLDlipid

Here Xgimer is the mole fraction of the dimer within the bilayer. Having measured the bilayer
alone, prior to incubation with the dimer, we made the assumption that the SLD of this sample

reflects scattering from pure phospholipid components of the bilayer and can be calculated
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from fitting of the data shown in Figure 5.3a. In order to calculate the contribution of the

SLDgimer to the SLDyota, we calculated the scattering length density of the porphyrin dimer using:

Xinb;

SLDgimer = %

Where we sum the scattering length, b, of n atoms of the molecule of the component atoms of

the dimer (i) and the molecular volume of the dimer is V. SLDgimer is found to be:

5.7604 x 1073 4 6
SLDaimer = —1 o gs — 104x 10

Using the value SLDjipia = 6.01x106 A2, we found the change in SLD after incubation with the dye.
The SLDota is found to be less than the SLDypia because the deuterated lipid component of the
bilayer occupies less volume in the presence of the dimer, which is hydrogenated and so does
not contribute significantly to the scatter from the bilayer. As such, SLDiipid - SLDtotal = 3.655x10-7

A-2. Using this value, in order to determine the Xdimer, we calculated:

(6.01 X 1076 — 3.655 X 1077) = Ygimer1.04 X 1076 + (1 — Ygimer)6.01 X 1076

(5.6445 X 107°) = Ygimer1.04 X 107 + (1 — Ygimer)6.01 X 107°

(5.6445 X 107°) = (Xgimer1.04 X 1076) + (6.01 X 107%) — (6.01 X 10~ xgimer)

(=3.655 X 1077) = xgimer(—4.97 X 107°)

0.0735 = Xaimer

Thus we can calculate that the bilayer is composed of 7% P,C.NMel after incubation under these
experimental conditions. 7% is a sufficiently small proportion of dimer within the bilayer that
we observe no changes in the structurally-dependent scattering curves, we are confident we
have not perturbed bilayer structure. While promising, this data is collected at a very high

concentration of dimer in solution, (lipid: dimer is approximately = 13:1). Furthermore, our
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data proves less clear regarding the surface of the bilayer than it does about the lipid region of
the bilayer, we are limited in observing the outside of the bilayer where dimer molecules may
aggregate. On the other hand, we have highly resolved data that proves the dimer is able to
penetrate the bilayer and incorporate into the hydrocarbon region. However, the conditions of
the experiment are highly significant in that higher concentrations of dimer, the length of the
hydrocarbon chain, the saturation state of the hydrocarbon region, and temperature of
incubation may alter the nature of incorporation into the bilayer. We sought to characterise
these conditions, particularly that of the concentration of the dimer, relative to the bilayer,

which we term dimer to lipid ratio.

5.2.3 Treating emission data obtained in highly scattered LUVs solutions

Fidelity of our measurements in the lipid bilayer system required that we use as low amount of
dimer as possible within the bilayer. However, in order to carry out spectroscopic
measurements, we had to ensure that the dimer signal can be observed in highly scattering
vesicular suspensions. Imaging on the microscope is less sensitive to the effects of scattering but
our initial investigations, presented here, are bulk measurements. For this reason, we carried
out studies to find the lowest possible lipid: dimer ratio that was suitable for spectroscopic
measurements. The nature of the measurement requires that we keep the dye concentration the
same over all samples, and so the lipid concentration was changed in each sample. However,
single measurements would not fully describe the viscosity-sensitivity of the dye within these
environments. The lipid viscosity of a bilayer is sensitive to temperature variation, which is
ideal for bulk spectroscopy, having shown in Chapter II that the dimer’s ratiometric viscosity
sensitivity is temperature independent. We sought to test whether dye penetration,
disaggregation and viscosity sensitivity were affected by experimental conditions while we
manipulate lipid viscosity. We explored how the relationship between the dimer’s emission and
viscosity of the lipid bilayer were dependent upon the ratio between dimer and lipid

concentration between 2 % and 0.02 % (50:1 to 5000:1 lipid: dimer ratios).
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However, our ratiometric analysis was hindered by intense scattering from the vesicle
suspensions. Figure 5.4 shows the nature of scattering from colloidal suspensions of the
vesicles’ size and its interference with analysing the dimer’s emission spectrum for ratiometric
analysis. Emission spectra of lipid: dimer vesicle suspensions have an asymmetric baseline with

relatively high intensity (Figure 5.4).

Figure 5.4: a) Fluorescence spectra of Pz (0.33 uM; Aex = 447 nm; 1000:1 lipid: dimer ratio) from
pre-formed DPPC LUVs. The emission from the dimer is seen on top of the asymmetrical baseline
tentatively assigned to the incident light scattering by concentrated solutions of LUVs (right)
scheme of emission from P, and scattering of excitation light b) emission spectra recorded
following 447 nm excitation of pure DPPC LUVs. This signal is assigned to pure scattering from
LUVs. ¢) Scheme of showing simultaneous scattering and emission of light by the solution of P; in
DPPC LUVs.(left) scattering of excitation light by LUVs, as inferred from scattering curve in
spectra.

The baseline created by scattering decreases in intensity with increasing wavelength, and has

evidence of structure at roughly 540 nm. Upon measuring the emission spectra of lipid vesicles
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lacking any fluorescent dye, excited at 447 nm, we observe the same asymmetric baseline,
skewed towards smaller wavelengths. We attribute this curving baseline to scattering of
incident light by the lipid vesicle suspension. Excitation light at 447 nm is strongly scattered in
all directions by the vesicle suspension and becomes mixed with fluorescent light collected from

the sample (Figure 5.4).

Small colloidal suspensions, such as those of lipid vesicles, are known to scatter light in a
manner dependent upon size of the particle and wavelength of light, the relationship between

them is described by the following:(equation 5.2)

x=2 (5.2)

Where r is the radius of the spherical particle in suspension and A is the wavelength of incident
light. Values of x can describe the likely nature of scattering: when x < 1, such that r < 1/10 of A,
the sample is effectively transparent for the wavelength, A. The reverse is also true, such that
short wavelengths have a large value of x, and are highly scattered. This is due to the relative
curvature of the interacting particle: if an incident light wave interacts with a particle of the
same or larger radius, the curved surface of the particle is sufficiently large to refract the
incident light, sending it in a different direction. Longer wavelengths will have a much lower
likelihood of interaction with the surface of the particle and will continue in the same direction.
For lipid vesicles with diameter 180 nm, excited at 447 nm, x = 2.52. In these cases, where x < 1,
excitation light is strongly scattered in all directions including towards the direction of the
fluorometer’s detector and is mixed with the dimer’s emitted light which is dispersed by the

emission monochromator, Figure 5.4c.

To enable data interpretation for samples with significant scattering observed we developed a
correction method, as shown in Figure 5.5. Scattering decreases with wavelength, as predicted
by equation 5.2, and some structure is clearly visible at 525 cm, with smaller peaks at 615 and

730 nm (Figure 5.6a) which we have identified as possible Raman peaks, with chemical shifts of
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3300, 6000 and 8700/cm, respectively. Literature values for Raman shifts of phospholipid
bilayers have reported a peak for DPPC at 2881/cm?2, and/or a broad Raman band from 2800-
3080/cm?23, while Suga et al.,, have assigned a Raman shift for choline at 3040 cm/cm?24. It
appears that the thickness of the bilayer, the curvature of lipid vesicles and the number of
lamellae in the vesicle can strongly affect the observed Raman shift22-24. Coupled with scattering
of excitation light as we showed above, this is one possible explanation for the structure

observed in Figure 5.5a for plain DPPC LUVs excited at 447 nm.

Irrespecive of the nature of the features in the spectra, we have assumed that in the region
between 615 and 728 nm, the signal of pure LUV sample can be modeled by a straight line.
Figure 5.5b shows a superimposition of the original scattered spectra and the modeled linear
baseline which was created using a geometrical tool in Origin 8.5 which uses existing points in
the spectrum to estimate a linear baseline between two points. Consequently, this calculated
baseline was subtracted from each spectrum. Our efforts to fit the baseline, or to use the
temperature-dependent scattering curve as collected from plain LUVs (Figure 5.5a) proved to
introduce a large amount of noise to the spectra, which complicate the accuracy of our

measurements of emission ratio.

Figure 5.5c¢ shows the resulting of spectra after subtraction of the linear baseline in the region
615-728 nm. This method was found to show good agreement between the hypothesized
spectra of the dimer in lipid vesicles and the manually determined baseline subtracted spectra.
Figure 5.5d shows twisted/planar emission peak ratios plotted against temperature in bulk
solutions of lipid vesicles of mixtures of DPPC and the neutral dimer P,. For this system, we
clearly observe a strong relationship between the emission peak ratio and temperature which
was expected from this particular lipid systems and is discussed in more detail in the next

section.
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Figure 5.5: a) Scattering curve of Aex = 447 nm in DPPC LUVs at varying temperature (273-353 K;
red to blue); b) P; emission in DPPC LUVs (1000:1 lipid: dimer ratio) interpreted as a mixture of
fluorescence and scattering, the spectra are corrected manually using a linear approximation of
the scattering between 600 and 730 nm; c) emission spectra after subtraction of the linear region
from the baseline, d) P dimer emission ratios in DPPC LUVs at varying temperature.
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5.2.5 Dimer to lipid ratio
Having established the way to treat the data recorded at high concentration of lipid, we have

moved on to study the temperature dependence of the twisted/planar ratio, in LUVs prepared

at various dimer/lipid ratios.

The hydrocarbon region of lipid membranes is known to adopt physical phases determined by
temperature. Below a given temperature, the hydrocarbon chains of phospholipids adopt ‘gel’
like behaviour. Above the gel transition temperature (T,), however, the ‘liquid’ phase is
observed in two discrete regimes: liquid ordered (L,) and liquid disordered (L4). The L4 and Lo
phases both have a predictable, Arrhenius-like relationship with temperature similarly to
isotropic liquid phases. However, the nature of the relationship, the slope of the temperature-

dependent viscosity curve is different and can be observed.
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Figure 5.6: a) P,NMe; ratiometric viscosity measurement of DOPC LUVs at varying temperature
change with lipid: dimer ratio b) P:NMe3 ratiometric viscosity measurement of DOPC LUVs have
varying temperature-dependent viscosity at different ratios (Aex = 454 nm).

Figure 5.6 shows viscosity measurements from suspensions of doped LUVs made from 1,2-
dioleoyl-sn-glycero-3-phosphocholine (DOPC), which has an 18 carbon lipid chain with a single

double bond at Co. We extruded LUVs made from mixtures of DOPC and the cationic dimer

P;NMes (as shown in Chapter I). Due to the same charge and similar size, we expect that the
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partitioning behaviour of this dimer will be similar to that shown in Figure 5.1c of the other
positively charged dimer, P,NMel in membranes at the beginning of this chapter. Figure 5.6
displays temperature scans over the range 268 - 373 K of samples varying in dimer: lipid ratio.
For DOPC membranes, as observed in LUVs in suspension, the gel transition temperature is at
253 K, outside of the temperature range that we tested. We expected to see an increase in the
measured viscosity (ratio of the dimer’s two emission peaks) commensurate with decreasing
temperature of the sample, an Arrhenius-type relationship between temperature and viscosity.
All temperature curves show an increase in viscosity with decreasing temperature. However,
the absolute emission band ratio increase measured over the same temperature range increases
with the lipid: dye ratio, as is demonstrated in Figure 5.6b. The lowest lipid: dimer ratio, 50:1,
demonstrates a temperature dependent increase from 5 cP to 11 cP, whereas the ratio 3000:1
increases from 8 cP to 63 cP over the same range. Moreover, the viscosity measured at 373 K
increases gradually with lipid: dye ratio. This effect is related to the intermediate solubility of
dimer molecules which are separated into two fractions, those that are dissolved in water and
those that are associated with the vesicle surface. The dimer’s emission signal will be a
combination of the membrane-embedded fraction and the aqueous fraction due to a dynamic
equilibrium between membrane penetration or surface attachment. The aqueous fraction
displays low viscosity and is unable to access the hydrocarbon region which displays the strong
temperature dependence upon viscosity. The combination of these signals reduces the apparent
viscosity of the LUV because the low viscosity signal from the aqueous solution is present.
Moreover, the relative quantity of dimer in the aqueous solution will determine by how much
the apparent viscosity of the suspension is reduced. Therefore as lipid: dimer ratio increases,
(reducing the probability of free dimer in the aqueous phase) the magnitude of temperature
induced viscosity change as measured by the emission spectrum of the sample also increases,
signified by a steeper curve on Figure 5.6a. However, the composition of the sample only
dictates the temperature-dependent curve up to roughly 1000:1 lipid: dimer molar ratio. At

1000:1 ratio, the vast majority of the signal originates from the membrane-embedded fraction.
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In order to maximise the dimer’s signal from solution by avoiding scattering, we used the lowest
possible lipid: dimer ratio with the steepest temperature-dependent curve, at 1000:1 lipid:
dimer molar ratio. All subsequent experiments are performed at this ratio. The temperature-
dependent viscosity curve at lipid: dimer ratio 5000:1 drops below that of the lower ratios. This
can be explained as an artefact from increased scattering at such high lipid concentrations, and

demonstrates the necessity for low lipid concentrations for the accuracy of the experiment.

5.3 Detection of Lipid Phase in Saturated and Unsaturated Lipids

The degree of saturation of the hydrocarbon tail of a phospholipid is crucial in determining
phase transition temperatures, fluidity and temperature-dependent viscosity. Saturated
hydrocarbon tails occupy more volume within the membrane and are generally more rigid than
unsaturated carbon chains, which we believe can be reflected by an increase in viscosity as
measured by molecular rotors. The length of the carbon chain also affects the apparent changes
in phase behaviour though the effect is much smaller than that of saturation. We compare the
temperature-dependent viscous behaviour of DOPC, a monounsaturated lipid of 18 carbons, and

dipalmitoylphosphatidylcholine (DPPC), a saturated lipid of 16 carbons as shown in Figure 5.7.
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Figure 5.7: Structures of DOPC (C15:1) and DPPC (C16:0) lipids. Figures adapted from Avanti Polar
Lipids Inc.

V.175



We tested the temperature-dependent viscous behaviour of pure-lipid LUV suspensions of

either of these lipids using the cationic dimer P,NMes.

Figure 5.8: P2NMez in LUV suspensions at varying temperature (273-373 K), where temperature-
dependent viscosity in DOPC (dark blue) is shown to change approximately linearly; whereas data
recorded in DPPC (cyan) shows irregular change with temperature .(Aex = 454 nm; lipid: dimer
ratio is 1000:1)

Figure 5.8 shows the temperature-dependent viscosity curves of these two lipids in a bilayer. In
contrast to the regular viscosity increase at low temperatures observed in DOPC vesicles,
samples of DPPC vesicles exhibit much more complex behaviour with respect to temperature;
an initial increase in viscosity up to the transition temperature of DPPC, a sharp drop from 314
to 308 K and a subsequent increase in viscosity from 303 to 283 K. This is unexpected
behaviour, literature suggests a gradual increase in DPPC bilayer viscosity upon lowering
temperature!525, We note that a predictable and linear viscosity-temperature relationship
collapses at 314 K, the gel transition temperature for DPPC. One explanation for the apparent
drop in viscosity at low temperatures is that the dimer is ejected from its embedded position

within the membrane at the transition between Lq and gel phases. We know from Wu et al,,

2013, and Dent et al,, 2015 that the molecular rotor BODIPY-C1o partitions to the hydrophobic
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region of the lipid bilayer in its Lq phase 2526, After performing similar experiments varying the
temperature of DPPC vesicles Wu et al., showed that a hydrophobic molecular rotor, boron-
dipyrromethene conjugated to a Cio chain (BODIPY-Cio) is similarly ejected from the
hydrocarbon region of the membrane after a transition into the L, phase. Given this combined
data, it follows that the charged dimer is most likely ejected from the bilayer below transitional
temperature. We conclude that the positively charged dimer is not suitable for the accurate
measurement of the viscosity of membrane viscosity during the phase transition from liquid to

gel.

We sought to test this explanation, and to confirm whether or not the charged meso substituents
are primarily responsible for ejection of the P,NMes from the membrane. We performed the
same experiment with the neutrally charged dimer P;, which, due to its hydrophobicity, has a
higher likelihood of remaining within the DPPC membrane after its transition to L, phase.
Chapter III (Figure 3.9) shows our viscosity calibration of the emission peak ratio of P; in Castor
oil, in varying temperature which was used to calculate viscosity values of vesicles measured
with P,. Figure 5.9 shows the temperature-dependent viscosity measurement of DPPC

membranes as measured by the P, dimer.

The data shown in Figure 5.10 (red) shows a change in the slope of the temperature-viscosity
behaviour at roughly 309 K, just below the T, of DPPC at 315 K. We observe an increase in the
gradient of the curve relating temperature and viscosity after 309 K, as is predicted in the gel
phase of phospholipid membranes. The transition we observe at 309 K rather than at 315 K is
most likely indicative of a pre-transition, as described by Lichtenberg et al., 198427-29, Riske et
al,, 2009 predict that this is due to the coexistence of L, and Lq phases prior to the emergence of
a homogenous phase?. Also, Lichtenberg et al., 1984 and Heimberg et al., 2000 predict that pre
transition behaviour in vesicles depends on the size and distribution of vesicles?7.28, Qur
experimental chosen experimental conditions including vesicle size, direction of temperature

gradient, and equilibrium time can be used to explain the observation of the pre transition in
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DPPC phase, but nevertheless, this is indicative of a complete transition between the Lq and L,

phases, which we have successfully observed.

The data in Figure 5.9 is shown in terms of emission ratio rather than viscosity, to be able to
better compare the behaviour of the two dimers as they have different relationships between
ratio and viscosity. The increase in ratio suggests a higher viscosity at low temperature, which is

in agreement with our hypothesis regarding the hydrocarbon region of lipid membranes.

Figure 5.9: P, dimer emission in DPPC LUV suspension (Aex = 447 nm) ratios are plotted against
temperature (red) in comparison with P,NMes; emission from LUV suspensions at varying
temperature, DOPC (dark blue) and DPPC (cyan) A.x = 454 nm; (lipid: dimer ratio is 1000:1 for all
samples)

We have evidence to suggest that the cationic charge in the meso-positions of the dimer
prohibits its full solubility within the membrane. Alternatively, we have identified the neutrally
charged dimer, P, as a suitably accurate and sensitive molecular rotor that can be embedded

within the hydrocarbon region of the bilayer. We explain the disparity between measurements

at high temperatures to the differences in membrane position of the two dimer species, based

V.178



on our understanding of the behaviour of the cationic dimer. The temperature-dependent
viscosity of DPPC membranes taken with the P, dimer is considered the more accurate of the

two data sets.

Thus we have shown the sensitivity of membrane viscosity measurements to a myriad of
physical variables as well as to variables in sample preparation. We have shown that the
accuracy of the measurement depends upon the method of dimer incorporation into the
membrane, whether the vesicles are formed from lipid and dimer mixtures, or the dimer is
inserted from aqueous solution. The ratio also strongly affects the validity of the bulk signal in
minimising artefacts from dimer located in solution. Ultimately, the nature of the dimer species
determines its location within the membrane and its accuracy for relating hydrocarbon
viscosity, namely its size, charge, and concentration. In order to investigate these variables, we
used temperature and the lipid species as modes of manifesting bilayer conditions such as
phase. The following table summarises results from experiments relative to these variables.
Table 5.1 summarises data from both the charged and neutral dimers, P,NMe3z and P, in LUV
suspensions of the lipids DOPC and DPPC. Our data reveals that P,NMe3 consistently reports
lower viscosities under the same conditions as P,. We attribute this to weak attachment within
the membrane, most likely with significant protrusion into the aqueous solution. Consequently,

P,NMes is not probing the most viscous hydrocarbon region of the membrane.
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Table 5.1: Summary of ratiometric viscosity measurements from dimers in LUV
suspensions

Dimer Lipid Lipid: Dimer Preparation Temperature Measured
P Ratio Method (K) viscosity (cP)
293 315
From lipid:
dimer mixtures 310 278
DOPC 1000:1 ’
Insertion from
P,NMes aqueous 293 0.05
solution
v 293 5.6
DPPC 1000:1 frigfu'il:ler
310 6.39
293 171
Liid: di
DOPC 1000:1 nig?ui‘:ler
313 132
P>
293 207-214
1000:1 ?itdzii:ler
1X
DPPC " 313 191
293 177
Liid: di
DOPC 600:1 ngfui‘;ner
313 121
BODIPY Cio
f 25
o Lipid: dimer 293 )
600:1 Pt' €
mixcour
DPPC ures 315 ca170

In comparison, the dimer P, gives viscosity values reflecting the truly hydrocarbon environment
of the bilayer. We have compared the results from the P, dimer with those from another
hydrophobic molecular rotor, BODIPY-C1o, which were recently published by our group 2. Due
to the much smaller size of this rotor and lipid tail, it has been observed that BODIPY-Cio
partitions to the hydrocarbon region of the membrane very successfully.26 We found good
agreement between the viscosity measurements for both DOPC and DPPC membranes between
BODIPY-Ci and P», particularly for DOPC which was measured by P> to be between 170-177 cP

at 293 K and by BODIPY to be between 122-132 cP at 313 K 25.
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Table 5.2: Literature values of viscosity in plain bilayers using bulk methods measuring
rotational diffusion or depolarisation

Technique Ref System Fluorophore @ (ns)* Tar(!;p 1 (cP)
DOPC | DPPC
333.2 0 0
3225 25 50
Fluorescence DOPC/DOPC
15
Depolarisation LUVs DHA 312.4 375 100
302.9 60 1000
294 100 1700
277.6 240 3200
6 (0.01)
DPC LUVs 50 (0.27)
0,
Fluorescence (]I)}Pl)c?l;sfeor(/)ol 6(0.04)
30
Depolarisation LUVs DHA 50 (0.24)
0,
DPC + 30% 6 (0.11)
Cholesterol 50 (0.16)
LUVs '
- Egg Lecithin-2-
Egs L ecithin methylanthracen 3.4 140
micelles R
Fluorescence 31 — P
Depolarisation Egg .Lec1th1n Egg Lecithin 53 293 90
micelles perylene
Egg Lecithin Egg Lecithin-9- 111 180
micelles vinylanthracene )
lyrpphocyte DPH 175
Fluorescence lipid extract
- 32 298
Depolarisation lymphoma 135
L DPH
lipid extract
i 333 70
Molecular rotor 33 DPPC vesicles DCV]
LUVs RT 120
Molecular rotor 17 DLPC FCV] RT 61
Eximer 7 DPPC Pyrene RT 127
formation

* Depolarisation @ was fit with two components, amplitude (contribution) from either component is shown in parentheses.

Table 5.2 summarises viscosity measurements from a range of viscosity-sensing techniques
previously used in the literature. It is noteworthy that none of these techniques are currently
able to provide the ‘gold standard’ for viscosity measurements. While the pyrene eximer
formation is measuring the diffusion-controlled rate of a photochemical reaction, the
measurement of fluorescence depolarisation (anisotropy) and molecular rotors method both
provide the measure of rotational diffusion, connected to the free volume available for the

fluorophore. The literature viscosity values summarised in Table 5.2 are in good agreement
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with our measurements of pure lipid unilamellar bilayers. In Table 5.2, Lentz et al., 1976 report
two correlation times. The contribution of either ¢ alters with increasing cholesterol in the
membrane, making it more rigid. The authors, Veatch and Keller et al., attribute this to the
ejection of the fluorophore with increasing rigidity of the membrane, this is in agreement with
what we observed with the charged porphyrin dimer at the DPPC phase transition. We attribute
the small changes in reported viscosity to the size and shape of molecular rotors, which have
varying sensitivities to and dynamics ranges of viscosity, as was previosuly described in Chapter

I1I.

5.4 Conclusions

We have examined the mode of interaction of a series of conjugated porpyrin dimers of various
charge and size with lipid bilayers and established protocols for inclusion of a maximum
proportion of sensor molecules in the bilayers, to enable measurements of viscosity with good
signal/noise ratios. Using our knowledge of the dimer’s spectroscopic sensitivity to its
environment, we judged the localisation of the dimer in the lipid membrane. Localisation was
observed to vary with the size and charge of the dimer, as judged by spectroscopy. We have
consequently discovered that negatively charged dimers do not fully interact with lipid bilayers,
while the positively charged dimers can incorporate efficiently, even from the aqueous solution.
The neutral dimer P, was shown to aggregate in water and as such was not able to incorporate
efficiently into the pre-formed lipid vesicles. However, when pre-incorporated in the lipid
bilayer via formation of dry lipid:dimer films, shown very good incorporation and allowed

viscosity measurements of the hydrocarbon region of the bilayer.

We have investigated in detail the effect of lipid: dimer ratio and lipid composition upon the
viscosity measurements performed. Firstly we have established that the lipid:dimer ratios of at
least 1000:1 are required to perform reliable measurements of viscosity, the high ratio
necessary to prevent the interaction between reporter molecules. We have also shown that the

charged dimer P;NMe;s is suitable for measuring viscosity in liquid disordered phase of the
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bilayers, however, the resulting viscosity values are low compared to the literature. We have
interpreted this data to demonstrate that the low viscosity values reflect the positioning of
P;NMe; in the membrane close to lipid heads (where viscosity is known to be lower) rather
than deep in the viscous hydrocarbon tail region. We have also demonstrated that upon liquid-
to-gel transition P;NMes is expelled from the bilayer, resulting in irregular viscosity vs
Temperature curve. As such P;NMes is not deemed suitable to measure the liquid-to-gel

transitions in bilayers or, indeed, the viscosity of the gel phase.

We have also shown that using the neutral uncharged porphyrin dimer P,, we were able to
measure the true viscosity of a hydrocarbon region of a phospholipid bilayer, in both the liquid

ordered and the gel phases, as well as accurately determine the phase transition temperature.

Finally, we have compared the viscosity values obtained in our experiments with those available
in the literature and consequently find a good match. Thus, comparison of this data with existing
studies in literature confirms that the porphyrin dimer is indeed a molecular rotor, which
measures three-dimensional viscosity which informs on rotational diffusion and free volume.
However, care needs to be exercised when choosing an appropriate dimer for a certain
measurement, as these experiments are extremely sensitive to the dimer localization and

uptake by the bilayer.
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VI. Imaging viscosity of biomimetic
lipid membranes

Chapter V introduced some complexities of the viscous behaviour of lipid bilayers, particularly
in relation to the quantification of viscosity by porphyrin dimers. We described what is
commonly referred to in the literature as ‘membrane fluidity’; as originating from the viscous
behaviour of the hydrocarbon region. This led us to hypothesize that the hydrophobic phase of
the membrane determines the diffusive movement of membrane proteins and the structural
integrity of cellular membranes and organelles. We modelled the non-polar region as an oily
liquid which obeys Arrhenius-type temperature-dependent viscosity change due to spatial
arrangement of the hydrocarbon chains of phospholipids. Our experiments in Chapter V isolated
some components of viscous behaviour on the sub-molecular scale: the shape, length, and
charge of lipid hydrocarbon chains determine the volume filled by each molecule, and so the
resistance to free diffusion or molecular rotation within it, which is equivalent to our
measurement of viscosity. In experiments comparing bilayers formed of saturated or
unsaturated lipid we found a significant difference in temperature-dependent viscosity between
the two. Moreover we found that the nature of dimer interaction with the membrane was
largely determined by its charge, which can limit solubility within the hydrocarbon region. We
used spectral analysis of solvatochromism and ratiometric analysis to determine the location,

solubility, and state of aggregation of the dimers within their membrane environment.

These insights refined our approach to the measurement of phospholipid membranes and we
were able to successfully quantify the viscosity of the bilayers that we tested. We are confident
that our detailed spectral analysis has characterised the dimer’s interaction with the membrane,
and has confirmed that the viscosity-sensing mechanism is valid in small (< 200 nm) vesicles.
We did this by producing a solution of vesicles in suspension that can be measured and
manipulated in the same manner as viscous organic solvents, which we had used previously in

calibrating the dimer’s emission to solvent viscosity. However, this approach to lipid
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membranes is far from complete in depicting the complex macroscopic determinants of
viscosity. In fact, literature on membrane biophysics continues to identify factors such as size,
concentration of lipid, osmotic tension, and curvature as strongly influencing what we would
describe as hydrocarbon viscosity (or its inverse definition ‘membrane fluidity) in bilayers. Due
to lack of spatial resolution, bulk experiments of the type we performed in Chapter IV were
unable to explore these effects. For this reason we turned to microscopy to provide an imaging

perspective on membrane bilayer viscosity.

6.1 Existing techniques in microscopic imaging for the measurement of
bilayer viscosity
So far, methods comparing diffusive behaviour in lipid bilayers have measured either

translational or rotational diffusion. Translational diffusion is measured by the displacement of
fluorescent molecules over time in a given area of the lipid membrane. On the other hand,
rotational diffusion measures the rate of change in orientation of a fluorophore during its
motion. Both types of diffusion can be related to viscosity though the viscous contribution
towards translational and rotational diffusion differs radically; this is reflected in the difference

in scale of the measurements and the interpretation of data.

6.1.1 Imaging methodologies measuring translational diffusion
The following are all techniques that exploit microscopy and fluorophores to measure diffusive

movement over time. In live cells, translational diffusion compares differences in Brownian
motion between biologically relevant locales that have been used to quantify the frictional
contribution of phospholipids to membrane diffusion as well as the cytoskeleton, protein
structures and other components. Typically, imaging techniques to ascertain membrane
viscosity are measuring translational diffusion, among them are: fluorescence correlation
spectroscopy (FCS), fluorescence recovery after photobleaching (FRAP), single particle tracking
(SPT). In Chapter I, we discussed in detail the technical aspects of these methodologies and the
accompanying analysis that yield estimations of viscosity. To summarise, the former two

techniques rely on the illumination of a single point within the cell in order to analyse the
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fluctuations in fluorescent intensity, indicating molecular size, concentration and motion within
a solvent (FCS) or the rate of recovery of fluorescence intensity within a previously photo
bleached area (FRAP), which indicates the diffusive dynamics of particles entering the observed
area. All three methods measure Dr, the translational diffusion coefficient which, in its most
simple estimation, can be related to viscosity by the aforementioned Saffmann-Delbrick

equation?2 (Chapter I).

In addition to the analytical assumptions about data from these techniques, we suggest that a
major shortcoming of these techniques is the lack of spatial resolution relative to that of
molecular rotors. FCS and FRAP in particular, are limited to a given observation area or volume
that is monitored from which overall parameters such as viscosity must be extrapolated. This is
particularly true of membranes with complex dynamics such as those with varying lipid
domains that give rise to intrinsic heterogeneity. SPT has been used more often, particularly by
Veatch and Keller, 2003to explore varied domains within GUVs that can arise from the
spontaneous ordering effects of cholesterol, for instance3. SPT provides spatial resolution on the
scale of the trajectory of the given fluorophore over the time of the measurement, and can, in
this way, probe greater areas than a single laser sport. However, we suggest that SPT

measurements lack the time resolution offered by molecular rotors.

Below is a summary of Dr values from literature data from the three major techniques described
above from systems comparable to those that were used in our experiments involving the
porphyrin dimer. In some instances, the authors have calculated 1 from Dr and those values are
shown here, in Table 6.1. Further discussion on the details of FCS, FRAP and SPT in comparison

with molecular rotors can be found in Chapter I.
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Table 6.1: Literature values of Dt from imaging techniques in model membranes

D
Technique Reference System Fluorophore SD cP
q y p (um2/s) n (cP)
FRAP 4 POPC GUVs Dil-C18 lipid 7.5 1.2
analogue
RICS 4 POPC GUVs Dil-C18 lipid 7 3
analogue
1.7 times less
5
FRAP DLPC GUVs FCV] than MR
FRAP 6 POPC SLB NBD-PE 1.8 0.2
FRAP 6 POPC GUVs upper NBD-PE 3.3 1.8
FRAP 7 POPC GUVs TMR-POPE 0.77 0.13
FCS beam 4 POPC GUVs Dil-C18 lipid 8.02 0.01
expander analogue
FCS 5 DOPC GUVs Dil-C18/ DiO- 7 12
C18
FCS 8 DOPC GUVs ctxB-488 GM1 3.6 1.4
Ld 1:1/1:2
FCS/Tracking 9 DOPC/DPPC 30% TexasRed | 4 007 1x107
DPPE
Cholesterol
FCS 10 DOPC Dil-C18 lipid 6.25
analogue
FCS 6 POPC SLB Rho-PE 2.8 0.2
FCS 6 POPC GUVs lower Rho-PE 6.1 1.1
z FCS 6 POPC SLB Rho-PE 4.8 1.1
z FCS 1 DOPC GUVs BODIPY C8 7.8 0.8
FCS 1 DOPC SLB buffer BODIPY C8 2.7 0.3
FCS 1 DOPC SLB glucose BODIPY C8 3.1 0.3
FCS ITIR 6 POPC SLBs Rho-PE 4.9-15.0
FCS 12 DOPC GUVs BODIPY-Chol 7.4 0.3
Lo 1:1/1:2
. Texas Red 3x103 - 3000-
13 0,
Tracking DOPC/DPPC 30% DPPE 15 150000
Cholesterol
NBD/DPPE or
SPT 14 Ld POPC Cholesterol LAURDAN 1.1
GM1
SPT 15 POPC SLB TRITC-DHPE 4.4 0.07
SPT 7 POPC GUVs TMR-POPE 1.42 0.23
SPT 6 POPC GUVs Rho-PE 4.1 3.9
SPT 16 POPC GUVs Rho-PC 3.5

* MR = molecular rotors

Table 6.1 shows that measurements of translational diffusion in model membranes vary

somewhat amongst one another according to the probe and technique. We know from the

Stokes-Einstein and Saffmann Delbruck equations that Dr is inversely proportional to
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viscosityl17. Cicuta et al, 2007 convert Dt to a three dimensional measurement of viscosity?!3,
estimating it to be between 3 and 150 Pa S (3000 - 150000 cP)!3. Petrov et al.,2008 9 calculated
viscosity of the Lg phase of a ternary mixture of 1:1/1:2 DOPC/DPPC at 30% cholesterol to be
much lower at 1x10-° Pa S (1x10-6 cP)%. These values are vastly different from one another and
from what we have observed in the L4 phase of DOPC GUVs, a viscosity of approximately 180 cP.
The conversion from Dr, a rate constant in two dimensions, to viscosity, a three-dimensional
parameter can be difficult to justify in experimental terms as well as theoretically. Indeed, the
influence of the external fluid viscosity, as it affects dissipation of bilayer tension, is a subject
that has been discussed in depth by Hughes et al., 1982, who determined that the Saffman-
Delbruck approximation is based on the assumption that the fluid viscosity external to the
membrane the is significantly lower than the lipid bilayer viscosity, making lateral diffusion a
source for determining the three-dimensional parameter viscosity in two-dimensions, as Dr
implies!8. They propose that measurement of rotational diffusion, a three dimensional process
may be able to supplement data for the estimation of bilayer viscosity.

6.1.2 Imaging methodologies measuring rotational diffusion

In Chapter V we discuss the measurement of rotational diffusion, and extrapolation of bulk
viscosity from the application of the Jablonksi-Perrin equation. Comparison between our
measurement of lipid bilayer viscosity and published values obtained from D., have shown good
agreement. Measurement of fluorescence depolarisation, or ‘anisotropy’, is by far the most
common means of estimating rotational diffusion, in its ability to estimate the rate of individual
molecular tumbling. More recently, techniques measuring anisotropy have been developed to
supply spatial and temporal resolution by the use of confocal microscopy. Here, we summarise
recent estimations of rotational diffusion from anisotropy imaging that can be directly

compared to our measurements presented in this Chapter.
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Table 6.2: Literature values of D from imaging techniques in model membranes

Reference System Fluorophore Dr SD N (cP) | ynits of Dx
19 rabbit kidney TMA-DPH 24-28 | 001 NA
proximal tubule
16 POPC Rho-PC 0.7x10-7 rad?/s
16 DPPC Rho-PC 1.2 rad?/s
20 SKOV-3 cell BODIPY 140-260 NA
membrane
12 DOPC GUV BODIPY-Chol 2.0-0.4 47-225 1/s

The viscosity values as calculated from rotational diffusion coefficients are much closer to those
that we reported in Chapter V than the corresponding values extracted from translational
diffusion coefficient measurements. Ariola et al., 2009 have explored the relationship between
Dt and Dg, by measuring the same system by FCS and by anisotropy imaging. They report Dt on
the order of 7.8 pm2/s, typical of Dt values reported in Table 6.1, and Dr on the order of 2.0 - 0.4
s, which are representative of Dr values reported in Table 6.2 12. They used D to calculate
viscosity of DOPC GUVs to be 47-225 cP, which is in agreement with our measurements. This
study shows that direct viscosity calculations from Dr are much more comparable with those

measured with molecular rotors.

Recently in our group simultaneous measurements of viscosity in model membranes?! (LUVs
and GUVs) were performed using three complementary methods applied to the same molecular

rotor fluorophore, namely:

(i) measuring the lifetime of boron dipyrromethene (BODIPY) molecular rotors that can
be converted to viscosity using the calibration curves, as described in this Thesis;

(i) measuring the FCS diffusion coefficients of BODIPY molecular rotors that can be
converted to viscosity using the Saffman-Delbruck equation

(iii)  calculating the diffusion coefficients of BODIPY molecular rotors using molecular
dynamics simulations that can be converted to viscosity using the Saffman Delbruck

equation
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Consequently a very satisfactory agreement was found between the three methods, even when
the measurements were performed at different temperature. Even though the viscosity
estimated from the lifetime of molecular rotor was up to two times different from that
estimated from FCS, given the uncertainties in parameters of Saffman Delbruck equation used
for conversion, it was concluded, that when different methods are applied to the same molecule,
the values are essentially interconvertible. Likewise, earlier studies on Bodipy molecular rotors
using combined lifetime and time-resolved anisotropy approaches shown essentially the same

resulting viscosity?223. As such we can conclude that

)] The literature values of both diffusion coefficients and viscosities in membrane show
a large spread that can be partly due to the lack of reproducibility between the
measurements from different groups and partly due to different molecules used as
probes that can affect their membrane localisation (Table 6.1).

(i) Measurements using different techniques are performed on the same fluorophore,

give comparable values of viscosities.

Having the assurance that the molecular rotor measurements produce values in bulk membrane
solutions of LUVs that are comparable with the literature, in this Chapter, we extend the

ratiometric methodology reported in Chapter V to imaging.

6.1.3 Large unilamellar vesicles (LUVs) to giant unilamellar vesicles (GUVs)
The advantages of measuring bilayer viscosity using a suspension of vesicles include ease of

sample preparation and homogeneity of the vesicles produced, which made them ideal for the
bulk measurements performed in Chapter V. These vesicles are suspended in aqueous solution
with diameter of 180 nm and are highly homogenous due to the extrusion process. However,
our aim for microscopy was to gain spatial resolution of the lipid macrostructure in which the
dimer is embedded. We faced an obstacle to imaging LUVs of the type described in the previous
Chapter due to their size and the diffraction limit of our imaging system at the optimal

excitation wavelength of the dimer: at Aex = 453 nm, using the highest magnification available on
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our microscope (x63 in water; NA = 1.20). Our solution to the limit on imaging LUVs was to
make much larger fluorescent lipid vesicles. These vesicles would have to be unilamellar, and at
osmotic equilibrium in order to be comparable with bulk measurements on LUV suspensions. In
order to produce these, we used electroformation, a method pioneered by Angelova et al,, in
1986 and described in detail in the section: Methodology?*. Vesicle electroformation has become
standard practice in the field of membrane biophysics for the production of unilamellar vesicles
of roughly 10-30 pm2% The method has a much lower yield of unilamellar relative to
multilamellar vesicles than mechanical extrusion or spontaneous formation in aqueous solution
(termed the ‘gentle hydration’ method, used for production of large vesicles)?s. It is less likely to
be compatible with charged molecules because electroformation depends upon the generation
of an oscillating electric field between two solid electrodes. In our case, the electrodes used are
glass slides coated on one side with indium tin oxide (ITO; a solid mixture of w/w%: 90% In;03
and 10% Sn0Oz) which is transparent in thin films and conductive. Layers of dried lipid swell in
response to the field and, under specific values of current, amplitude and frequency, can form

giant unilamellar vesicles.

The exact mechanism of liposome formation is as yet, not completely understood but has been
proposed as following one of three schemes shown in Figure 6.12426. Angelova et al., 1986 have
suggested that bilayers are hydrated from dried films, and separate from one another due to the
uptake of water between the layers24. Once separation is sufficiently far such that van der Waals
attractive forces are overcome, the bilayers bend from line tension24. Indeed, Taylor et al., 2003
showed that the formation of defects within the bilayer which exposes the hydrophobic interior
to the aqueous solution increases line tension between phospholipids, increasing the likelihood
of swelling to protect the hydrophobic interior.2” Figure 6.1 shows three alternative modes of
liposome formation as a result of bending: in the first instance (Figure 6.1b), osmotic forces
cause swelling of bilayers and induce bending?4. Alternatively, (Figure 6.1c), solutes or other
particles can enter unclosed liposomes in order to increase osmotic pressure. Lastly, Angelova
et al,, 1986 (Figure 6.1d) propose that the hydrophobic regions of bilayers cause line tension,
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causing planar bilayers to bend towards the ends of other bilayers, once these close, liposomes
form24. The central parameters that have been identified that determine the size and shape of
liposomes are the number of bilayers in the dried film, as attractive forces from the electrode
will affect bilayers depending on their distance from the electrode?>26. Also, Angelova et al.,
1986 applied the external electric field as a means of manipulating counterion concentrations
between bilayers as this manipulates separation between bilayers, making liposome formation
more likely with large inter-bilayer distances2426. The same principal governs the likelihood of

formation of unilamellar and multilamellar vesicles.24-28
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Figure 6.1: Lipid GUV electroformation mechanism as hypothesized by Angelova et al,a) thin lipid
film is deposited in bilayers; b) swelling of the lipid layers in aqueous solution, which part due to
electrostatic interactions; c) alternatively, debris in solution causes bilayers to assemble around it
forming vesicles; d) alternatively lipid tension causes tension and bending in the bilayers, the ends
of which associate to enclose the internal aqueous solution, forming vesicles. Figure from Angelova
etal, 1976 24

We used electroformation to produce the same conditions of the experiments as in Chapter V,
whereby as previously we compared two scenarios (Please note, that the methodology

described here is purely qualitative, please see Chapter II, Methodology, for exact details)
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o Pure lipid stock GUVs: pure lipid stock (9:1 chloroform: methanol) at a concentration of
1mg/ml is applied in a thin film directly onto the ITO-coated surface and dried under
vacuum for 30 minutes. Once dehydrated the lipid-coated ITO slide is placed opposite a
second clean ITO-coated slide and the two are separated by a thick ring of
polydimethylsiloxane (PDMS) to create a chamber between the two surfaces. The
chamber is sealed by clips and filled with a 500 mM sucrose solution. Once assembled,
crocodile leads are attached to the exposed edges of both ITO slides, in contact with the
coating, to a function generator in order to create a circuit. An AC voltage (square pulse)
of 1.6 V was applied at 10 Hz for 3 hours, followed by 2.6 V at 4 Hz for 45 minutes.
Afterwards, the solution is a highly concentrated suspension of unilamellar and
multilamellar vesicles (of diameter 10-30 um?24). These are diluted in a solution of 500
mM glucose solution to an appropriate density of vesicles for microscopy. We add a
volume of P;NMe3 or P, (1ImM in DMSO) to a final concentration of 10 uM. We observe
the degree of dimer penetration into GUV membranes and the resulting viscosity
measurements.

o Lipid and dimer mix GUVs: exactly as in Chapter V, we compared the plain lipid vesicles
to those electroformed from a thin film of a lipid and dimer mixture in a solution of 9:1
chloroform: methanol. Lipid to dimer ratios are kept at 1000:1 as in the LUV bulk
experiments. Similarly to extrusion, all electroformation steps are carried out at 60 °C to

maximise the solubility of the dimer in aqueous solution.

Comparison between these two regimes is necessary because we observed that vesicles
produced from the lipid: dimer mix, of the charged dimer; P,NMes, were considered to have
compromised partitioning due to interaction of the charge with the electrodes during sample

production. This will be further discussed in the Results section of this Chapter.
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6.2 Ratiometry on the Leica SPII confocal microscope
For ratiometric imaging on the microscope, we lose spectral resolution in exchange for spatial

resolution, of a heterogeneous sample. Each pixel of the image emits a mixture of fluorescence
from the two confomers, just as we had seen in fluorometry data in Chapter V of bulk samples.
Typically for fluorometry, we visually assigned Amax of ‘twisted’ and ‘planar’ emission peaks and
took intensity ratios accordingly. However, a full emission spectrum for each pixel is not easily

accessible for ratiometric imaging.

In the microscopy experiment, the sample’s fluorescent light is collected onto one of the three
available PMT detectors. Fluorescence is spectrally dispersed using a prism (one for each of the
detectors). Once dispersed, complementary spectral wavelength ranges of light can be isolated
by the use of slits. Figure 6.2a shows the process of assigning the relevant spectral ranges which
correspond to what we observed to be the ‘twisted’ at 635-645 nm and ‘planar’ at 690-700 nm
emission peaks for P,NMes. We assigned these regions after collecting full spectra of the dimer’s
emission in relevant solutions (methanol/glycerol solutions and DOPC vesicles). This data is
shown in the section 6.2.1, below. Either detector integrates intensity data over its assigned
wavelength range for each pixel in the image, Figure 6.2b. This creates two images of the same
sample: of the intensities of the ‘twisted’ and ‘planar’ emitting species, which, once divided,
produce a single ‘ratiometric’ image resolving the differences in emission ratio by pixel of the

image, (Figure 6.2c).
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Figure 6.2: a) Spectral ranges are selected according to the emission peak of either twisted (635-
645 nm) and planar (705-715 nm) confomers; b) upon sample emission from the microscope stage,
light is dispersed and spectral ranges can collect light based on conformational source; c) intensity
in each pixel from detector A (twisted emission) is divided against intensity in each pixel from
detector B (planar), giving a ratiometric image.

6.2.1 Ratiometric viscosity calibration
Differences in detector sensitivity are fundamental to the validity of viscosity measurements.

For instance, detector sensitivity at a certain wavelength and a slit size amongst other features

of the spectrometer used can alter the quality of spectra, and thus emission ratios for
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interpretation of viscosity. As we explained above, microscope images are made ratiometric by
the use of two separate detectors where intensity is the integrated signal over a fixed
wavelength range and not, as in fluorometry by the use of a single detector with wavelength
resolution. The fluorescence signal from bulk solution as in Chapter V is collected by a PMT
fitted inside the fluorometer. PMTs amplify fluorescence signal by use of the photoelectric effect
and subsequent secondary emission steps using a series of electrodes. The kinetic energy of
emitted electrons is inversely proportional to the wavelength of light that reaches the electrode,
meaning that PMTs have reduced sensitivity at long wavelengths (e.g. A > 650 nm for our
experiments). The sensitivity of the detector is greatly affected by the metals used for the
photocathode as well as the composition of transparent windows within the instrument.
However, all photocathodes display a wavelength dependent sensitivity that is compromised at
longer wavelengths. Given this property, the emission signal collected by the fluorometer comes
with an option for multiplying emission signal by a wavelength-dependent function in order to
correct towards the red ends of collected spectra. Figure 6.3a shows an example of this
‘correction function’ that is available on the FluorEssence software of the Horiba Fluoromax 4
fluorometer (Fig 6.3a, black trace) in comparison with the uncorrected spectra (Figure 6.3a red
dotted trace). Figures 6.3b shows data for P;NMe; (in pure glycerol at room temperature)
without correction (Figure 6.3b, black trace) and with correction (Figure 6.3b, red trace)
showing the amplified intensity of the dimer’s fluorescence after correction. When normalised,
the difference between the shape of the corrected and uncorrected spectra become obvious
(Figure 6.3c, black and red traces, respectively). There is a considerable change in relative
intensities of the twisted and planar peaks upon application of the correction function. The
uncorrected and corrected calibration curves however, will have a consistent relationship, if all
spectra are corrected or all are uncorrected. This is demonstrated in Chapter IlI, for instance,
where calibration data in methanol/glycerol mixtures were calculated from the emission ratios
of corrected spectra and data in Castor oil is uncorrected (Figures 3.9 and 3.10, respectively).

Both types of calibration curves can be used, however, it is imperative that a calibration curve
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must only be applied to spectra of the same type, whether corrected or uncorrected, in order to

stay true to the calibration.

Figure 6.3: a) The Fluoromax 4 (Jobin Yvon, Horiba) PMT signal (red) does not reflect the
decreased sensitivity of the detector in the red. Software to analyse the signal is supplemented by
multiplication to a correction function (black) which can be used to augment the uncorrected
signal to the correct intensities; b) P2NMes emission (0.33uM; in glycerol at 323 K; Aex = 453 nm)
corrected (red) and uncorrected (black) demonstrating differences in sensitivity such that the
corrected spectra shows higher signal and; c) normalised spectra shown in (b) clearly showing an
altered ratio from the uncorrected spectrum - demonstrating that the two cannot be compared for
viscosity estimation.
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Thus, only ratiometric data collected on the same equipment, with the same optics and
detector(s) can be used for calibration purposes. For this reason, the calibrations performed on

the fluorometer cannot be automatically transferred to a microscope detection.

Figure 6.4 demonstrates the difference between the shape of spectra obtained on the Jobin Yvon
Fluoromax 4 fluorometer (corrected spectra, Figure 6.4, black) and the Leica SPII Microscope
(red, Figure 6.4). The first difference between the two is the signal/noise ratio, where the
microscope-spectra has greater levels of noise than that collected on the fluorometer due to the
significantly reduced number of counts collected to build up the spectra. Due to the difference in
excitation volume between the two instruments, the time of image acquisition is a significant
factor that affects the quality of microscope spectra. However, when imaging GUVs, we are
significantly limited in the maximum image acquisition time (to approx. 100s) due to diffusion
of the vesicles into/out of the field of view and bleaching of the dimer (these effects are
discussed in further detail in later sections of this Chapter). Due to the constraints of measuring
vesicles, we have limited image acquisition time available for each image, which reduces the
signal/noise ratio. Also, the spectral resolution on the microscope data is much lower than the
fluorometer, as the minimum slit width that can be used on the Leica SPII is 5nm, rather than
the 1 nm slit size used to collect fluorometer data shown in Figure 6.4. This further reduced the
signal/noise ratio. It is possible that this lower resolution also contributes to the alteration in
shape of the spectra, where it appears to be shifted slightly to the red, particularly in the planar

emission maximum, around 730 nm on microscope spectra, but 710 nm on the fluorometer.
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Figure 6.4: Normalised P,NMe;s emission spectra (0.33uM; in 80 w/w % glycerol at 293 K; Aex = 454
nm) as collected by the fluorometer (black) and microscope PMT (red) showing the difference in
signal/noise ratio as well as spectral shifts recorded by these instruments.

Considering these differences in spectral quality, it is apparent that we could not apply the
calibration curves from Chapter III, collected on the fluorometer, to data obtained during
imaging on the Leica SP5. Due to the unique technical conditions of the optics available within
the confocal microscope, it was necessary to create a new ratiometric viscosity calibration that

would serve as a standard for reference.

Thus we have produced a calibration curve from methanol/glycerol solutions of the dimer using
the microscopy setup. To reduce the signal/noise instead of recording a full spectrum at each

concentration we have recorded single point ratios of the two peaks as described in Figure 6.2.

The curve can be fitted with equation 6.1 where parameters a = 11.32, x=-0.77 and c = 0.59:

1
a+n*+c

Emission Ratio = (6.1)
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Figure 6.5: (a) Calibration of P.NMes emission peak ratios against solution viscosity for w/v %
methanol/glycerol mixtures as performed on the Leica SP5 Il confocal microscope under
temperature controlled environment. Calibration was performed according to the method
described in Figure 6.2. (b) overlay between the microscope and the fluorimeter setup calibrations.

The most significant difference between the calibration curve shown in Figure 6.5 and that from
Chapter III (Figure 3.9, also shown in Figure 6.5 b) is the method of ratiometry: single point
recording or the whole spectra recording. Figure 6.5 shows the two calibration curves in
relation to one another. They have good agreement within the range 2- 100 cP, but values

greater than this show a significant decrease in sensitivity to increasing viscosity.
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6.2.2 Spectral imaging on the Leica SPII
We used the ratiometric method described above as the primary way of measuring vesicle

viscosity on the microscope. However, the Leica SPII is equipped with a spectral-detection mode
enabling us to gain spectral information on images. This is achieved by step-wise integration of
a user-defined wavelength window (generally 5-10 nm) across a large spectral range, i.e. 500-
800 nm. This method is not a preferred mode of ratiometric viscosity imaging. Firstly, the
volume of raw data generated, would have to be analysed pixel-by-pixel in order to achieve
ratiometric values for an image. Also, the time required to collect a full spectral range per image
is considerable depending on the size of the selected wavelength window. For high resolution
spectra, i.e. 5 nm, there can be a 20-30 second delay between intensity values collected at 650
nm and those at 710 nm. This can compromise the accuracy of fluorescence spectra - at high
magnification, vesicles may diffuse into/out of the field of view, artificially altering the
intensities at longer wavelengths. Also, even if the vesicle is sufficiently immobilised within the
field of view, long periods of imaging are likely to bleach the dimer’s emission, which can reduce
the amount of light collected at longer wavelengths relative to shorter ones, compromising the
ratiometric relationship of the emission peaks to viscosity. Though we did not use spectral
detection for ratiometric purposes, we continuously collected spectrally resolved microscopic
images in order to confirm the presence of two peaks in the dimer’s fluorescence and to look for
solvatochromic shifts in emission peak wavelength. Some of the data presented below will be

spectral data as collected on the microscope.

6.3 Membrane viscosity as measured by the porphyrin dimer

In order to assess the suitability of electroformation as a method of producing GUVs, first we

looked at the morphology of vesicles produced under a range of conditions.

6.3.1 P;NMe3 in GUVs
Figure 6.6 shows differential interference contrast (DIC) images taken of vesicles electroformed
from dehydrated films of lipid and the charged porphyrin dimer (Figures 6.6a and c) and those

incubated in solutions with dissolved porphyrin dimer (Figures 6.6b and d). As in Chapter V,
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where the lipid and dimer are mixed prior to electroformation, molar ratios are kept at 1000:1,
lipid: dimer. Where the vesicles are mixed with solutions of porphyrin dimer, the concentration

is keptat 10 pM.

There is significant vesicle production when GUVs are electroformed from a mixture of DOPC
and P;NMe;, they appear to have a wide size distribution and are evenly suspended throughout
the solution as expected from successful electroformation (Figure 6.6a). At higher magnification
(Figure 6.6b), smaller vesicles are visible in which dimer fluorescence is more intense possibly
due to multiple smaller vesicles, micelles or aggregates trapped within larger ones, though this
is not an unusual by product of electroformation. Upon incubation with the dimer, the sample
shows a large degree of spatial heterogeneity. True aggregates can be seen in Figure 6.6b, where
after addition to aqueous solution minute solids begin to appear in an otherwise transparent
solution. At high magnification, and after sufficient incubation time, large lipid aggregates are
observed as in Figure 6.6d. These are most likely to be islands of lipid aggregate that have
formed spontaneously upon incubation in the presence of the dimer and could be the result of
exposure of lipid vesicles to a high concentration of the porphyrin dimer. These bright field
images show that addition of the charged dimer to a solution containing GUVs is not appropriate

for incorporation of the charged porphyrin dimer.
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DOPC, P,NMe, mix P,NMe; from solution

a b

{

50.0 pm

Figure 6.6: Overlayed brightfield and fluorescence images of a, c) DOPC-dimer mix GUVs, where the
dimer is embedded (DOPC: P;,NMe3z 1000: 1; Aex = 454 nm; detection range = 500-800 nm). Images
are 512 x 512 pixels with a) x20 magnification; 135884 counts and c) x60; 28224. b,d) DOPC GUVs
left to incubate with P;NMes from solution (10 uM dimer in 200mM sucrose for 3 hours; Aex = 454
nm; Detection range 500-800 nm) both at x20 magnification, 512 x 512 pixels with b) 35070 and
c) 84733 counts.

In light of what we observed from Chapter V, we tested the compatibility of the neutral dimer,
P, into GUVs. Figure 6.7 shows morphology of vesicles electroformed in the presence of P,
(Figures 6.7a, b), and pure DOPC vesicles incubated with aqueous solutions of P, (Figures 6.7c,
d). Figures 6.7and b show two bright field images of GUVs electroformed in the presence of P;
which are well distributed in size and suspended evenly in solution with minimal evidence of
visible aggregates but with almost no fluorescence originating from vesicles themselves. P;
added to a suspension of GUVs shows signs of strong aggregation at the given concentration,

consistent with our knowledge that P; is insoluble in water (Figure 6.7b). However, these
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aggregates are different from those observed for the charged dimer, P,NMes, shown above in
Figure 6.7 in that the GUVs have not become fixed to one another in a lipid mass, but instead

stay intact with visible plaque-like aggregate forming on the surface of the bilayers.

DOPC, P, mix P, from solution

Figure 6.7: a) Bright field DIC image of GUVs electroformed from a dehydrated lipid: dimer mixture
(DOPC: Pz 1000:1) No fluorescence is detected in the sample; b) DOPC GUVs incubated with P; in
solution (10 uM, in 200 mM glucose). Aex = 448 nm for all samples; 512 x 512 pixels; detection
range = 600-800 nm, 6646 counts.

Vesicles are seen to be evenly suspended in solution after formation, indicating that even if the
dimer aggregates, the electroformation process is largely unperturbed. We do not know
whether this is because electroformation occurs over a long time scale during which the dimer
has aggregated and cannot interfere with electroformation of vesicles or because the dimer
does not interact with unstructured lipids. Bright field images of P, in aqueous solution
incubated with GUVs, show the effect of high concentrations of the dimer in a lipid suspension,
causing large scale aggregation of lipid solids. We observed aggregation at extremely fast
timescales (approx 10 min at 293 K ) apparently adherent to the surfaces of vesicles, which
may cause the vesicles to adhere to one another. Spectral imaging of P, in DOPC GUVs confirmed
our interpretation, as we observed unimodal emission, with low intensity, indicative of the

aggregated dimer. This is discussed in further detail later in this Chapter, in Figure 6.10.
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Studying the morphology of vesicles according to the electroformation and dimer penetration
conditions will allow us to contextualise localisation of the dimer within the membrane. We
establish here that electroformation of vesicles from mixtures of DOPC and the P,NMejs, can be
successful though they have weak fluorescence, but those made from the uncharged dimer P>

are not fluorescent.

We sought to optimise imaging conditions to increase fluorescence intensity from weakly
emitting signals. Fluorescence signal from Figures 6.6 and 6.7 are optimised by opening the
confocal pinhole to its maximum section (600 pm), collection of fluorescence over a large
wavelength range (500-800 nm, Figure 6.6; 600-800, 6.7) by maximising the dwell time of the
laser at each pixel to increase the number of counts, and increasing the number of frame
averages for each image to increase accuracy. We had moderate success with observing
fluorescent signal from P,NMe; (Figure 6.6). However, despite taking measures to maximise
fluorescence signal, it is seen to be relatively weak in both Figure 6.6b and d. Figures 6.6¢ and d
show a high magnification image of a single GUV in focus, here the extent of background noise
can be compared with signal from the GUV membrane. Nonetheless, in order to perform
ratiometric imaging, we find that we will have to separate this weak emission signal into two
distinct channels. The next section explores the effect of signal intensity on ratiometric

measurement.
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6.4 GUVs with embedded dye

6.4.1 Ratiometric imaging with the charged porphyrin dimer, P2NMe3

Figure 6.8: Ratiometric imaging of GUVs electroformed from a dehydrated mixture of DOPC and
P;NMes (DOPC: P;NMes 1000: 1; Aex = 454 nm; 512 x 512 pixels). Twisted (640-650nm; 79766
counts) and planar (705-715 nm; 65025 counts) emission are collected by two spectral channels at
x40 magnification Viscosities estimated from approx 10 to 80 cP in different GUVs + 11.6.Figure d,
e (x63; 512 x 512 pixels, with 32106 and 36608 counts in channel 1 and 2, respectively). Detection
ranges are different from those in calibration curves due to solvatochromic shift of the twisted
peak in the presence of lipid. Ratiometric figures (c, f) are produced from image processing of the
two spectral channels (binning, thresholding, ratiometric images as described in Methodology)
showing a large range of detected viscosities from approx 15 cP to 200 cP # 23.9 in the same GUV.

Two series of images from this system are shown in Figure 6.8, representing the same sample at
two different magnifications. ‘Twisted’ emission, from 640-650 nm, is recorded in ‘Channel 1’
(Figure 6.8 a,d), ‘planar’, from 705-715 nm, is recorded in ‘Channel 2’ (Figure 6.8 b,e).
Ratiometric images of the two channels are shown in the last panels, Figure 6.8c and f. The
intensities of the emission in each channel are not in true scale; brightness of the image is
arbitrary for the purpose of demonstrating the presence of fluorescence light. We see in Figure
6.8a, application of the viscosity calibration as fitted by equation 6.1, yields viscosity values
similar to those observed on the fluorometer in Chapter V (DOPC vesicles from dehydrated
mixtures of lipid and dimer at 293 K) at approximately 30 cP, indeed the majority of dimer

emission, even from aggregates is seen to have ratios corresponding to 30-40 cP, this confirms
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our hypothesis from previous data (Figure 5.8) that the charged porphyrin dimer is associated
to the surface of phospholipid bilayers and possibly partially embedded within them. Upon
closer inspection of a single vesicle, as in Figure 6.8d-f, we sought higher resolution of this
interaction between the dimer and membrane. However, we see that the ratiometric viscosity
reported shows a higher viscosity in some regions and a high distribution of observed ratios. It
appears that a diffuse lipid aggregate attached to the upper right region of the GUV reports
higher viscosity than the remainder of the vesicle at approx 150 cP. The disagreement between
these two measurements is, however, plagued by high proportion of error inherent to the
ratiometric measurement. For instance, the number of counts collected in each channel
determines the accuracy of the ratio, with higher counts giving low errors, assuming a Poisson
distribution. We estimated the error of the whole image, rather than per pixel. In Figure 6.8c the
error is given as * 11.6 cP, while Figure 6.8f has an error of 23.9 cP: both proportionally
significant to the measurement of viscosity. We used equation 6.2 to quantify errors in

ratiometric measurement:

Error (Emission Ratio) __

\/ 1 + 1 x Emission Ratio (6.2)

Emission Ratio CountSchannel 1 CountSchannel 2

Which we then converted to viscosity values using equation 6.1. As can be seen in comparisons
between Figure 6.8c and 6.8f, the number of counts per pixel are significantly low, at 0.06 - 0.66,
prior to binning. Binning the images increases the average number of counts/pixel but we find
that this does not significantly lower the error without considerable loss in spatial resolution.

This is discussed further in later sections.
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Figure 6.9: Ratiometric imaging of DOPC GUVs of incubated with P,NMesz (10 uM, in 200 mM
glucose) . Image is 512 x 512 pixels, with two channels: twisted (640-650nm; 179460 counts) and
planar (705-715 nm; 952679 counts) at x20 magnification. Figure d, e, x40, 512 x 512 pixels with
50508 and 95397 counts for channel 1 and 2, respectively. Detection ranges are different from
those in calibration curves due to solvatochromic shift of the twisted peak in the presence of lipid.
Ratiometric figures (c, f) are produced from image processing of the two spectral channels
(binning, thresholding, ratiometric images as described in Methodology) showing a large range of
detected viscosities from approx 1-15 cP due to aggregation in the sample. (Aex = 454 nm).

Figure 6.9 shows pure DOPC GUVs to which the P;NMe3 dimer has attached from solution.
Figures 6.9a and d show emission in the ‘twisted’ spectral region, 6.9b and e show the ‘planar’
region and Figure 6.9c and f show ratiometric images after image processing. The two images
differ in magnification of the sample. We observe the confirmation of our measurements in
Chapter V, where interaction between the dimer and the vesicle in solution yields extremely low
viscosity values, in this case between 1 and approximately 8 cP with significant error at up to
21.1 cP in Figure 6.9f. If we interpret these values, this is a reflection of the planar conformation
attached to the membrane surface, likely in aggregates, as we observed in Figure V (Figure 5.8).
In comparison with GUVs made from the lipid and dimer mix, these are excluded further from
the interior of the membrane. Though experiments in Chapter V had shown that incubation time
need not be longer than 10 minutes for P,NMes3 to reach a position around the membrane that

did not change, we incubated samples for up to 3 hours prior to imaging. There was minimal
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change in dimer localisation after 10 minutes around vesicular structures and signal to noise
remains low, however we observe that background fluorescence in this protocol is higher than
that observed for GUVs made from the lipid and dimer mix. This accounts for the increased
counts/pixel from 0.36-3.6 relative to that observed in Figure 6.8. Nonetheless, the increased
number of counts are from background fluorescence. This leads us to believe that due to mixing
of the sample with lipid, when P,NMej3 is present during electroformation, it is forced into

micelles prior to any exposure to aqueous solution.

We found that in the case of the P,NMe3z dimer in DOPC membranes, ratiometric images confirm
what we have seen using the fluorometer in suspensions of LUVs without spatial resolution.
However, further investigation of GUVs is limited due to the weakness of emission spectra in
both channels. Ratiometric images of GUVs with porphyrin dimers suffered from two major
drawbacks: firstly, ratios from low emission intensity are not as accurate as those from high
intensity imaging, exemplified by considerable errors in viscosity values, and secondly, that
spatial resolution is compromised by necessary methods of image processing. This loss of
spatial resolution is an artefact of low emission viscosity in both channels prior to ratio
calculation. Low intensity in each pixel makes ratio calculations less accurate, but also decreases
the distribution of emission ratios over the image, i.e. pixels associated with ‘signal’ are closer in
absolute ratio to pixels associated with ‘noise’. Signal-to-noise ratios of the initial channels can
be improved by techniques applied after acquisition of the image such as ‘binning’ of pixels as
has been applied to the images shown in Figures 6.8 and 6.9. This image processing protocol
was developed by Aurimas Vysniauskas for the express purpose of improving the quality of
ratiometric images of porphyrin dimer emission?. Without the use of binning, viscosity
measurements from these images are highly erratic. This is a quantization method applied to
image processing where signal to noise ratio in an image is increased by the grouping of
multiple neighbouring pixels with varying intensities into a single ‘super pixel’. Signal to noise is
improved by the increase of contrast between the single-intensity super pixel representing
fluorescence emission and surrounding regions with false, ‘noise’ signal that is reduced to
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darkness. Reducing the number of pixels creates contrast but decreases spatial resolution of the

image.

The application of this binning in image analysis of GUVs is particularly misleading due to the
presence of multilamellar vesicles in the electroformed product, which are impossible to
separate from GUVs. Multilamellar vesicles are often seen to be brighter than GUVs during
imaging due to the increased concentration of the dimer due to multiple bilayers. As a result,
many of the images collected are of multilamellar vesicles which are impossible to distinguish
by eye from GUVs. There are two structures in Figure 6.8c that display much lower viscosity
than the surrounding lipid material. These structures are not considered to be authentically
unilamellar vesicles, as bright field shows them to be highly dense aggregates within vesicles or
lipid droplets where the corresponding viscosity value probably does not reflect a reliable lipid
macrostructure. The weakness of the dimer’s emission intensity enhances problems with
correctly identifying the condition of imaged vesicles due to the lack of spatial resolution after

image processing. This is a major drawback of using the charged porphyrin dimer in GUVs.

6.4.2 Ratiometric imaging with uncharged porphyrin dimer, P;
We sought to reproduce successful experiments from Chapter V involving mixtures of the
uncharged dimer P, with DOPC. These experiments are performed after electroformation lipid

and dimer mixtures at a ratio of 1000 to 1 from dried films.
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Figure 6.10: a) GUVs made from dehydrated mixture of P, and DOPC (lipid:dimer ratio of 1000:1),
fluorescence from Aex = 448 nm, detection range of 600-800 nm; 512 x 512 pixels at 6646 counts; b)

selected GUVs and aggregates display unimodal emission spectra; c) indicating aggregation in all
ROIs.
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Figure 6.10 shows images from a wide fluorescence channel (600-700 nm) of the uncharged
dimer fluorescence in DOPC vesicles. Where emission is intense, it appears to originate from
lipid aggregates or aggregates around circular structures which are thought to be GUVs. Signal
is too low for us to yield ratiometric measurements from the P, DOPC sample, though we have
been able to collect spectra directly, on the microsope, as shown in Figure 6.10c. We examine
the spectra of the dimer in varying structures shown in the image. Figure 6.10c shows that the
spectra of vesicular structures, by separating ROIs (region of interest). ROIs 1, 2 and 3 are GUVs
of varying size, but are shown to have a unimodal peak at 710 nm, corresponding to the planar
maximum of the dimer’s emission spectrum. This confirms that the fluorescence visible in
images is origninating from a completely planar, and most likely, aggregated dimer. ROI 4
selects a large aggregate, with no larger macrostucture and exhibits the same shape of emission
spectra. Counts per pixel observed for this data are extremely low, at 0.02. Weak fluorescence,
taken together with the unimodal peak leads us toconclude that P; is entirely aggregated in the

sample.

This confirms our hypothesis that electroformation of dimer and lipid samples are not suitable
for the production of dimer-embedded GUVs. From experiments with the P,NMe3; dimer, we had
assumed that the charges at the meso positions were responsible for aggregation of the dimer
and subsequent lipid aggregation. We believe that the charges on both ends of the porphyrin
dimer caused disturbances to vesicle structure whilst bilayers were being formed. These
disturbances could cause small aggregates which would engender larger ones. This could be due
to the charged Zn?* centre of the porphyrin macrocycle, which may have the interaction with the
electrode surface from which lipids swell. Experiments with the uncharged dimer suggest that
the dimer acts as a contaminant in the possibly creating micellar structures during

electroformation.

From this data, we conclude that the presence of the porphyrin dimer during electroformation

is either an impediment to formation of viable GUVs with embedded dimer, or the charged
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centre of the macrocycle precludes inclusion of the dimer into lipid bilayers, as it interacts too
strongly with electrodes rather than the hydrophobic lipid tail region.

6.5 Photobleaching and photosensitization

One barrier to satisfactory ratiometric images using the porphyrin dimer is that already low
emission signal quickly reduces over the course of long exposure to excitation. We had
prolonged image acquisition time in order to collect more photons for each pixel scanned.
However, we found that at laser powers greater than 1 mW, this caused a bleaching of the dimer
signal. Figure 6.11 shows the decrease in emission signal over one round of imaging, i.e. 50
frame averages per image. Figure 6.11a shows both emission channels before and Figure 6.11b,
after, exposure to A« =453 nm over four minutes of excitation where counts/pixel decrease

from 0.04 to 0.01 during the course of imaging.

640-650 nm 705-715nm

Figure 6.11: GUVs made from dehydrated mixture of P.NMez and DOPC (lipid:dimer ratio of
1000:1), fluorescence from Aex = 448 nm at 512 x 512 pixels, in two detection channels for twisted
(640 -650 nm; 8686 counts) and planar (705-715 nm; 12426 counts) confomers; at a) Time 0; and
b) 3830, 2796 counts in channel 1 and 2, respectivrely at time = 4 minutes of laser excitation (50
frame averages per image) showing loss of fluorescence signal during imaging.
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High rates of photodegradation became apparent again when we increased laser power to
achieve higher signal in shorter acquisition times. We hypothesize that this might be due to the
high singlet oxygen quantum yield of the porphyrin dimer, where enough singlet oxygen is
produced that it oxidises sites on the dimer itself, observed by a decrease in fluorescence signal.
While observing this phenomenon, we took ratiometric images at regular time points as shown

in Figure 6.12

Time 0 Time 2 mins Time 4 mins

400

()l
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Figure 6.12: Ratiometric images of GUVs made from dehydrated mixture of P.NMe; and DOPC
(lipid: dimer ratio of 1000:1), fluorescence from Aex = 448 nm at 512 x 512 pixels, in two detection
channels for twisted (640 -650 nm) and planar (705-715 nm) confomers; at a) Time 0 (8686,
12426 counts, respectively); and b) Time 2 minutes (5033, 4584 counts, respectively) of laser
excitation and; c) Time 4 minutes (3850, 2796 counts, respectively). Image processing parameters
are kept the same for each image, even though loss of signal is observed between the three images.
Ratios associated with the imaged GUV appear to increase in proportion with imaging time (50
frame averages per image).

Figure 6.12 summarises our finding: the apparent viscosity of GUVs during imaging increases as
a function of exposure time to excitation light, though we acknowledge the significant error of
our measurements, and the increase in error at longer imaging times. We hypothesize that this
is the effect of lipid bilayers exposed to singlet oxygen but sufficiently reliable an accurate
measurements of viscosity are not possible with the use of the porphyrin dimer as a viscosity
probe. The next chapter is devoted to an investigation of the effect of singlet oxygen on lipid

membranes, while using the porphyrin dimer as a viscosity probe.

6.6 Conclusions
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The use of molecular rotors to measure membrane viscosity is fundamentally different from
previously established imaging techniques. Fluorescence methods measure translational
diffusion, when compared with mechanical methods that measure membrane deformation, they
yield largely different viscosity measurements. This is due to assumptions regarding the nature
of friction in the bilayer. The use of molecular rotors was suggested as an optimal way to resolve
these differences due to the specific relationship between rotational diffusion and viscosity.
Porphyrin dimers were seen to be good candidates for the ratiometric measurement of viscosity
in lipid bilayers due to their pseudo-amphiphilic structure, temperature independence and

sensitivity to small changes in viscosity.

However, ratiometric imaging of GUVs with porphyrin dimers proved to be feasible but limited
in resolution and reliability. We have identified sample preparation and the nature of the lipid-
dimer interaction as causes of lack of signal and lack of localisation to relevant parts of the lipid
bilayer. Future experiments will need to involve either a novel method of GUV production that is
not affected by the presence of the charged dimer or an entirely hydrophobic molecular rotor
that is able to embed within the membrane during electroformation. The porphyrin dimer has
shown to be highly sensitive to photodegradation, most likely as a result of singlet oxygen
production. We aim to continue using the porphyrin dimer as a photosensitizer in order to
investigate the effects of singlet oxygen on membranes. In this vein, the next chapter shows the
use of a second previously published molecular rotor to measure changing membrane viscosity

upon exposure to singlet oxygen.
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VII. The photosensitizing effect of
the porphyrin dimer upon lipid
bilayer viscosity

In Chapter VI we show how the viscosity-sensitivity of the porphyrin dimer can be adapted for
microscopy, giving ratiometric images of the dimer associating with DOPC membranes. The
quality of ratiometric images was severely limited by the solubility of the dimers, on the one
hand prohibiting the charged dimer from entering the hydrocarbon region of the membrane
and on the other, causing the uncharged dimer to aggregate during vesicle production by
electroformation. We tested a number of ways of increasing emission signal, for example testing
longer exposure to laser excitation and/or increasing excitation power. However both these
conditions resulted in significant photobleaching. We hypothesized that the photobleaching can
be in fact caused by the production of singlet oxygen by the dimers in high yield, as previously
demonstratedl2. Thus, it is possible that the singlet oxygen produced by the dimer is (i)
affecting the dimer by photobleaching and (ii) is affecting the unsaturated lipids in a bilayer,
analogously to what has been previously observed in mammalian cells!. This Chapter explores
the effect of the dimer’s singlet oxygen production on lipid bilayers, and attempts to detect a
viscosity change associated with the production of singlet oxygen. To enable the independent
verification of viscosity measurements during singlet oxygen production we decided to
complement the dimer ratiometric measurements with the measurements of another molecular
rotor,that was previously shown by our group to be a superior probe for hydrocarbon bilayer

region: a boron dipyrromethene (BODIPY).

7.1 Singlet oxygen

Valued for its therapeutic capacity, the targeted and controlled generation of singlet oxygen is
the subject of considerable study. Molecules that produce singlet oxygen are termed

photosensitizers, and are manipulated to become compatible with uptake by cells. This section
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describes some of the basic features of singlet oxygen and the role of the photosensitizer in its

production.

7.1.1 Generation of singlet oxygen

Ground state molecular oxygen has an unusual electronic configuration that leaves two
unpaired electrons in the HOMO. The bonding of two oxygen atoms, each with six electrons,
results in an electron configuration of: (20, 2) (204 2) (304 2) (1mg 4) (11, 2) as shown in Figure
7.1a. Here, the two degenerate antibonding orbitals, 1z« and Ty are occupied by one electron
each, while all others are occupied by two. As such, the ground state of molecular oxygen is
triplet (X3 ¥5) and there are two excited states: both singlet (electron configuration of one of

which is shown in Figure 7.1b) 1A; and b1Z,*, all close in energy3.

Transitions between all three states are spin-forbidden by electric-dipole coupling, the usual
means by which excited states are reached, as outlined in Chapter I. This is due to the Laporte
rule, applied to centrosymmetric molecules such as O, which states that the total spin quantum
number of a transition must remain the same during a transition, that is, must remain either +
or - %, such that electric energy transfer cannot occur between singlet and triplet states or vice
versa. Experimental evidence of molecular oxygen in isolation, i.e. in gas, shows extremely weak
absorption lines corresponding to these forbidden transitions, as observed by Childs and Mecke
et al, 19314 However, in solution, subject to molecular collisions and perturbations of the
electronic structure by interaction with solvent or other solutes, the symmetry of the molecule
is interrupted. As such, the transitions between the triplet and singlet excited states become
more likely, that is, they take on ‘partially allowed character’. This is observed by an increase in
absorption intensity corresponding to the transition from the X3 %, ground state and the 1A; and
b 1%+ excited sates®. Singlet to triplet transitions occur by spin-orbit coupling, that is,
electromagnetic interaction between an electron’s spin and the electromagnetic field generated
by its orbit about the nucleus of the atom resulting in the ‘flipping’ of the electron’s spin. This

coupling lowers the energies of the energy levels of coupled electrons such that transitions are
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more likely. That is, spin orbit coupling is associated with a value for total angular momentum j,
which is the sum of the / and s quantum numbers. Indeed the band gap between X3 X, and 14, is
the well-known quantity 94.3 kJ/mol (0.98 eV)3. In solution, triplet excited state solutes (such as
photosensitizers) in close proximity to molecular oxygen (X3 Xs) can excite it to the 1A, state, by
electronic energy transfer. Indeed, for the application of PDT, this energy transfer is desirable

and conditions to increase its frequency are sought.

Generally, the term ‘singlet oxygen’ and its effects are associated with only one of the singlet
excited states, the 1A state, rather than the b 1X,* state. The latter describes a singlet excited
state whereby both electrons occupy the same orbital, in contravention of Hund'’s rule. b 1Z* is

characterised by an extremely short lifetime (e.g. 0.65 s in carbon tetrachloride (CCl4) at room

temperature)® until it reverts to the 1A, state which we have shown in Figure 7.1b.

Figure 7.1: a) Electronic configuration of ground state triplet molecular oxygen (X3 Xy) and b)
electronic configuration of one of the two singlet excited states: 14,.

7.2.1 Deactivation of singlet oxygen
Most significant studies on 1A, and its behaviour within biological environments focus around

its deactivation which can take place by multiple mechanisms:

Radiative Decay
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In Chapter 1, we briefly discussed the deactivation of the triplet state of a molecule by radiative
decay, termed phosphorescence due to the long lifetimes at which it is observed.
Phosphorescence at 1270 nm is observed when the excited state singlet oxygen, 14,, decays to
the triplet ground state X 3%g. In gas, the lifetime of 1A, is remarkably long, at 72 minutes.”8
However, biologically relevant media are not isolated, and the interactions between 1A; and the
surrounding media play an extremely important role in deactivation of the excited state.
Radiative transitions are enhanced by molecular collisions, due to the mixing between the
molecular orbitals of colliding molecules and those of the mgx and mgy antibonding orbitals of
molecular oxygen. The polarizability of the colliding molecule determines the extent to which

radiative rate constants are enhanced relative to those of molecular oxygen in isolation.3

Interactions between 1A, and solvent or solute molecules in solution are crucially important for
understanding the therapeutic consequences of singlet oxygen. Generally, the non radiative
deactivation of singlet oxygen is the major component of PDT. Three different modes of non

radiative decay take place for the transition from 1Agto X3%; we summarise them below.

Non radiative decay

1. Electronic to vibrational energy transfer:

Hurst and Schuster et al., 1982 developed a theory of 1A, in solution where vibrational modes of
1A, and a given solvent bond X-Y, overlap in energy. The greater the vibrational energy of the
bond X-Y, the more likely its overlap with a vibronic energy transition of Oz 1A, resulting in the

deactivation of 1A, by vibrational energy transfer to the solvent bond X-Y.39

2. Charge transfer induced quenching

Far more common than electronic to vibrational energy transfer is charge transfer to another
solute. Physical proximity of O, 1A, to a molecule with low oxidation potentials (Eox < 1.9 V vs.
saturated calomel electrode (SCE)) results in the formation of an transient complex, termed an

‘exciplex’3. The energy of this exiplex is lowered by the transfer of electric charge from the
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molecule to oxygen, that is, oxidation. The exciplex subsequently decays by intersystem crossing
to a triplet ground state complex, which then separates, leaving O, X 3%s. and the oxidized
molecule.3 Rate constants for charge transfer-induced quenching are approximately seven times
higher than those for electronic to vibrational energy transfer, and as such, is considered the
most common form of non radiative deactivation of singlet oxygen. This is the mechanism that
governs the ‘Type II' reactions (discussed in section 7.2.1) that are observed in PDT, valued for

their therapeutic effect.
3. Electronic energy transfer

The singlet excited state, Oz 1A; can transfer its electronic energy to a molecule with singlet
ground state of sufficiently low energy (< 0.94 k]J/mol or 0.98 eV). Molecules most commonly
associated with efficient quenching of 02 1A, include carotenoids, phthalocyanines, and iodine
amongst others.3. These molecules are extremely useful in their capacity to deactivate 0z 1A,
without chemical change to the system, as they often decay from their excited states by
fluorescence.

7.2 Porphyrin dimers as photosensitizers

Singlet oxygen (102) is produced very efficiently by macrocyclic structures such as tetrapyrroles
and porphyrinoids, meaning that excitation of the porphyrin dimers in aerobic environments
could give significant doses of singlet oxygen. Indeed, we know that the porphyrin dimers have
high 10, quantum yields (¢,). Kuimova et al, 2009 first published ¢, for all variants of the
dimer in an aqueous environment (D,0) and in organic solvent (MeOH) as shown in Table 7.1,
where the relevant dimers used in this chapter have been highlighted in yellow10. The difference
between ¢, in hydrophobic solvent and in D0 is significant for both the charged and uncharged
dimers, which was previously attributed to aggregation effects. As we have discussed
previously, Chapters V and VI suggest that the charged dimer is associated with the surface of
lipid bilayers, not truly embedded within the hydrocarbon region and at least partly exposed to

water, suggesting that the ¢, might reflect to a certain extent exposure to aqueous conditions.
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However, in our system, the dimers are associated with the lipid bilayer, at least partially, which
may suggest that the ¢, of the dimers relevant to the work reported here is somewhere in-

between the organic solvent and the aqueous environment.
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Table 7.1: Summary of spectroscopic parameters for a series of porphyrin dimers*

P, P,-NMel P,C,-NMel P,-NMeOAc P,-SO,NH, P,C,-CO,NH, P,-Suc
As(em) DMSO 700 730 795 715 715 760 720
Am(em) H,O 712 760 800 733 725 780 729
&, McOH* 0.11 0.11 0.01 0.10 0.13 = 0.001 0.06
&, D,0O* 0.5% DMSO <0.001 0.002 <0.001 0.005 0.03 = 0.001 0.008
o, D:0/BSA + heat < 0.001 0.08 0.02 0.05 0.05 0.01 0.01
0, MeOH* 0.89 0.54 0.60 0.70 0.69 0.20 0.87
0s. D,O? 0.14 0.50 0.25 0.36 0.59 0.24 0.43

* Table from Kuimova et al, 2009 (Ref 10)

Amax(em) describes the emission maximum of the planar confomer, as reported in DMSO and H:0;
@5, fluorescence quantum yield in the specified solvent, @, 10; quantum yield. Reported values are
measured @ vs Chla in ether (0.32), b verteporfin in D20 (0.05), < Chla (0.77) and [Ru(bpy)s]?* (0.8); ¢
TMPyP (0.74).

At the time of the publication of the data shown in Table 7.1 it was not yet discovered that the
porphyrin dimer can exist in two separate conformations: twisted and planar. Thus the singlet
oxygen quantum yields determined above did not take into account the conformational
flexibility of the dimer. However, the relationship between the dimers’ viscosity-dependent
conformational dynamics and singlet oxygen production efficiency was later examined in
detaill1The effects of porphyrin dimer torsional rotation on ¢a were examined and it was found
that the planar confomer of the porphyrin dimer has higher efficiency of 10, production than the
twisted!0.12, Figure 7.2c shows that @a is maximised by absorption of the planar confomer at Aex
=480 nm, rather than at 450 nm, the maximum absorption of the high energy twisted confomer.
In Figure7.2b, we see that Aex = 450 nm can give relatively high production of 10, but this is
prohibited by high viscosity media, meaning that 450 nm excitation is only efficient for

production of 10; due to intermolecular rotation from the twisted excited state to the planar

excited state, which goes on to form the triplet state!l.
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Figure 7.2: a) 10; production efficiency; b) emission intensity; c) @, and d) absorbance spectra
recorded in methanol (dashed line, black) and 80% glycerol/ 20% methanol (red). (Reproduced

from ref11)

This study suggests a useful strategy for efficient 10, production in our experiments. Excitation
of the porphyrin dimer at the peak of the planar confomer produces 10, yet excitation at the
peak of the twisted confomer allows for viscosity measurement, effectively separating the two
functions. With this separation we should be able to minimise 10, production during viscosity
measurement. We will test this strategy here by performing bulk viscosity measurements in
LUVs accompanied with singlet oxygen production, however, as shown in Chapter VI, this
separation was not sufficient for ratiometric imaging, as excessive bleaching decreased the
emission signal beyond useful values.

7.2.1 Photosensitization of membranes

In biological systems a large ‘dose’ of 10, (14g) is cytotoxic and when used for therapeutic
purposes in the damage of malignant cells is termed photodynamic therapy (PDT). Energy
transfer to ground state molecular oxygen from the triplet state of the photosensitizer produces
10,, however electron transfer is also possible resulting in radical formation - these two
pathways are termed Type Il and Type |, respectively (as described above) as shown in Figure

7.3. Photosensitization in membranes is particular due to the long lifetime of 10, (36 ps)!3 and
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the high concentration of ground state oxygen in the hydrocarbon region of bilayers. The
likelihood of either of the two pathways dominating depends primarily on efficiency of the
photosensitizer in its environment. For example most studies involving porphyrin
photosensitizers, which generally exhibit high triplet energy transfer to O;, have found that
solvent effects other than aggregation can greatly influence 10, production, this topic is
reviewed in detail by Valenzano et al., 1987 1415, Given this effect, the nature of the association
between porphyrins and membranes is a determining factor in the efficacy of 10, production,
the diffusion of 10, within the membrane, and the observed effects of PDT on membranes6-20,
Lavi et al.,, have studied in detail the localisation of porphyrins within biomimetic membranes
and observed effects of oxidation, finding that increased depth of the porphyrin in the
membrane is proportional to @a but 10; associated effects are reduced!®. Fluidity of the
membrane is inversely related to @al9-2! suggesting that membrane structure is strongly

affected by exposure to 10;.

» Lipid +X " —>Lipid" +XH <

Lipid” + O, = LipidOOH + Lipid”

LipidOO ™ + LipidOO * > Nonradical
Figure 7.3: Scheme of Type I (electron transfer) and Il (energy transfer) reactions with the

porphyrin dimer photosensitizer and Oz and possible effect of these processes on membrane lipids

7.2.2 Lipid peroxidation and membrane structure
Once 10; is present its effects are dependent upon the local concentration and the availability of

reactants; in some cases, 10; is physically deactivated by energy transfer, resulting in dioxygen
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and heat, in other cases, the 10; reacts with nearby molecules causing reorganisation of
chemical bonds on lipids. Figure 7.3 lists the interactions observed in oxygenated lipid systems,
whereby 10, interacts with lipids by the ‘ene’ mechanism, ultimately producing a lipid peroxide
which can participate in the radical chain mechanism (lipid peroxides abstract H from nearby
lipids, creating further peroxides) under specific conditions 22-24, The ultimate result of both
Type I and Type II pathways appears to be lipid peroxidation, though it has been shown that
position of the peroxide group is likely to change depending on the oxidative pathway?23.
Peroxide groups will alter the fundamental shape and electrostatic interactions between lipid
chains, there is existing evidence that PDT-related lipid peroxidation is associated with
alteration of macroscopic membrane structure. Wratten et al,, 1992 have suggested that the
hydrophilic character of peroxides cause reorientation of the lipid chain, bending it towards the
membrane interface (e.g. the glycerol moiety of a phosphocholine molecule)?5 as shown in
Figure 7.4. This hypothesis has been reiterated by measurements of oxidised bilayer
spontaneous curvature2é, changes in membrane depolarisation and permeability??, and most
recently, a reduction in membrane elastic stretching as measured by micropipette aspiration?s.
These changes are consistent with a reduction in membrane order, and of phospholipid packing

within the bilayer2°.

Figure 7.4: Hypothesized change in unsaturated lipid volume after lipid hydroperoxides formation
from Type I or Type Il reaction. Hydroperoxide is hypothesized to localise to aqueous solution.
Figure from Weber et al.,, 2014 . (Ref 28)

We have shown that molecular rotors are sensitive to lipid packing and the ‘free volume’ in the

hydrocarbon region, which we term ‘membrane viscosity’. Any alteration to the structure and
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volume of individual phospholipids is expected to be observable by measurement of the
dynamics of molecular rotors. This change has strong bearing on our hypothesis regarding
membrane viscosity and 10, exposure as measured by molecular rotors. We have observed an
increase in membrane viscosity that is proportional to porphyrin dimer irradiation; this Chapter
will attempt to explain the mechanism by which 10; production is affected by porphyrin dimer
localisation and suggest a relationship between lipid peroxidation and membrane viscosity.

7.3 Irradiation of LUV suspensions in the presence of the dimer

Chapter V summarised the production and measurement of bilayer viscosity in small
unilamellar vesicles (LUVs) where we found that the uncharged dimer was soluble in the
hydrocarbon region of the membrane and reported viscosities consistent with those from
literature. We used the LUV system to examine the photosensitizing effect of the dimer upon
lipid bilayer viscosity in the hydrocarbon region. Figure 7.5 shows preliminary data of change in
dimer emission ratio upon irradiation of a DOPC and P, LUV suspension (at 1000:1 lipid: dimer
ratio) that are consistent with increased viscosity within the bilayer. This data gives strong
evidence in support of our hypothesis regarding the effect of photosensitization on lipid bilayer
viscosity. We take advantage of the dual functionality of the dimer, as both photosensitizer and
viscosity-probe to further investigate this relationship. Our preliminary data shows evidence of
viscosity increase after irradiation: Figure 7.5a and b show the change in emission spectra of the
P, dimer in DOPC vesicles (Figure 7.5a, absolute; 7.5b, normalised) before, in black, and after, in
red, irradiation at 479 nm for 60 minutes at 150 mW. Though there is considerable
photobleaching of the dimer, resulting in a much weaker emission signal after irradiation, we
see the rise of the twisted emission peak at 640 nm relative to the planar peak at 690 nm, which

is consistent with viscosity increase.
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Figure 7.5: a) Absolute; b) Normalised fluorescence spectra of LUVs made from dehydrated
mixture of DOPC and P (0.66 uM) before and after irradiation at 480nm at 50 mw for 60 minutes;
(lipid: dimer ratio of 1000:1, Aex = 448 nm)

The spectra shown in Figure 7.5a and b are measured at the excitation peak of the P, ‘twisted’
confomer, 458 nm. However, the LUV suspension was irradiated at the P, low-energy ‘planar’
peak, 480 nm, according to the principles reported in Kuimova et al, 200911. We chose to
selectively irradiate the planar confomer due to evidence from Kuimova et al,, 20091! that the
@a of the lower energy planar confomer is higher than that of the twisted across the entire
width of the Soret peaks. In the event of low viscosity, we could expect that the intermolecular
rotation from the twisted confomer to the planar could yield high concentrations of singlet
oxygen, however our results from Chapter V show that the twisted-to-planar emission ratio at
333 K for DOPC LUVs is relatively high, limiting the presence of the planar S, and therefore T1

state. Additionally, maximising singlet oxygen yield by exciting the planar confomer should
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reduce the irradiation time and power, which would moderate rates of photobleaching. All

further experiments on LUVs are carried out under these conditions.
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Figure 7.6 Decrease in fluorescence intensity and change in emission peak ratio in emission spectra
of LUVs made from dehydrated mixture of DOPC and P; (0.66 uM) after irradiation at 480nm at a)
100 mW b)150 mw for 60 minutes. Time 0 shown in violet to Time 60 shown in red (lipid: dimer
ratio of 1000:1, Aex = 448 nm).

Figure 7.6 shows raw data from the irradiation of DOPC LUVs with embedded P, with regular
sampling of the emission ratio over irradiation time. Figure 7.6 demonstrates the decrease in
spectral quality over a time course of irradiation over 2 hours as a result of photobleaching of
the dimer. However, we also observe apparent change in emission ratio, over the course of the
irradiation. Figure 7.7 describes the relationship between ratiometric viscosity measurement

and irradiation time.
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Figure 7.7: Ratiometric viscosity measurements of LUVs made from dehydrated mixture of DOPC
and P during irradiation; b) varying with laser power at 100 (black), 150 (red) and 350 (cyan)
mW. Viscosity values calculated using P- in Castor oil calibration, Chapter IlI (lipid: dimer ratio of
1000:1, Aex = 448 nm)

Figure 7.7a shows the increase in viscosity upon irradiation at 100 mW at increasing exposure
time up to 120 minutes, and this data supports our hypothesis that the observed viscosity
increase is correlated with exposure time of irradiation. Moreover, Figure 7.7b shows that the
rate of viscosity increase changes with irradiation power, suggesting that the total energy of
exposure is proportional to the viscosity increase. In Figure 7.7b, irradiation at 350 mW induces
a higher rate of viscosity increase than irradiation at 100 and 150 mW, however the reduction

in fluorescence signal greatly increases the error as seen either upon prolonged irradiation at
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lower powers or at early times at high powers. Comparison between data sets of lower power
irradiation series show that irradiation at 150 mW appears to give marginally faster rates of

viscosity increase after 60 minutes.

As we have seen in Chapter V, temperature is a crucial factor in determining the viscosity of
LUVs, which we have demonstrated has a liquid-like sensitivity to temperature in the
hydrocarbon region. The irradiating source used was a dye laser with 3 mm laser spot, to which
the cuvette was intermittently exposed before being placed back within the fluorometer for
emission measurements. This set up poses a number of difficulties for accurate interpretation of
the data; firstly, the highly localised power of the laser spot can cause local heating which would
change the bilayer viscosity within a given area surrounding the spot, making the LUV
suspension heterogeneous for ratiometric measurements. Secondly, due to the density of the
LUV suspension, diffusion of LUVs into and out of the laser spot is relatively limited; meaning
that exposure to irradiation would be confined to a small fraction of total cuvette volume and
any change would not be measureable by fluorometry or again, make the LUV suspension
heterogeneous for dimer emission ratio. Furthermore, we showed in Chapter V that significant
temperature change induces phase change within the hydrocarbon region of bilayers which can
cause reorientation or expulsion of the dimer from the bilayer. Our hypothesis predicts lipid
viscosity changes that could amount to unpredictable phase behaviour and could result in the
same ejection or repositioning of the dimer, rendering pre and post irradiation measurements
incompatible. Interpreting this kind of response from fluorometry data requires that the sample
be largely homogenous. Moreover, it became clear due to the extent of photobleaching our
ratiometric viscosity measurements are subject to increased error as irradiation times and laser

powers are increased.

Given these drawbacks, we determined that adequate investigation of the phenomenon that we
have observed in preliminary data would require that the experiment be carried out under

different conditions. Ideally, we would like to image the effects of photosensitization using
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microscopy, however, we showed in Chapter VI that ratiometric measurements are unreliable
for quantification and particularly unsuitable for irradiation experiments where photobleaching
reduces emission signal even further than initially low levels. We determined that the
photosensitising effect of the porphyrin dimer would have to be studied independently from its
viscosity sensitivity in order to gather trustworthy data. Once we have established the physical
consequences of 10, production in the presence of lipid bilayers, then we would reassess
whether the porphyrin dimer is a good candidate for PDT in these systems. In order to measure
the effect of viscosity change on lipid membranes, we used a hydrophobic molecular rotor, with
good viscosity sensitivity in lipid bilayers, a C1o meso substituated m-phenyl boron dipyrrin

(BODIPY Cy0).30

7.4 PDT in lipid bilayers as measured by BODIPY C1o

These experiments are carried out in collaboration with Aurimas Vysniauskas.

BODIPY Cio is a molecular rotor that has high solubility within the hydrocarbon region of
membranes3%3L, Figures 7.8a, b reproduce published data obtained in our group3?, verifying the
BODIPY-Cyo is a molecular rotor with a good sensitivity of its lifetime to viscosity of methanol-
glycerol mixtures. Figures 7.8b show the structure of BODIPY Cio, and the arrow indicates the
mode of twisting which comprises the mode of non-radiative deactivation from the excited
state. In the case of BODIPY Cio, restriction to intermolecular twisting is measured by an
increase in fluorescence lifetime rather than fluorescence quantum yield. Figure 7.8a shows the
increase in fluorescence lifetime in solutions of increasing viscosity as measured by time-
correlated single photon counting (TCSPC). The Forster-Hoffmann law predicts that there is a
linear relationship between viscosity and tr when both are plotted on a logarithmic scale; this is

true of BODIPY Cy as shown in Figure 7.8b.

Figure 7.8c shows emission intensity of BODIPY C1 as added from solution to a sample of GUVs.
In fact, Wu et al., 201330 and Dent et al., 201531 have already shown its capacity for detection of

lipid phase change as a function of temperature, as well as accurate measurement of lipid
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bilayer viscosity in ternary mixtures exhibiting both the L, (liquid ordered) and L4 (liquid
disordered) phases. Given this data, BODIPY-Cio molecular rotor appeared to be an ideal
candidate for measuring viscosity of hydrocarbon region of GUVs during singlet oxygen

production, by porphyrin dimers.
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Figure 7.8: a) TCSPC fluorescence decays of BODIPY (¢ in solutions of varying viscosity (w/v %
methanol/glycerol solutions); b) linear calibration of BODIPY Ciy tr against solution n as measured
by mechanical rheometry, inset: structure of BODIPY C19 and mechanism of viscosity sensitivity due
to phenol rotation; c) BODIPY Ciy fluorescence in DOPC GUVs after addition from aqueous solution
(10 uM BODIPY C1g) Aex = 488 nm (detection range 600-800 nm). Figure 7.7a,b are adapted from
Hosny et al, 2013 (Ref3?2)
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Chapter VI showed that electroformation with P;NMe; yields structurally viable GUVs. We
optimised this protocol for the incorporation of BODIPY C1 into GUVs made from a mixture of
DOPC and P;NMes, at ratios of 600:1 DOPC: BODIPY Cio and 1000:1 DOPC: P,NMes A
concentrated solution of BODIPY Cio added to the GUV suspension was found to localise to GUVs
within 10 minutes. We compared the distribution of fluorescence lifetimes of this sample to
those of GUVs made from a mixture of DOPC and BODIPY Ci and found them to be the same,
indicating that the positioning of the probe in the membrane is the same in both preparations.
To test the compatibility of the two compounds in close proximity we also compared
fluorescence lifetimes and ratiometric measurements of a mixture of BODIPY Cy and P,NMes in
a mixture of methanol and glycerol (w/w; 20/80 %, respectively) that gives the same lifetime-
calculated viscosity measurement as seen in GUVs at 20 °C. We found that the two fluorophores
behave independently of one another even when dissolved in the same solution during
irradiation. Figure 7.9 shows absorption spectra of BODIPY C1o and P.NMe;3 and indicates where
each was excited; BODIPY Cio is excited at 488 nm at 5 mW for imaging, P,NMe; is excited at 453

nm, both at 5 mW.

Figure 7.9: Normalised absorption spectra of P.NMej3 (red) and BODIPY Cy (black) in methanol.
Excitation wavelengths for fluorescence experiments are selected according to absorption maxima
for either compound (dashed lines: 453 nm for P,NMes 488 nm for BODIPY C1).

With these controls in place, we used the fluorescence lifetime of BODIPY Cip to measure the

change in GUV bilayer viscosity upon excitation of the charged porphyrin dimer at higher

VII.237



intensities with the intention of producing singlet oxygen, conditions which we term ‘PDT
irradiation’. GUVs were electroformed from mixtures of DOPC and P,NMe; at 333 K and BODIPY

C10 was added as a concentrated solution and allowed to penetrate the vesicle membrane.

The experiment was carried out with the intention of imaging BODIPY fluorescence lifetime in
GUVs, a technique known as Fluorescence Lifetime Imaging Microscopy (FLIM). Here, an image
reflects the variation in exponential decay from the excited state (lifetime, and by our
calibration, viscosity) as measured in each pixel of an image. Lifetimes are assigned a colour

according to their value in a psuedocolour scale.

In our experiment, we compare GUVs in close physical proximity, one in which the porphyrin
dimer has been excited at Aex = 453 nm, and another that has not been exposed. A FLIM image
(Figure 7.10a) is generated by imaging the 1 of BODIPY Cyo at the peak emission 550 nm. Next,
(Figure 7.10b) using the ‘zoom’ function of the microscope software, a small square region of
the original field of view is selected such that it frames a solitary GUV. Under Zoomed’
conditions, images are collected by normal imaging but is limited to the selected ‘zoomed’
region of the field of view, whereby the laser spot ‘scans’ lines of the image from left to right
from top to bottom (Figure 7.10c). Due to a decrease in the area of exposure, laser excitation
intensity per GUV is increased during ‘irradiation’ relative to imaging. By exciting at the peak
excitation band of the porphyrin dimer (453 nm) at high laser power and at sufficiently long
exposure times, we were able to use these conditions to selectively irradiate a solitary GUV
within a group Then, the full ‘zoomed out’ field of view is imaged by BODIPY Cio fluorescence
lifetime for the second time, producing the ‘post PDT irradiation’ image. . We chose to excite the
porphyrin dimer at 453 nm rather than 480 nm, even though the latter gives a higher yield of

10, in order to prevent absorption by BODIPY Cio, which has significant absorption at 480 nm.
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Figure 7.10: Steps for selective irradiation of a single GUV: a) locate field of view with multiple
GUVs; b) selection of zoomed image at the borders of solitary GUV; c) ‘zoomed’ imaging of solitary
GUV, often with compensation for movement at 200 frame averages for maximum exposure to
laser excitation; d) collection of ‘zoomed out’ image of original field of view with neighbouring
non-irradiated GUVs for reference.

We used this imaging protocol to measure the gradual change in DOPC bilayer membrane
viscosity after small exposure times to PDT. Figure 7.11a shows FLIM images taken at regular
intervals of irradiation. The distributions of lifetimes of the GUV selected in Figure 7.11a are
shown in Figure 7.11b. Mean BODIPY Cio trincreases from 1535 + 107 psec to 2437 + 196 psec,
which we have calculated to be equivalent to 105 + 1.45 cP to 323 + 6.03 cP over 520 seconds of
irradiation of P,NMes. Thus we conclude that excitation of the porphyrin dimer, as a PDT

photosensitizer, is correlated with increased lipid bilayer viscosity.
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Figure 7.11: FLIM data of BODIPY Cio in GUVs electroformed from dehydrated mixtures of DOPC,
P:NMes (lipid; dimer ratio 1000:1) during irradiation. a) Series of images collected at regular
intervals over 520 s after irradiation of a single GUV, marked in the Figure; b) BODIPY Cqg
(lipid:BODIPY C19600:1) t¢ for each image are displayed, a shift to longer BODIPY Ciy tyis observed
during irradiation. Irradiation is carried out at 453 nm (5 mW, zoomed), imaging 448 nm (5 mW).
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The quality of BODIPY Cio FLIM images in comparison with ratiometric images of P,NMes;
demonstrates a number of advantages to the use of the BODIPY Cio: spatial resolution of
viscosity is much higher due to strong emission intensity from the hydrocarbon region. We
know that the BODIPY Ci is hydrophobic and so will have far more solubility in the lipid chain

region of the membrane than the charged P.NMes.
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Figure 7.12: The change in (a) lifetime and (b) viscosity of the single GUV shown in Figure 7.11
containing P;NMes as measured by BODIPY C1o. Tr were extracted from Figure 7.11 and converted
to viscosity according to the calibration curve from Ref 32 and represented graphically. Error bars
represent the standard error of the mean BODIPY Ci9 T shown in Figure 7.11. Viscosity change
upon irradiation is observed to reach saturation at approx 100 seconds.
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Figure 7.12 summarises the relationship between irradiation time and viscosity increase,
suggesting that PDT irradiation of DOPC GUVs can increase from 106 * 5.7 cP to approx 309 *
12.5 cP before saturation of the observed trend. Chapter V showed that P,NMes binds largely to
the surface of the vesicle and that any penetration of the bilayer is partial, nevertheless, we have
observed that excitation of the dimer has effects within the hydrocarbon region of the bilayer as
measured by BODIPY Cio. This must reflect the fact that the dimer is partially embedded in a
bilayer and that the concentration of molecular oxygen in the hydrocarbon region of the bilayer
is high. Also, the increase in viscosity upon application of PDT in GUVs is approximately
equivalent to that observed in LUV systems, as shown in Figure 7.7 (c.a. 350 cP after irradiation
at 150 mW). Thus both molecular rotors, P, and BODIPY-C1o, which are both thought to reside in
the hydrocarbon region of the bilayer, show the same trend of viscosity increase upon

irradiation as well as the same final value.

We further sought to investigate the component causes of this viscosity change in lipid bilayers
upon exposure to irradiation, namely: confirm that the change is caused by 10, which interact
with lipids. In order to do so, we performed a series of control experiments that are crucial to

confirm that any change in lipid viscosity is dependent on PDT effects.

7.4.1 PDT in the presence of NaN3
Sodium azide (NaN3) is a routinely used quencher of 10,, with diffusion-controlled quenching

rates33. We performed the P,NMe; irradiation experiment in the presence of BODIPY-C1o, similar
to that described above, in the presence of 1 M NaN3 in order to determine what, if any, of the
observed irradiation-dependent viscosity change is caused by the presence of 10, Azide cannot
penetrate the lipid bilayer so quenching is limited to 10, produced external to the hydrocarbon
region, but in our case, should affect the P,NMe; dimer which we believe is attached by its

planar porphyrin macrocycles to the external surfaces of the vesicles.
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Figure 7.13: FLIM imaging of BODIPY C19 GUVs electroformed from dehydrated mixtures of DOPC
and P;NMe; in the presence of NaNs (lipid: dimer 1000:1, BODIPY Cio added from solution at 10
uM); a,c) before and; b,d) after irradiation at 453 nm at 5 mW.

Figure 7.13 shows GUVs of DOPC, BODIPY Cio and P,NMej3 prior to and after exposure to PDT
irradiation. Figures 7.13c,d are histograms of the lifetime distributions of images from 7.13a, b,
which are far narrower than those from the experiment shown in Figure 7.11, scaled at 1300 to
1600 psec rather than 1000 to 2000 psec as in Figure 7.11. The mean lifetime of the selected
GUV before irradiation is approximately 1435 * 135 psec, (96 * 0.55 cP) remaining the same
after irradiation at 1420 * 90 psec (94 * 0.3 cP). This experiment was repeated three times,
with consistent results showing little to no change in BODIPY Cio T in the presence of an
external quencher of 10,. From this, we confirm that 10, is the source of PDT-related viscosity
change, rather than lipid auto oxidation, or ROS generated by Type I sensitizer deactivation

pathways.
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Next, we determine the effects of PDT irradiation without the PDT photosensitizer. Irradiation
conditions applied to DOPC vesicles which are electroformed only with the viscosity-probe
BODIPY Cio. This could be a convenient way to establish whether or not BODIPY Cjo itself
produces 10,. It is worth noting however that at the irradiation wavelength A.x 453 nm BODIPY
Ci0 absorbance is relatively low, and excitation of the BODIPY Cio peak for FLIM imaging is
relatively short in exposure time and performed at lower laser powers. Figure 7.14 summarises
the results of the irradiation experiment without the inclusion of the porphyrin dimer. The
change in mean lifetime in this GUV was 1680 + 45 to 1710 * 60 ps, reflecting a viscosity
increase from 135 + 0.33 to 139 + 0.43 cP. We attribute this viscosity change to a small
contribution of 10, produced by BODIPY Cio when irradiated at 453 nm. This is roughly 10% of
the change we observed in the original experiment involving the porphyrin dimer, giving a

change of approx. 200 cP under identical conditions of irradiation.
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Figure 7.14: FLIM imaging of BODIPY Ci9 GUVs electroformed from dehydrated mixtures of DOPC,
and BODIPY Cy (lipid: BODIPY 600:1) a) before and b) after irradiation at 453 nm at 5 mW.
Histograms of the lifetime vs. photon count are shown c) before and d) after irradiation.

These control experiments have supported our theory that the presence of 10, produced by
selective and strong excitation of the P;NMe3 dimer, causes viscosity increase in DOPC bilayers.
The mechanism for viscosity change is as yet unknown, but we carried out preliminary
investigations that test a hypothesis centering around the interaction between 10, and C=C
double bonds that may result in the formation of lipid hydroperoxides and results in lipid cross-
linking. The details of this process are discussed in further detail at the end of this chapter. Thus,
we devise a control experiment to establish that viscosity change occurs only in the presence of
the carbon double bond. We perform the PDT irradiation in GUVs of a saturated lipid, which will

not form lipid hydroperoxides.
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We chose the saturated lipid diphytanoyl phosphatidylcholine (DPhPC), which has a similar gel
transition temperature (Tg) to that of DOPC. The compatibility of lipids in terms of T, is to
ensure that the temperature-dependent viscous behaviour of the two bilayers, from saturated
(DPhPC) and unsaturated (DOPC) matches as closely as possible, so that the experiment solely
compares PDT-related viscosity change. The intrinsic viscous behaviour of the lipid will affect
diffusion of 10, and the interaction with the fluorophores which are important variables for
comparison of PDT-related viscosity change. Figure 7.15 shows two sets of FLIM images of

DPhPC GUVs containing P,NMe3z and BODIPY Cy collected before and after irradiation.
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Figure 7.15: FLIM imaging of BODIPY Ci9 GUVs electroformed from dehydrated mixtures of DPhPC,
BODIPY C19 and P:NMes (lipid: P2NMes: BODIPY 1000:1:600). Showing no significant change in
lifetime of BODIPY Ciy

Figures 7.15a and 7.15c, showing FLIM images prior to and after irradiation indicate that DPhPC
vesicles exhibit BODIPY Cio t-measured viscosity of approximately 170 + 2.7 cP. Figures 7.15b
and 7.15d, collected after irradiation show little change in the average t: Five repeated

experiments gave similar results, with the change in mean lifetime estimated to be roughly 8 +
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0.40 cP, much less than observed in the case of DOPC GUVs. Thus we show that PDT irradiation
performed under identical conditions on bilayers made from saturated lipids as those of
unsaturated lipids does not yield a change in lipid bilayer viscosity. Instead, GUVs made from
saturated lipids are resistant to PDT-related viscosity change which we attribute to the lack of

carbon-carbon double bonds, preventing the formation of lipid hydroperoxides.

7.5 Hypothetical mechanisms for change of bilayer viscosity mediated by
102

Chapters IV and V showed that molecular rotors are sensitive to a change in free volume; we
showed that the volume occupied by lipid hydrocarbons in the isotropic environment of a lipid
bilayer hydrocarbon region is related to the restriction of molecular rotation in viscosity-
sensitive rotors. We suggest that the 10,-mediated (Type II) viscosity change in DOPC bilayers

can be attributed to three sources:

Firstly, we have associated change in lipid bilayer viscosity to the first product of an interaction
between !0, with unsaturated lipids that does not occur with saturated lipids, namely the
formation of hydroperoxides. Existing literature relates bilayer fluidity change to the movement
of the peroxide towards the membrane interface, altering the basic shape of the lipid. We
hypothesize that the change in molecular volume from an unsaturated lipid chain to lipid
peroxide can cause expansion of the lipid chain volume. The extent of peroxidation will
determine the overall change in free volume, which could be observed by BOPDIPY t:. However,
we propose that excessive formation of the phospholipid peroxide would fundamentally alter
bilayer integrity; due to the inverse conical shape of the peroxide lipid. Generally, this shape of
phospholipids forms inverse micelles rather than bilayers; however this effect is expected to be
observed only at high yields of lipid peroxide relative to the overall phospholipid concentration.
Measurement of the overall free volume change as caused by the presence of peroxide chains
depends on the localisation of BODIPY Cio relative to the peroxide. This is as yet, unknown.
Secondly, we suggest that breakdown of hydroperoxide lipids into smaller alkane fragments

may contribute to the changing viscosity. Small alkane fragments could dissolve in the existing
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lipid network, decreasing free volume around the BODIPY Cio. This would be observed as an
increase in local viscosity. However, this effect is likely to be observed as disintegration of

membrane integrity or an alteration of the vesicle shape.

Lastly, the most likely source of viscosity increase caused by Type II reactions is the formation
of lipid cross linking as a result of reactive hydroperoxide radicals. Type Il reactions are not
generally associated with the formation of peroxide radicals, instead 10, reacts with the double
bond at the Co position of a DOPC hydrocarbon chain, forming a stable lipid-hydroperoxide that
does not partake in hydrogen abstraction from other nearby lipids. This process, strongly
associated with Type I reactions, is termed the radical chain mechanism and is attributed with
spreading lipid peroxides far from the site of photosensitization, and so the mechanisms of
viscosity change. If hydroperoxides were localised just around the photosensitizer, observed
viscosity increase would be very quickly saturated, which we have found not to be true.
However, Stratton et al., 1997 have shown that Type II reactions can produce hydroperoxide
radicals, by either interaction with the excited photosensitizer, with radical species, or by
depletion of local hydrogen concentrations. Generation of peroxide radicals is of crucial
importance to our proposed mechanism of viscosity increase. We suggest that peroxide radicals
generated on the Co position of the DOPC chain can bond with nearby Cy double bonds on
neighbouring lipid chains. Cross linking would create a single or multiple phospholipids that are
bonded together further down in the lipid chains, which would greatly restrict their fluid
motion, and would be reflected by restriction of BODIPY C10.This is a possible explanation for
observed viscosity increase upon irradiation of P,NMes. For this to occur, it is necessary that the
reaction takes place prior to peroxidation of all or a large majority of DOPC Cs positions. We
believe that the kinetics of the reaction must be observed in high time resolution in order to rule

it the major component of oxidative viscosity increase during PDT in membranes.

To further investigate the possibility of cross linking; we applied our hypothesis in an isotropic

fluid medium, 1-Heptene, which has a double bond at the C; position, where interaction with 10,
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is expected to form the hydroperoxide and cross link with another molecule as in phospholipid
hydrocarbon chains. Figure 7.16 shows emission spectra of the hydrophobic P, dimers taken at
regular intervals during irradiation (Aex = 480 nm; at 200 mW). Figure 7.16a shows spectra of 1-
Heptene irradiated in the presence of the P, dimer, which is compared with Figure 7.16b in
which 1-Heptene is irradiated for a period of time and P; is added after irradiation for the
purpose of measuring the post-irradiation viscosity. Figure 7.16c summarises viscosity change
of 1-Heptene under irradiation conditions with respect to time for both samples, showing that,
as we had expected, the emission peak ratio of P, increases with cumulative irradiation time
when the dimer is present in the sample and irradiated as a PDT agent but solution viscosity

remains unchanged when 1-Heptene is irradiated in the absence of the porphyrin dimer.

This finding is significant to our assertion that 10;-related alkene cross linking is a purely
chemical reaction presumably resulting from the formation of a hydroperoxide radical. This
experiment shows that PDT-related viscosity increase is observed regardless of factors
circumstantial to the experiment in GUVs, such as, porphyrin dimer localisation, BODIPY Cio

localisation, local oxygen concentration, and the isotropic environment of a lipid bilayer.
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Figure 7.16: a) Normalised emission spectra of P; in solutions of 1-Heptene (0.66 uM) during
irradiation at 480 nm at 200 mW; b) normalised spectra of P, added to solutions of 1-Heptene
(0.66 uM) after irradiation; c) P; emission peak ratios against cumulative irradiation time of 1-
Heptene solutions irradiated in the presence (black) and absence (red) of P

7.6 Conclusions

In summary, we have used two types of molecular rotors: a neutral porphyrin dimer P, and a

hydrophobic dye BODIPY-C1o, to measure dynamically changing viscosity in lipid bilayers during
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singlet oxygen production, replicating the Photodynamic Therapy (PDT) irradiation conditions.
Both dyes are shown to embed deeply in the hydrocarbon region of the bilayer and thus we

hypothesized that they would measure the same microscopic viscosity.

We have first established that prolonged, high intensity excitation of the planar confomer of the
porphyrin dimer P, in lipid bilayers is correlated to viscosity increase as measured by
ratiometric fluorescence measurements of the porphyrin dimer. However, high degrees of
photobleaching were also observed, which were prohibitive to sustained and accurate
measurement of viscosity change over longer periods of PDT irradiation and this made dynamic
imaging highly challenging. In addition, based on the results of the previous Chapter and given
poor incorporation of the P, dimer into GUV, the imaging of bilayer oxidation using P, was not
attempted. However, we were able to extract reliable dynamic information on viscosity change
from the oxidation of DOPC LUVs, which, however, could not take into account any

inhomogeneities in the bulk sample of LUVs.

In addition, we used a different molecular rotor, a BODIPY Cy9 as the viscosity probe to measure
the effects of the porphyrin dimer as a PDT sensitizer. The fluorescence lifetime of the BODIPY
Ci0can be calibrated to viscosity in a large viscosity range as previously shown and, importantly,
we were able to develop a protocol for simultaneous incorporation of the dimer P,NMez and
BODIPY-Cyo into the same GUVs. Thus we were able to use separate excitation wavelengths to
induce PDT (by irradiation of the dimer) and to excited fluorescence of a BODIPY rotor, that was
used to construct Fluorescence Lifetime Images (FLIM images) of GUVs. We showed that GUVs
made from the unsaturated lipid DOPC exhibited irradiation dose-dependent viscosity increase
that was prohibited by the presence of a 10, quencher, sodium azide, and that the increase was
not observed in the saturated lipid DPhPC. We hypothesize that the mechanism of viscosity
increase is caused by reaction of 10, with C-C double bonds to form a lipid hydroperoxide. The

hydroperoxide (which can form the radical) reacts with proximal double bonds and forms
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lateral linkages between lipids. This dramatically alters fluid phase behaviour, resulting in a

highly restricted fluid environment, which inhibits intermolecular rotation of BODIPY Ci,.

Importantly, we compared the dynamics of viscosity increase during PDT, as monitored by both
P, and BODIPY-C19 and we consequently find excellent agreement. This observation confirms
our hypothesis that both dyes are likely to localize in the same hydrocarbon region of the

bilayer and thus measure the viscosity of the same microenvironment.

Finally, the work reported in this chapter emphasizes two important advantages of using
molecular rotors for measuring viscosity: (i) the possibility to perform the measurements
dynamically, by monitoring the changing viscosity accompanying some process of interest (in
this case PDT) and (ii) the possibility to image viscosity, rather than perform single point
measurements. The latter advantage was only fully realized for the BODIPY C1o molecular rotor
that incorporated well in the system of interest (GUV) and showed bright fluorescence signal,
but we believe that the porphyrin dimers can also be used for imaging, as long as good
incorporation in the system of interest could be achieved. Previously, a similar porphyrin dimer
to the ones studied here was used for imaging dynamically changing viscosity in cells and we
believe that the dimers investigated in this work will also prove useful for that purpose.
However, testing the dimers for imaging the cellular viscosity was outside the scope of this
work and will be attempted in the future studies.
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VIII. Conclusions and Future Work

8.1 Summary and Conclusions
Many macromolecular interactions within the cell are governed by the likelihood of

diffusion-controlled collisions between the interacting partners. Viscosity-sensitive
fluorophores called molecular rotors have recently been proposed for use in imaging
viscosity in cells. Cell membranes, in particular are a topic of growing interest for
viscosity quantification in order to better understand the relationship between
membrane viscosity and disease states. We presented a detailed investigation into the
mechanism and photophysical behaviour of a range of molecular rotors, based on the
structure of porphyrin dimers, which differ in size, degree of conjugation and charge.
Here we attempted to measure the viscosity of model lipid bilayers in order to establish
porphyrin dimers as a means of imaging and quantifying membrane viscosity, which

can be ultimately applicable for cells.

We show that the conformational flexibility of the porphyrin dimer in solution can be
used to indicate solution viscosity by measurement of the ratios between its two
confomers. Intermolecular rotation about a butadiyne bond between the two porphyrin
macrocycles produces the ‘twisted’ and ‘planar’ confomers which, due to a difference in
excited state energy are spectroscopically distinct species. Unidirectional conversion
from the twisted to the planar confomer in the excited state allows measurement of
their relative ratios (‘ratiometric’) from emission spectra, making the measurement
independent of concentration, a considerable advantage in live imaging. The ratiometric
methodology of imaging enables fast and accurate measurement of solution viscosity

even in instances of environmental heterogeneity.
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We have investigated the effects of physical parameters such as temperature, solvent
polarity and probe solubility to describe variation in viscosity-sensitivity and viscosity
dynamic range of the meso substituated porphyrin dimers. This shows the necessity of
judiciously choosing the appropriate dimer by the influence of these factors. For

instance;

i. The cationic dimers studied in this Thesis have been shown to be compatible
with methanol and glycerol solutions of relatively high polarity for calibration purposes.
Solvatochromic effects in polar solutions are shown to be minimal, and all cationic
dimers were classified in order of their viscosity-sensitivity.

ii. On the other hand, the uncharged dimer, P2, is more compatible with
hydrophobic environments and was observed to be poorly soluble in methanol and
glycerol solutions. However, the dimer was successfully calibrated in Castor oil, a
viscous hydrophobic solution, with comparable viscosity-sensitivity to the most

sensitive cationic dimer, P,NMes.

As a result, P2 and P2NMes are recommended as the most applicable and sensitive
molecular rotors for use in polar (P2NMe3) and non-polar (P2) environments in cells and
model biological systems. Furthermore, calibration of porphyrin dimer emission ratios
to solution viscosity is independent of solution temperature; which allows us to use the
dimers in variable-temperature environments such as cells and tissues. This represents
a significant advantage in comparison with other molecular rotors, as demonstrated by

our group L

Having established the success of ratiometric measurements in predicting Netwonian
solution viscosity, we sought to establish the utility of the porphyrin dimer in the
presence of macromolecules. We performed ratiometric viscosity measurements in

VIII.257



polymer systems, both dilute and concentrated. In dilute systems, where the dimer is
preferentially solvated near the polymer chain, we were able to use the dimer’s
emission ratio as an indicator of the polymer’s conformation, and ultimately, its
molecular weight. Our qualitative preliminary studies indicate that in dilute polymer
solutions, the porphyrin dimer can accurately measure the intrinsic viscosity of
polymers, a parameter that relates the molecular weight of a polymer in solution to its
bulk viscosity. However, precise quantitative parameters needed to make this
measurement are not reproducible in a variety of solvents. Additionally, biological
media are highly complex and variable. Thus application of the dimer in a biologically
relevant medium is unlikely to provide credible and reliable measures of

macromolecular weight and size.

Next, we investigated the applicability of the dimer ratiometric fluorescence to highly
crowded macromolecular environments, modeled by pure polymer solutions. We judge
these solutions to be akin to tightly packed cellular domains, such as lipid membranes,
or certain cellular compartments such as the synaptic cleft or nucleus. We found that we
were able to measure the temperature-dependent viscosity of pure polymer ‘melts’,
where the viscosity predicted by the dimer’s emission ratio matches that measured by
mechanical methods. Based on this data, we propose that in highly crowded
environments, such as polymer melts, the ratiometric viscosity measurement is
determined by the temperature-dependent ‘free volume’ of the solution rather than the

polymer’s molecular weight.

The lipid membrane is a clear target for measurement of viscosity: the mechanical
properties of the bilayer are intrinsically related to the structural integrity of the cell2-8

and its role as a host for biochemical reactions®-12. Thus we examined the mode of
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interaction of four meso substituated porphyrin dimers of varying size and charge, with
planar lipid bilayers as modeled by large unilamellar vesicles (LUVs). We were able to
establish protocols for inclusion of the dimer into the bilayer for maximum signal /noise
ratio for use of ratiometric viscosity measurement. We determined that anionic dimers
do not incorporate into the phospholipid membrane, presumably due to repulsion by
the phosphate ‘head’ groups. As such, cationic dimers are shown to incorporate into the
membrane with high efficiency, even from aqueous solution. The neutrally charged
dimer, P2, with significant hydrophobic character, was shown to aggregate in aqueous
suspensions of phospholipid vesicles, but was highly compatible with the hydrocarbon

region of the bilayer when vesicles were made from dry films of lipid premixed with P-.

We determined a number of experimental variables that affect viscosity measurements
of lipid bilayers and optimized our protocol to account for them: for instance, the lipid:
dimer ratio and lipid composition. We showed that the positively charged porphyrin
dimer, P2NMes is best suited to measure viscosity in the liquid-disordered phase of the
bilayer, however, resulting viscosity values are low in comparison with existing
literature. This is due to the localisation of the porphyrin dimer relative to the
membrane, the positively charged dimer is predominantly associated with the
phosphate ‘head’ groups of the bilayer and not, as we aimed, to the hydrocarbon
interior. We observed that P;NMes is ejected from the bilayer upon the liquid to gel
phase transition, that was tested by varying the temperature of the bilayer. As such,
P2NMes is deemed unsuitable for measuring phospholipid phase transitions and indeed,
the viscosity of the hydrocarbon region. However, P2, the neutral porphyrin dimer was
well solvated in the hydrocarbon region of the membrane in both the liquid and gel

phases. We were able to observe a change in the temperature-dependent viscosity of
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the bilayer in these two phases, at the published transition temperature, showing that

we could observe the transition as it affected the porphyrin dimer’s emission ratio.

Lastly, we compared our viscosity measurements with those from existing literature
reporting viscosity from rotational diffusion, finding good compatibility between the
two. Thus, we conclude that the porphyrin dimer P; is a successful molecular rotor for
application to lipid bilayers, measuring the three-dimensional viscosity of the lipid
hydrocarbon region. However, we also caution using an inappropriate dimer for
measurement of the lipid bilayer, as these experiments are highly sensitive to the
localisation of the dimer into the interior of the bilayer, dependent upon its charge and

size.

Amongst the advantages of molecular rotors are their capacity as agents for real-time
imaging of viscosity. We used the porphyrin dimer to image viscosity in giant
unilamellar vesicles (GUVs) that are visible under confocal microscopy. However, we
found that the best method for production of GUVs, electroformation, is not compatible
for use with the porphyrin dimers. Electroformed GUVs that are made from films of lipid
and dimer (the combination that we used to produce LUVs) were found to include
almost no dimer in the hydrocarbon region, as they showed almost no signal under
microscopy. Even in the case of partial incorporation (tested with P, and P2NMes)
ratiometric images were plagued by low signal/noise ratios, giving unreliable values of
bilayer viscosity. Image processing to increase the signal reduced spatial resolution of
the images, negating the original advantage of using molecular rotors. Nevertheless, our
experiments showed that apparent ratiometric viscosity of the GUVs changes during
imaging. With the knowledge that the dimer is an efficient photosensitizer, we set out to

investigate the role of singlet oxygen in this light-induced viscosity change.

VIII.260



We first returned to the LUV model to explore the change in model membrane viscosity
after prolonged excitation of the P2 dimer in 1,2-Dioleoyl-sn-glycero-3-phosphocholine
(DOPC) membranes, which we termed ‘Photodynamic Therapy (PDT) irradiation’. We
found that the increase in viscosity was positively correlated with irradiation time.
However, our measurements were strongly affected by bleaching of the dimer
fluorescence signal during these experiments, reducing the reliability of the spectra for

ratiometric analysis.

To investigate the phenomenon by alternative means, we used a second molecular
rotor, a BODIPY substituted with a 10-carbon tail, which we imaged by Fluorescence
lifetime Imaging (FLIM). BODIPY Cio has already been characterized by our group as a
molecular rotor whose excited state lifetime is a good predictor of solution viscosity,
and whose hydrophobic nature makes is well compatible with the hydrocarbon region
of lipid membranes. We showed that singlet oxygen, produced by the porphyrin dimer,
is indeed the cause of an apparent increase in membrane viscosity as measured by
BODIPY C1o. Control experiments showed that the increase is only observed in bilayers
composed of unsaturated lipids and can be prevented by the presence of a singlet
oxygen quencher. Thus we attribute the photosensitized viscosity increase to a chemical
reaction taking place with the hydrocarbon tails of component phospholipids, which

restricts free volume in the bilayer interior.

In summary, we have demonstrated the wide applicability of the meso-subsituted
conjugated porphyrin dimer as probes of microviscosity in bulk solutions, polymer
solutions and melts, and in lipid membranes. We also showed that different dimers are
suitable for different applications, noting that dimer size and charge determine their

localisation and specific interactions, which ultimately affect the ratiometric viscosity
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measurement. We have established ‘ideal’ conditions for the use of two dimers: one

charged and one uncharged.

It is worth noting that the series of substituated porphyrin dimers described above
offers great advantages for the purposes of cell and tissue imaging, namely in that the
ratiometric method of viscosity sensing that is possible with these dimers is
concentration independent. Therefore, upon application of the dimer in living cells and
ultimately in living tissues, the heterogeneous and highly variable uptake of dimers in
cells will not influence the validity of a viscosity measurement. We have been able to
show that the dynamic range of the most sensitive dimer is between 1 and 7000 cP, and
also spans a large temperature range (273 - 373 K) in such a way that temperature
itself does not affect the measurement, only the viscosity of the system under study.
This enables us to measure viscosity in many environments. Moreover, it enables
dynamic measurements, as demonstrated by monitoring viscosity increases caused by
lipid oxidation.

8.2 Future Work

This section outlines several directions for possible future work that were highlighted

by experiments performed in this Thesis.

8.2.1 Temperature imaging with existing porphyrin dimers

We have already shown that, in porphyrin dimer P2NMes, the ratiometric method of
viscosity sensitivity was independent of temperature. However, recent work from our
group reported the temperature sensitivity of the dimers’ excited state lifetime?l. This is
an extremely interesting phenomenon and deserves further detailed investigation. We
hypothesize that differences in the meso-substitution of the dimer that affect

conjugation and, ultimately the energy of rotation, will result in a different response of
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the photophysical properties of the dimers to temperature. Thus the detailed
investigation of the ratio and lifetime dependence on temperature is proposed for an

extended range of existing conjugated dimers.

8.2.2 Characterisation of novel porphyrin dimers

The ratiometric viscosity-sensitivity and red-shifted fluorescence of the porphyrin
dimers shown in this Thesis are conferred by the basic structure of the molecule. As
such, the incompatibility of existing dimers with certain media, for instance, the lipid
bilayer and polymer systems, can be addressed by modulating the meso-substituents to
optimize for charge and size. As such, our collaborators in this effort, the group of Prof.
Harry Anderson at Oxford University, are planning to design and synthesise a series of
novel porphyrin dimers for photophysical characterisation as second generation

viscosity and/or temperature probes.

For instance, the dimer can be made more likely to incorporate into lipid bilayers by
introducing asymmetry: namely, inclusion of a lipid/hydrophobic tail on one end and
the presence of hydrophilic PEG-chains on the other, anchoring it into one leaflet of the
phospholipid membrane by electrostatic forces (Figure 8.1a). Alternatively, both ends
could be modified by inclusion of PEG chains, making the dimer more soluble in
aqueous environments and increasing the likelihood of solubility in the cell cytoplasm
(Figure 8.1b). The synthesis of such probes is currently underway and when available

they will be tested in our group for viscosity sensitivity.

VIII.263



Figure 8.1: a) proposed structure for a novel Zn?* porphyrin dimer, with a three-carbon
tailed hydrophobic end and four triethylene glycol (TEG) groups on the other end. b)
proposed structure for a second Zn?* porphyrin dimer with four TEG groups on either meso
position of the molecule. Structures courtesy of Harry Anderson, University of Oxford.

8.2.3 Cellular experiments

In this Thesis all viscosity measurements using conjugated dimers were performed in
model systems. However, it is intended that this approach would be applicable to live
cells and tissues, for dynamic imaging of these relevant environments. Thus what we
have learned regarding the size and charge of the dimer, and its compatibility with
model systems may be applied to cells. Furthermore, the red shifted absorption spectra
of the porphyrin dimer compared to monomeric porphyrins confers the advantage of

being able to be used for deep tissue penetration of light. Thus we believe that the work
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performed in this Thesis will lay the foundation for the future development of
conjugated dimers as viscosity imaging tools in living tissues. The design of the second
generation dimers outlined above will be able to further aid the issues of

biocompatibility and localization, and can be tailored to a biological application at hand.

8.2.4. Investigation of the effects of oxidation upon viscosity of the lipid membrane

Lastly, it is envisaged that the research into the singlet-oxygen mediated viscosity
increase observed in Chapter VII of this Thesis will be further continued in our group.
We discovered that the porphyrin dimer is an effective photosensitizer, and its
localisation at the interface of the bilayer is advantageous for producing singlet oxygen
that affects the hydrocarbon interior at distances far from origin. We imaged the
viscosity change upon exposure to singlet oxygen by use of an another molecular rotor,
BODPIY-C1o. This dual-probe experiment was highly successful and we intend to find
more photosensitizer and molecular rotor pairs that are able to provide dynamic
viscosity imaging of this effect. Permutations of the experiment in terms of the relative
localization of the sensitizer and the rotor may further elucidate the effects of the
photosensitizer’s localisation in the bilayer and/or the effects on other parts of the
phospholipid bilayer than the hydrocarbon region.
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Appendix A:
Absorbance spectra of all molecular rotors in DMF + 0.05% pyridine from
Kuimova et al., 2009 (Ref 59)
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Appendix B:
Calculation of porphyrin dimer scattering length density and volume

o
Meoé\/

AI HI™
+ +
Me—N 4 \ / N N—Me
Meo(\/\ OMe
O
3
Element Scattering Nin1l Ninp Nin2xC N in meso
Length (m) Porphyrin substituent triple bond substituent
macrocycle linker
Carbon 6.65E-05 20 13 4 7 110 7.31E-03
Oxygen 5.84E-05 0 4 0 0 16 9.35E-04
Hydrogen -3.74E-05 8 19 0 7 106 -3.96E-03
Nitrogen 9.36E-05 4 0 0 2 12 1.12E-03
Zinc 5.68E-05 1 0 0 0 2 1.14E-04
lodine 5.28E-05 0 0 0 1 2 1.06E-04
multiples 2 4 1 2
Total 5.62E-03
Volume (cylindrical approximation):
Zn-Porphyrin base radius™> 2 x C triple bond linker

Phenyl B-substituent length length Methylpyridinium meso-substituent™*

402 A" 3.547 A 754 42A

4.02E-10 m 3.547E-10 m 7.5E-10 m 4.2E-10 m

length 30.088 A

base area 179.88599 A’

5412.409667 A

5.41241E-27 m’
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