Development of Nucleic Acid‐Based
Nanoplatforms For Applications In
Disease Diagnostics and The Study
of Nanomaterials‐Protein
Interactions

Ye Wang
Submitted in Accordance with the Requirements for the Degree of Doctor
of Philosophy and Diploma of Imperial College

Department of Materials
Imperial College London
December 2018

DECLARATION OF ORIGINALITY
I, Ye Wang, declare that the work reported within this thesis was performed by myself
unless otherwise stated. All the references and published work that provided
information for experiments design and data analysis have included. All the published
and unpublished papers from this work have listed. Any people who performed
experiments has been included and acknowledged. This thesis includes work
performed at Imperial College London.

The copyright of this thesis rests with the author and is made available under a Creative
Commons Attribution Non‐Commercial No Derivatives licence. Researchers are free to
copy, distribute or transmit the thesis on the condition that they attribute it, that they
do not use it for commercial purposes and that they do not alter, transform or build
upon it. For any reuse or redistribution, researchers must make clear to others the
licence terms of this work.

I

ACKNOWLEDGEMENTS
I would like to extend sincere thanks to my supervisor, Prof. Molly Stevens for her
guidance, encouragement and support throughout my PhD study. Her knowledge and
enthusiasm have always been inspiring.
I am deeply grateful to my postdoc mentors, Dr Philip D. Howes, Dr Eunjung Kim, and
Dr Yiyang Lin for their remarkable support, inspiration and dedication throughout. I am
also grateful to Dr Christopher D. Spicer, Dr Michael R. Thomas, Dr Spencer W. Crowder,
and Dr Isaac J. Pence for their useful discussion and instruction on the quantum dot
project. They have been a huge source of knowledge to me. I extend my sincerest
gratitude to Nayoung Kim, Worrapong Kitanan, Sahana Gopal, Shweta Agarwal and
Vincent Leonardo for their great suggestions and contribution to the RNF project. I
would also like to express a great appreciation to all the members of Stevens Group. In
particular, to Akemi Nogiwa Valdez, for her helpful advice and comments on the
manuscripts, to Ben Pierce and Sabrina Skeete, for their assistance with routine matters
throughout.
I would also like to extend special gratitude to my colleagues and friends who have
shared many hours with me working, discussion, outing, laughter. They have made the
past four years more than just a thesis: Jane Chia‐Chen Hsu, Shweta Agarwal, Lucia
Massi, Worrapong Kitanan, Sahana Gopal, Amenda You, Valeria Nele, Charlie Winter,
and Vincent Leonardo.

II

致 谢

感谢我的丈夫吴可君这些年来对我的爱护：支持我攻读学位，帮助我解决难题，
鼓励我追求梦想，也包容我各种情绪，协助我排解压力。因为他的陪伴，我才能
顺利的完成博士学业。
感谢我的家人，妈妈，姐姐，姐夫和侄子。感谢他们无条件的支持和爱护，让我
可以安心在外学习与生活。
感谢我的公公和婆婆。感谢他们这些年来的理解和无微不至的关爱。
感谢我的朋友，万丽萍，徐天华，杨凌健，罗海棠，王静夷，吴高伟，他们的陪
伴是在异国他乡最大的温暖。
感谢中国国家留学基金委（CSC）对本人攻读博士期间学费及生活费的资助。感
谢浙江大学和浙江大学材料科学学院对我申请攻读博士的支持。
最后，谨以此文纪念我最爱的父亲。

III

ABSTRACT
The impact of nucleic acids on scientific and medical progress has been enormous. DNA
is the blueprint for structure and function from the level of individual cells up to whole
organisms, and various forms of RNA are all involved in the regulation of genetic
information. The identification of specific nucleic acid sequences and/or their level of
expression provide key information for the molecular identity and organism functional
state. This is very useful in areas like biomedicine. Nucleic acids are also versatile
structural materials at the nanoscale. The precise recognition pattern of the Watson‐
Crick base pairs makes them not only successful as genetic materials, but also capable
of directing the assembly of highly structured materials with unique nanoscale features.
Nucleic acids, either alone or in combination with other materials, have been used to
create a number of nanoscale structures and devices that perform actively in an
engineered environment.
In this thesis, research towards nucleic acids as a fundamental tool for both diagnostic
purpose and structural applications is described. The thesis mainly consists of two
studies. The first study is focused on nucleic acid‐based biosensing using fluorescent
quantum dots (QDs) as donors in a fluorescence resonance energy transfer (FRET) assay
for addressing the analytical needs for DNA or RNA detection. The optimization of
protocols for synthesizing QD‐DNA constructs and their applications in biosensing
assays are discussed. A highly sensitive and specific microRNA (miRNA) assay was then
developed by the integration of the QD‐DNA constructs and an isothermal enzyme‐
mediated target recycling step, with a detection limit of 42 fM and excellent selectivity
for miR‐148 versus base‐mismatched sequences and other miRNAs. This proposed
method was successfully employed for detection of miR‐21 using an alternative FRET
pair, which was compared to qRT‐PCR for the quantitative analysis of miR‐21 in
biological samples. The second study is focused on construction and characterization
of nucleic acid‐based hierarchical porous nanostructures and presents a concept for
IV

exploiting such constructs as scaffolds for enzyme immobilization and activity studies.
Based on rolling circle replication (RCR), DNA or RNA structures with flower‐shaped
morphologies were synthesized by interactions between inorganic magnesium
pyrophosphate (Mg2PPi) crystals and DNA or RNA strands in a time‐dependent manner.
Focusing on RNA‐based structures, various characterization techniques were applied
to understand the composition and structure of the RNA particles, and different
methods were taken for immobilizing protein or enzymes onto RNA particle. As a proof
of principle study, β‐galactosidase (β‐gal) and horseradish peroxidase (HRP) enzymes
were coupled to the RNA particles, and both exhibited enhanced enzymatic activity and
improved stability in comparison to free enzymes. This RNA‐based biomaterial provides
a model to develop a wide range of biocatalysts and offers the promise of potent
protein loading and delivery system for biomedical applications.
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CHAPTER 1 LITERATURE REVIEW
1.1 The Era of Nucleic Acids
The story of deoxyribonucleic acid (DNA) began in 1944, when Avery, MacLeod, and
McCarty demonstrated that DNA, not protein as previously thought, is the hereditary
molecule.1 Later, an historic article published in the journal Nature on April 25, 1953,
by James Watson and Francis Crick2 reporting the discovery of the double helix
structure of DNA, is legitimately marked as a milestone in the history of science and
modern molecular biology. Their model, explaining the basic conception for both DNA
replication and nucleic acid‐based protein encoding, has indicated the beginning of a
new era in biology, which continues until today.
Over the past 60 years, DNA has become the icon of modern bioscience, and a
comprehensive understanding of it has accelerated much technological progresses.
This rapid molecular exploration of nucleic acid would not have been possible without
years of research and technological advancements, which in turn led to the
development of a wide variety of analytical tools. Extraction, purification, amplification,
and detection of nucleic acid sequences are routinely performed in research and
clinical laboratories. Different combinations of these tools have allowed researchers to
design methods and platforms that permit interrogation of the molecular identity of
any cell, organism, or sample. Of particular importance has been the development of
DNA sequencing, which determines the precise order of nucleotides and reveals the
information contained in the molecule, and the invention of the polymerase chain
reaction (PCR), which allows the production of millions of copies of a DNA sequence
within a few hours. Over the years, innovations in sequencing protocols, molecular
biology, and automation have advanced the technological capabilities of sequencing,
allowing DNA reads from a few kilo‐bases to the first human genome, and now to
millions of human and other genomes. Researchers have moved from the lab to the
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computer, from manually pouring over gels to running automated machines to
sequence large amounts of DNA. Moreover, PCR has established a standard routine for
gene analysis, which had immediate application for DNA diagnostics, forensics and
identification of emerging pathogens.
The impact of the discovery of DNA on scientific and medical progress has been
enormous. Since 1953 DNA has been intensively investigated and utilized in a large
variety fields of science, medicine, forensics, paternity, data storage and even arts.
Ribonucleic acid (RNA), the other genetic nucleic acid molecule, however, under the
shadow of DNA and proteins, has sometimes been overlooked in the march of medical
progress. Although scientists have long known that RNA was participant in almost every
cellular process, it was initially considered to perform as a supportive role for delivering
messages, coordinating supplies and keeping cells clean. In the late 20th century, a
series of discoveries revealed that RNA plays significant roles in regulatory functions
within cells by controlling the behaviors of DNA and proteins. Thus the “RNA revolution”
started. The rise of RNA to prominence has provided explanations for many illnesses
such as cancer, genetic diseases of the central nervous system, and even infections.
RNA based medications such as RNA interference,3 a potential new class of innovative
medicines, are expected to have better performance than many available drugs. In the
past decades, new forms of RNA with surprising functions are expected to lead to more
precisely targeted medical treatments in the future, and as a result, both the research
and the economic interest in the field has grown remarkably.
1.1.1 The structure of nucleic acids
DNA is a nucleic acid bio‐polymer composed of monomers termed nucleotides.2 Each
nucleotide has two major components: a deoxyribose sugar and a phosphate, and
nucleotides connect to each other via a phosphodiester bonds. There are total of four
different nucleotides, distinguished by four different nitrogenous bases (two single‐ring
10

pyrimidines, i.e. cytosine (C) and thymine (T), and two purines, i.e. Guanine (G) and
Adenine (A)). The order and identity of the nucleobases along the phosphate backbone
are referred to as the DNA sequence, which encodes the genetic information. Due to
the negative charge associated with the phosphate group of each nucleotide, DNA is a
polyelectrolyte. Each strand of DNA has a polarity, defined by the connectivity of the
deoxyribose sugars (5’ and 3’). Cellular DNA molecules can be as long as several
hundred million nucleotides. RNA4‐5 has a similar construction to DNA, but has a uracil
(U) base instead of thymine (T). RNA is generally single‐stranded (ss), and has ribose
sugars that contain an extra 2’‐hydroxyl group not present in deoxyribose sugar,
causing the backbone of RNA to hydrolyze ~108‐ to 1010‐fold more quickly than that of
DNA.6 This makes RNA less stable and more readily to be degraded. RNA is usually
synthesized from DNA by RNA polymerase through transcription. The as‐synthesized
RNA sequence is complementary to its DNA template. Cellular RNA molecules range in
length from less than one hundred to many thousands of nucleotides. Short
oligonucleotides of DNA and RNA are shown in Figure 1.1. Nucleic acids are water
soluble, which means they can be modified by various chemical reactions in aqueous
environments. In DNA, for example, both the hydroxyl group in the 3’ end and the
phosphate group on the 5’ end can be used for chemical modifications.

11

Figure 1.1 Chemical structures of nucleic acids. (a) DNA, and (b) RNA. The backbone of each
strand consists of alternating deoxyribose sugars of DNA (ribose sugars for RNA) and phosphate
groups that connect the 5′ carbon of the sugar to the 3′ carbon of the subsequent sugar. Four
bases are connected to the sugar‐phosphate backbone via the 1′ sugar carbon.

In the Watson‐Crick Model,7 two complementary ssDNA align anti‐parallel and wrap
around one another to form a double helix, named double‐stranded DNA (dsDNA). The
DNA double helix is inherently a nanoscale object, with a diameter of ca. 20 Å (2 nm),
and a base separation of ca. 3.4 Å, and its helical periodicity is 10–10.5 nucleotide pairs
(or ca.3.5 nm) per turn. As shown in Figure 1.2, each DNA strand has a unique
complement, and this concept is vital in gene expression and the replication of DNA.
Watson‐Crick base‐pairing is due to hydrogen bonding interactions between A‐T (U)
(via two hydrogen bonds) and C‐G (via three hydrogen bonds). Other pairs of
nucleobases are referred to as mismatches since they do not support the formation of
strong hydrogen bonds in the double helix. The energetic stability of duplex formation
is partly related to how many base mismatches occur along a sequence of a certain
length. Increasing the length of the strands can decrease the energy penalty associated
with a mismatch.8
12

Figure 1.2 Basic principles of DNA base pairing. (a) Watson–Crick base pairing: complementary
adenine (A) and thymine (T) bases form two hydrogen bonds, whereas guanine (G) and cytosine
(C) bases form three hydrogen bonds. (b) π–π stacking interactions between the aromatic
nucleobases result in the formation of a stable double‐stranded helix. Image reproduced from
ref.9

DNA hybridization is entirely reversible, where dsDNA can be separated into two
ssDNAs when the temperature approaches to the melting temperature (Tm), which is
typically used to predict the hybridization events among various nucleic acid molecules.
It is defined as the temperature at which 50% of the dsDNA has dissociated into single
strands. The Tm serves as a relative measure of thermodynamic stability. Piunno and
coworkers10 have demonstrated that single base mismatch can cause deviations in the
Tm of 8–11C in low stringency conditions for immobilized probe sequences of ca. 20‐
mer length at high immobilization density. The magnitude of the change in Tm depends
on the number of complementary bases, the location and type of mismatch, and ionic
strength. Differences in Tm between fully complementary and mismatched dsDNA is
the basis for achieving selectivity – including the discrimination of single nucleotide
polymorphisms (SNPs, i.e. a single mismatch) – in nucleic acid hybridization assays and
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biosensors. Typical DNA probe lengths used for biosensors vary between 10 and 30
bases as any mismatches will destabilize the duplex to a greater degree than if the
strands were longer.10 Additionally, smaller probe lengths also show faster
hybridization kinetics than longer probes, resulting in an opportunity for high
throughput analyses.
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1.2 Nucleic Acids in Diagnostics
Despite current extensive knowledge of biological systems, there are lots of remaining
mysteries.11 Understanding these requires tools that are able to explore the molecular
mechanism of life, and provide details on subtle interactions within its complex
networks. Nucleic acid‐based bioassays and/or biosensors have enormous potential in
making sequence‐specific information accessible. DNA is the blueprint for structure
and function from the level of individual cells up to whole organisms, and various forms
of RNA such as messenger, micro, ribosomal, short interfering, transfer, and small RNA,
are all involved in the regulation of genetic information. The identification of specific
nucleic acid sequences and/or their level of expression can be used in applications of
infectious diseases diagnostics,12‐14 cancer monitoring,15

food quality controlling,16‐17

epigenetics,18‐19 forensic investigations,20‐22 as well as in biomedical research.23‐25
Despite the fact that immunobiosensors are more rapid and robust, DNA‐based
bioanalyses have become increasingly prominent because of the biological information
contained in nucleic acid sequences, which offers great sensitivity and specificity.26
More importantly, within the genome of every organism, there are unique nucleic acid
signature sequences that can be extracted and exploited for identification and
screening purposes.
1.2.1 Design of nucleic acid‐based bioassays
The basis of nucleic acid detection is the use of an oligonucleotide probe that is
complementary to the unique target sequence of interest. These probes are usually
synthetic27 and may be freely diffusing in bulk solution (homogenous) or immobilized
on a solid support (heterogeneous), depending on the particular diagnostic method or
technology. The efficiency of sequence hybridization and the level of background signal
comprehensively influence the assay sensitivity. The probe sequence, in combination
with various factors like ionic strength and reaction temperature, and some other DNA
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computation circuit, determines the degree to which partially mismatched targets can
hybridize, thus contributing to control of specificity. To convert nucleic acid
hybridization events into a measurable signal, a transduction process is incorporated,
for example, radiochemical transduction,28 microelectromechanical systems,29
acoustic transduction using piezoelectric crystals,30 many varieties of electrochemical
transduction,31‐33 and optical transduction based on plasmonics,34‐35 Raman
scattering,36 or photoluminescence.37 The ideal analysis method for identifying and
quantifying analytes in various matrices would yield rapid results with good accuracy
and precision, high sensitivity and selectivity, with a large dynamic range.
One of the most straightforward and sensitive methods for detection of biological
interactions is by monitoring changes in light emission properties. Nucleic acid
diagnostics based on photoluminescence have shown more advantages compared with
others, especially the potential sensitivity, which can allow detection of single
molecules.38 Fluorescence is by far the dominant bioanalytical and diagnostic tool in
various fields of biotechnology, drug discovery and medical testing due to its simplicity,
convenient optical signal transduction and readout, and the rapid advances made in
optical imaging. The gradual movement of fluorescence spectroscopy from physics to
chemistry and biology has facilitated its transition from academic research instrument
into a highly practical tool. Detection based on fluorescence provides flexibility for
assay design, as the detection volume can range from milliliters (in a cuvette) to within
a few microliters (in a well plate), and sample interrogation and signal collection can be
achieved through space (transmission of photons) without the need for sample contact.
Moreover, analytical information can be obtained from emission intensity, emission
wavelength, fluorescence anisotropy, and/or fluorescence lifetime. Signals may come
from the changes in the concentration of a fluorescent species, or other parameters
like viscosity, pH, charge, ions or polarity, thereby changing fluorophore emission
properties. Furthermore, fluorescence detection is less subject to interference, it is
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highly sensitive and it circumvents the requirement of the expense and difficulties of
handling radioactive tracers for many biochemical measurements.
1.2.2 Fluorescence
Luminescence is the emission of ultraviolet, visible or infrared radiation from any
substance (atom, molecule, or lattice), and occurs from electronically excited states.
Photoluminescence is a process where the emission of light is a result of photon
absorption with ultraviolet or visible light wavelengths, which is one of the physical
effects resulted from the interaction of light with matter (Figure 1.3). Fluorescence is a
particular type of photoluminescence, where the emission of a photon (light) is a result
of an electronic transition from an excited state to a ground state without a change in
multiplicity. Materials that exhibit fluorescence are called fluorophores.

Figure 1.3 Position of fluorescence within the frame of light–matter interactions.

1.2.2.1 Molecular fluorescence
The process of fluorescence is accompanied by a number of competing processes. The
energy levels of a molecule and the transitions between different states are best
described with a Jablonski diagram39 (Figure 1.4). The singlet ground, first, and second
electronic states are depicted by S0, S1, and S2, respectively. Vibrational levels are
associated with each electronic state. The absorption process is very fast (10‐15 s)
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compared to all others. Fluorescence emission occurs when the fluorophore absorbs
light of appropriate energy which can excite an electron from the ground state to an
excited state, and re‐emits photons of a higher wavelength. The process usually
involves a chain of photophysical events, such as fluorescence, internal conversion, and
vibrational relaxation. Following light absorption, a fluorophore absorbs the photon,
and electron jumps from the ground state S0 to some higher vibrational level of either
S1 or S2.39‐40 With a few rare exceptions, the excited state fluorophore will undergo
vibrational relaxation and decay to the lowest vibrational state of S1. This process is
called internal conversion, and generally occurs within 10–12 s or less. Then, the
fluorophore will transition back to the ground state along with photon emission of a
specific wavelength, which corresponds to the energetic gap between the excited and
the ground state S0. The brief interval between the two states, known as the
fluorescence lifetime41 is typically ca. 10–8 s. Internal conversion is complete prior to
emission. Hence, fluorescence emission results from a thermally equilibrated excited
state, that is, the lowest energy vibrational state of S1.

Figure 1.4 Jablonski diagram and the time scale of photophysical processes for organic
molecules. Reproduced with permission from ref.39 Copyright (2010) American Chemical
Society.
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According to the Jablonski diagram, the energy of the emission is typically less than that
of absorption, such that the fluorescence emission spectrum of a molecule shifted to
longer wavelengths compared to the absorption spectrum. The difference of
wavelength between positions of the band peak of the absorption and emission spectra
is known as the Stokes shift42 (Figure 1.5). The origin of this shift is from non‐radiative
relaxation mechanisms, such as vibrational relaxation and internal conversion. In
addition, effects from solvent polarity,43 excited‐state reaction, complex formation,
and/or energy transfer will also cause fluorophores displaying further Stokes shifts.

Figure 1.5 Absorption and emission spectra of BOBO‐3 dye as an example demonstrating Stokes
shift.

1.2.2.2 Quantum Yield
The quantum yield (QY) of a fluorophore is the efficiency with which it returns to the
ground state by fluorescence. In another word, the fluorescence QY is the ratio of the
number of emitted photons (over the whole duration of the decay) to the number of
absorbed photons. It represents the measure of the degree to which fluorescence and
non‐radiative relaxation pathways compete. As a result, the QY gives the probability
that the excited state is deactivated by fluorescence rather than by other non‐radiative
mechanisms, which can be calculated via equation 1.1:
19

F 

kF
kF

=kF
kF  kic  kisc  kq  ket  ... kF   knr

(1.1)

where ΦF is the quantum yield, kF is the rate of fluorescence, kic is the rate of internal
conversion, kisc is the rate of intersystem crossing, kq is the rate of any processes
quenching fluorescence, ket is the rate of energy transfer, and τ is the fluorescence
lifetime, which is defined as the average time a fluorophore remains in the excited state
before it returns back to the ground state. knr refers to all the above terms, and any
others related to non‐radiative relaxation of the excited state are often grouped
together as a non‐radiative rate constant. Substances, such as rhodamines, with the
largest QY, display the brightest emissions. The fluorescence QY is a key parameter for
fluorophore characterization. The determination for fluorophore QY usually comprises
the measurement of absorption and emission spectra, and the determination of molar
extinction coefficients ε (at the absorption maximum and the excitation wavelength of
choice, λex). For commonly used fluorophores, the ΦF varies as 0≤ΦF≤1, which can range
from 4% (e.g. Cy344) to better than 0.9% (e.g. fluorescein45). Obviously, it is easier to
observe a fluorescent compound with larger fluorescence QY, especially a fluorescent
probe. However, it should be noted that in the condensed phase, the QY and excited
state lifetime of a fluorophore are both very sensitive to its local environment, including
the surrounding solvent molecules, temperature, viscosity, pH, and other inorganic and
organic compounds. The effects of these parameters vary widely from one fluorophore
to another, and the absorption or emission spectra, along with QY, can be strongly
influenced. For example, an increase in temperature always results in a reduction in
the fluorescence QY and lifetime because the non‐radiative processes related to
thermal agitation are more efficient at higher temperatures.46 In contrast, the radiative
decay rate is largely dependent on the intrinsic fluorophore properties, with only a
weak dependence on the microenvironment. Moreover, fluorophore interactions with
the solvent can cause fluorescence emission to shift to longer wavelengths. Other
20

factors such as pH,47 can also affect fluorescence intensity, and result in excitation or
emission spectral shift to shorter or longer wavelengths.
1.2.2.3 Fluorescence resonance energy transfer
Fluorescence (or Förster) resonance energy transfer (FRET)48 is a non‐radiative,
through‐space excitation energy transfer process. FRET occurs between an excited
donor molecule and an acceptor molecule in the ground state. The donor molecule
typically emits at a shorter wavelength that overlaps with the absorption spectrum of
the acceptor. FRET is a physical process that greatly depends on the distance between
donor and acceptor. The energy is transferred from a donor to an acceptor non‐
radiatively by intermolecular long‐range dipole–dipole coupling means. The donor can
be a fluorophore, and the acceptor can be a chromophore that is non‐fluorescent
(quencher) or the same type of fluorophore (homo‐FRET).49 The efficiency of the
energy transfer is usually determined by the spectral overlap of the two fluorophores,
that is, the overlap between the fluorescence emission spectrum of the donor and the
absorption spectrum of the acceptor. FRET is a resonant process, the energy difference
between the excited state and ground state of the acceptor must be equal to or less
than the energy difference of the donor. The energy transfer rate is given by equation
1.2:
6
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where R0 is the Förster distance and usually defined as the distance where 50% of
energy transfer of the donor is transferred to the acceptor by the FRET mechanism, r is
the separation distance between the donor and acceptor, and τD is the excited state
lifetime of the donor. It is clear from equation 1.2 that the rate of energy transfer
depends strongly on the distance between the donor and acceptor. The Förster
distance (in cm) is defined by equation 1.3:
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where ΦD is quantum yield of donor (without acceptor), κ2 is the orientation factor, J(λ)
is the spectral overlap integral (mol‐1 cm6), (λ) is the wavelength (in cm), NA is
Avogadro’s number (mol‐1) , n is the refractive index of the medium in which the donor
and acceptor interact. A larger Förster distance implies higher FRET efficiency, but
there is an upper limit, a distance at which transition dipoles of donors and acceptors
can no longer interact. Typical values of the Förster distance for donor‐acceptor pairs
are in the range of 2‐6 nm.50
It is always expected that the donor should have a high extinction coefficient and a high
QY in order to enhance FRET efficiency, which means the donor should have good
capability to absorb and emit photons. The overlap between the donor emission
spectrum and the acceptor absorption spectrum means that the acceptor group can
be excited by the energy lost from excited donor to ground state. The spectral overlap
integral is defined by equation 1.4:
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where FD(λ) is the donor fluorescence intensity as a function of wavelength, λ, and εA(λ)
is the molar absorption coefficient of the acceptor (M‐1 cm‐1 = 103 mol‐1 cm2). The
spectral overlap integral is a quantitative measure of the extent of overlap between the
acceptor absorption and the donor emission spectra, i.e. the number and probability
of resonant transitions. The greater the overlap of spectra, the better a donor can
transfer energy to the acceptor. This energy matching is known as the resonance
phenomenon. A representative spectral overlap is shown in Figure 1.6.
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Figure 1.6 A representative spectra overlap (grey) between donor QD575 and acceptor AF647.

For efficient FRET, although physical contact is not necessary, the donor and acceptor
must be close enough to interact with one another (≤ 10 nm). FRET efficiency (E) is
strongly dependent on donor‐acceptor separation and the Förster distance as shown
by equation 1.5:
⁄

(1.5)

According to equation, the sensitivity of E to the donor‐acceptor distance is most
prominent in a region 0.5 R0 < r < 2.0 R0, which allows FRET to operate as a “molecular
ruler”.46 The FRET efficiency is either too efficient (ca. 100%) at distances r < 0.5 R0 or
negligible (∼0%) when r > 2 R0.
There are many methods available for experimentally measuring FRET efficiency in an
experiment. The most common method is based on changes in the donor fluorescence.
Changes in QY (Φ), fluorescence (I), or lifetime (τ) between a donor in the absence and
a donor in the presence of an acceptor can be used to calculate E, as described by the
relationships given by equation 1.6:
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where ΦD is the QY of the donor, and ΦDA is the QY of the donor in the presence of the
acceptor. When the acceptor is fluorescent not a dark quencher, changes in acceptor
fluorescence can also provide information about FRET efficiency. Particularly, it is very
important to use the same excitation conditions (wavelength, time, and intensity) for
both experiments when fluorescence intensities are used.
In most FRET‐based biosensing applications, an increase or decrease in donor
quenching and acceptor sensitization happens along with increasing or decreasing
concentrations of FRET pairs, due to association or dissociation of the donor and
acceptor containing biomolecules. In such cases, FRET ratio can be used to calculate
FRET efficiency given by equation 1.7, provided that quantum yields of the donor and
acceptor are known, and direct excitation of the acceptor is negligible.

(1.7)
where IAD is acceptor emission and IDA is donor emission.
1.2.3 Applications of nanoparticles for biosensor and bioassay development
With the advancement of nanotechnology,51 miniaturized detection platforms based
on nanomaterials have made it possible to construct sophisticated diagnostic assays.
These can meet the critical requirements for clinical practice,11 such as accuracy,
efficiency, ease of use, versatility, and cost‐effectiveness. Remarkable progress in the
synthesis and fabrication of nanomaterials has provided a greater control over their
unique optical, physical, chemical and magnetic properties. Lots of advanced
applications are expected for nanoparticle biosensors, and early examples of proof‐of‐
principle designs are slowly transitioning into sophisticated analytical tools for real‐time
monitoring and visualization of analytes and structures inside the body, such as
intracellular sensors and in vivo sensors. Improvement in these tools will lead directly
24

to a better understanding of fundamental biology, health monitoring, and disease
diagnosis, contributing to biomedical research and practice.
The distinct difference between biosensors and bioassays is the role of a solid‐phase
support for the selective binding elements. As defined by IUPAC,52 a biosensor53 is a
solid‐phase diagnostic device for the detection of a target that incorporates a biological
recognition component (such as enzyme, antibody, oligonucleotide, aptamer or even
whole cell) to a signal transducer to generate measurable signals. Instead, detection in
bioassays typically occurs in the bulk solution. The advantage of biosensors is showing
real‐time quantitative information of the composition in its environment. The interest
of using nanomaterials, particularly nanoparticles, as a part of biomolecular composites,
comes from their advantageous chemical, physical, optical, and electronic properties
and unique behaviors not present in their bulk form. For example, there are localized
surface plasmon resonance (LSPR) phenomena in metallic nanoparticles, bright tunable
fluorescence from semiconductor nanoparticles, and the superparamagnetic and
catalytic properties of certain metal oxide nanoparticles. In addition, rapid progress in
coupling bioaffinity ligands such as proteins, oligonucleotides or other small organic
compounds to nanoparticles advances their performance in complex biological
environments. As signal transducers, these particles exhibit intense responses to
incident stimuli and modulate their response by interaction with target analytes,
resulting in qualitative or quantitative outputs depending on the sensor's functionality.
The introduction of nanoparticles has had a significant impact on both research and
clinical practice. Ever since the pioneering work of Chad Mirkin54 and others,
nanoparticles have shown the potential to advance or supersede many current
analytical techniques. For example, for protein quantification in physiological samples,
enzyme‐linked immunosorbent assay (ELISA),55 which requires intensive wash and
incubation steps, can be replaced by a gold nanoparticle based biosensor; or QDs can
be used to replace fluorescent dyes with enhance the performance of analytical
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techniques such as fluorescence in situ hybridization (FISH),56 PCR, cellular fluorescence
microscopy57, and in vivo sensing by diminishing the effect of broad absorbance and
emission, small Stokes shifts, and poor photostability from traditional organic dyes.
The integration of nanotechnology approaches or nanoparticles into biosensors has
raised great expectations for addressing various analytical requirements, such as
enhancing sensitivities, lowering detection limits and allowing multiplexed detection.
The combination of different nanomaterials with their unique characteristics, is a well‐
accepted strategy to increase even more the biosensor performances. However, there
are still hurdles that must be overcome, for example, synthesis of high‐quality
nanoparticles with maximal performance in physiological conditions, or even harsh
environment such as untreated bodily fluids (e.g. saliva, urine, blood), where,
nanoparticles face challenges from various interferent molecules, different ionic
concentrations, and pH. To overcome these challenges, great care must be taken not
only over the quality of nanoparticle cores but also the surface functionalization of
nanoparticles to control the interface between nanomaterials and biosystems.
1.2.3.1 Quantum dots
Quantum dots (QDs) are a type of nanomaterial that has had a great impact on research
in various fields including the chemical, physical, and biological sciences. They possess
unique optical properties that are not available from fluorescence dyes including
ultrahigh brightness, greater chemical stability, broad excitation ranges with narrow
emission peaks, and resistance to photobleaching.58 The term quantum dot was
created by Reed59 et al. to describe a zero‐dimensional semiconductor heterostructure
embedded in between a solid matrix. Today, quantum dots are usually referred to
nanoparticles that fabricated as colloids suspended in solution. QDs are semiconductor
nanoparticles, so small that charge carriers are confined in all three dimensions (zero‐
dimensional system). Schematic representations of QDs are shown in Figure 1.7a, along
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with electron microscopy images. The diameter of QDs is generally reported to range
from 2 to 10 nm.58, 60 A variety of binary, ternary and tertiary semiconductor materials
have been used for QD synthesis. In particular, binary semiconductor materials (e.g. II‐
VI, III‐V) have been the most popular to fabricate QDs, such as CdS,61 CdSe,62 and
CdTe,63 because of their refined synthesis methods and unique properties including
high quantum yields, broad excitation ranges, and narrow emission spectra. The most
striking feature is that, the PL wavelength (i.e. color) of a given material can be tuned
continuously across the near ultraviolet, throughout the visible and near‐infrared
spectrum, by finely tuning the nanocrystal size. The tuning range of different II‐VI QD
materials is illustrated in Figure 1.7c. In contrast, the optical properties of ternary alloys‐
containing QDs can be tuned by both size and relative composition.64 In addition,
because of concern about the intrinsic toxicity of the Cd component in QDs within
biological applications, great interest has been focused on developing QDs with
alternative materials like InP,65 which would negate the use of heavy metals.

Figure 1.7 Quantum dots at a glance. (a) Schematic representations of a QD core, with a
transmission electron microscope (TEM) image of a wurtzite CdSe QD. (b) Schematic
representations of a core‐shell QD, with a representative TEM of a highly strained CdSe/ZnS,
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the lattice warping at the core‐shell interfaces can be clearly observed. Scale bar is 5 nm. (c)
Varied PL emission with corresponding core sizes for different QD materials. (d) Schematic
illustration of the quantum confinement effects: the bandgap of the semiconductor
nanocrystal increases with size decreasing, and discrete energy levels arise at the band‐edges.
(e) Photograph of QD samples of varied diameters under UV illumination, showing size‐tunable
emission. (f) Absorption and PL spectra of different sizes of CdSe QD. The transmission electron
microscope images in (a) (b) and (f) are reproduced with permission from ref.66 Copyright (2010)
American Chemical Society. The images in (c) and (e) are reproduced with permission from
ref.67 Copyright (2011) American Chemical Society.

QDs are faceted due to their crystalline nature, and each nanocrystal can comprise 102‐
104 atoms depending on its size. They typically have the same atom arrangement as in
the corresponding bulk material, but most of these atoms are located at the surface
due to three‐dimensional truncation (i.e. high surface‐to‐volume ratio). For example,
ca.15% of its atoms are at the nanocrystal surface for a 5 nm CdS QD,68 and ca. 33% of
its atoms are at the nanocrystal surface of a 4 nm CdSe QD.69 As the crystal becomes
smaller, the proportional number of atoms on the surface increases, which give rise to
the increase in the optical properties apart from the internal structure of the
nanocrystal. The imperfections and defects (i.e. surface traps70) on QD surfaces have a
profound effect on their optical properties. Surface traps such as dangling bonds,
vacancies, surface reconstructions, local lattice mismatches and impurities that can
potentially promote nonradiative recombination of the exciton (exciton, as a bound
electron‐hole pair) lead to decreased QY. To solve this problem, a well‐accepted and
powerful methodology is to form core−shell structure by over‐coating the core with a
wider band gap semiconductor material. The most common example is CdSe/ZnS QDs,
where CdSe is the core material and ZnS is the shell material. A schematic illustration
of a QD core/shell structure is shown in Figure 1.7b. The shell material has a larger
energy band gap and is optically transparent, which allows the light emitted from the
core to pass through the shell without being absorbed. Particles over‐coated with
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inorganic shell structures are more robust than organically passivated ones and have
been proven to possess improved photoluminescence QY due to passivation of surface
nonradiative recombination sites.71 For example, the QY of core QDs is up to 10% in
organic solvents,72 while that of core‐shell QDs can reach 40% or more. As QDs have
become commercially available, their study is no longer confined to chemists. In this
thesis, there is no specific detail about quantum dot synthesis (for extensive review,
see Rosenthal et al.73).
According to band theory, molecular orbitals in bulk materials are considered to be so
closely spaced that it is impossible to distinguish individual energy levels. For a bulk
semiconductor, the electron occupies the valence band (VB), which is separated from
the conduction band (CB) by an energy gap (band gap, Eg). Within a semiconductor,
absorption of a photon with energy equal to or larger than its Eg promotes an electron
from the VB to the CB, leaving a hole in the VB. This forms a loose exciton by Coulomb
interaction. In the case of QDs, due to their small size, their excitons are confined (a so‐
called quantum box,74 where the exciton is the particle and the nanocrystal dimensions
are the box). When the radius of a QD is on the same order or smaller as the exciton
Bohr radius (a0), which is defined as the average distance between the bound electron‐
hole pair, the density of electronic states is not sufficient to form complete band
structures, resulting in discrete energy levels at the band edges. The discrete, quantized
energy levels of QDs make them more closely to atoms than bulk materials and induce
size‐dependent changes in the density of electronic states and in the energy separation
between them. In other words, the energy of the bandgap of the semiconductor
material becomes size‐tunable at the nanometer scale. This phenomenon is called the
quantum‐confinement effect (Figure 1.7d). As a result of quantum‐confinement, QDs
can tune colors of light from the same material simply by changing their size during
synthesis. As the size of the crystal decreases, the difference in energy between the
lowest conduction band and the highest valence band increases (i.e. both the emission
and absorption shift to the higher energies (blue shift)) (Figure 1.7e).
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In addition to size‐tuned ability, the emission of QDs is sharp and symmetric, with full
width half maxima (FWHM) of ca. 25‐35nm74 (Figure 1.7f). In contrast, the absorption
ranges of QDs are quite broad ( typical absorption coefficients for QDs are in the range
of 104‐106 M‐1 cm‐1, and they increase with nanocrystal size).67 This potentiates a broad
energy gap between the maxima of absorption and emission (Stokes shift), which
results reduced light reabsorption for light emission applications. These properties are
extremely important for multiplexing systems since multiple colors can be excited
simultaneously. The excitation and emission wavelengths can be separated easily, and
their emission can be detected with minimal crosstalk because of the narrow width of
emission spectra. Compared to molecular fluorophores, QDs are much brighter and
suffer less photobleaching (thousands of times less).71 They possess much higher QY
(ca. 0.2‐0.9),75 and the PL lifetimes of QDs are generally in excess of 10 ns, and often
with multiexponential decay kinetics.76 Such high efficiency is mainly due to the big
overlap between the wave functions of hole and electron in the confined structure,
which decreases the probability of nonradiative relaxation events associated with
crystalline defects and charges carrier traps on crystal surfaces. This has great
importance in the development of highly sensitive detection systems.
1.2.3.2 Surface functionalization of quantum dots
Surface functionalization of QDs is a primary aspect for their bio‐applications since
most high‐quality QDs are synthesized in nonpolar coordinating solvents, based on the
pyrolysis of organometallic precursors by the hot‐injection method.62, 77 For example,
the synthesis protocol for Cd‐based QDs requires tri‐n‐octylphosphine oxide (TOPO)
solvent, resulting in TOPO‐capped QDs. Another protocol employs the non‐
coordinating solvent octadecene and oleic acid, resulting in oleic acid capped QDs.
Given that organic QDs are not soluble in aqueous solution, therefore a phase transfer
process must be used in order to develop hydrophilic coatings that enable their utility
in biological studies. The surface coating ligand is usually composed of two main parts:
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a hydrophilic group for aqueous stability and an anchoring group for interacting with
the QD surface. The ideal surface ligand should not only have a strong affinity to the
QD surface, ensuring greater colloidal stability to prevent ligand desorption or QD
precipitation, but also meet the requirement for pH and ionic strength stability to
ensure QDs survive in a wide range of pH and ionic strengths when placed in biological
environments. So far, many methods have been created for dispersing QD in aqueous
solution. These can mainly be classified into three different approaches: ligand
exchange, encapsulation and silica coating (Figure 1.8).

Figure 1.8 Surface functionalization for QDs. The QD synthesized in organic solvents (center)
with hydrophobic organic ligands can be made water‐soluble through (i) ligand exchange, (ii)
encapsulation, or (iii) silica coating. Adapted with the permission from ref.78 Copyright (2016)
American Chemical Society.

Ligand exchange is a method that replaces original hydrophobic ligands (e.g. TOPO)
with new hydrophilic ligands. Apart from amines and carboxylic acids, the most
commonly used anchoring groups of the hydrophilic ligands have been thiol groups.
This is due to their relatively strong affinity to Zn and Cd, the most common metals on
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the QD surface. The most frequently used ligands are monodentate (e.g.
mercaptopropionic acid, MPA) or bidentate (e.g. dihydrolipoic acid, DHLA).79 The ligand
exchange process is a result of mass‐action through a large excess of the new thiol
ligand due to their strong affinity to the QD surface. Both MPA and DHLA ligands‐coated
QDs are very compact with a relatively small hydrodynamic radius. Compared to
monothiolated ligands coated QDs, whose stability only relies on deprotonation of the
carboxyl groups, DHLA based bidentate or multidentate thiol ligands have greatly
enhanced particle colloidal stability and expanded their utility in various biological
applications, such as cellular imaging and in vitro assays. However, their colloidal
stability is still strongly dependent on pH and ionic strength,80‐81 as it relies on
electrostatic repulsions of negatively charged carboxylic groups. Desorption of thiol
ligands from the surface of the QDs can easily cause instability of the coating and
gradual aggregation of the QDs. As a result, a variety of polyethylene glycol (PEG)82
appended thiolated ligands have been used, which do not depend on the charge for
solubility, and give great colloidal stability across a wide range of pH, and offer low non‐
specific binding. However, the large size of PEG‐QDs limits them in some applications.
Zwitterionic ligands83 such as cysteine84 or penicillamine85 have emerged as
alternatives to relatively large PEG ligands as they can extend pH and salt stability of
NPs without increasing their apparent hydrodynamic sizes, which enables utility in
biologically relevant conditions, and also minimizing non‐specific interactions.
Preparing water‐soluble QDs with small hydrodynamic sizes is one of the major
advantages of the ligand exchange method, because low hydrodynamic sizes and
thinner surface coatings are critical for applications such as FRET‐based biosensing,
where a short donor‐acceptor distance is required. However, the ligand exchange
method often causes QY loss in compared to the original QDs in organic solvent, which
is most likely due to the fact that exchange of the hydrophobic ligands with hydrophilic
ligands will result in unpassivated sites on the surface of QDs which promotes PL
quenching. Also dissociation of some zinc ions from the surface during ligand exchange
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can decrease brightness of QDs. QDs are primarily used as bright fluorescence probes,
thus low QY can be a major liability, particularly for efficient sensing and imaging, where
high QY is at or near the top of the list of requirements.
Encapsulation is a method that overcoats the whole QD with molecular or polymeric
amphiphiles.86‐87 The hydrophilic parts (e.g. carboxyl groups, amine groups,
polyethylene glycol groups, or combinations of these) are exposed around the QD to
provide colloidal stability, while the hydrophobic portions (e.g. pendant alkyl chains) of
the amphiphilic ligands are interdigitated into the original hydrophobic ligands (e.g.
TOPO) on the QDs by hydrophobic interaction. Molecular amphiphiles such as lipids88
and phospholipids89 have been reported to keep the water‐soluble QDs stable for
months. Many phospholipids are commercially available and easy to prepare. However,
the disadvantage is the cost of some functionalized phospholipids. Instead, amphiphilic
polymers, such as alkyl chain‐appended poly(acrylic acid)90 has been more commonly
used due to the low price of poly(acrylic acid) and many simple routes for its chemical
modification. Compared to small ligand, polymer coatings usually result much brighter
QDs, with only small decreases in quantum yield. This is because that the encapsulation
method leaves the original hydrophobic ligands on the QD surface and prevent the
surface from interacting with water. However, the encapsulated dots have large
hydrodynamic diameters (> 25 nm for a typical CdSe/CdZnS QD),91 resulting in poor
intracellular mobility and renal clearance in animal models.92 Most importantly,
polymer‐encapsulated QDs can be very difficult to functionalize,93 which limits their
applications in biological studies.
Another strategy for coating QDs is the growth of a silane or silica shell. QDs can be
modified with a silica layer either through ligand exchange (e.g. surface silanization)94
95

or encapsulation (e.g. by a sol‐gel process, microemulsion, micellization of siloxane

surfactants).96‐98 In the former case, the QD surface preparation starts with an initial
ligand exchange, followed by further shell growth with a siloxane network through
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hydrolysis of silane molecules and subsequent cross‐linking. The cross‐linked silica layer
is able to prevent leakage of toxic ions, providing QDs with colloidal stability in a varied
range of pH and other condition. Additional amine, carboxylate, thiol, phosphate, or
PEG functional groups can also be introduced into the silica shell to ensure a better
control of subsequent conjugation. However, the synthetic protocol for these coatings
is very laborious, difficult to reproduce, and great care must be taken to avoid
multilayer shells growing, QDs crosslinking, and other general aggregation phenomena.
Moreover, relatively thick silica layers result in QDs with large hydrodynamic size
compared to QDs prepared with ligand exchange methods.
1.2.3.3 Quantum dot bioconjugation
QD‐based bioassays require further coupling of biomolecules of interest, such as
peptides (e.g. as a sensing substrate or for cellular uptake), proteins (e.g. antibodies for
targeted binding), nucleic acids (e.g. for detection or sense the presence of a DNA or
RNA target), and others. Depending on the desired sensing mechanisms, biomolecule
of interest, and specific application, numerous strategies for QD‐biomolecules
conjugation have been reported. It is important for all the conjugation methods to
provide a pathway to meet the critical criteria for controlled biomolecule attachment,99
including: the ratio or valence of biomolecules displayed on the QD; biomolecular
orientation on the QD; QD‐biomolecular spacing; biomolecular‐QD affinity; retention
of optimal activity or function of both biomolecular and QD; the universality of the
method. Although in practice most of the well‐known QD‐bioconjugation chemistries
cannot yet meet all of these criteria in the final assembly, following these would
significantly improve the design and optimization for specific applications.
According to the mechanism of attachment, bioconjugation strategies can be classified
into four classes (Figure 1.9), including (1) electrostatic interactions: this easy strategy
only involves simply mixing the QD and biomolecule to facilitate their self‐assembly.
Opposite charges between the surface of QD and biomolecule will form the
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bioconjugate by virtue of the electrostatic interaction. For example, the negatively
charged ligands on a QD may interact with the positively charged residues of the
peptide100 or negatively charged DNA may bind to amine functionalized QDs.101‐102 (2)
Direct attachment: certain motifs with high‐affinity for QDs can bind directly to the QD
surface via coordination or interactions. The most common binding used in this class is
that of thiols coordinating with to Zn on the QD surface. Thiol‐terminated
oligonucleotides can be used for the self‐assembly of QD‐oligonucleotide conjugates.
Another popular example is the polyhistidine (Hisn) sequences, which are originally
appended to some expressed proteins to facilitate their purification over nitriloacetic
acid (NTA)103 media. These show a strong affinity for divalent cations.

Proteins,

peptides,104 and oligonucleotides105 appended with Hisn‐tags readily coordinate with
the QD surface by simple mixing. The interaction between QD and Hisn‐tags is
characterized by the rapid assembly (within a few min), with high‐affinity equilibrium
binding constants (Kd‐1 ∼109 M‐1) measured for solution self‐assembly. This approach
provides much better control over protein orientation, avoiding undesirable protein‐
protein or QD‐QD crosslinking, and offering control of bioconjugation stoichiometry.
Ligand coated QDs are the best suited for bioconjugation via self‐assembly
coordination as they allow direct access to the inorganic surface of the QD. This is
beneficial for FRET‐based biosensors, which requires short distances between their
fluorescent donors and acceptors. (3) Avidin‐biotin affinity: this is a successful and
widely used bioconjugation method due to the facile synthetic insertion of biotin
groups onto biomolecules along with the commercial availability of streptavidin
functionalized QDs. Avidin‐biotin is one of the strongest known non‐covalent bonds,
with a dissociation constant of 10‐15 M. Antibody,106 peptide,107 protein,108
oligonucleotide,109 and aptamer110 conjugates have been readily prepared. In this
approach, the biotin‐binding protein (i.e., avidin, streptavidin or neutravidin) can be
attached to a negatively charged QD surface (e.g. carboxyl coated) via electrostatic
interaction. The biotinylated biomolecules then bind with QD‐avidin in a predictable
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stoichiometric manner because of the bond between the avidin tetramer and four
biotins. However, in some applications, the advantages of the streptavidin‐biotin
interaction may be overshadowed by undesired multiple binding events and
aggregation caused by the tetrameric nature of streptavidin. (4) Covalent bond: the
QDs functionalized with hydrophilic groups such as carboxyl groups, amine groups, are
ready to couple with the different functional groups through the covalent coupling. For
example, the amines can be coupled with the carboxyl group‐containing
biomolecules.111 The reduction of the disulfide bridges of antibodies are available for
thiol groups and cysteine residues in proteins can be attached to maleimide activated
QDs.112 Thiol or amine modified synthetic oligonucleotides can be directly conjugated
to QDs.113 Cross‐linking reagents, such as 1‐ethyl‐3‐(3‐dimethylaminopropyl)
carbodiimide (EDC), used alone or in combination with N‐hydroxysuccinimide (NHS) or
sulfo‐NHS, have been used extensively in the literature.114 However, this approach is
not able to solve the problems caused by uncontrolled protein orientation, undesirable
protein‐protein or QD‐QD crosslinking, and the assay restrictions from certain buffer
compositions and pH values.
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Figure 1.9 Four attachment approaches used for bioconjugation of QDs. The peptide is used as
an example. Image reproduced with permission from ref.78 Copyright (2016) American
Chemical Society.

1.2.3.4 Quantum dots for biosensors and bioanalysis
Colloidal quantum dots were first reported by Brus and co‐workers at Bell Laboratories
in 1983.115 For biological applications, it was not until 1998 that Chan and Nie116 along
with Bruchez et al.117 published the synthesis of colloidally stable, photoluminescent
CdSe/ZnS core/shell QDs for cellular imaging. By April 2018, the total citations of the
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above three papers were more than 18789, reflecting the widespread enthusiasm for
QD‐based bioapplications.
Over the past decade, QDs have made great progress in the field of bioanalysis, ranging
from biological sensing and multiplexed assays to intracellular labeling and
theranostics.118 The role of QDs in bioanalytical applications can be classified into two
main approaches: first, they are used as labels in cellular imaging and targeting, as well
as labels for diagnostic applications (e.g. immunoassays). Second, they are used as
active modulators of PL in response to the biorecognition process, typically taking
advantage of a QD‐FRET process. QDs are ideal FRET donors as they have (1) narrow
and tunable PL which allows easy optimization of the spectral overlap integral, (2)
tunable FRET efficiency by controlling the number of acceptors around each QD, (3)
extremely high QY which can maximize Förster distance, (4) the ability for multiplexed
bioassays since different QD colors can be simultaneously excited using a single
wavelength, (5) resistance to photodegradation, and (6) a range of surface chemical
modifications allowing display of various functional groups. Various assay
configurations have been used, for example aptamers as affinity probes,119
hybridization assays,109 nuclease and protease activity detection,120‐121 and
immunoassays.122 Detection of a broad range of biomolecules or analytes using various
bio‐derived component (protein,123‐125 peptides,126‐127 nucleic acids,128‐130 etc.)
functionalized QDs have been reported. Extensive reviews have been published
discussing analysis of ions, toxins, metabolites, explosives, nutrients, drugs, proteins,
enzymes and oligonucleotides.118, 131‐134 Of interest here are hybrid systems of QD and
DNA, which have been utilized for detection of various nucleic acid biomarkers.129, 135‐
153

In comparison with conventional fluorescence measurements, the use of QDs in

nucleic acid detection has shown significant advantages, including improved sensitivity,
low sample consumption, and high signal‐to‐noise ratios.129

38

1.2.4 MicroRNA
MicroRNAs (miRNAs)154 are a type of highly conserved, noncoding, regulatory RNAs
(19–23 nucleotides in length), that are often present in a stable form in bodily fluids.
They are derived from a ca. 70 nucleotide hairpin stem‐loop precursor that base‐pair
to their corresponding targets messenger RNA (mRNA) in the RNA‐induced silencing
complex (RISC).155 miRNAs are involved in a wide range of biological processes, such as
metabolism, cell proliferation, developmental stages and signal transduction.156‐159
More recently, significant amounts of miRNAs were found in many types of biological
fluids, such as blood serum and blood plasma,160 as extracellular nuclease‐resistant
entities, which can be easily obtained. Changes in miRNA expression can predict the
development and prognosis of certain, and possibly many, pathological conditions.161‐
162

Consequently, miRNA detection is expected to become an important aspect of

clinical diagnostics.161, 163‐164 The miRNAs in blood are usually stable, reproducible and
consistent among individuals of the same species.165 Moreover, miRNAs are an
extremely stable form of nucleic acid that are immune to endogenous RNase
degradation. Hence, miRNAs are ideal for diagnostic and prognostic biomarkers.
However, miRNA detection is more challenging in comparison to the assays of other
types of nucleic acids. Their expression levels vary greatly in different tissues and
organs166 and they are generally small in size, of low cellular abundance and there is an
extremely high level of homology within a miRNA family. These characteristics require
their detection to be both highly sensitive and selective, along with rapid yield and good
accuracy.
Accordingly, several techniques have been proposed and these have made great
contributions to miRNA research in the early days and some are still popular tools in
miRNA research, e.g. conventional northern blotting,167‐168 microarray,169 rolling circle
amplification (RCA),170 and quantitative polymerase chain reaction (qPCR).171 However,
each of these have their own limitations, like being time‐consuming, needing a tedious
procedure, high cost, or having poor sensitivity and/or selectivity. Due to these
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limitations, the development of more efficient and lower‐cost detection methods is
meaningful and vital.

1.2.4.1 Amplification strategies for nucleic acid detection
It is desirable that the target sequence of interest exists at a high number and allows
for direct detection. However, the amount of nucleic acid in most biological samples is
usually extremely small. For example, 1 mL of human blood contains only attomole
quantities of a given DNA sequence.172 Moreover, as hybridization processes usually
form a 1:1 probe‐target complex to produce a signal in non‐amplified assays, the non‐
radioactive signal readout from a probe sequence is insufficient for detecting low
abundance targets. In order to improve the limit of detection (LOD) of the hybridization
assays, they have been used in combination with additional amplification steps, such
as target amplification, probe amplification, or signal amplification strategies (Figure
1.10).173

Figure 1.10 Amplification methods of hybridization‐based techniques for nucleic acid detection.
Reproduced with permission from ref.173 Copyright (2014), Royal Society of Chemistry.

Target amplification allows replication of 108–109 folds for a target DNA fragment to
achieve high enough concentration to enable detection. Polymerase chain reaction
(PCR)174‐175 is a typical example, in which a nucleic acid sequence(s) of interest can be
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selectively amplified by using carefully designed primers. However, PCR in itself does
not provide quantitative detection of the amplified sequences and requires a thermal
cycler which is expensive and limits its application in point‐of‐care settings. In probe
amplification strategies, the probe sequence is replicated while the amount of the
target remains the same. An typical example is rolling circle amplification (RCA),175‐178
which is an isothermal amplification method. A linear mode of RCA can result in 105‐
fold amplification of signal through an enzymatic reaction as demonstrated in
microarray assays.179 The unique feature of linear RCA is that the amplification product
remains tethered to the target molecule. Zhong and coworkers180 have also
demonstrated that RCA amplification enabled localization of signals, which represented
single molecules with biochemical or specific genetic features. Signal amplification is an
amplification approach where the signal is initiated by the presence of the target,
rather than the target itself. It is more heterogeneous compared to others. The
common examples of signal amplification approaches are tyramide signal amplification
(TSA),181 branched DNA (bDNA) technology,182‐183 hybridization chain reaction
(HCR),184‐186 several liposome‐assisted,187‐188 and nanomaterial‐assisted189‐192 assays.
Among these, enzyme‐assisted target recycling is typically used as an effective signal
amplification strategy and to overcome the stoichiometric limitation of hybridization
probes by means of the assistance of various DNA‐ or RNA‐acting enzymes (e.g.
nucleases), including endonucleases193‐195 and exonucleases.196‐197 During the
amplification process, the probe‐target complex is recognized by the sequence and/or
structure‐specific enzyme. The enzyme only cleaves the probe strand in a duplex in a
sequence‐ and/or structure‐specific manner, leaving the target intact. The cleaved
probe generates a detectable signal that is detectable. Since the fragments of the
cleaved probe have a much lower affinity to the target sequence than the intact probe,
the target can feed back into the system acting as a template for a fresh probe and
trigger another new process of hybridization, cleavage, and dissociation cycles, leading
to signal amplification.
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1.2.4.2 Duplex specific nuclease‐assisted amplified detection
Duplex specific nuclease (DSN) is a nuclease isolated from the hepatopancreas of the
Kamchatka crab.198 It has a strong preference to cleave dsDNA or DNA in DNA‐RNA
heteroduplexes, and is practically not active toward ssDNA, or single‐ or double‐
stranded RNA. The cleavage rate of this enzyme for cleaving perfectly matched and
short DNA duplexes is much higher than for those nonperfectly matched duplexes with
the same length. Thus, DSN can differentiate one‐nucleotide variations (one mismatch)
in DNA.

The DSN has been widely studied in the molecular biology field, including for

miRNA detection,199 full‐length cDNA library normalization,200 single nucleotide
polymorphism

(SNP)

detection,198

and

quantitative

telomeric

overhang

determination.201 Compared to other commonly used enzymatic amplification
methods, such as qPCR and ligase chain reaction (LCR) utilizing polymerase and ligase
respectively, the isothermal amplification realized by DSN completely removes the
requirement of a thermal cycler. This greatly simplifies the entire assay procedures,
thus providing the potential for simple point‐of‐care diagnostics.
There are increasing numbers of papers coming out demonstrating miRNA detection
assays with high sensitivity and selectivity using DSN. Yin and co‐workers199 first
reported the DSN‐mediated signal amplification strategy by using a simple DNA probe,
i.e. TaqMan probes, for sensitive detection of miRNAs. The DSN nuclease was used to
efficiently aid the process of target‐directed cleavage of TaqMan probes to produce an
amplified fluorescent signal proportional to the target concentration, as multiple probe
molecules were cleaved per each target. Similarly, Lin and co‐workers202 have reported
a DSN‐based assay using backbone‐moified molecular beacons (MB) and showed
sensitivity with a detection limit of 0.5 pM within 40 min and with good selectivity. Deng
and co‐workers203 have proposed a dual‐amplification method by co‐employing DSN
and DNAzyme and achieved great sensitivity and selectivity, although this method adds
one more catalytic step before detection. Degliangeli and co‐workers204 have introduce
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DSN‐based reaction into a DNA‐functionalized gold nanoparticle system, giving a
detection limit of miRNA down to the 0.2 fmol level, and showed simple DSN‐mediated
target recycling system. Since the detection assay reported by Degliangelia and et.al.,
Xi and co‐workers205 have shown a more sensitive detection assay by exploiting the
differential affinity of WS2 nanosheets toward short and long oligonucleotides and their
efficient fluorescence quenching ability, leading to the detection limit of 300 fM. Very
recently, Shen and co‐workers206 developed a homogenous miRNA assay that couples
magnetic beads with the DSN for background reduction and signal amplification,
producing a detection limit of 60 fM. In addition to DNA probes, various nanomaterials
have also been adopted as signal readout to mediate the generated fluorescent signals,
such as gold nanoparticles,207‐208 graphene oxide,209 magnetic micro/nanoparticles209‐
210

or quantum dots145 in the DSN‐mediated assays. These nanomaterial‐assisted DSN

assays have achieved a femtomolar level of LODs for miRNA detection with single base‐
mismatched distinguishing ability and shown great performances in real samples
compared to qRT‐PCR.
1.2.4.3 Quantum dots for miRNA detection
The advantages of QDs for fluorescence or FRET have been widely applied to the
detection of microRNAs (miRNAs).211 There are many challenges in direct and absolute
quantification of miRNAs, due to their short lengths, low abundances, degradation
susceptibility and high sequence homology. If the miRNA detection assays relies solely
on hybridization events in the absence of amplification steps, LODs are typically
restricted to the pM to nM range.147‐148, 152‐153 In order to improve assay’s sensitivity,
some isothermal amplification methods have been used in combination with QD‐based
nanosensors, such as exponential amplification reaction,141 target‐recycled
nonenzymatic amplification,212 enzymatic amplification,142, 144‐146 and catalytic hairpin
assembly amplification.213 In these systems, with target or signal amplification, fM to
aM LOD have been achieved (Figure 1.11). Zhang and co‐workers141 have developed a
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miRNA assay based on the two‐stage exponential amplification reaction (EXPAR) and a
QD‐FRET‐based nanosensor. This assay managed an LOD as low as 0.1 aM in buffer.
Zeng and co‐workers144 have reported a QD‐based miRNA nanosensor for point
mutation assays using primer generation‐mediated RCA. The proposed method
achieved 50.9 aM LOD in buffer, and has been further applied to analyze the point
mutation of miRNA in the lung tissues. Qiu147 has developed multiplexed FRET between
a luminescent Tb complex and three different QDs to detect different miRNAs with 1nM
LOD in buffer, and 2‐10 nM in a serum‐based sample at RT. Ju 145 and their co‐workers
have introduced a two‐step miR‐141 analysis using CdSe/ZnS QDs and telomere units
for the fluorescent and chemiluminescent detection of miR‐141 with a 0.28 pM LOD in
buffer. This two‐step sensing platform was further implemented for the analysis of miR‐
141 in serum samples from healthy individuals and prostate cancer carriers.

Figure 1.11 Various QD‐based assays for miRNA detection. (a) QD‐based miRNA nanosensor for
a point mutation assay using primer generation‐mediated rolling circle amplification (PG‐RCA).
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Adapted with permission from ref.144 Copyright (2014) Royal Society of Chemistry. (b) Amplified
detection of miR‐141 through DSN‐stimulated cleavage of the miR‐141 target. Adapted with
permission from ref145 Copyright (2015) American Chemical Society. (c) A miRNA assay based
on a two‐stage EXPAR and single‐QD‐FRET‐based nanosensor. Adapted with permission from
ref.141 Copyright (2012) American Chemical Society. (d) A multiplexed miRNA assay composed of
three different QDs conjugated with short DNA strands and a luminescent Tb complex. Adapted
with permission from ref147 Copyright (2015) American Chemical Society.
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1.3 Nucleic Acid Nanotechnology
1.3.1 The rise of nucleic acid nanotechnology
Nanoscale engineering has advanced the fabrication and application of materials with
revolutionary effects on various scientific fields. Different types of patterned
organizations and highly‐ordered nanoscale structures have been constructed through
either bottom‐up assembly or top‐down approaches. Apart from the above‐discussed
focus of nucleic acids in diagnostics and undiscussed aspects in other molecular biology
areas, nanotechnology is the field that benefits mostly from nucleic acids. Nucleic acid‐
based nanomaterials have emerged as powerful building blocks for the bottom‐up (i.e.
arranging building blocks together in predetermined patterns, as a function of their
molecular recognition properties) fabrication of two‐ or three‐dimensional nano‐ and
micron‐sized constructs, which are spatially well‐controlled.214 Bottom‐up approaches
allow the introduction of functional motifs by the use of chemical tools, resulting in
intrinsic nanometer precision. The self‐assembly of nucleic acids is especially
interesting, due to the precise Watson‐Crick base pair recognition. Such
programmability properties make them not only successful as genetic materials, but
also capable of directing highly structured materials assembly with unique nanoscale
features. Based on simple four bases and predictable organizational base pairing rules,
researchers can in principle design and realize two‐ or three‐dimensional structures of
almost any desired pattern and shape. Nucleic acids, either alone or in combination
with other materials, have created a large variety of nanoscale structures and devices
that perform actively in an engineered environment.
1.3.1.1 DNA nanotechnology
DNA, as a pioneer building material in nucleic acid nanotechnology,215 has been
extensively studied since its first discovery as a material for creating nanostructures.216
The beginning of DNA nanotechnology is commonly attributed to Ned Seeman,216 who
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first proposed the use of branched DNA building blocks to confine proteins. Since then
structural DNA‐nanotechnology has evolved rapidly, and reached to ever‐greater levels
of geometrical complexity, with a significant impact on both topology and molecular
biology. A notable breakthrough happened in 2006 when Paul Rothemund217 first
presented a scaffolded DNA origami with further improved simplicity and precision for
generating spatially addressable nanoscale structures, which has dramatically
accelerated the progress in nucleic acid nanotechnology. Numerous DNA‐based
nanomaterials and nanodevices215, 218 have since been constructed and provided a
scaffold for many applications.
The DNA molecules are excellent for designing and constructing versatile
nanomaterials in terms of their unique chemical and physical properties. Its short
structural repeat (one helical turn) consisting of 10 base pairs is ca. 3.4‐3.6 nm in length,
where the width of the helix is ca. 2 nm, and its persistence length (an approximation
of “stiffness”) is ca. 50 nm. The rigidity of DNA structures can be tuned by controlling
the number of base pairs in DNA. For example, longer dsDNA ( 150 bp) with a length
similar to its persistence length (ca. 50 nm) is quite flexible, while shorter dsDNA (≤150
bp) is regarded to be rigid. Most of the ssDNA are flexible due to their short persistence
length (1 nm, corresponds to 1‐3 bases).219 The combination of ssDNA and dsDNA is
widely used for controlling the rigidity and flexibility of desired DNA structures. Decades
of research has contributed to synthetic strategies for making, modifying, and purifying
DNA making them as an excellent candidate for building nanoscale supramolecular
structures. After more than 30 years of development, there is now a plethora of
methods to program and build DNA‐based molecular devices and patterned
superstructures220‐221 for various applications, for example in diagnosis,220 drug
delivery,222 gene therapy223 and molecular patterning,224 and the potential applications
have been further expanded to other fields in biology, plasmonics, and molecular
electronics.
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1.3.1.2 RNA nanotechnology
In contrast to DNA, the utility of

RNA in the field of nanotechnology,225 which

resembles DNA nanotechnology in many ways, has been progressed relatively slowly
due to RNA’s susceptibility to nuclease degradation, high cost, restrictions on mass
production and purification of long DNA synthesis, and the formation of unpredictable
secondary structures, etc.226 It was until 1998 the possibility for constructing RNA
nanoparticles through the self‐assembly of RNA molecules was reported.227 Compared
to DNA nanotechnology, the field of RNA nanotechnology225 has recently started
expanding, but it has advanced rapidly over the past decade. Interest in RNA
nanotechnology has increased due to the recognition of its potential for applications in
nanomedicine such as treatments of cancer and genetic diseases. A variety of
programmable RNA nanostructures such as 2D and 3D nanoparticles, filaments, arrays,
and polygons, have shown great promise for applications in RNA‐based therapeutics,228
which have inspired many biomimetic designs.
RNA is widely accepted to be more versatile in structure and function compared to
DNA, displaying several similar properties to proteins (including catalytic functions).
Several large structured RNA molecules, such as ribosomal RNA, are sophisticated
architectures built from simple building blocks through modular assembly principles.229
A large amount of RNA nanostructures with a defined size, shape, and stoichiometry
have been developed for various applications in nanobiotechnology. Although
resembling DNA nanotechnology in many ways, RNA has its unique base‐pairing rules
for constructing nanoparticles. RNA is made up of four different nucleotides: adenine
(A), cytosine (C), guanine (G), and uracil (U). Apart from Watson–Crick base pairing
found in DNA (A‐T, C‐G), there are some other forms of base pairing such as non‐
canonical base pairing, (G‐A or G‐U), which forms rigid RNA structural motifs that are
distinct from those formed by ssDNA. An 80‐nucleotide RNA strand can display up to
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480 (or 1048) different structures. Thus, the availability of a number of structural building
blocks is an advantage for many applications.
Applications based on both DNA and RNA nanotechnology have begun to emerge.
However, there are some issues that place lots restrictions on their usage, including:
the high cost, sophisticated designs needed for relatively large and complicated
origami, the error rate of self‐assembly, and dissociation that accompanies
denaturation causing loss of nanostructure integrity.
1.3.2 Rolling circle replication
Rolling circle replication (RCR)230 based nucleic acid amplification, including rolling
circle amplification (RCA) and rolling circle transcription (RCT), have attracted
tremendous interest as powerful tools for large‐scale nucleic acid production. RCR is an
isothermal, enzymatic replication procedure mediated by special DNA and RNA
polymerases, which can generate long ssDNA and RNA. Thus, this technique has been
used widely in the nucleic acid nanotechnology field, and is one of the most promising
approaches for constructing nucleic acid‐based nanostructures. The principle of RCR is
that a DNA or RNA polymerase enzyme cyclically navigates a small circular template
DNA (e.g. 25−100 nucleo des in length) and generates large quantities of elongated,
theoretically single stranded DNA or RNA (usually hundreds of thousands of
nucleotides, and hundreds of thousands of nanometers in length), which are
periodically complementary to template sequences (Figure 1.12). This allows for the
precise templating of the strand and creates long stranded nucleic acids with a known,
repeating sequence that is dependent on the sequence of the template DNA.
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Figure 1.12 The reaction mechanism of RCR. (a) Schematic illustration showing the preparation
of circular template DNA for RCR. (b) Enzymatic elongation of DNA or RNA strands via the RCA
or RCT process. (c) Atomic force microscopy image of long RNA produced by RCT, in which some
RNA polymerases are visible as bright dots at ends of some RNAs. Scale bar, 500 nm. Image (c)
was adapted with the permission of ref.231 Copyright (1999) Elsevier.

Nucleic acid amplification is one of the most promising technologies for achieving a
great impact in modern biology and medicine. To date, PCR is the widely‐accepted
primary technique for DNA amplification.232 Although it has been highly effective and
useful, requiring the two primer oligonucleotides, a polymerase enzyme, DNA sample,
and nucleotides, the complicated heating and cooling cycles procedure (DNA duplex
needs to be thermally denatured because primers cannot bind to fully dsDNA, thus
enabling DNA polymerase to initiate a new DNA copy) places constraints on its wide‐
spread utility. As a result, there has been growing attention on developing nucleic acid
amplification methods that can be performed at constant temperature (i.e.
isothermally).233 Apart from RCR, there are some other well‐known methods such as
nucleic acid sequence based amplification (NASBA),234 strand displacement
amplification (SDA),235 and loop‐mediated isothermal amplification (LAMP).236 Unlike
PCR, isothermal nucleic acid amplification methods utilize the isothermal nature of
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polymerases, which catalyze DNA/RNA polymerization at a constant temperature. As a
result, it is not necessary to use thermal stable polymerases or sophisticated
instrumentation. Moreover, compared to PCR, isothermal approaches such as RCR
have several advantages that the reaction can be carried out in the presence of native
biomolecules which would be destroyed by the high temperatures used in PCR, or
simultaneously with some other biochemical reactions. The RCR can be performed
even directly in living cells, while PCR is obviously not applicable in living system. A
stoichiometric comparison of RCR and PCR methods is shown in Figure 1.13.

Figure 1.13 Stoichiometry of RCR reactions compared with PCR. The RCR convert nucleotides
into long repeating ssDNA or RNA. By contrast, PCR converts primers and nucleotides into
elongated primers. Reproduced with permission from ref.230 Copyright (2016), American
Chemical Society.

When synthesized in vitro, the nucleic acids can be used as interesting molecular
building materials. The single‐stranded linear nucleic acid products of RCR have
extremely high molecular weight, and tend to fold into particles as a result of inter‐ or
intramolecular forces (or hybridization). Particularly, it has been found that nucleic acid
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particles are formed during RCR at certain reaction times. This is due to the continuous
production of nucleic acids as a main product and magnesium pyrophosphate (Mg2PPi
or Mg2P2O7) as a by‐product over time, where these long flexible strands are likely to
mediate the nucleation and growth of Mg2PPi precipitates. The Mg2PPi crystals are
reported to be necessary for the structural integrity of the formed nucleic acid
particles.237‐238 Nucleic acid structures can be formed without relying on Watson–Crick
base‐paring, but through a nucleic acid‐driven Mg2PPi crystallization process, leading
to DNA‐ or RNA‐inorganic hybrid composites with interesting structural properties
(Figure 1.14). The size of the particles is controlled by factors including the type of
polymerases,239 the concentration of polymerases,240 the reaction time241 and so on.
Furthermore, through adjusting the template DNA and primers, the sequence, length,
structure, composition, and rigidity of the RCR products can be finely tuned. As a result,
this rapid and specific isothermal amplification has led to more practical use of nucleic
acid nanostructures for numerous applications.

Figure 1.14 Formulation of DNA/RNA composites during the RCR process. Schematic illustration
of the growth mechanism of a DNA or RNA composite, involving the simultaneous formation of
Mg2PPi inorganic crystals and elongated DNA or RNA strands, nucleation and anisotropic
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growth of the crystals controlled by DNA/RNA molecules, and further growth to form mature
particles.

1.3.2.1 Rolling circle amplification and its applications
It was discovered in the middle 1990s, that some DNA polymerases were able to
continuously elongate short DNA strands (named primers) which were annealed to a
small circular ssDNA template.242‐244 Shortly after, RCA has gained growing interest as
a novel DNA amplification method and has become an important tool in many areas. In
the method, both ends of a linear ssDNA are hybridized to a DNA primer, and the two
ends are then connected by a DNA ligase, which results circular DNA serves as the
template for an RCA reaction with a DNA polymerase and deoxynucleotide
triphosphate (dNTPs including dATP, dCTP, dTTP, and dGTP). The circular DNA template
used in the RCA can be synthesized enzymatically or chemically through the
intramolecular ligation of phosphate and hydroxy end groups. In the enzymatic
synthesis,245 the two reactive ends of a linear DNA precursor are connected by an
enzyme (e.g., T4 DNA ligase). The enzymatic ligation proceeds efficiently (> 90% yield)
for relatively large DNA substrates, while for making small circulate template DNA (< 30
nucleotides, chemical (or nonenzymatic) cyclization of DNA oligonucleotides achieves
a better yield. Φ29 DNA polymerase246 (Bacillus subtilis bacteriophage phi29), is the
most widely used DNA polymerase for RCA. It is one of the most processive single‐
subunit polymerases with a high strand displacement ability. Other isothermal
polymerases including Bst DNA polymerase,239 and Vent exo‐DNA polymerase,247 have
also been employed in RCA.
The fact that RCA results in amplification of the ssDNA template has led to the extensive
study of RCA for signal amplification in bioassays.247 RCA‐based bioassays have shown
great benefits for both sensitivity and specificity. For example, RCA is able to provide
an increase in the signal with approximately 1,000‐fold (linear amplification) to 10,000‐
53

fold (exponential growth).248 Moreover, RCA‐based assays tend to be highly specific
since RCA can only be initiated after a primer hybridizing with the template DNA.249
There have been extensive studies over the last decade on the use of RCA as an
amplification tool, especially for nucleic acid250 and protein detection.251
More recently, RCA has attracted significant attention for their use in the development
of DNA nanotechnology due to the polymeric property of its products.252 Various
nanostructures have been constructed, such as periodic DNA nanotemplates,253
nanoribbons,254 nanotubes,255 origami256 and so on. The programmability of the
template DNA makes RCA a highly versatile platform to generate DNA structures and
materials with interesting properties. Some functional DNA sequences (e.g. DNAzymes,
aptamers), can easily be incorporated into RCA products. These hold great promise in
a large variety of applications including electronic circuit fabrication, drug/gene
delivery, and in vivo imaging. The first work on DNA‐Mg2PPi inorganic composites was
presented by Weihong Tan and co‐workers, on a noncanonical self‐assembly of
multifunctional DNA nanoflowers257 (NFs) formed from RCA product. Shortly after this,
Zhen Gu and co‐workers reported a cocoon‐like anticancer drug delivery system
consisting of a DNase‐degradable DNA nanoclew239 which assembled from RCA product.
Various types of DNA‐inorganic hybrid systems have been reported so far, such as DNA
microsponges,237 DNA nanoclews,258 DNA nanococoon.259 and DNA nanoflowers,260
according to their morphological features. They have shown great potential for
applications in biomedical and biotechnology. For example, the synthesized NFs
integrated with small molecules (e.g. aptamers, dyes, and drugs) can be used for
selective cancer cell recognition, bioimaging, and targeted anticancer drug delivery.
DNA microsponges incorporated with therapeutic oligonucleotide sequences (i.e.,
siRNA and antisense oligonucleotides) have been used for cancer treatment by
silencing genes in tumor cells. Enzyme‐cleavable DNA nanococoons or nanoclews have
been prepared, and the releases of encapsulated enzymes digests the DNA strands and
release the therapeutic sequences within the nanococoons or nanoclews (Figure 1.15).
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Figure 1.15 Examples of RCA‐based nanostructures and their applications. (a) Design of
noncanonical self‐assembly of multifunctional DNA NFs for target cancer cell recognition,
bioimaging, and targeted drug delivery. Adapted with permission from ref.257 Copyright (2013)
American Chemical Society. (b) Design of multifunctional DNA‐based layer‐by‐layer assembled
microsponge‐like nanoparticles. Adapted with permission from ref.237 Copyright (2014)
American Chemical Society. (c) RCR‐based noncanonical self‐assembly and biomedical
applications of multifunctional DNA NFs with drug loading for targeted drug delivery. Adapted
with permission from ref260 Copyright (2015) Springer Naturel. (d) A cocoon‐like self‐
degradable DNA nanoclew containing DOX and acid‐triggered DOX release. Adapted with
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permission from ref.239 Copyright (2014) American Chemical Society. (e) Design of the DNA
nanoclew mediated CRISPR‐Cas9 delivery system. Adapted with permission from ref.258
Copyright (2015) John Wiley and Sons. (f) CpG sequence containing DNA nanococoon loaded
with anti PD1 antibody and caged restriction enzyme for inflammation trigged fragmentation
of DNC for releasing both CpG DNA and aPD1. Adapted with permission from ref.259 Copyright
(2016) John Wiley and Sons.

1.3.2.2 Rolling circle transcription and its applications
Similar to RCA, RCT is able to generate periodic RNA strands from the enzymatic
reaction. A typical RCT reaction requires components including, a circular template
DNA, an RNA promoter,261 an RNA polymerase (e.g. T7 RNA polymerase), and
ribonucleotide triphosphate substrate (rNTPs). In some cases, small single‐stranded
circular oligonucleotides can also serve as efficient templates for initiating enzymatic
reaction and elongating RNA sequences in the absence of a promoter.262 T7 RNA
polymerase263 is the most studied enzyme for RCT. It is a single subunit enzyme from
the T7 bacteriophage virus. Other enzymes, such as Escherichia coli (E.coli.), can also
be used for RCT reaction with extra component ATP as a starting nucleotide at E.coli.
promoters.262, 264 Some studies264 have shown differences in the ability of E.coli. vs T7
RNAP for transcribing ribozyme‐encoding circular templates, mainly due to certain
secondary structural preferences of the two enzymes.
Compared to RCA, RCT is much less employed in quantitative detection for nucleic acid
because it has poor specificity towards small ssDNA, which has been reported to be
efficiently transcribed by T7 RNA polymerase even without a promoter. Lu and co‐
workers265 have shown that control of the concentration difference between Mg2+ and
NTP can improve the specificity of T7 RNAP. Regarding the application in
nanotechnology, RCT‐based nanostructures have shown great potential for efficient
delivery and high cargo capacity. Functional RNA molecules, such as aptamers,
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ribozymes, miRNAs, and siRNAs can be generated by incorporating their
complementary sequences into template DNA. Various RNA nanostructures (Figure
1.16)

have

been

produced,

including

microsponge,261

free‐standing

RNA

membranes,266 siRNA nanosheets,267 and RNA nanovectors.268 RCT‐based RNA
nanostructures are commonly reported with spherical morphology, resulting in
complex formation with the Mg2PPi produced during transcription. The high
programmability of the circular template DNA makes the final product easy to
manipulate. The size of the RNA nanoparticles can be tuned by adjusting the
concentration of the polymerase during the RCT reaction.240

In the pioneering siRNA‐

enriched RNA microsponge work of Hammond and coworkers, a concatenated siRNA‐
riched RNA microsponge was developed, the RNA microsponge was processed by the
cellular machinery after uptake into cells, producing many short interfering RNAs
(siRNAs) for siRNA‐based gene therapy.261 By changing the types and ratio of the
circular template DNA, they managed to embed multiple polymeric siRNA molecules
with precisely controlled stoichiometry within the RNA microsponge.269 The Multi‐
RNAi‐MSs were converted into nanosized complexes by condensation with
polyelectrolyte, enabling efficient in vivo delivery. Such a multi‐RNA microsponge
system has great potential in RNAi‐mediated biomedical applications. Lee’s group
demonstrated the synthesis of macroscopic RNA membranes through RCT, which has
potential as a controlled drug‐release system.266 They also showed a one‐step process
to synthesize self‐assembled mRNA nanoparticles,270 packed with multiple repeats of
mRNA using plasmid DNA as a template. Such a platform showed great potential for
efficient gene delivery. Compared to RNA nanostructures with computer‐aided design,
although less precise, it is still practical to control the properties of RNA nanoparticles
generated from RCT.
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Figure 1.16 Examples of RCT‐based nanostructures and their applications. (a) RCT for the
synthesis of self‐assembled RNAi‐microsponges: Linear ssDNA that includes antisense and
sense sequences of anti‐luciferase siRNA is hybridized with an equal molar amount of short
DNA strands containing the T7 promoter sequence. Adapted with permission from ref.261
Copyright (2012) Springer Nature. (b) Fabrication of a self‐assembled free‐standing RNA
membrane. Adapted with permission from ref.266 Copyright (2014) Springer Nature. (c) The
synthesis of mRNA‐NPs. T7 RNA polymerases enzymatically transcribe mRNA strands via RCT
reaction with the plasmid DNA as the template. Adapted with permission from ref270 Copyright
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(2014) Springer Nature. (d) Design and synthesis of multiple‐component RNAi microsponges
through RCT with different types of circular DNA. Adapted with permission from ref.269
Copyright (2015) John Wiley and Sons. (e) The efficient generation of siRNA from bubbled RNA‐
based cargo (BRC). Adapted with permission from ref.271 Copyright (2015) John Wiley and Sons.

1.3.3 Nucleic acid structures for study of enzyme activity
1.3.3.1 An overview of enzyme catalysis
Enzymes are proteins that catalyze various chemical and biochemical reactions. As
nature’s highly unique catalysts, enzymes play significant roles in the metabolism of
living systems. They are found to be ubiquitously involved in lots of important processes
such as DNA transcription, protein synthesis, cell regulation, signal transduction and
energy generation.272‐275 Nowadays, one of the most important driving forces in science
is to develop green, sustainable technologies, which has led to extensive studies and
wide employment of enzymes as biocatalysts in many sectors. Conventional synthetic
catalysts often require multi‐step processes and harsh conditions, leading to
generation of many waste and toxic byproduct and excessive energy consumption.
Enzymes, instead, offer plenty of benefits including high efficiency, mild reaction
conditions, ease of production, substrate specificity, one‐step reaction, green
chemistry (biodegradability) and so on. Owing to the fast‐growing knowledge and
advanced techniques on protein extraction and purification, and rapid advances in
biotechnology, particularly in protein engineering, efficient production of various
enzymes at analytical grade purity with improved properties has been achieved. This
has led to not only the extensive application of enzymatic catalysis in a multitude of
industrial, biotechnological, and research but also the development of novel, tailor‐
made enzymes for many new applications.
One of the well‐known models for explaining enzyme kinetics is Michaelis–Menten,
which was developed by Leonor Michaelis and Maud Menten in 1913.276 In their model,
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an enzyme catalysis reaction (with a single substrate) was described as a two‐step
process (Figure 1.17): an enzyme‐substrate binding step and a reaction products
forming step.

Figure 1.17 Illustration of enzyme catalysis. As a substrate binds to the active site, the active
site changes shape a little, grasping the substrate in place through weak interactions, such as
hydrogen bonding and electrostatics. During the catalysis reaction, the substrate molecule is
converted to the product, and the product molecule is then released.

The substrate (S) binds to the enzyme (E) quickly to form a reversible enzyme‐substrate
complex (ES), which can either continue on to the next step of the reaction or dissociate
back to the separate substrate and enzyme. In the second step, the enzyme‐substrate
complex breaks down, resulting in both a free enzyme and the reaction products (P).
The binding of a substrate to the enzyme active site is very specific, usually through
noncovalent

interactions,

such

as

ionic

bonds,

hydrogen

bonds,

and hydrophobic interactions. During the enzymatic reaction, enzymes undergo
dynamic conformational changes that enable them to quickly target their substrates
and find favorable interactions sites to catalyze chemical reactions. Once the substrate
is bound to the active site, multiple mechanisms can accelerate its conversion to the
final product. The reaction rate of enzyme catalysis is strongly dependent on the
concentration of the ES complex, i.e. on the concentration of the substrate. When there
is not enough substrate, the concentration of the ES complex is correspondingly low.
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Increasing the concentration of the substrate leads to an increase in the concentration
of ES complexes, thus giving rise to increased reaction rates. Until reaching a saturated
point, increasing the concentration of substrate does not affect the reaction rate,
reaction reach to the maximum rate Vmax. This maximum reaction rate is achieved when
the concentration of ES complexes is higher than that of the free enzyme. The
relationship between the rate of an enzyme and the concentration of substrate can be
expressed quantitatively using the Michaelis‐Menten equation (Figure 1.18), where V0
is the reaction rate measured during the initial time period of the reaction, Vmax is the
maximum rate of reaction, [S] is the concentration of substrate, and Km, which is known
as the Michaelis constant, is equal to the substrate concentration when reaching to half
the maximum rate (1/2 Vmax).

Figure 1.18 Michaelis‐Menten model of enzyme kinetics. Michaelis‐Menten equation (left) and
Michaelis Curve (right): plot of enzyme velocity as a function of substrate concentration.

An interesting phenomenon in enzymology is the allosteric effect.277 Binding of an
allosteric effector to one site (allosteric site) on an enzyme molecule will bring about
conformational change causing indirectly regulation on the property of another specific
site (the active site) on the same enzyme molecule. Small molecules such as oxygen,
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metal ions, which have been shown as effectors of various enzymes, play a significant
part in the regulation of enzyme functions. Ions such as Zn2+, Ca2+, Fe3+, and Mg2+ can
bind to enzyme molecules on special regulatory sites, causing conformational changes,
and thus affect the binding between the substrates and enzymes and thus accelerates
or inhibits enzymatic activity.
Enzymes tend to be very expensive in large‐scale production. High activity and great
stability of enzymes is of the most importance for enzymatic catalysis. The
development of novel techniques for enhancing enzyme productivity and increasing
their shelf life are thus becoming urgent demands for the world’s biotechnological
industries. The reusability factor of these bio‐derived catalysts becomes important for
their large‐scale commercialization. In fact, although enzymes exhibit powerful
functionalities in vivo, for application in the in vitro environment, they have many
limitations. The harsh conditions of industrial processes increase the possibility of
enzyme destabilization and shorten their bioactive lifetimes. Due to the vulnerable
delicate structures of proteins, changes in the local environment (e.g. pH, temperature,
ionic strength, the presence of organic solvents) can cause unfavorable structural
changes of the enzyme, which are critical for their specific functionalities.278 To
maintain their structural stability during any biochemical reaction is highly requested.
To solve this problem, re‐engineering enzymes with maximal performance in the given
environments has been constantly pursued. Of the most popular are enzyme
immobilization techniques,279 in which enzymes are entrapped or attached physically
or chemically to a support substrate, which stabilizes them and prevents them from
any free movement. The immobilized enzymes are more robust and more resistant to
environmental changes compared to free enzymes in solution. The heterogeneous
system between enzymes and carrier materials provides numerous advantages
including facilitating easy separation of the enzyme system from the reaction mixture,
enhancement of reusability over successive catalytic cycles, continuous operation or
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rapid termination of enzymatic reaction, various bioreactor designs and so on. The type
of carrier materials plays a vital role in the enzyme immobilization technique due to
their strong impact on the resulted catalytic system. A very broad types of materials280
have been used as stable and efficient supports for enzyme immobilization, which
mainly be divided into inorganic, organic, hybrid and composite materials (Figure 1.19).
Accordingly, different immobilization methods have been developed, such as
entrapment, encapsulation, adsorption, covalent binding and cross‐linking. It is
impossible to find a universal carrier for enzyme immobilization since requirements for
different enzyme and application are unique. The selection of the appropriate
immobilization method is strongly related to the carrier materials used, and most
importantly, depends on the type of the enzyme as well as the varied catalytic process
conditions. Both chemical and physical features of carrier materials are vital. Chemical
properties include chemical composition, active sites available for interaction with an
enzyme, and chemical stability. For physical characteristics, factors such as surface area,
thermal stability, suitable shape and size, insolubility in the reaction medium, and
hydrophilic character, etc., are considered important.

Figure 1.19 Selected examples of materials used for enzyme immobilization. Produced
according to ref.280
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1.3.3.2 Assembly of enzymes on DNA nanostructures
A big advantage of nucleic acid‐based nanostructures is their sequence‐driven
programmability, nanoscale addressability of created objects and versatility of nucleic
acid‐biomolecules conjugation strategy. Materials such as inorganic nanoparticles,281
enzymes,282 and aptamers283 have been incorporated into DNA nanostructures. In
particular, the precise localization of enzyme cascades on DNA scaffolds and the
resulting enhancement of the cascade throughput has been one of the most exciting
topics in recent years. These DNA nanostructures can not only provide a programmable
tool for the spatial organization of enzymes at specific sites but also regulate their
activities on the nanoscale. To date, lots of work has proved that DNA structures can
effectively enhance enzyme catalysis, improve enzyme stability and create efficient
multistep cascades. It is very easy to directly conjugate enzymes to an oligonucleotide
or attach them to DNA through a specific binding motif,284 such as STV/NTV–biotin
noncovalent interactions, bifunctional chemical crosslinkers, and self‐ligating protein
engineering, DNA‐binding adaptor (GCN4) and modular adaptors, and so on. Although
the mechanism is still under debate,285 lots of studies have shown observations that
placing enzyme cascades within nanometers of each other on a DNA scaffold can give
rise to several‐fold enhancement of the cascade throughput (Figure 1.20). For example,
Fu and co‐workers286 positioned an individual GOx‐HRP pair involved in an enzymatic
cascade on specific DNA origami tiles with controllable separation. A several‐fold
enhancement of the cascade throughput comparing to that of free GOx and HRP
molecules in solution was always observed, and a closer placement gave a higher
overall activity. Liu and co‐workers287 reported a DNA tweezer to create an
enzyme/cofactor pair (G6PDH enzyme and its cofactor NAD+) that can be turned on and
off by the use of a DNA fuel strand. Another work done by Fu and co‐workers288
described that enhanced catalysis can be realized through the positioning of a NAD+‐
modified artificial swinging arm between two enzymes involved in a cascade reaction
which utilized this cofactor in which the artificial swinging arm could facilitate hydride
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transfer between two coupled enzymes. Enhanced catalysis was realized in this system
because of the locally high effective concentration of the cofactor. Zhao and co‐
workers289 reported an approach for constructing DNA nanocages to excapsulate an
enzyme with enhanced catalytic activity and stability, enzymes were first attached to
half‐cages individually, and short‐bridge DNA strands that hybridize with the
complementary ssDNA sequences extending from the edges of either half‐cage were
added to link two half‐cages into a full‐cage. It is believed that by positioning the
enzymes together in close proximity, the activity would be enhanced due to substrate
channeling between the two enzymes. Moreover, the unique environment provided by
the high negative charge of DNA structures, particularly DNA origami, that contributed
to the significant activity enhancement.

Figure 1.20 Functionalization of DNA nanostructures for enzymatic studies. (a) Assembly of a
GOx‐HRP enzyme cascade on a DNA origami scaffold with controllable separation distances.
Adapted with permission from ref.286 Copyright (2012) American Chemical Society. (b) An
enzyme (G6pDH and MDH) cascade organized on a DNA DX tile, with a NAD+‐modified artificial
swinging arm to facilitate the transfer of hydrides. Adapted with permission from ref.288
Copyright (2014) Nature publishing group. (c) A DNA tweezer‐regulated enzyme nanoreactor:
displacement of the set strands from the regulatory loop by fuel strands leads to an on/off
65

transition of the G6PDH‐NAD enzyme‐cofactor pair in close proximity. Adapted with
permission from ref287 Copyright (2013) Springer Nature. (d) DNA nanocage‐encapsulated
enzymes with controlled stoichiometry. Individual enzymes were first attached to half‐cages,
then the GOx‐HRP enzyme cascade was formed by the assembly of a DNA nanocage. Adapted
with permission from ref.289 Copyright (2013) Springer Nature.
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1.4 Summary and Scope of Thesis
Nucleic acids, as fundamental molecules, have already had a revolutionary effect on
science and modern molecular biology. Due to their genetic nature and molecular
recognition properties, nucleic acids hold great promise for technological progress for
both biological and non‐biological utility. Decades of research have led to the rapid
molecular exploration of nucleic acids and their application in various areas, and the
revolution is continuing at a great pace. The aim of this PhD work is to explore the
capability of nucleic acid as a fundamental tool for both diagnostic purpose and
structural applications.
As genetic materials, nucleic acid‐based biosensors are of great interest due to their
great sensitivity and selectivity. The unique structure and highly‐selective target‐
binding interactions of nucleic acids provide a platform for engineered systems with
structural and mechanistic complexities. This is excellent for constructing biosensing
mechanisms. In order to develop a nucleic acid‐based biosensor with rapid, sensitive,
selective, and quantitative capability to particular targets in complex matrices,
nanoscience and nanomaterials such as QDs are being developed continuously. The
integration of QDs into biosensors has raised great expectations with respect to
enhancing sensitivities, lowering detection limits and allowing multiplexed detection.
There have been considerable advances in the QD system, however, there are still
hurdles that must be overcome. For example, synthesis of high‐quality QDs with
maximal performance in physiological conditions, or even harsh environments such as
untreated bodily fluids (e.g. saliva, urine, blood), where, nanoparticles face challenges
from various interferent molecules, different ionic concentrations, and pH. Moreover,
in order to improve the sensitivity of QD‐based biosensing systems, amplification steps
are always required, such as enzyme‐mediated amplification steps. However, the assay
conditions required for enzyme‐mediated amplification are typically not favorable for
QD stability and performance. Many enzyme solutions and incubation buffers have
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thiolated species (e.g. dithiothreitol, DTT) added to stabilize the enzyme, however,
these species are particularly harmful to QDs due to the inherent attraction to QD
surfaces,290 with subsequent displacement of attached species and ultimately leading
to colloidal instability.291‐292 Enzyme storage and reaction buffers will typically come
with a variety of ions present, for example, Na+, K+, and Mg2+, which can destabilize the
QDs by charge‐screening and interference with exciton recombination.293‐294
Temperature stability is another problem when using QDs in sensing systems where
enzyme‐mediated amplification is performed, as temperatures exceeding 50 °C are
commonly employed. To meet these challenges, a wide range of physical, chemical,
biological and physiological factors and conditions must be taken into account, and
great care must be taken not only over the quality of nanoparticle cores but also the
surface functionalization of nanoparticles to control the interface between
nanomaterials and biosystems. In the chapter 2 of this thesis, optimization of protocols
for synthesizing QD‐DNA constructs and their applications in biosensing assays are
discussed, including methodologies to transfer QDs from organic solvents to water,
create compact capping layers and attach biofunctional molecules to them with
minimal perturbation of the QD properties (chapter 2.2). Properties of prepared QD
including particle sizing, long‐term stability, spectroscopic characterization and FRET
efficiency are discussed. In addition, a microRNA assay is designed using QDs, simple
DNA probes, and the enzyme duplex‐specific nuclease (DSN)‐based isothermal target
recycling (chapter 2.3). The proposed method is then compared to qRT‐PCR for the
quantitative analysis of miR‐21 in biological samples which are rarely interrogated using
QD‐FRET assays due to the challenging nature of their complex composition.
As construction materials, nucleic acid‐based nanomaterials have emerged as powerful
building blocks for the bottom‐up fabrication of two or three dimensional nano‐ and
micron‐sized constructs which are arbitrarily spatially well‐controlled. Due to their
sequence‐driven programmability and versatility of functionalization strategy, the
nucleic acid structures provide excellent scaffolds to immobilize enzymes and regulate
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their activities on the nanoscale. DNA as a pioneer building material in nucleic acid
nanotechnology has been extensively explored. In particular, the invention of DNA
origami is marked as a milestone in the development of nucleic acid nanotechnology.
However, to form a well‐defined 3D DNA origami scaffold, nearly 200 unique
oligonucleotides with complex preparation procedures such as computational design is
required. Moreover, low production scale and the formation of unpredictable
secondary structures placed more challenges for their wide use. In comparison, nucleic
acid‐based structures assembled through more efficient and low‐cost enzymatic
amplification method are much less explored. Additionally, the utility of RNA in the field
of nanotechnology which resembles DNA nanotechnology in similar ways has been
progressed relatively slowly, and using RNA structure as a platform for enzyme study is
rarely reported. In the chapter 3 of this thesis, the study is focused on construction and
characterization of nucleic acid‐based hierarchical porous nanostructures and
presenting a concept of exploiting such constructs as scaffolds for enzyme
immobilization and activity study. The nucleic acid‐based nanostructures are formed
by rolling circle replication. Various characterization techniques are applied to
understand the composition and structure of the nanostructures, and different
methods are taken for immobilizing protein or enzymes onto the nanostructures.
Enzyme activity on the nanostructures is then compared with the free ones to address
their performance with assistance of nucleic acid substrates. The content in this study
is expected to lead to more practical use of nucleic acid‐based nanostructures for
numerous applications.
To summarize, this thesis presents a broad study of nucleic acids, both for diagnostics
with assistance of semiconductor QDs, and nanotechnology based on rolling circle
replication method. It is an original contribution to both the field of biosensing and the
field of biomaterials.
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CHAPTER 2 NUCLEIC ACID DETECTION USING QUANTUM DOTS AS
DONORS IN FLUORESCENCE RESONANCE ENERGY TRANSFER

2.1 Scope of This Chapter
FRET is highly distance dependent (1/r6, where r is the donor‐acceptor separation
distance). This dependence tends to complicate the facile application of QD, as it
necessitates that the surface coating must be of a minimal thickness, introducing an
inherent compromise between QD protection and FRET functionality. Commercial
streptavidin‐coated QDs (SA‐QD)141, 144 have often been used in QD‐DNA biosensing
systems. These enable quantitative attachment of DNA probes without depleting QD
brightness.129 However, there is low FRET efficiency due to the relatively large size of
streptavidin (ca. 5 nm), which greatly increases the overall distance between the QD
and FRET partners on DNA probes. This lowers FRET efficiency and the ultimate sensing
limit. Unfortunately, direct attachment of DNA to QDs does not typically yield very
stable particles (in contrast to gold nanoparticles), so this is not commonly a viable
option. There has been great progress in the design of compact surface ligands that
stabilize QDs and facilitate bioconjugation. However, there is still progress to be made
for QDs to become versatile enough for use in the most challenging sensing conditions,
such as when co‐employed with enzymes.
In this chapter, the optimization of protocols for synthesizing QD‐DNA constructs and
their applications in biosensing assays are discussed. In section 2.2, the study is mainly
focusing on methodologies to transfer QDs from organic solvents to water, create
compact capping layers and attach biofunctional molecules to them with minimal
perturbation of the QD properties. Core/shell QDs in organic solvent were made water‐
soluble by a ligand‐exchange reaction with a dihydrolipoic acid (DHLA)‐based
zwitterionic ligand. This ligand is synthesized appended to a bidentate DHLA anchor
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group, allowing for high‐affinity attachment to QD surface, and simultaneously having
tertiary amines along with carboxyl and hydroxyl groups for aqueous stability.
Properties of prepared QD including particle sizing, long‐term stability, and
spectroscopic characterization are discussed. Commercial glutathione for QD capping
exchange was presented, and the properties of GSH‐QD were studied as a comparison.
Chemo‐selective, aniline‐catalyzed hydrazone coupling chemistry was then used to
conjugate a hexahistidine (His6) peptide to amine‐functionalized DNA (HisDNA), which
allowed them to ratiometrically self‐assemble onto the hydrophilic QDs. The FRET
efficiency from zwitterionic ligand‐coated QD and HisDNA conjugates were then
compared with commercial streptavidin‐coated QDs and biotin‐DNA.
In section 2.3, a microRNA assay using bright fluorescent zwitterionic ligand‐coated
QDs, simple DNA probes, and the enzyme duplex‐specific nuclease is developed. The
assay employed an isothermal target recycling mechanism, where a single miRNA
target triggers the cleavage of many DNA signal probes. The incorporation of DNA‐
functionalized QDs enabled a quantitative fluorescent readout, mediated by FRET‐
based interaction with the DNA signal probes. This approach splits the reaction in two,
performing the enzyme‐mediated amplification and QD‐based detection steps
separately such that each reaction could be optimized for performance of the active
components.
Moreover, the integration of a solid‐phase QD−FRET nucleic acid hybridiza on assay on
a paper‐based platform was investigated in section 2.4. Cellulose chromatography
paper substrates were applied and optimized for efficient immobilization of QD. For
DNA detection, QD−DNA conjugates were assembled in solu on before immobiliza on
on the surface of the paper that was modified with imidazole ligands in a two‐step
synthetic protocol. The preliminary result of QD−FRET hybridiza on assay showed great
promise.
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2.2. QD Preparation and Characterization
2.2.1 Experimental methods
2.2.1.1 Reagents
CdSe/ZnS core‐shell QDs (1 μM in decane) with a nominal emission wavelength of 605
nm (QD605), Alexa Fluor 647 (AF647) carboxylic acid were purchased from Invitrogen;
CdSe/ZnS core‐shell QDs (1 μM in decane) with a nominal emission wavelength of 617
nm (QD617) were purchased from Ocean nanotechnology. CdSxSe1‐x/ZnS core‐shell QDs
(2μM in toluene) with a nominal emission wavelength of 525 nm (QD525), 545 nm
(QD545), 575 nm (QD575), 630 nm (QD630) were purchased from Sigma‐Aldrich
(Gillingham, UK). Streptavidin‐coated QDs (SA‐QD ITK), with the nominal emission of
570 nm, were purchased from Life Technologies (UK). P‐formylbenzoic acid N‐
hydroxysuccinimide ester was purchased from Research Organics (USA). PD‐10 gel
permeation columns and Ni‐NTA agarose resin were obtained from GE Healthcare and
Qiagen, respectively. Rhodamine 6G (99%) and chloroform (CHCl3), dichloromethane,
methanol (MeOH), ethanol, acetonitrile, 2‐ propanol and hydrochloric acid, decane,
toluene, hexane, ethylenediamine (EDA), sodium borohydride, lithium chloride, lithium
hydroxide, Tetramethylammonium hydroxide solution, L‐Glutathione reduced ≥98.0%
were from Sigma‐Aldrich (Gillingham, UK). Buffers were prepared with purified water
(Milli‐Q water purification system). Buffers that were used included: borate buffer (pH
9.25, 50 mM), borate buffer (pH 8.3, 50 mM), 50 Mm borate buffer saline (pH 9.25, 100
mM NaCl), 50mM borate buffer saline (pH8.3, 150 mM NaCl) Tris‐borate buffer (pH
7.44, 50 mM) and Tris‐borate (pH 7.4, 50 mM, 50 mM NaCl), HEPES (pH 8.0, 100nM).
1‐(3‐aminopropyl) thioctic acid, CDI, methyl acrylate, sodium borohydride (≥98%),
bovine serum albumin (fraction V, 96%), sodium dodecyl sulfate (SDS, 99%), sodium
(metal) periodate (≥99%), Tris/boric acid/EDTA (TBE) buffer, DNA ladders (10 bp and
100 bp), Blue Juice gel loading buffer, and SYBR gold nucleic acid gel stain were
purchased from Thermo Fisher Scientific (UK). HPLC‐purified oligonucleotides were
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purchased from Integrated DNA Technologies and directly used. The sequences of the
oligonucleotides used in section 2.2 are listed in Table 2.1.
Table 2.1 Oligonucleotide sequences for QD‐FRET test
Name

Sequence

Dye‐DNA Probe

5’‐AF594‐ ACA AAG TTC TGT AGT GCA CTG A‐3’

Amine‐DNA (Fully Complementary)

5’‐GTG CAC TAC AGA ACT TAA A‐amine‐3’

Biotin‐DNA (2 Base Mismatch)

5’‐GTG CAC TAC AGA TAT TAA A‐biotin‐3’

‘AF594’ indicates Alexa Fluor 594.

Letters in red indicate the mismatched bases.

2.2.1.2 Instruments and methods
UV−vis absorbance spectroscopy and fluorimetry: UV−vis absorbance spectra were
recorded on a Perkin‐Elmer lambda UV−vis spectrometer using quartz cuve es (Hellma
Analytics, Germany). For determining the quantum yield, fluorescence emission
spectra were acquired on a Fluorolog‐3 spectrometer (Horiba Jobin Yvon).
Fluorescence quantum yields were measured at RT using Rhodamine 6G in ethanol (ΦF
= 0.93) as a standard.
Dynamic light scattering (DLS) and zeta‐ potential: The hydrodynamic diameters were
measured using the Malvern Zetasizer with disposable cuvettes. The DLS
measurements were performed three times and each measurement consisted of 20
runs at RT. With the same equipment, the zeta potential was measured using
disposable capillary cells (DTS1070).
Transmission electron microscopy (TEM): The core size of both organic QD and aqueous
QD were measured by TEM. TEM imaging was performed on a TEM JEOL JEM‐2000 FX
microscope. The QDs were diluted and deposited on carbon‐coated copper grids and
allowed to dry before measuring.
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Determination of NP concentration: Concentrations of NPs can be determined using
spectroscopic methods, where according to the Beer‐Lambert law (equation 2.1), the
absorbance (A) which is the common log of the incident light intensity (I0) divided by
the transmitted light intensity (I) is related to the molar extinction coefficient (ε) and
molar concentration (C) of the QDs for a given path length (L)

A   log10  I I 0    cL

(2.1)

The path length of the cuvette used in the spectrometer is 1 cm. Extinction coefficients
for the commercial QD, UV−vis spectroscopy was used to determine the concentra on
of prepared solutions. The molar extinction coefficients of different QDs are shown in
Table 2.2.295
Table 2.2 Molar extinction coefficients for three different QDs in the current study
ε(532 nm) / M‐1cm‐1
QD605
(Life tech)
QD575
(Cytodiagnostics)

ε(552 nm) / M‐1cm‐1

ε(504 nm) / M‐1cm‐1

6.5 × 105
2.2 ± 0.1 × 105

QD525
(Cytodiagnostics)

2.1 ± 0.1 × 105

2.2.1.3 Transfer of QDs via ligand exchange method
Method 1: Phase transfer of QDs with zwitterionic ligand
Preparation of the ligand compound: 1,1'‐Carbonyldiimidazole (CDI) (2.59 g, 1.60×10‐2
mol) and thioctic acid (3.00 g, 1.45×10‐2 mol) was added to a 100 mL flask, and purged
with N2 gas. Dichloromethane (DCM) (25 mL) was added to the above mixture using a
syringe. The reaction mixture was stirred at room temperature (RT) for 1 h. The reaction
solution was transferred to an addition funnel and added dropwise over 1 h into a
mixture of ethylenediamine (8 mL, 1.2x10‐1 mol) and of DCM (25 mL) in a round‐bottom
flask at RT. The reaction mixture was further stirred at RT overnight and transferred to
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a separation funnel. DI water (50 mL) was added twice to the mixture and the DCM
layer was collected. The aqueous layer was further washed with NaOH (50 mL) twice
and with brine (50 mL) once. The combined organic layers were concentrated to ca. 15
mL by the evaporator and redissolved in a mixture of methanol (50 mL) and methyl
acrylate (10 mL, 1.1x10‐1 mol). The reaction mixture was stirred at RT for 2 days and
the solvent and excess methyl acrylate was evaporated. The residue was separated
through chromatography on silica gel with chloroform/methanol (20:1) as the eluent.
The ligand compound was checked using 1HNMR spectra with CDCl3. An overview of
the synthetic procedures for the ligand compound is shown in Scheme 2.1.
Ester hydrolysis, ring‐opening of compact Ligands: NaOH (2.09 mg, 7.5×10‐5 mol) was
added to a mixture of product (30.7 mg, 7.9×10‐5 mol), ethanol (200 mL), and DI water
(100 mL). The reaction mixture was stirred at RT for 2 h. The pH of the solution was
adjusted to pH 8 using 10% HCl. Then sodium borohydride (NaBH4) (6 mg, 1.59×10‐4
mol) was added to the aqueous solution and further stirred at RT for 1.5 h. Any
precipitated salts in the solution were removed by centrifugation, followed by
adjustment of the pH to 7 with 10% HCl prior to the phase transfer experiment. All the
reactions described in this section were performed under nitrogen gas.

Scheme 2.1 The synthetic scheme for the ligand compound.

Transfer of QDs via ligand exchange with zwitterionic ligand: Organic hydrophobic
ligand‐coated QD575 (for instance, since we have used different QDs from different
companies) (0.3 nmol in 300 μL of decane) was precipitated using acetone and
redissolved in 200 μL of chloroform (CHCl3). The solution was then injected into the
ligand solution by syringe under vigorous stirring. The biphasic mixture was stirred at
RT overnight under N2. The chloroform layer was discarded, followed by collecting of
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the aqueous layer using a syringe. To remove excess zwitterionic ligands and other
byproducts, the QD dispersion was then washed with DI water (three times) using
ultracentrifugal filter units (Amicon Ultra, Ultra‐15, MWCO 50 K) at 7,179 rcf for 5 min.
The purified zwitterionic‐QDs were subsequently re‐suspended in borate buffer (50
mM, pH 8.3) and stored at 4 ˚C before use.
Method 2: Phase transfer of QDs with glutathione (GSH)
Preparation of ligand solution by adding 200 mg of commercial GSH into 600 μL
Tetramethylammonium hydroxide (TMAH) solution. Organic QDs (1 nmol) were
precipitated from toluene using 2 mL MeOH by centrifuging at 12,700 rpm for 10 min.
Particles were then redissolved in 2 mL CHCl3. Mixed GSH/TMAH solution with
QD/CHCl3 solution and the biphasic mixture was stirred at RT overnight. Next morning,
added 300 μL of 50 mM borate buffer (pH 9.25, 250 mM NaCl) to the mixture solution
and collected QD layer, discarding the organic layer. Ethanol was then added to the
aqueous solution containing QD until the solution became turbid. The whole solution
was then centrifuged at 7,500 rpm for 10 min to obtain a pellet of QD. To remove excess
ligands and other byproducts, the QD was then washed with DI water (three times)
using ultracentrifugal filter units (Amicon Ultra, Ultra‐15, MWCO 50 K) at 7,179 rcf for
5 min. The purified GSH‐QDs were subsequently re‐suspended in borate buffer (50 mM,
pH8.3) and stored at 4 ˚C before use.
2.2.1.4 Calculation of QY
The comparative method proposed by Williams296 was used to calculate QY,

which

uses well characterized standard samples with known QY for comparison. Here, we use
Rhodamine 6G as standard samples. The whole process is as follows:
1. Measure the UV‐vis absorbance spectrum of the solvent for dissolving Rhodamine
6G. Note down the absorbance at the excitation wavelength.
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2. Measure the fluorescence spectrum of the Rhodamine 6G. Calculate the integrated
fluorescence intensity from the fully corrected fluorescence spectrum.
3. Repeat above two steps for five solutions with increasing concentrations of the
Rhodamine 6G.
4. Plot a graph of integrated fluorescence intensity versus absorbance. The result
should be a straight line with gradient X.
Repeat the same process for QD solution.
All the fluorescence spectra must be recorded with consistent fluorimeter
configurations. The gradients of the graphs obtained are proportional to the QY of the
different samples. Using standard Rhodamine 6G values, absolute values for the QDs
can be calculated according to the following equation 2.2:

 Grad X   X2 
 X   ST 
 2 
 Grad ST  ST 

(2.2)

Where ST is a standard sample, X is the test sample, Φ is the fluorescence quantum
yield, Grad is the gradient from the plot of integrated fluorescence intensity vs
absorbance η is the refractive index of the solvent.
2.2.1.5 Long‐term pH and salt stability study
Long‐term stability was checked in different pH buffer solution and high concentration
salt solution. DLS was used to determine the colloidal stability of all the QDs dispersed
in target solutions. All the QDs particles were dispersed in the buffer at a concentration
of 100 nM for the measurement. These solutions were filtered through a 0.45 µm
syringe filter membrane to remove any dust impurities and kept in sealed vials at 4
for long duration measurements. The vials were placed into an ultrasonic bath for
approximately 10 s prior to each experiment. Samples were measured at 25.0 ± 2.0 °C.
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Each run took about three minutes, and three measurements were taken for each
system and averaged out.
pH stability test: QD samples were dissolved in buffer solutions of different pH. Buffer
solutions were prepared as follows: pH 3 and 6 (0.1 M AcOH + 0.1 M NaOAc), pH 7 and
9 (50 mM Tris + HCl), pH 11 (25 mM NaHCO3 + NaOH), and pH 12 (50 mM KCl + NaOH).
All samples were stored at 4

and periodically removed for imaging (images were

taken under hand‐held ultraviolet (UV) lamp by commercial iPhone).
Salt stability test: QD samples were suspended in 1 M NaCl solutions. The samples were
stored at 4

and periodically removed for imaging. (The images were taken under

hand‐held ultraviolet (UV) lamp by commercial iPhone).
2.2.1.6 Preparation of QD‐DNA bioconjugation and FRET test
Histidine Peptides Synthesis: Histidine peptide [HYNIC‐Gly‐Gly‐Ala‐(His)6] was
synthesized by in situ neutralization cycles of Boc‐solid‐phase peptide synthesis (Boc‐
SPPS), followed by modification with 2‐hydrazino nicotinoyl (HYNIC) at the N‐terminal,
following published protocols.297 In brief, the peptides were prepared by coupling
reaction for ca.4 h with MBHA (4‐methylbenzhydrylamine) resin (0.1 mmol, Peptides
International, 0.65 mmol/g), amino acid (1.0 mmol), HCTU/HOBt(2‐(6‐chloro‐1H‐
benzotriazole‐1‐yl)‐1,1,3,3‐tetramethylaminium

hexafluorophosphate)

/

N‐

hydroxybenzotriazole) (1.0 mmol, 0.4 M solution in dimethylformamide 1:1), and (N,N‐
diisopropylethylamine) (DIPEA) (2 mmol). Peptides were cleaved from the resin after
chain assembly by using hydrogen fluoride and anisole (10%) for 1 h. Succinimidyl 4‐
formylbenzoate (1.5 equiv) and DIPEA (7 equiv) in CH3CN/H2O solution (1:1) were used
to couple 4FB to the N‐terminus of the desired peptide. All peptides were purified by
high performance liquid chromatography (HPLC) and characterized by electrospray
ionization mass spectrometry and stored as a pellet at ‐20 °C.
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Chemoselective Ligation of Amine‐Functionalized DNA to HYNIC‐His6: Following the
procedure published by Medintz et al.298 as illustrated in Scheme 2.2, To prepare
aldehyde modified‐DNA, 50 nmol DNA (1 mM in 1X PBS, pH 7.4) was first reacted with
1 µmol p‐formylbenzoic acid‐nhydroxysuccinimide ester (100 mM in DMSO) at room
temperature for overnight. The reaction mixtures were then purified on PD‐10 gel
permeation columns transferring into ammonium acetate (100 mM, pH 5.3). The
histidine peptide‐DNA conjugate was prepared through chemoselective ligation using
the following: 300 µL of 16.8 mM aniline/DMSO stock solution was added to the
purified DNA, then reacted with 21 nmol HYNIC‐modified His6 (21 mM in DMSO) on
rollers at RT overnight. On the next day, non His6‐functionalized molecules from the
reaction solution were removed using a Ni‐agarose column. Further impurities were
removed using a PD‐10 column and His‐tagged DNA was transferred into nuclease‐free
water (NF water). Concentrations were determined with the molar extinction
coefficients of the DNA absorbance at 260 nm (provided by IDT), and hydrazine bond
at 354 nm (29,000 M‐1 cm‐1). All absorption spectra were taken on the NanoDrop 2000c
spectrophotometer (Thermo‐Fisher Scientific, U.K.). The coupling products were
confirmed by 15% denaturing PAGE analysis in 1× TBE buffer.

Scheme 2.2 Schematic of the aniline‐catalyzed hydrazone ligation between aldehyde and
hydrazine functionalities utilized to join the DNA to the (His)6‐peptide. (Peptide sequence:
HYNIC‐GlyGlyAla‐ (His)6).
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Characterization of QD‐HisDNA Conjugate using Gel Electrophoresis: Samples were
prepared by incubating increasing molar ratios (0‐30) of the HisDNA with the same
amount of the QDs (5 pmol). The assembled QD‐HisDNA samples were mixed with 25 %
glycerol loading buffer and then run on 1.5 % agarose gel using 1x TBE buffer (90 mM
Tris‐borate, 2 mM EDTA, pH 8.3) for 20 min. QD migration in the gel was monitoring
with a BioRad Gel Image Analyzer.
Characterization of QD‐HisDNA Conjugate by FRET test:
① FRET test 1(ssDNA detection): QDs were mixed with the indicated molar ratios of
HisDNA in borate buffer (50 mM, pH 8.3) and incubated for 30‐60 min prior to use in
an assay. In a typical preparation, QD‐HisDNA conjugates (2 nM, 15 HisDNA per QD) in
nuclease‐free duplex buffer (30 mM HEPES, 100 mM potassium acetate, pH 7.5) were
prepared. Dye‐labeled target oligonucleotide sequences in CutSmart® Buffer (50 mM
potassium Acetate, 20mM Tris Acetate, 10mM Magnesium Acetate, 100 g/mL, PH 7.9)
were added into each well containing QD‐HisDNA conjugates with the desired ratio.
The mixture was incubated at RT for 40 min. Fluorescence emission was recorded for
both the QD and the dye using an EnSpire® Multimode Plate Reader (Perkin Elmer).
② FRET test 2 (dsDNA detection): HisDNA‐Dye‐probe duplex with 1:1 ratio was
prepared in CutSmart® Buffer (50 mM potassium Acetate, 20 mM Tris‐Acetate, 10mM
Magnesium Acetate, 100 g/mL, PH 7.9) by incubating at RT for 40 min. The increased
amount of duplex was added into QD solution with the desired ratio, allowing His‐
appended duplex loading to QD surface at RT for 30 min. Fluorescence emission was
recorded for both the QD and the dye using an EnSpire® Multimode Plate Reader
(Perkin Elmer).
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2.2.2 Results and discussion
2.2.2.1 Characterization of zwitterionic ligand
The zwitterionic ligands used here were introduced by Kimihiro Susumu299 and co‐
workers. The ligands were designed to be very compact while still having zwitterionic
character.

Ligands were synthesized based on lipoic acid. For the final compound, 1H

NMR (400 MHz, CDCl3): δ = 6.54 (1H, br s), 3.70 (6H, s), 3.60 (1H, dd, J = 8.2, 6.3 Hz),
3.34 (2H, t, J = 5.1 Hz), 3.07‐3.25 (2H, m), 2.68‐2.84 (4H, m), 2.38‐2.58 (7H, m), 2.24
(2H, t, J = 7.5 Hz), 1.86‐2.01 (1 H, m), 1.62‐1.78 (4H, m), 1.41‐1.58 (2H, m) ppm. The
structure of the ligand is very simple, having a bidentate thiol group on one end, giving
high‐affinity to QD surface, and the tertiary amines along with two carboxyl groups at
the other end for colloidal stability (Figure 2.1). The combination of a tertiary amine,
carboxyl, and hydroxyl group was used to mimic the zwitterionic nature of the surface
of proteins, which exhibit positive and negative residues across their surfaces.300

Figure 2.1 Chemical structures of lipoic acid and the lipoic acid‐based zwitterionic ligands.

This ligand was expected to hold a deprotonate state over a broad range of pH. Because
the acid dissociation constant (pKa) of an alkyl carboxylic acid is 4.8,301 it should be
mostly ionized (deprotonated) at pHs above 4.8. The pKa of a tertiary amine group is
10.7302 and it will be mostly ionized (deprotonated) at pH below 10.7 (Figure 2.2 ).
Moreover, since the carboxylic acid hydroxyl groups have strong tendency to form
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hydrogen bonds in water, aqueous solubility is thought to be improved further by a
strong hydrogen‐bonded network around the particles.301

Figure 2.2 The ligand deprotonated accordingly to low/high pH in solution.

2.2.2.2 Transfer of QD via ligand exchange in two‐phase solution
A biphasic mixture method was used for the ligand exchange, as shown in Figure 2.3a.
The organic hydrophobic QDs in CHCl3 were injected into the ligand solution with
vigorous stirring under N2 atmosphere. Then QDs were gradually transferred from the
CHCl3 layer to the ligand layer in few hours Figure 2.3b. The working mechanism of
phase transfer was demonstrated in Figure 2.3c. In the presence of a large number of
ligands (zwitterionic ligand for an instant in the figure), the original TOPO ligands were
gradually replaced by the new ligands since the thiol/bidentate thiol group of the new
ligands has a higher affinity to the QD surface. The reactions are simple, and the as‐
prepared new QDs were compact and highly soluble in water as a result of the compact
and hydrophilic zwitterionic ligand capping layer (ZL‐QD).
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Figure 2.3 Transfer of QD via ligand exchange in two‐phase solution. (a) Schematic illustration
of cap exchange process for QD phase transfer.

(b) Luminescence images of 575 nm emitting

CdSxSe1‐x/ZnS QDs before and after ligand exchange in the mixture of DI water and toluene.
QDs were excited with a hand‐held UV lamp at 365 nm. (c) Schematic depiction of phase
transfer of TOP/TOPO‐QDs from CHCl3 to water.

2.2.2.3 Characterization of water‐soluble ZL‐QD
Optical properties:

PL and absorption spectra were recorded for QDs capped with the

original hydrophobic ligands in organic solvent and the new zwitterionic ligand in the
buffer. As shown in Figure 2.4, different colors of QD were prepared through phase
transfer with the zwitterionic ligand.
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Figure 2.4 Absorption and PL spectra of QDs with original hydrophobic ligands in hexane and
with zwitterionic ligand in the buffer. Inset: QDs with multiple colors were excited with a hand‐
held UV lamp at 365 nm. (a) 545 nm emitting CdSxSe1‐x/ZnS QDs, (b) 575 nm emitting CdSxSe1‐
x/ZnS

QDs, (c) 605 nm emitting CdSe /ZnS QD, (d) 655 nm emitting CdSxSe1‐x/ZnS QDs.

The absorption spectra were essentially unchanged before and after ligand exchange,
and occasionally showed a few nanometers shift from batch to batch, such as 575 nm
emitting CdSxSe1‐x/ZnS QDs (Figure 2.4b). The blue shift here is most likely due to the
surface etching of QDs from the large dose of thiol ligands because of the dithiol
structure.303 The surface etching can be further reflected by the PLQY of QDs
transferred from organic to the aqueous phase. As mentioned in section 1.2.3, the
optical properties of QDs depend to a large degree on the quality of the nanocrystal.
The quality of pre‐synthesised organic QDs has a great impact on the resulting QDs
after phase transfer, especially the quality of ZnS shell. With this kind of ligand, it is
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possible to synthesize QDs with any color needed, which enables QD‐based multiplexed
detection in the following applications.
Quantum yield: It is very common to see a deterioration of the QY of QDs after being
transferred from organic solvent to the aqueous media as a result of incomplete
surface passivation and charge effects. Due to the existing of defects in the shell or the
insufficient thickness of the shell, despite the protective inorganic shell, the optical
properties of the core can still be influenced by the surrounding environment (e.g. pH,
ions). QY for the CdSxSe1‐x/ZnS core/shell QDs used in this study was ca. 55% (in toluene)
and 20% (in borate buffer). As the QY of QDs is also a function of the size and integrity
of the inorganic shell materials, different QDs showed different performances. For
example, 605 nm ITK emitting CdSe/ZnS core/shell QDs were found to maintain
relatively high QYs after cap exchange: QY was ca. 70% in decane and 45% in the buffer.
617 nm emitting CdSe/ZnS QD from Ocean Nanotech had ca. 32.6 % in the organic
solvent, but dropped to ca. 2.9% after transferring to buffer (Figure 2.5). Given the
aggregate free transfer with some spectral blue shift, it was believed that surface
etching should be the main factor accounting for the decrease of QD QY.
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Figure 2.5 QY of QD from different companies before and after phase transfer. Rhodamine 6G
in ethanol was used as a standard. CdSe/ZnS QD627 was from Ocean Nanotech. CdSe/ZnS QD605
core/shell was from Life technology. CdSxSe1‐x/ZnS core/shell QD575 was from Cytodiagnostics.

Hydrodynamic size: DLS analysis was used to determine the hydrodynamic diameters
of zwitterionic‐QDs. The hard size of the CdSe/ZnS core/shell QD sample used in this
analysis is ca. 7.2 ± 0.25 nm (Figure 2.6a). For hydrodynamic diameters of QDs coated
with zwitterionic ligands, the number‐based size distribution was 7.45 ± 0.36 nm (Figure
2.6b). The differences in sizes here are mainly due to the thickness of the ligand layer
on the particle surface.

Figure 2.6 (a) High‐resolution TEM images of 605 nm emitting CdSe/ZnS QDs with original
hydrophobic ligands. (b) Hydrodynamic size distribution of zwitterionic‐QDs. Data was plotted
by scattering intensity, number, and volume.

From the analysis here, the as‐prepared zwitterionic QDs were smaller and more
compact compared with other aqueous QDs prepared using longer PEGylated or other
polymeric ligands to mediate QD solubility.87
Long‐term pH and salt stability: In order to evaluate the long‐term stability of the
zwitterionic‐QDs, PL image, QY, and hydrodynamic size stability was recorded over time
in different pH buffers, 1M salt, and two common bench buffers (50 mM borate buffer
86

(pH 8.3) and 1X PBS (pH 7)). Strongly acidic conditions (pH 3) rapidly led to fluorescence
quenching and precipitation of the QDs (Figure 2.7a). The reason can be the fact that
strongly acidic environment may cause nanocrystal surface etching or unstable ligand‐
QD bonds. But at higher pH, the QD dispersions were colloidally stable without obvious
fluorescence quenching for at least 4 weeks. This is attributed to the zwitterionic nature
of the ligands, which can display pKa capability in both the acidic and basic regime. Even
in 1M NaCl solution, QDs kept stable and fluorescent for a long time. This suggests that
as‐prepared QDs may be tolerant to biological ionic environments since the relevant
physiological salt concentration is ca. 150 mM.299 These QDs also showed great stability
for both hydrodynamic size and QY over a prolonged time (Figure 2.7b and c). The
number‐based size distribution of QDs was essentially unchanged after 5 weeks, and
the high QY of QDs in buffer was observed for at least a week, although it decreased
after two weeks, this is not thought to limit their use in bench experiments and
particularly when dried.
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Figure 2.7 Long‐term pH and salt stability of QD. (a) PL images for a set of 100nM as prepared
QD605 in different pH buffer and salt solution. (b) Hydrodynamic size, and (c) QY in borate buffer
over a long period.

2.2.2.4 Characterization of Histidine‐tagged DNA (HisDNA) and QD‐HisDNA conjugates
To check the conjugation efficiency, DNA concentrations were determined using DNA
absorbance at 260 nm using a Nanodrop (the molar extinction coefficients of DNA
depends on DNA sequence used for coupling) and the conjugated hydrazone bond was
quantitated using absorption at 354 nm (ε354 nm = 29 000 M‐1 cm‐1).
A typical UV spectrum of HisDNA conjugates is shown in Figure 2.8a, a strong DNA peak
at 260 nm and a relatively weak peak at 354 nm showed successful coupling. The
concentration of both DNA and hydrazone bond can be calculated separately. To better
understanding and characterization the coupling and wash efficiency, 15% denatured
PAGE Gel was used to check the purity of prepared HisDNA. As shown in Figure 2.8b,
four different batches of HisDNA products were compared with original DNA. Without
enough wash steps, a considerable amount of free DNA was left in the sample (batch
1, 2, 3), which would affect the assay, since all the QD‐DNA conjugates were directly
used in the following experiments without washing. As a result, the whole coupling and
wash steps need to be optimized well and each time the HisDNA product was checked
to meet enough purity before use (batch 4).
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Figure 2.8 Characterization of Histidine‐tagged DNA (HisDNA). (a) UV spectrum of HisDNA
conjugates. The concentration of DNA and hydrazone bond can be determined separately. (b)
15% denatured PAGE Gel was used to check the purity of HisDNA product.

The QD‐HisDNA conjugates with molar ratio of HisDNA to QD from 1 to 30 were verified
by agarose gel electrophoresis and subsequent FRET characterization. As shown in
Figure 2.9, the shift of the QD band upon conjugation with the HisDNA reflects a change
in electrophoretic mobility due to the increased number of DNA molecules on the QD
surface. A gradual decrease in the migration of QD‐HisDNA bands was observed with
the increase of HisDNA/QD ratio, indicating efficient assembly of HisDNA onto the QDs.
Such bands indicate a low distribution of DNA loading number across the population,
likely following a Poisson distribution.

Figure 2.9 Characterization of HisDNA‐QD conjugates with varied HisDNA on QD surface by 1%
agarose gel electrophoresis.

QDs are remarkable donors for FRET‐base detection methods for studying the
interactions between biomolecules. When the QD‐attached vector and the acceptor‐
attached vector are in close proximity, the excitation energy is transferred from the
donor to the acceptor, which, when non‐specific binding can be ruled out, is indicative
of the binding of two biomolecules. QD‐DNA conjugates have been demonstrated as
one of the efficient FRET systems which take advantages of specific DNA hybridization.
89

Here a versatile “signal‐off” strategy (fluorescence intensity of QDs decreases when
corresponding dyes are close to their surface) for DNA detection is shown in Figure 2.10.
Polyhistidine allows rapid binding of DNA probes (less than 30 min) to QDs via metal‐
affinity coordination (between the imidazole groups of the histidines and the Zn‐rich
QD surface). FRET interactions between the central QD donor and dye acceptors were
examined by hybridizing the complementary acceptor DNA probe to the QDs. This
approach offers rapid high‐affinity self‐assembly, with control over the number and
orientation of moieties assembled per QD. Importantly, they can be used directly
without further purification. As mentioned before, the conditions required for enzyme‐
mediated amplification are typically not favorable for QD stability and performance.
Many enzyme solutions and incubation buffers have thiolated species (e.g.
dithiothreitol, DTT) added to stabilize the enzyme, which are harmful to QDs due to the
inherent attraction to QD surfaces, with subsequent displacement of attached species
and ultimately leading to colloidal instability. The histidine‐Zn interaction is less
sensitive to DTT as it does not rely on thiol‐binding, and thus constructs are relatively
stable in the DTT‐rich buffer conditions used herein.
QDs conjugated with HisDNA were used as fluorescence nanoprobes for target DNA
with strong PL and robust stability. In the absence of a dye‐labeled target sequence,
the QD‐HisDNA conjugate has strong fluorescence, with the addition of dye‐labeled
DNA sequences, hybrids were formed. The fluorescence intensity of QDs would
decrease along with an increase of the fluorescence of the dye. Figure 2.10b shows the
FRET from QD‐DNA conjugates and their corresponding dye‐labeled complementary
target DNA. With the increased acceptor to donor ratio (R), the donor peak intensity
decreases while the acceptor peak intensity increases, suggesting that more QD–DNA
probes were hybridized with the target.
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Figure 2.10 FRET‐based characterization of QD575‐AF594‐labeled DNA self‐assembly. (a)
Schematic of the conjugated QD–DNA probes for FRET‐based DNA detection. (b) The plot of
FRET efficiency derived from QD donor PL loss along with Dye acceptor PL increase. (c) The
corresponding normalized fluorescence intensity of QD and direct‐acceptor excitation
corrected emission spectra. All error bars in the figures indicate standard deviations, N = 3.

The same “signal‐off” experiment can be done by first hybridizing HisDNA probes with
dye‐DNA to form a DNA duplex, and then incubated with ZL‐QD. The comparable result
can be seen in Figure 2.11.
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Figure 2.11 FRET‐based characterization of QD575‐ AF594‐labeled DNA duplex self‐assembly. (a)
Schematic of the zwitterionic‐QD for pre‐hybridized HisDNA‐DNA duplex for FRET‐based DNA
detection. DNA duplex was formed before adding to QD solution.

(b) The plot of FRET

efficiency derived from QD donor PL loss along with Dye acceptor PL increase. (c) The
corresponding normalized fluorescence intensity of QD and direct‐acceptor excitation
corrected emission spectra. All error bars in the figures indicate standard deviations, N = 3.

His6‐appended biomolecules was greatly facilitated through the formation of aniline‐
catalyzed hydrazone bond between HYNIC and 4FB groups. Owing to the strong
interaction between histidine and QD surface, and the orthogonal direction of the
above groups to the most amino acid functional DNA, self‐assembly with His6‐
biocojugates can allow potentially ca. 50~60 peptides or modified DNAs to the QD
surface.304
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Glutathione (GSH) was then used for QD cap exchange to compare the final properties
of QD with the zwitterionic ligand. GSH, a linear tripeptide synthesized in the body from
3 amino acids: L‐glutamate, L‐cysteine, and glycine have been widely used for QD phase
transfer with improved biocompatibility as compared with many other water‐soluble
ligands.305 Its functional groups provide the possibility of being coupled and further
cross‐linked to form a polymerized structure. GSH is a monodentate thiol comparing to
zwitterionic which was synthesized based on DHLA, a bidentate thiol ligand (Figure
2.12). Apart from the thiol group, which acts as capping agent, a GSH molecule also
contains one amine and two carboxylate groups.

Figure 2.12 Structural comparison between glutathione and zwitterionic ligand and their
presentation on QD surface.

The fluorescence and absorption spectra of the QDs also showed only a few nm shifts
after phase transfer, likely due to etching of the ZnS shell surface (Figure 2.13a).
Comparing to the zwitterionic ligand, QDs coated with GSH have shown relatively
higher QY (Figure 2.13b). It has been reported that GSH‐capped QDs have higher QYs
than these capped with other monodentate thiol compounds probably because of
better surface passivation of the crystalline lattice by GSH.306 It is also commonly seen
that bidentate thiol ligands (e.g. DHLA) caused worse deterioration comparing to
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monodentate thiol ligand (e.g. MPA, MUA) possibly because of the dithiol structure,307
the much fierce interaction between QD surface and the bidentate thiol group results
in surface etching. Although preserving better QY, GSH‐QDs are much less stable than
ZL‐QD observed from our experiments (Figure 2.13c), particles precipitated in some
cases within days while ZL‐QDs were stable over months and even years in the fridge
at 4 °C (data not shown here).

Figure 2.13 Optical characterization of GSH‐QD. (a) Absorption and PL spectra of QD575 with
original hydrophobic ligands in toluene and with GSH ligand in the buffer. (b) QY of QD575 with
original hydrophobic ligands in CHCl3 and with GSH ligand or zwitterionic ligand in the buffer.
Rhodamine 6G in ethanol was used as a standard. (c) QY of both ZL‐QD and GSH‐QD in borate
buffer over time.
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Not only offering the colloidal stability, bidentate ligands also limit the total number of
ligands than can be exchanged with the close molecules, thus preventing excessive
nonspecific adsorption. When incubated GSH‐QD and ZL‐QD with HisDNA and dye‐DNA
probe, separately, there was some decrease found in QD fluorescence intensity from
both GSH‐QD/HisDNA mixture and GSH‐QD/dye‐probe mixture due to some non‐
specific quenching, while in the cases of ZL‐QD, fluorescence intensity only showed
insignificant change (Figure 2.14). One difficulty in using coordinating ligands is that
they can be labile or exchanged with other molecules that coordinate to the QD surface
leading to both heterogeneous attachment of biomolecules as well as eventual
aggregation of the QDs. zwitterionic ligand‐capped QDs show high resistance to
nonspecific binding which is promising for future clinical tests.

Figure 2.14 Nonspecific binding test for both GSH‐QD and ZL‐QD. (a) Fluorescence Intensity of
(a) GSH‐QD decreased after incubated with HisDNA and dye‐probe, while (b) ZL‐QD kept
relatively stable.
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To verify the benefit of QD‐HisDNA bioconjugation, streptavidin‐coated QDs (emission
570 nm) with biotinylated DNA (BtDNA) were used as a comparison for FRET analysis.
FRET interactions were monitored while discretely increasing the ratio of the AF594‐
labelled DNA probes self‐assembled per QD donor. As shown in Figure 2.15, conjugation
of the DNA probe to the QD quenched the donor fluorescence at 570 nm, while at the
same time enhancing the AF594 acceptor fluorescence at 615 nm through FRET. For the
QD‐HisDNA conjugate, a significant decrease in QD donor PL was noted as acceptors
increased and more than 50% fluorescence was quenched at ratios ca. 6 acceptors per
donor. In contrast, the QD‐BtDNA conjugate needed more than 12 acceptors to achieve
the same quenching effect. A direct comparison is shown in Figure 2.15c, plotting FRET
ratios (FRET ratio = IDye / IQD). The increase in FRET ratio is clearly superior for the
HisDNA‐QDs, likely as a result of the thick streptavidin layer on the QD surface. As
shown in Figure 2.15d, the streptavidin layer showed a size of ca. 5 nm by TEM, which
is significantly larger than the ligand used in the current system (ca. 2 nm).299
Furthermore, the histidine peptide conformation places the dye acceptor very close to
the QD surface, resulting in excellent energy transfer and high FRET efficiency.
Moreover, as shown in Figure 2.15a, the FRET between QD570 (donor) and AF594‐DNA
(acceptor) reaches a maximum when the dye/QD ratio reached ca.15. Further addition
of AF594 does not significantly decrease the PL of QD570. It is therefore determined that
the optimal ratio of HisDNA on the QD surface for best FRET performance in our system
is ca. 15.
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Figure 2.15 Comparative FRET data for the two QD conjugate systems (HisDNA‐QD575‐AF594 vs.
BtDNA‐QD570‐AF594). (a) QD‐HisDNA conjugate. (b) QD‐BtDNA. Insets show the corresponding
normalized fluorescence intensity of QD and direct‐acceptor excitation corrected emission
spectra. (c) FRET ratio comparison between the two systems. FRET ratio = IDye/IQD. For both
experiments [QD] = 1 nM, with 10 HisDNA or BtDNA per QD. (d) TEM images of zwitterionic
ligand (left) and streptavidin (right)‐coated QD.

The particles were negatively stained with

uranyl acetate. Both were tested in duplex nuclease free buffer. Scale bar: 50 nm. All error bars
in the figures indicate standard deviations, N = 3.

2.2.3 Summary
In summary, chapter 2.2 has demonstrated the preparation and characterization of
aqueous stable QDs and QD‐HisDNA constructs. QDs were made water‐soluble through
a ligand‐exchange reaction with a dihydrolipoic acid (DHLA)‐based zwitterionic ligand.
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The as‐prepared QDs exhibited excellent long‐term stability under a broad pH range
and high salt concentration. Compared to the glutathione (GSH) ligands, although
preserving less QY, zwitterionic ligands provided QDs better fluorescence and particle
colloidal stability over time. Moreover, zwitterionic ligand‐QDs showed high resistance
to nonspecific binding than GSH‐QDs, which is much promising for future clinical tests.
Further, the small size of the zwitterionic ligands minimized the steric hindrance
problem, enabling direct conjugation of His‐tagged DNA onto the QD surface, the
resulting QD‐DNA conjugate exhibited much better FRET efficiency comparing to
commercial streptavidin‐coated QDs and biotin‐DNA.
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2.3 Amplified Detection of miRNA Using Quantum Dots and Duplex Specific
Nuclease
2.3.1 Introduction
In this work, the utility of co‐employing enzyme‐mediated target recycling for miRNA
detection and fluorescent QDs as a sensitive signal transduction agent was assessed.
Considering the challenging of applying QD in enzymatic amplification condition, a
miRNA detection mechanism was designed following some specific design criteria: 1)
to separate the enzyme incubation step from the QD incubation and readout, so that
the two reactions could be optimized individually to maximize performance; 2) to have
a homogenous one‐pot assay that did not require any filtration or cleaning steps; 3) to
have a universal detection mechanism that is not sequence specific, and that can
potentially run in parallel in a single solution (towards multiplexing); and 4) to maximize
FRET sensitivity by minimizing the donor‐acceptor separation distance.
Thus a target recycling‐based miRNA detection mechanism using DSN, with a QD‐based
readout was developed. Previously, there have been various isothermal amplification
methods developed for miRNAs analysis, such as rolling circle amplification (RCA), loop‐
mediated isothermal amplification (LAMP), and hybridization chain reaction (HCR). RCA
amplification is a simple enzymatic process that can generate super long ssDNA
molecules, but it is very time‐consuming since an additional ligation process before
amplification is always required. Moreover, polymerases are easily inhibited by the
accumulation of pyrophosphate. LAMP can achieve excellent specificity in a one‐step
reaction using a set of four target‐specific primers, however, this technology has
several intrinsic disadvantages such as complex primer design and non‐specific
amplifications; HCR is able to provide enzyme‐free, isothermal, molecular signal
amplification in diverse settings, nevertheless, precise design of the hairpins is need
but systematic guidelines for designing hairpin sequences are lacking. Besides, high‐
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level nonspecific amplification in the absence of target miRNA is typically observed.
DSN‐based target recycling, which has emerged as a versatile component in developing
bio analytical strategies, has serially applied for quantitative detection of miRNAs owing
to its sensitivity, specificity, short assay time, and low risk of carryover contamination.
DSN shows a strong preference for digesting DNA strands in double‐stranded DNA or
in DNA‐RNA hybrid duplexes, but does not show sequence specificity or cleave single
stranded DNA or RNA. Additionally, it discriminates between fully matched and slightly
mismatched short duplexes. Our approach splits the reaction in two, performing the
DSN‐mediated amplification and QD‐based detection steps separately such that each
reaction can be optimized for performance of the active components. The assay is one‐
pot and homogenous, with no washing or filtration. The enzyme is not sequence
specific, and the single cascades are driven by specific base‐pairing of complementary
sequences, therefore the mechanism should be universal and multiplexable. Finally,
FRET is maximized by employing QDs with a compact surface layer, and by using FRET
probes which bind to the QDs in a proximal orientation, minimizing donor‐acceptor
separation. Such an orientation of probe is difficult to obtain using typical ‘sandwich’
approaches. To demonstrate the versatility of our method, we developed
configurations for detecting miR‐148, (a circulating miRNA significantly dysregulated
during H1N1 infection308), and miR‐21 (which is upregulated in many pathological
conditions including cancer and cardiovascular diseases, and plays an important role in
the courses of cell proliferation, cell invasiveness, angiogenesis309). By systematically
exploring the DSN‐based cleavage reaction and QD FRET‐based signal readout we have
achieved a detection limit of 42 fM (or 1.2 amol) of miR‐148 in the buffer, with excellent
selectivity for miR‐148 versus base‐mismatched sequences and other miRNAs. Finally,
we employed a separate system with a different FRET pair, to detect miR‐21 in RNA
extracts from human normal and cancer cell lines. Overall, this work presents a
sensitive miRNA detection strategy, capable of functioning effectively during co‐
employment of enzymes and QDs.
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2.3.2 Experimental methods
2.3.2.1 Reagents
Reagents for QD preparation were listed in in section 2.2.1.1. Duplex‐specific nuclease
(DSN) was purchased from Evrogen (Russia). HPLC‐purified oligonucleotides (The
sequences of the oligonucleotides used in section 2.3 are listed in Table 2.3) was
purchased from Integrated DNA Technologies (IDT). Tris‐HCl buffer (pH 8.0),
dithiothreitol (DTT), ethylenediaminetetraacetic acid (EDTA) solution, magnesium
chloride (MgCl2) solution, blue juice gel loading buffer, Tris/boric acid/EDTA (TBE)
buffer, DNA ladders (10 bp and 100 bp), SYBR gold nucleic acid gel stain, and nuclease‐
free water, Dulbecco’s modified essential medium (DMEM)were obtained from
Thermo Fisher Scientific (UK). 30% Acrylamide/bis solution (29:1), 40% acrylamide/bis
solution (29:1), TBE‐urea sample buffer were obtained from Bio‐Rad (USA). Eppendorf
RNA/DNA LoBind microcentrifuge tubes were bought from Sigma‐Aldrich (UK). Amicon
Ultra‐0.5 Centrifugal Filter Units was purchased from MERCK Millipore (Germany). All
reagents and kits for RNA isolation, cDNA synthesis, and qRT‐PCR were from QIAGEN
(Manchester, U.K.)
Table 2.3 Oligonucleotide sequences for section 2.3
Name

Sequence

For miR‐148 detection
Dye‐DNA Probe

5′‐AF594‐ACA AAG TTC TGT AGT GCA CTG A‐3′

Dual‐labeled DNA Probe

5′‐AF594‐ACA AAG TTC TGT AGT GCA CTG A ‐BHQ‐3′

Amine‐DNA (Fully Complementary)

5’‐GTG CAC TAC AGA ACT TAA A‐amine‐3’

Amine‐DNA (2 Base Mismatch)‐No1 5’‐GTG CAC TAC AGA TAT TAA A‐amine‐3’
Amine‐DNA (2 Base Mismatch)‐No2 5’‐GTG CAC TAC ACA AAT TAA A‐amine‐‐3’
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Biotin‐DNA (2 Base Mismatch)

5’‐GTG CAC TAC AGA TAT TAA A‐biotin‐3’

miR‐148

5’‐UCA GUG CAC UAC AGA ACU UUG U‐3’

miR‐148 (1 Base Mismatch)

5’‐UCA GUG CAC GAC AGA ACU UUG U‐3’

miR‐148 (3 Base Mismatch)

5’‐UCU GUG CAC GAC AGA ACU AUG U‐3’

miR‐133a

5’‐AGC UGG UAA AAU GGA ACC AAA U‐3’

miR‐378

5’‐CUC CUG ACU CCA GGU CCU GUG U ‐3’

miR‐423

5’‐UGA GGG GCA GAG AGC GAG ACU UU ‐3’

For miR‐21 detection
Dye‐DNA Probe

5’‐Cy3‐TCA ACA TCA GTC TGA TAA GCT A ‐3’

Amine‐DNA (3 Base Mismatch)

5’‐TAG CTT ATC AGA CTG ATC TTC T AA‐amine‐3’

hsa‐miR‐21‐5p (miR‐21)

5’‐UAG CUU AUC AGA CUG AUG UUG A‐3’

Letters in red indicate the mismatched base in both HisDNA and miR‐148. ‘AF594’ indicates Alexa
Fluor 594, BHQ indicates 3' Black Hole Quencher®‐2 and ‘Cy3’ indicates Cyanine Dye 3.

2.3.2.2 Methods
DSN Activity on DNA‐miRNA Duplexes. The reaction conditions (temperature, and
concentrations of MgCl2, DTT and the DSN enzyme) for the DSN cleavage step was first
optimized. Here, a dual‐labeled DNA probe with a black hole quencher 3 (BHQ3) at one
end, and the dye Alexa Fluor 594 (AF594) at the other, was used. In a typical DSN
cleavage assay, the reaction was carried out in a final volume of 30 μL containing 40
nM DNA probe, various target miRNA concentrations, and 0.01 U μL‐1 DSN in the
optimal buffer (50 mM Tris‐HCl, 15 mM MgCl2, and 0.5 mM DTT, pH 8.0). The reaction
was carried out using a thermomixer at 60 ˚C for 2 h, and stopped by adding
ethylenediaminetetraacetic acid (EDTA) with incubation at 60 ˚C for 5 min (15 mM
EDTA in final mixture). The reaction mixture was then transferred to a black polystyrene
half volume Corning® 96 well plate (Sigma) for the detection procedure.
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Detection of DNA‐Probe based on QD‐HisDNA selective hybridization: QD‐HisDNA
conjugates (2 nM, 15 HisDNA per QD) in nuclease‐free duplex buffer (30 mM HEPES,
100 mM potassium acetate, pH 7.5) were added to the above DSN mixture (final
concentration of QDs was 1 nM) and incubated for 30‐60 min at room temperature.
Fluorescence emission was recorded for both the QD and the dye using an EnSpire®
Multimode Plate Reader (Perkin Elmer).
Specificity Test. The specificity of the proposed assay was evaluated by analyzing
samples containing 20 nM, 1 nM, 100 pM, 10 pM and 100 fM of miR‐133a, miR‐378,
miR‐423, and miR‐148 with one and three base pair mismatches. 100 nM of AF594‐
labelled DNA probe was used under the optimal condition for each assay.
Preparation of cell culture and RNA isolation:, Human embryonic kidney cells
(noncancerous cells, HEK 293T) and human cancer cell lines (MCF‐7 and MDA‐MB‐231)
were obtained from ATCC as described.310 RNA isolation from all cells, cDNA synthesis,
and RT‐PCR using commercial kit was conducted according to the manufacturer’s
instructions. All cells were kept in Dulbecco’s modified essential medium (DMEM) with
1% (v/v) penicillin/ streptomycin (Gibco) and 10% (v/v) fetal bovine serum (FBS, Gibco).
For isolation, cells were lysed with the Qiazol reagent, passed through a 21 gauge
needle for homogenization, the resulting solution was mixed with chloroform (1:5
chloroform/Qiazol), and separated by centrifugation (12000 g, 15 min, 4°C). RNeasy
Mini spin columns were then used to separate miRNA‐enriched fractions, small RNA
species below 200 nt, from the total RNA aqueous solution, the extracted miRNA are
finally obtained by purification with an RNeasy Mini Cleanup KIT. The concentration of
miR‐21 in the extracted miRNA was determined by qRT‐PCR.
Quantification of miR‐21 in RNA extracts by qRT‐PCR and DSN‐assisted QD FRET: To
quantify miR‐21 by qRT‐PCR, the miScript II RT kit was used for synthesizing cDNA from
the extracted miRNA. qRT‐PCR was conducted on a QuantStudio 6 Flex Real‐Time PCR
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System (Applied Biosystems, ThermoFisher Scientific, U.K.) with both Hs_miR‐21_2
miScript Primer Assay kit and the miScript SYBR Green PCR kit. The qRT‐PCR reaction
was as follows: 95 °C (15 min)  denaturation at 94 °C (15s, 40 cycles)  annealing at
55 °C (30 s)  extension at 70 °C (30 s). qRT‐PCR standard curve was prepared by
synthesizing cDNA with synthetic miR‐21 of known concentration.
For miR‐21 detection using the DSN‐assisted QD FRET assay, RNA extract was added
into a mixture of 40 nM Cy3‐DNA probe and 0.3 U DSN in the reaction buffer (30 μL in
total), and reaction was stopped by EDTA after 2 h at 60 °C.

QD525‐HisDNA conjugates

in nuclease‐free duplex buffer were added to the above DSN mixture (final
concentration of QDs was 1 nM) and incubated for 30‐60 min at RT. Fluorescence
emission was recorded for both QD525 and Cy3 using a SpectraMax M5 microplate
reader (Molecular Devices, USA).
Determination of melting temperature (Tm): For melting curve analysis, each
DNA:miRNA duplex (1 μM, 18 μL) prepared in DSN reaction buffer (50 mM Tris‐HCl, 15
mM MgCl2, 0.5 mM DTT, pH 8.0) was mixed with 2 μL of 20 × SYBR green I. The
fluorescence intensity was monitored on a StepOnePlus Real‐Time PCR system (Applied
Biosystems, USA) with temperature changes from 30 ˚C to 95˚C at a rate of 0.3 ˚C/sec.
Optimization of reaction temperature, MgCl2 and DTT concentration: To achieve the
optimal performance in enzyme activity, 100 nM of dual‐labeled DNA probe, 20 nM
target miRNA and 0.1 U DSN were used for investigating the effects of reaction
temperature (40, 45, 50, 55, 60, 65 ˚C), MgCl2 concentration (5, 10, 15, 20, 25 mM),
and DTT concentration (0.01, 0.05, 0.1, 0.5, 1 mM), on DSN catalytic activity.
Fluorescence intensity was recorded using an EnSpire® Multimode Plate Reader (Perkin
Elmer).
Optimization of Dye‐labeled DNA probe concentration: To determine the concentration
of DNA probe to be used in the DSN reaction, 30 μL of 2 nM QD‐HisDNA (15 HisDNA
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per QD) in nuclease‐free duplex buffer (30 mM HEPES, 100 mM potassium acetate, pH
7.5) was added into 30 μL of dye‐DNA probe (concentration varied from 0 nM to 55 nM)
in DSN reaction buffer, and incubated at RT for 1 h in the dark. Fluorescence emission
was recorded using an EnSpire® Multimode Plate Reader (Perkin Elmer).
Optimization of DSN enzyme: To determine the enzymatic processing of different
enzyme amounts on DNA: RNA duplex, kinetic studies were carried out by mixing 100
nM dual‐labeled probe DNA and 20 nM target miR‐148‐5p with different amounts of
DSN enzyme under optimal buffer conditions. Fluorescence emission was recorded
using an EnSpire® Multimode Plate Reader (Perkin Elmer).
2.3.3 Result and discussion
Principle of miRNA detection: A two‐step mechanism for miRNA detection is proposed
in Figure 2.16: (1) DSN‐mediated dye‐labeled DNA probe degradation, and (2) QD‐
assisted FRET signal generation.

In step one, the target miRNA hybridizes with the

dye‐labeled DNA probe forming heteroduplexes, which are then subjected to a DNA‐
specific cleavage reaction by DSN, leaving the miRNA intact. The released miRNA can
repeatedly and rapidly bind to other DNA probes in the solution, therefore one target
miRNA strand leads to cleavage of thousands of DNA probes within 30 min, under
optimal conditions.311

In step two, the remaining uncleaved DNA probes are

hybridized with HisDNA‐QDs to form QD‐dye conjugates, generating a significant
change in both QD and dye PL intensity (FRET signal). Importantly, cleaved probes
cannot hybridize. The result is a positive correlation between the amount of miRNA and
the intensity of QD fluorescence brightness (IQD), or an inverse relationship between
miRNA and the FRET signal (IDye/IQD).
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Figure 2.16 A schematic representation of miRNA detection based on duplex‐specific nuclease
(DSN)‐assisted signal amplification and QD‐FRET.

Considering the design criteria presented in the introduction, our miRNA detection
mechanism presents the following advantages: 1) The two steps of the assay are
controlled to favor either the enzyme or the QD. Step one is performed at high
temperature (60 °C) in a high Mg2+ concentration (favorable to the DSN), whereas step
two is performed at room temperature with EDTA added to sequester the Mg2+
(favorable to the QD). In this way, the performance of the two key components is
tailored to allow optimal performance of the full assay. 2) No washing or filtration is
required between steps 1 and 2. The temperature is simply decreased from 60 °C to
room temperature, and EDTA is added which quickly sequesters Mg2+ and deactivates
the DSN. 3) The detection cascade relies on highly specific interactions between target
miRNA and the simple component oligonucleotides, and on non‐specific detection and
cleavage behavior of the DSN. Therefore, the system should be universal (working with
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a wide variety of miRNA sequences) and multiple signaling cascades should work in
parallel. 4) To minimize the donor‐acceptor separation distance in the FRET system, we
used compact QD‐DNA conjugates with minimal surface layer thickness, synthesized by
procedures based on those by Medintz et al.,299 which have shown their efficacy in
various demanding biological applications.312‐314 Furthermore, the dye‐labeled DNA
probe was able to bind with the dye oriented proximal to the QD, bringing the dye as
close as possible to the QD surface.
The proposed system offers some further general advantages. Firstly, the reaction does
not require temperature cycling (as used in polymerase chain reaction (PCR)‐based
systems), only incubation at a constant moderate temperature (60 °C), followed by
room temperature detection. Secondly, target recycling does not suffer from non‐
specific priming and amplification that is typical in isothermal amplification techniques
using polymerase enzymes to synthesize new nucleic acids. Finally, only a single
enzyme and no nucleotides are required, which simplifies the mechanism compared to
typical isothermal amplification techniques. Most importantly, the carefully‐designed
two‐step assay is optimized for both enzymatic reaction and QD‐FRET assay. It is
important to note that there are some challenges associated with using DSN. For
example, it is limited to linear signal amplification, it requires a minimum of 10 bp in
hybrid substrates for effective cleavage, and it requires divalent cations, making it
incompatible with some applications. Nevertheless, its inherent advantages make it an
excellent candidate in many sensing systems.
DSN Catalytic Activity on DNA‐miRNA Duplexes:

An initial test of the DSN‐mediated

target recycling system was performed using a fully complementary DNA:miRNA
heteroduplex (2 μM) and DSN (0.1 U), under optimal reaction conditions, with the
products analyzed by 20 % denatured polyacrylamide gel electrophoresis (dPAGE). As
shown in Figure 2.17a, the DSN showed strong cleavage preference for the DNA in
DNA:miRNA duplexes, leaving the miRNA intact, as previously reported in the
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literature.198, 315 However, although the 22 base‐DNA strands were cut into smaller
fragments, some of them still retained the ability to hybridize to a full‐complementary
(FC) HisDNA to quench QD (Figure 2.17b) at room temperature. This would yield in a
false negative result. The basis of the proposed strategy is the differential hybridization
ability of short oligonucleotide fragment after DSN cleavage versus intact DNA probes
(22 bases) to the HisDNA‐QD, according to the nature of the Watson‐Crick base pairing.
To avoid these false negatives from the cleaved DNA fragments, two base pair
mismatches (2M) were introduced to the HisDNA sequence at the amine‐functionalized
end. The mismatches will present close to the QD surface. Therefore, while this
maintained a sufficient hybridization efficiency between the HisDNA and intact DNA
probe, the FRET signal caused by the cleaved fragments can be completely impaired
(Figure 2.17c) owing to the low Tm of between the cleaved fragments and the HisDNA
with mismatches. It is very important to choose the appropriate position for
mismatches within HisDNA sequence, because the use of a mismatched sequence will
also affect the FRET efficiency between intact DNA probe and HisDNA, as shown in
Figure 2.18, due to the Tm differences.

Indeed, the discrimination ratio (the ratio of

quenching efficiencies for the intact DNA versus the cleaved DNA fragment) for 2M‐
HisDNA is negligible compared to that of the FC‐HisDNA.
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Figure 2.17 (a) 20% dPAGE gel electrophoresis analysis of DNA probe and miRNA with DSN.
Comparison of dye‐DNA probe hybridized with two types of HisDNA QD surface:

(b) Fully

complementary HisDNA or (c) HisDNA with 2‐mismatches in the absence (red) and
presence(black). of DSN
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Figure 2.18 FRET ratio between HisDNA and intact dye probe. [QD] = 1 nM, [HisDNA] = 15 nM.
Two different HisDNAs with 2 base pair mismatches at different position were tested. Sequence
of 2M‐HisDNA‐No1: 5’‐GTG CAC TAC AGA TAT TAA A‐amine‐3’and sequence of 2M‐HisDNA‐
No2: 5’‐GTG CAC TAC ACA AAT TAA A‐amine‐‐3’, respectively. All error bars in the figures
indicate standard deviations, N = 3.

Optimization of the DSN Reaction:

In order to maximize performance, both the

amplification and sensing conditions were optimized, including the working
temperature, and the concentration of MgCl2, DTT, and DSN. To readily measure the
cleavage efficiency of DSN, we used a dual‐labeled DNA probe with AF594 at one end
and a BHQ3 quencher at the other end. The cleavage of DNA by DSN removed
fluorescent AF594 DNA fragments from the quencher fragments, resulting in a
significant fluorescence signal enhancement. The rate of increase in fluorescence
intensity was therefore proportional to the activity of DSN. As shown in Figure 2.19, the
highest signal was observed in the buffer containing 15 mM MgCl2 and 0.5 mM DTT at
60 ˚C, which is 10.6 ˚C lower than the estimated melting temperature (Tm) of the miR‐
148‐DNA duplex (Figure 2.20).
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Figure 2.19 Optimization of the experimental conditions for DSN: [DNA probe] = 100 nM, [target
miRNA 148] = 20 nM, and [DSN] = 0.1 U. The DSN reaction was carried out at 60 °C for 30 min.
(a) A schematic representation of DSN‐mediated target recycling for the optimization
experiment. Optimization experiments for (b) the reaction temperature, (c) the concentration
of MgCl2, and D) the concentration of DTT, F0 and F are the AF594 fluorescence signals in the
absence and the presence of miRNA, respectively. All error bars in the figures indicate standard
deviations, N = 3.
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Figure 2.20 Melt curve analysis of DNA/miRNA duplexes in optimized DSN reaction buffer
containing 15 mM of MgCl2 and 0.5 mM DTT. Melt curves were generated by measuring the
dissociation of SYBR green I dye from duplexes as a function of temperature (right). The maxima
of their derivative curves (left) are used to assess the melting temperature (Tm).

Although a higher temperature facilitated faster dissociation of miRNA, it also caused
denaturation of the DNA‐RNA heteroduplexes, resulting in a dramatic decrease in the
peak value. Other key factors are incubation time for the assay and the absolute
amount of DSN used. We set out to investigate these by observing the appearance of
a fluorescence signal upon addition of varying amounts of DSN enzyme concentration
versus time. As shown in Figure 2.21, with a fixed DSN amount, if the incubation time is
sufficiently long this cyclic reaction will repeat until all the probes are consumed (Figure
2.21a). DSN is an extremely thermo‐stable enzyme, and it has been reported that 7 %
of its activity can be retained even after incubated at 100 ˚C for 30 min.315 Other DSN‐
based assays have reported their reaction time from 30 to 120 min under various buffer
conditions and temperatures.145, 310‐311, 316‐322 Although a longer reaction time could
help achieve a higher sensitivity, 120 min was chosen to balance the total assay time.
For the amount of DSN used in the assay, the kinetics study in Figure 2.21b showed that
fluorescence of AF594 increased rapidly with the increased DSN dose from 0 U to 0.8 U.
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Importantly, the nonspecific background caused by DSN digesting ssDNA probes is
negligible. As shown in Figure 2.22a, the relative signal change (F‐F0/F0, where F and F0
are the fluorescent intensity in the presence and absence of a target) kept increasing
with increasing DSN. This is because the DSN enzyme has no preference towards ssDNA
due to its strict cleavage specificity. This agreed with the result from dPAGE gel analysis
(Figure 2.17a).

Figure 2.21 Enzymatic processing of DNA: miRNA probes. (a) Real‐time monitoring of assay
mixtures containing different miRNA concentrations (0 nM = orange, 20 nM = blue, and 100
nM = grey) with 100 nM probe DNA, and 0.2 U of DSN. The blank reaction (without miRNA
target), showed a marginal increase in fluorescence signal, due to the low activity of DSN
towards ssDNA (the probes). (b) The fluorescence intensity increased rapidly with an increasing
dose of DSN, within the same time. FI = Fluorescence Intensity.
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Figure 2.22 Effect of DSN dose on assay performance. (a) A dual‐labeled system in the DSN
cleavage step showed that normalized fluorescence intensity (F and F0 are the AF594 fluorescent
intensities in the presence and absence of the target) increases rapidly with the increase in the
dosage of DSN from 0 to 0.8 U within the same time. (b) DSN in the reaction mixture affects
the next QD‐FRET step: with the same concentration of target miRNA, more DSN resulted in
higher QD fluorescence, which indicated less FRET occurring in the system. [AF594‐DNA] = 40
nM, [QD575] = 1 nM, 15HisDNA per QD. All error bars in the figures indicate standard deviations,
N = 3.

A further refinement of the assay was required to restrict the effect that the DSN could
have during the detection step when the HisDNA QDs were added. Although the
addition of EDTA after the amplification reaction (which sequesters Mg2+ ions that are
required for DSN to function) quenched the DSN reaction, the DSN was found could still
affect the subsequent QD‐FRET detection step, as shown in Figure 2.22b. After DSN
cleavage, we added QD‐HisDNA conjugates for hybridization of uncleaved DNA probe.
With the same concentration of target miRNA, more DSN resulted in relatively higher
QD fluorescence, which indicated less FRET occurring in the system. This resulted in an
impaired dynamic range without significant improvement in the assay sensitivity. When
a large amount of enzyme was used, it was active on the HisDNA: DNA duplexes on the
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QD surface, cleaving the duplexes and releasing dye from QD. Therefore the effect of
the amount of DSN on the final QD‐FRET ratio was investigated, as can be seen in Figure
2.23. Here, 60 nM of DNA probe was incubated with varied DSN amounts without a
target, QD‐HisDNA conjugates were then added after deactivation of DSN by
sequestering Mg2+ using EDTA. As can be seen from Figure 2.23, the FRET ratio kept
decreasing with increasing DSN concentration, in agreement with Figure 2.22. Although
a greater DSN concentration would greatly speed up the cleavage reaction, it would
diminish the subsequent QD‐FRET efficiency, thus affecting the assay sensitivity. In
order to achieve a high sensitivity within a reasonable time frame, we chose 0.3 U DSN
in the current experiment.

Figure 2.23 The effect of DSN amount on QD‐dye FRET ratio. 60 nM DNA probe was incubated
with varied DSN without a target, QD‐HisDNA conjugates were added after deactivation DSN
by removing Mg2+ using EDTA. FRET ratio = IDye / IQD) where the QD channel is λ = 570 nm and
dye channel is λ = 615 nm. [AF594‐DNA] = 60 nM, [QD575] = 1 nM, with 15 HisDNA per QD.

All

error bars indicate standard deviations, N = 3.
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Optimization of the Dye‐labeled DNA Probe. As can be seen from Figure 2.16, the initial
dye‐labeled DNA probe concentration had a significant impact on the assay sensitivity.
To achieve the best assay performance, the concentration of DNA probe should be kept
high enough to ensure the cleavage of DNA is solely controlled by the target miRNA
hybridization process, as well as to achieve a wide dynamic range for the detection of
miRNA. On the other hand, a low concentration of DNA probe in the system should yield
a distinguishable FRET signal at low miRNA concentrations. As noted from Figure 2.15a,
above the linear dose‐response zone, the FRET ratio slowly levels off. Therefore, DNA
probe‐induced FRET of QD‐HisDNA without the DSN amplification was investigated
under the same buffer conditions. It is important to note that the QD‐HisDNA
conjugates were unstable and quenched in pure DSN‐optimal buffer (data are not
shown). However, with the design of a two‐step assay, using EDTA to sequester all the
free Mg2+ ions before adding the QDs, greatly improved their stability and fluorescence.
Therefore, QDs modified with 15 HisDNA (molar ratio) were chosen based on the FRET
analysis. Figure 2.24 shows the FRET ratio of a mixed solution containing QD‐HisDNA in
nuclease‐free duplex buffer with varying amounts of DNA probe in the DSN reaction
buffer. Importantly, the same final EDTA concentration was used. With increasing DNA
probe, the FRET ratio increased due to QD‐dye FRET.

However, the FRET efficiency

(the gradient) in this mixture buffer condition was much lower than the one tested in
the ideal buffer in Figure 2.15c. This was due to interference and impairment by the
enzyme buffer. The FRET ratio in Figure 2.24 changed in response to different
concentrations of DNA probe. It was found a 40 nM concentration of initial dye‐labeled
DNA probe to be enough to maintain a compromise between sensitivity and the
dynamic range of the assay and therefore chose this for the following detection of
miRNA.
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Figure 2.24 Optimization of dye probes: The QD‐dye FRET ratio of dye‐probe induced QD FRET.
[QD575] = 1 nM, with 15 HisDNA per QD. The concentrations of DNA probes are 0, 18, 24, 30,
36, 42, 48, 54, and 60 nM. The inset is the normalized fluorescence spectrum accordingly. FRET
ratio = IDye/IQD where the QD channel is λ = 570 nm and dye channel is λ = 615 nm. All error bars
in the figures indicate standard deviations, N = 3.

Detection Performance of the Full Assay. Next, the DSN amplification, and QD‐FRET
detection was combined for sensing miRNA‐148. A QD575 and AF594 FRET pair was
chosen for the miR‐148 detection assay. The optimized conditions were, in step 1, 40
nM DNA probe, 0.3 U DSN, 50 mM Tris‐HCl, 15 mM MgCl2, and 0.5 mM DTT, pH 8.0, 60
˚C for 2 h, then in step 2, 15 HisDNA per QD and 1 nM QDs. In the full assay, a positive
dose‐response in the range of 10‐15 M to 10‐8 M miRNA was observed, shown in Figure
2.25. The limit of detection (LOD) was 41.9 fM (or 1.2 amol of miRNA), based on 3σ. The
saturation point was above 10 nM, indicating a relatively large dynamic range. A three‐
order‐of‐magnitude improvement in the assay sensitivity through DSN‐mediated
miRNA recycling was achieved, compared to that of the non‐amplified QD‐FRET based
assay (LOD = 72 pM), as shown in Figure 2.26. This is consistent with previous
findings.207, 310‐311 The capability of this assay to distinguish the target miRNA from
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other miRNA family members was highlighted by the ability of mismatch discrimination
as shown in Figure 2.27a. Indeed, a significant fluorescence response was observed only
in the presence of miR‐148, while the addition of the other miRNA gave negligible
changes. Interestingly, only slight decrease in the signal was observed from miR‐148
with 1 nt mismatch, indicating that DSN still showed cleavage activity on DNA in
corresponding duplexes when there was a considerable amount of target existing in
the system. Similar results have been reported before310. To improve the selectivity,
one can decrease the miRNA concentration, as shown in Figure 2.27b, when the
concentration of miRNA is low, the hybridization efficiency of both complementary and
mis‐matched target becomes lower, which decreases the possibility that DSN cleaves a
mismatched duplex. However, a lower target concentration did result in a slightly larger
signal‐to‐noise ratio. Secondly, different lengths of DNA sequence could be
investigated, considering the different melting temperature (Tm) caused by the length
difference. When Tm is high, 1 mismatch results in a small change in hybridization
efficiency, while it could make a significant difference when Tm is lower.

Figure 2.25 Sensitive detection of miRNA based on our amplified assay for detection of miR148
in the pure buffer. Target dose‐response normalized (FRET0‐FRET), where FRET and FRET0 are
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the FRET ratio in the presence and absence of a target, FRET ratio = IDye / IQD) where QD channel
at λ = 570 nm and Dye channel at λ = 615 nm, [AF594‐DNA] = 40 nM, [DSN] = 0.3 U, [QD575] = 1
nM, 15 HisDNA per QD. The DSN reaction was carried out at 60 °C for 2 h and QD‐HisDNA
selective hybridization was performed at RT for 40 min.

All error bars in the figures indicate

standard deviations, N = 6.

Figure 2.26 Testing the sensitivity of the assay without DSN amplification. A) Target dose‐
responsive fluorescence changes, B) emission spectra of each sample. The limit of detection
was about 72 pM, based on 3σ. Normalized QD‐dye FRET Ratio = FRET0‐FRET, where FRET and
FRET0 are the FRET ratio in the presence and absence of a target, FRET ratio = IDye/IQD where the
QD channel is λ = 570 nm and dye channel is λ = 615 nm. The inset is the normalized
fluorescence spectra accordingly. [QD575] = 1 nm, with 15HisDNA per QD. All error bars in the
figures indicate standard deviations, N = 3.
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Figure 2.27 Selective detection of miRNA based on our amplified assay for detection of miR148
in the pure buffer. (a) 100 nM DNA probe was incubated with 20 nM and 1 nM, and (b) 100
pM, 10 pM, 100 fM of different targets for 2 h. Normalized fluorescence intensities in the
presence of various miRNAs with 0.1 U DSN, where F0 and F are the fluorescence signals
without and with the miRNA target, respectively. All error bars in the figures indicate standard
deviations, N = 3.

Detection of Endogenous miRNA from Human Cells: To demonstrate the capability to
quantify miRNA in a biological sample, we used the DSN‐QD method to analyze the
endogenous mature miR‐21 in different cell lines. The miRNA extracted from human
breast cancer cells (MCF‐7 and MDA‐MB‐231), and noncancerous human embryonic
kidney cells HEK 293T was diluted and directly used. A standard curve (Figure 2.28b)
was made for quantifying the expression levels of miR‐21. Figure S12 shows the
absolute concentration of miR‐21 measured by the QD‐DSN method in comparison with
RT‐PCR as the reference.
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Figure 2.28 Sensitive detection of synthetic miRNA21 based on the current amplified assay. (a)
FRET test of QD525 and Cy3 FRET pair for detection of miR21. A significant decrease in QD donor
PL was noted as acceptor valence increased, and ca. 50% fluorescence was quenched at ratios
of 5 acceptors per donor, showing the extraordinary FRET efficiency of the current system. The
inset shows the normalized fluorescence spectrum accordingly. [QD] = 1 nm, with 15HisDNA
per QD. QD and varied dye probes were incubated at RT for 40 min. (b) Target dose‐responsive
normalized (FRET0‐FRET), where FRET and FRET0 are the FRET ratio in the presence and absence
of a target, FRET ratio = IDye/IQD, where the QD channel is λ = 525 nm and the dye channel is λ =
570 nm. For miR21 detection, [Cy3‐DNA] = 40 nM, [DSN] = 0.3 U, [QD525] = 1 nM, with 15
HisDNA per QD. DSN reaction was carried out at 60 °C for 2 h, and QD‐HisDNA selective
hybridization was performed at RT for 40 min. All error bars in the figures indicate standard
deviations, N = 3.

The absolute concentration of miR‐21 measured by the QD‐DSN method in comparison
with qRT‐PCR as the reference as shown in Figure 2.29. The expression levels of miR‐21
in MCF‐7 and MDA‐MB‐231 cells determined by both methods were higher than those
in HEK 293T cells, indicating that miR‐21 is highly upregulated in cancer cells as
compared to normal cells.
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Figure 2.29 Relative expression level of miR21 in human breast cancer cells (MCF‐7 and MDA‐
MB‐231) and human embryonic kidney cells HEK 293T. 5 biological samples of HEK 293T cells
and 6 biological samples of MCF‐7 or MDA‐MB‐231 cells were tested.

Here, data represent

the average of N = 2 technical replicates for PCR quantification, and N = 3 assay replicates for
DSN methods, error bars indicate standard deviations.

To evaluate the performance of the proposed method in terms of sensitivity and
specificity, a contingency table was further constructed (Table 2.4), in which the qRT‐
PCR data set was used as the “standard reference” and the upper 95% confidence
interval upper mean value in HEK 293T given by qRT‐PCR was used as the criterion of
positivity. Based on this analysis, the sensitivity and specificity of our assay are 100%
and 50%, respectively. The obtained results demonstrate that 88.2% of the tested
biological samples using the QD‐DSN method were accurately discriminated compared
with the qRT‐PCR detection. Considering the simplicity and homogeneous nature (no
washing or separation steps) of our assay, it has promise for application in research or

122

clinical settings, especially with further optimization of the QD surface chemistry, which
is currently the limiting factor.
Table 2.4 Sensitivity and specificity in detection of miR‐21 in RNA extracts.
qRT‐PCR (Actual)

QD‐DSN
(Predicted)

miR‐21 upregulation
positive

miR‐21 upregulation
negative

miR‐21 upregulation
positive

13

2

miR‐21 upregulation
negative

0

2

Accuracy
88.2%

Sensitivity
100%

Specificity
50%

* The qRT‐PCR method was used as the “standard reference” to construct the contingency
table. The detection threshold for each method was defined as the 95% CI upper mean
concentration of miR‐21 in HEK 293T cells measured by qRT‐PCR.

2.3.4 Summary
In summary, chapter 2.3 has presented an assay for miRNA detection by the utility of
co‐employing enzyme‐mediated target recycling and fluorescent QDs. A simple,
sensitive, and specific miRNA detection mechanism based on DSN‐mediated target
recycling and compact QD‐DNA constructs generating FRET signals was developed. The
DSN‐mediated amplification offers unique advantages of high amplification efficiency,
isothermal nature, and no nonspecific priming. A detection limit of 42 fM for miR‐148
with outstanding selectivity versus mismatched sequences and other miRNAs was
achieved. In addition, the proposed method was successfully employed for detection
of miR‐21 using an alternative FRET pair, which was compared to qRT‐PCR for the
quantitative analysis of miR‐21 in biological samples which are rarely interrogated using
QD‐FRET assays due to the challenging nature of their complex composition. This highly
sensitive and specific method therefore shows potential for further development
towards a versatile miRNA detection assay.
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2.4. Potential Application of ZL‐QDs in Solid‐Phase Assays
2.4.1 Introduction
Most of the QD–FRET‐based assays are homogeneous, which occuring in bulk solution
rather than at a solid interface. Interestingly, QDs can also be incorporated into solid‐
phase assays for bioassays and biosensors, which is advantageous from the stand point
of improved sensitivity,323 reusability, regeneration,324 and environmentally friendly by
containment of the QDs on a solid matrix.
An important advantage of the solid‐phase format is the potential for improvements in
assay sensitivity arising from enhanced FRET efficiencies at an interface. In contrast to
bulk solution, there are more FRET pairs at the interface, as shown in Figure 2.30. The
multitude of FRET pathways appears to be sufficient to more than compensate for the
loss of acceptor‐accessible QD surface area upon immobilization. It is thought that
higher FRET efficiencies arise from a multitude of energy transfer pathways between
donors and acceptors when both are assembled at high density at the interface.

Figure 2.30 Possible energy transfer configurations for QD–FRET. (a) A single QD‐donor with a
centrosymmetric arrangement of acceptors in solution. (b) Multiple QD‐donors interacting with
multiple acceptors at an interface. Image adapted with permission from ref.325

In developing solid‐phase QD–FRET assays, several different substrates have been
investigated: optical fibers,324, 326‐331 glass beads,324, 328 planar slides,328, 332‐333 glass
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capillaries,334 plastic microtiter plates335‐337 and microfluidic chips.323, 332, 338 339 Each of
these materials has certain benefits in the context of different assay designs. Paper‐
based bioassays have received substantial attention in recent years, particularly for the
developing world and resources limited areas, where reduction of cost and
minimization of implementation technology is critical. Paper340 has attractive features
for dealing with chemical and biological analysis, including fluid transport by capillary
action, surface chemistry that can readily be modified, good biocompatibility, and ease
of safe disposal. Dipstick assays,341‐343 lateral flow assays (LFA),344‐348 and microfluidic
paper‐based analytical devices (μPADs)340, 349‐351 have been prominent developments
in this area. Many recent efforts have sought to incorporate nanomaterials and their
associated advantages into these technologies. Particularly, gold NPs have been
extensively utilized.352 In comparison, low‐cost assays with QDs have received
significantly less attention, with only a few lateral flow immunoassays353‐359 with QD‐
labeled antibodies on nitrocellulose membranes and paper‐based assays360‐365 being
reported.
2.4.2 Experimental Methods
2.4.1.2.1 Reagent
Reagents for QD preparation was listed in section 2.2.1.1. Imidazole (98%), sodium
cyanoborohydride (NaCNBH3), Sodium periodate (NaIO4), LiCl, chromatography paper
(Whatman) were from Sigma‐Aldrich (Gillingham, UK). HPLC‐purified oligonucleotides
(The sequences of the oligonucleotides used in section 2.4 are listed in Table 2.5) were
purchased from Integrated DNA Technologies.
Table 2.5 Oligonucleotide and peptide sequences in section 2.4.
Dye‐labeled probe sequence

5′‐AF647‐TCA ACA TCA GTC TGA TAA GCT A‐3′

His‐tagged probe sequence

5′‐GAC TGA TGT TGA CCC‐3’‐His6
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2.4.1.2. Methods
Fabrication of paper zones: Cellulose chromatography paper substrates (Whatman)
were patterned using a solid ink printer (Xerox, model Xerox ColorQube 8570). The
printer deposited wax‐based ink on the paper, shaping circular zones of 3 mm diameter.
After printing, the waxed paper was heated up to melt the wax throughout the
thickness of the paper, which can form a hydrophobic barrier around each hydrophilic
zone. Then, each zone was chemically modified with imidazole groups for immobilizing
QD‐DNA conjugates.
Paper modification: 5 μL of a solution containing 50 mM NaIO4 and 700 mM LiCl in Milli‐
Q water was spotted onto paper zones and allowed to sit at RT for 1 hour at 50 °C. This
resulted oxidative cellulose with an aldehyde functionality. Then, the paper substrate
was rinsed with Milli‐Q water 3 times and dried in an oven. 5 μL of a solution containing
200 mM 1‐(3‐aminopropyl)imidazole (API) and 300 mM NaCNBH3 in HEPES buffer (pH
8.0) was spotted onto aldehyde modified paper zones and allowed to sit at RT for 1
hour. With NaCNBH3, imines were reduced in situ to stable secondary amines. Then the
paper substrate was rinsed in 50 mM borate buffer (pH 9.25) for 10 min and allowed
to air dry.
Preparation of QD‐probe conjugates and immobilization onto paper: ZL‐QDs (255 nM)
were incubated with 40 times molar excess of HisDNA in 50 mM borate buffer saline
(pH 8.3, 150 mM NaCl) at RT for 1 hour to permit self‐assembly. Then, 3 μL of as
prepared conjugates solution was spotted onto each imidazole modified paper zone to
incubate at RT for 1 hour. The paper was then washed with 50 mM borate buffer (pH
9.25).
Solid‐Phase Hybridization Assays: Hybridization assays were conducted by spotting 3 μL
of target solution at various concentrations onto the paper zones that were modified
with QD‐HisDNA conjugates. Hybridization assays were conducted in 50 mM borate
buffered saline (pH 8.3, 150 mM NaCl) and allowed to sit for 30 min. Then the paper
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was then washed in 50 mM borate buffer (pH 9.25) for 10 min. PL spectra and
fluorescence intensity from paper substrates were acquired by an EnSpire® Multimode
Plate Reader (Perkin Elmer). For collecting digital images, paper substrates were
illuminated by using a hand‐held UV lamp and images were acquired using a
commercial iPhone 5s.
2.4.3 Preliminary Results
Paper‐based QD‐FRET assays are advantageous from the standpoint of improved
sensitivity, reusability, and ease of assay assembly. Here we applied nucleic acid
detection on paper‐based solid‐phase using immobilized QDs as donors in FRET. As
shown in Figure 2.31. Imidazole ligands were used for paper modification and to
immobilize QD−probe conjugates (Figure 2.31a). His‐tagged DNA was immobilized onto
QD surface in solution then the as‐prepared conjugates were immobilized onto the
surface of paper. Subsequently, the dye can be excited upon excita on of QD−probe
conjugates, providing detectable signal (Figure 2.31b). The hybridization process
appears to go to completion within minutes.

Figure 2.31 Illustration of paper‐based FRET assay. (a) Paper was modified with the imidazole
ligands. (b) QD‐HisDNA conjugates were immobilized on the surface of paper for detection of
target dye‐DNA probes.
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To confirm the immobilization of ZL−QDs and QD−HisDNA onto paper, a comparison
test was conducted by using papers with/without imidazole ligand. The result was
shown in Figure 2.32. According to images and the corresponding PL spectra, without
imidazole ligands, almost no immobilization of either ZL−QDs or QD−HisDNA was
observed compared with in the presence of imidazole ligands. The use of imidazole
ligand helped ensure immobilization QD on paper, and did not affect the optical
properties of QDs.

Figure 2.32 PL Images showing immobilization of (a) zwitterionic−QDs and (b) QD−DNA
conjugates in the presence and absence of imidazole functionalized paper (c) paper only and
(d) corresponding PL spectra.

The results for the solid‐phase DNA detection assays on paper substrates are shown in
Figure 2.33. The target amounts here ranged from 240 fmol to 60 pmol. The images
collected under UV lamp and the corresponding fluorescence intensity scanning from
both QD and dye channel by plate reader were shown in Figure 2.33a. From the
scanning image, it is clearly seen that the intensity of QDs from each paper zone
decreased with the increased amount of target DNA, suggesting that more target
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probes were hybridized with HisDNA causing the PL quenching of QD. Efficient FRET
can be confirmed through the increase in PL intensity of the dye from each paper zone.
Figure 2.33b shows the corresponding PL spectra, the peak intensity of QD dropped
related to the increased target DNA. The change of dye peak was not obvious due to
the relatively small overlap of donor QD575 and acceptor AF647.

Figure 2.33 (a) Images collected under UV lamp by iPhone 5s, and the QD imaging channel, the
dye imaging channel scanned by a plate reader (b) PL spectra corresponding to the
aforementioned amounts of target DNA.

The intensity distribution of both QD and dye were recorded by a plate reader, shown
in Figure 2.34. The result confirmed that within the imidazole‐modified paper zone, the
immobilized QDs were dispersed evenly. The gradually added target caused efficient
FRET, resulting gradually decreased intensity of QD. Although the corresponding
performance of dye channel gave random results, we can still notice an increasing trend
of fluorescence intensity.
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Figure 2.34 The intensity distribution of QD and dye in each paper zone.

Overall, the integration of a solid‐phase QD−FRET nucleic acid hybridiza on assay on a
paper‐based platform was investigated. QD−DNA conjugates that were assembled in
solution before immobilization on the surface of the paper, which was modified with
imidazole ligands in a two‐step synthetic protocol. The performance of QD−FRET
hybridization assay showed great promise and requires optimization. The solid phase‐
based assay can be further developed to create a one‐step surface immobilized QDs
biosensor signal transducer on the paper substrate which would be able to sensitively
detect target analytes as determined by fluorescence intensity. To make it more
portable and easy to use, home‐made smartphone‐based systems, custom built
compact fluorescence analysis units, or custom‐designed CMOS‐based sensor chips can
be applied for fluorescence readouts from paper substrates.
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2.5 Summary
Overall, chapter 2 has presented the preparation and characterization of QD‐HisDNA
constructs for use in biosensing assays. QDs were made water‐soluble through a ligand‐
exchange reaction with a dihydrolipoic acid (DHLA)‐based zwitterionic ligand. The as‐
prepared QDs exhibited excellent long‐term stability under a broad pH range and high
salt concentration. Small zwitterionic ligands minimized the steric hindrance problem,
enabling direct conjugation of His‐tagged DNA onto the QD surface, the resulting QD‐
DNA conjugate exhibited much better FRET efficiency comparing to commercial
streptavidin‐coated QDs and biotin‐DNA.
The as‐prepared zwitterionic QDs and QD‐HisDNA conjugates were then applied for a
miRNA detection combined with an enzyme (DSN)‐mediated target recycling. The DSN‐
mediated amplification offers distinct advantages of high amplification efficiency,
isothermal nature, and no non‐specific priming. The detection limit of 42 fM with
excellent selectivity for miR‐148 versus base‐mismatched sequences and other miRNAs
was achieved. In addition, the proposed method was successfully employed for
detection of miR‐21 using an alternative FRET pair, which was compared to qRT‐PCR
for the quantitative analysis of miR‐21 in biological samples which are rarely
interrogated using QD‐FRET assays due to the challenging nature of their complex
composition.
Moreover, the integration of a solid‐phase QD−FRET nucleic acid hybridiza on assay on
a paper‐based platform was investigated, which has shown great promise although
more optimization work is needed in the future.
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CHAPTER 3 ENGINEERING MULTI‐FUNCTIONAL PLATFORM FOR
ENZYME IMMOBILIZATION AND CATALYTIC STUDIES
3.1 Scope of This Chapter
Nucleic acid‐based nanomaterials have emerged as powerful building blocks for the
bottom‐up fabrication of two or three dimensional nano‐ and micron‐sized constructs
which are spatially well‐controlled.214 Due to their sequence‐driven programmability
and versatility of functionalization strategy, the nucleic acid structures provide
excellent scaffolds to immobilize enzymes and regulate their activities on the nanoscale.
Thus DNA as a pioneer building material in nucleic acid nanotechnology has been
extensively explored.215‐216 The utility of the RNA in the field of nanotechnology225 has
resembled DNA nanotechnology in similar ways. Howerever, it has been progressed
relatively slowly due to their susceptibility to nuclease degradation, high cost,
restrictions on mass production and purification and long DNA synthesis, and the
possible formation of unpredictable secondary structures.226
This chapter focuses on the construction and characterization of DNA and RNA‐based
hierarchical porous nanostructures using RCA and RCT techniques and presents a new
concept of exploiting such constructs as scaffolds for enzyme immobilization and
catalytic study. Section 3.2 is mainly focused on methodologies to prepare the
DNA/RNA particles and to understand their composition and structure with various
characterization techniques. Particularly, functionalization of RNA particles and their
use in a study of catalysis is discussed in more detail compared to DNA particles, since
both RCA and RCT share many similarities in underlying mechanism for constructing
nucleic acid structures. Section 3.3 is focusedd on optimization procedures for the
synthesis of RNA particles (termed RNA flowers (RNF)) and approaches to immobilize
various proteins and enzymes onto RNF via direct encapsulation during RCT, in which
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protein/enzymes are directly incorporated into the RNF through multiple interactions
between RNA and inorganic crystals. Bovine serum albumin (BSA), duplex‐specific
nuclease (DSN), horseradish peroxidase (HRP) and β‐galactosidase (β gal) are used as a
proof‐of‐concept. In section 3.4, construction and characterization of functional RNF
(F‐RNF) is described by introducing modified‐uridine triphosphates during the reaction
or by electrostatically interacting with positively‐charged proteins after the formation
of RNF. Both types of F‐RNF can be further labeled straightforwardly and chemo‐
selectively with various functional units such as fluorescent dyes, gold nanoparticles,
quantum dots, and enzymes. To investigate whether the F‐RNF systems show the ability
to control the enzyme activity, two enzymes including β gal and HRP to the F‐RNF were
coupled to F‐RNF, respectively, and both exhibited enhanced enzymatic activity and
improved stability in comparison to free enzymes. In section 3.5, another versatile
approach to immobilize enzymes onto RNF through nucleic acid hybridization is
presented, in which the enzymes are conjugated to a peptide nucleic acid (PNA) strand
using a SPDP crosslinker, which allows effective enzyme loading to RNF through
PNA/RNA hybridization. The preliminary results with PNA‐HRP and PNA‐ β gal
demonstrated the possibility of these being immobilized onto RNF through simple
hybridization methods.
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3.2 Preparation of DNA and RNA Structures through Rolling Circle Replication
3.2.1 Experimental methods
3.2.1.1 Reagents
HPLC‐purified oligonucleotides were purchased from Integrated DNA technology (IDT).
T4 DNA ligase, exonuclease I, phi29 DNA polymerase, T7 RNA polymerase,
deoxynucleotides (dNTPs) solution mix, and ribonucleotide (rNTP) solution mix were
obtained from New England Biolabs (UK). Cyanine 3‐deoxyuridine triphosphate (Cy3‐
dUTP), cyanine 5‐UTP, Bio‐16‐UTP was purchased from Enzo Life Sciences (UK).
VECTASHIELD mounting medium was purchased from Vector Laboratories. 5‐DBCO‐
PEG4‐UTP was purchased from Jena Bioscience. Urea, Tris‐HCl buffer (pH 8.0),
Tris/boric acid/EDTA (TBE) buffer, 1 kb plus DNA ladder, SYBR gold stain, BlueJuice gel
loading dye, SYBR green I, Quant‐iTPicoGreen dsDNA assay, Qubit protein assay and
PiPer pyrophosphate assay, carboxyfluorescein succinimidyl ester (fluorescein‐NHS),
nuclease‐free water, were obtained from Thermo Fisher Scientific (UK). TBE‐urea
sample buffer, 40% acrylamide/bis solution (29:1), and 30% acrylamide/bis solution
(29:1) were purchased from Bio‐Rad (USA). Amicon ultra‐0.5 centrifugal filter was
purchased from MERCK Millipore (Germany). Eppendorf RNA/DNA LoBind
microcentrifuge tube was obtained from Sigma‐Aldrich.
3.2.1.2 Methods and characterization
Preparation of circular template DNA: For both RCA and RCT, circular template DNA was
prepared in the same way. Briefly, 5 μL of 5’‐phosphorylated linear DNA (100 μM) was
circularized by hybridizing with 10 μL of either primer (for RCA) or T7 promoter (for RCT)
(100 μM) in ligase reaction buffer (50 mM Tris‐HCl, 10 mM DTT, 1 mM ATP, 10 mM
MgCl2, pH 7.5) by heating at 95 °C for 5 min and slowly cooling to RT for at least 3 h.
The sequences of oligonucleotides are listed in Table 3.1. The nick of the circular
template DNA / primer or T7 promoter hybrid was closed by 5 μL of T4 DNA ligase (400
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U μL‐1) at 16 °C overnight, followed by enzyme inactivation at 65 °C for 10 min. 6 μL of
exonuclease I (20 U μL‐1) in reaction buffer (67 mM Glycine‐KOH, 6.7 mM MgCl2, 10
mM β‐mercaptoethanol, pH 9.5) was added to remove excess primers or T7 promoters,
and the mixture was treated at 37 °C for 1.5 h, followed by heat inactivation at 80 °C
for 15 min. The resulting circular template DNA was confirmed by both 15% native and
denatured polyacrylamide gel electrophoresis (PAGE) analysis in TBE buffer (89 mM
Tris‐HCl, 89 mM boric acid, 2 mM EDTA, pH 8.3). To visualize DNA band, the gels were
stained with SYBR gold stain at RT for 30 min and imaged using the BioSpectrum
Imaging System (Ultra‐Violet Products, UK).
Table 3.1 The sequences of oligonucleotides for RCR

RCA

RCT

linear template DNA
used in RCA

5’‐phosphorylation‐AAT ATT ATT CCA GCT GGC GCT CGA
GCT CGA GCC AGG TTG TAT CGT GAG ACT GCA CCT TGA
ACG CTT ATT ATG ATT‐3’

primer

5’‐AAT AAT ATT AAT CAT AAT A‐3’

linear template DNA
used in RCT

5'‐phosphorylation‐TGA GTC GTA TTA TAG GCC TGC TCG
AGC TCG AGC TTG CAT CAC CGT GCA GCC GAA GCT TGC
ACG CGT A CCC TAT AG

T7 promoter

5’‐ TAA TAC GAC TCA CTA TAG GG‐3’.

Formation of DNA flowers (DNF) using RCA: In a typical RCA reaction, 50 μL solution
mixed with circular template DNA (0.6 μM), phi29 DNAP (5 U μL‐1) and dNTPs (1 mM)
were incubated in RCA reaction buffer (50 mM Tris‐HCl, 4 mM DTT, 10 mM MgCl2, 10
mM (NH4)2SO4, pH 7.5) at 30 °C for 20 h before phi29 DNAP enzyme inactivation at
65 °C for 10 min. The RCA products were then washed with NF water three times to
remove any free enzymes and DNA strands by centrifugation at 5,000 g for 10 min. The
obtained DNF were re‐dispersed in NF water and kept at 4 °C.
Formation of RNA flowers (RNF) using RCT: In a typical RCT reaction, 50 μL solution
mixed with circular template DNA (0.6 μM), T7 RNAP (5 U μL‐1), and rNTPs (2 mM) were
incubated in RCT reaction buffer (40 mM Tris‐HCl, 6 mM MgCl2, 2 mM Spermidine, 1
mM DTT, pH 7.9) at 37 °C for 20 h before T7 RNAP enzyme inactivation at 65 °C for 10
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min. The final reactant was sonicated for 10 min, followed by washing with NF water
three times to remove any free enzymes and RNA strands by centrifugation at 8,000 g
for 10 min. The obtained RNF were redispersed in NF water and stored at 4 °C for use.
Quantification of pyrophosphate concentration: The pyrophosphate (PPi) concentration
was estimated using the PiPer pyrophosphate assay kit. The samples were mixed with
a freshly prepared working solution according to the manufacturer’s protocols,
containing Amplex Red (100 μM), pyrophosphatase (0.02 U mL‐1), maltose
phosphorylase (4 U μL‐1), maltose (0.4 mM), glucose oxidase (2 U mL‐1), horseradish
peroxidase (0.4 U μL‐1). After 2 h incubation at 37 °C, the absorbance at 565 nm was
monitored using the plate reader and inverted to PPi concentration using appropriate
PPi standards.
Evaluation of DNA yield: The amounts of DNA in DNF were quantified using PicoGreen
dsDNA reagent. Briefly, as‐synthesized DNF were incubated with the PicoGreen reagent
in a 96‐well plate for 5 min at room temperature and the fluorescence intensity
(excitation 480 nm, emission 520 nm) was measured using an Envision multilabel plate
reader (Perkin Elmer, USA). The DNA concentration was determined from the standard
curve of serial dilutions of lambda DNA (λ‐DNA) provided by the manufacturer.
Evaluation of RNA yield: The amounts of RNA in RNF were quantified using Quant‐iT™
RiboGreen™ RNA Assay Kit. Similar to DNF, as‐synthesized RNF were incubated with the
RiboGreen reagent in a 96‐well plate for 5 min at room temperature and the
fluorescence intensity (excitation 480 nm, emission 520 nm) was recorded. The RNA
concentration was determined from the standard curve of serial dilutions of ribosomal
RNA standard provided by the manufacturer.
Scanning electron microscopy (SEM): To investigate the morphology and size
distribution, the obtained particles were imaged by SEM (Leo Gemini 1525 FEGSEM) in
InLens mode at an accelerating voltage of 5 kV. Before imaging, a drop of each sample
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solution in NF water was placed on a cleaned silicon wafer and air‐dried at room
temperature, followed by sputter coating with 10 nm chromium.
Scanning transmission electron microscopy (STEM) and energy dispersive X‐ray
spectroscopy (EDS) analysis: STEM and EDS analyses were performed on a JEOL JEM‐
2100F transmission electron microscope (TEM) operating at 200 kV, equipped with
Gatan Orius SC 1000 (2k × 4k), Gatan high‐angle annular dark‐field (HAADF) and EDS
detectors (Oxford Instruments INCA EDS 80 mm X‐Max detector system with STEM
capability). The samples were prepared by placing a drop of the sample solution on
200‐mesh carbon‐coated Cu grids (Electron Microscopy Science, USA). The STEM
analysis was finished with the assistance of Nayoung Kim from the Stevens group.
Structured illumination microscopy (SIM): For the SIM imaging of DNF and RNF,
fluorescently labeled‐particles were prepared by introducing Cy3‐dUTP (0.02 mM) or
Cy5‐UTP (0.02 mM) to the RCR reaction mixtures, followed by the reaction at 30°C or
37°C for 20 h and purification in the same way as described above. QD‐labeled particles
were prepared by first incubating QD with the prefunctionalized particles using a bench
shaker at room temperature for 2 h, and then washed with NF water several times to
remove any free QDs by centrifugation. 10 μL or more of the particles in NF water was
mixed with 100 μL of VectaShield mounting media (Vector Laboratories) before
pipetted onto an ibidi 8‐well glass bottom μ‐slide. The particles were left overnight in
order to allow the particles to settle to the base of the slide by gravity. SIM imaging was
performed with an Elyra PS.1 (Carl Zeiss). The SIM analysis was finished with the
assistance of Worrapong Kitanan from the Stevens group.
Focused ion beam (FIB)‐SEM dual beam microscope analysis:

Dual beam FIB‐SEM

microscope imaging was carried out using Auriga CrossBeam Workstation (Zeiss).
Before imaging, samples were first fixed through resin embedding with epoxy resin
embedding kit (Sigma) at 3:1, 2:1, 1:1, 1:2 (v/v) of ethanol to resin for 2.5‐3 h each. The
pure resin was infiltrated the following day for 3 h, twice. The sample was washed with
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ethanol to remove excess resin, and air dried between washes. Samples were left to
polymerize for 48 h at 60 °C. Samples were then sputtered with 10 nm chromium. A
single particle was selected using low magnification SEM imaging followed by tilting the
stage to 54°. The same particle was located using the FIB at a working distance of 5
mm. The sample was milled at 30 kV and 50 pA. SEM images were obtained
using three different mode including: secondary electron secondary ions (SESI),
electron back scatter detector (ESB), or in‐lens, with an accelerating voltage of 1.6 keV.
The FIB‐SEM analysis was finished with the assistance of Sahana Gopal from the Stevens
group.
FIB‐SEM lift‐out and TEM imaging: Thin lamella section of the sample was prepared for
TEM imaging characterization using a dual beam microscope (FEI Helios NanoLab 600,).
The sample solution was deposited onto a cleaned glass substrate and air‐dried at RT,
followed by sputter coating with 10 nm gold. Several RNF particles were selected using
low magnification SEM imaging (5 keV, 0.17 nA) and the stage was tilted to 52° to focus
the ion beam and electron beam at 90°. The region of interest was then coated with
platinum using ion beam deposition at 30 keV and 28 pA. Two trenches (parallel to the
bottom and top of the platinum protective layer) were cut using ion beam operated by
rectangular patterning. Cleaning cross‐section was then applied to further thin the
platinum protected section. After thinning, the sample was partly released which allows
an omniprobe micromanipulator with the platinum layer to attach to the opening end
and completely lift it from the surface. The lifted sample was then gently attached to a
copper grid (FIB 3 post‐lift‐out, Agar Scientific) with a platinum layer (1 µm thick). The
sample was then further thinned to certain nm using ion beam (28 pA to 2.8 nA at 30
kV), followed by cleaning and polishing the surface (10 pA at 2kV) to remove any
artifacts introduced by the ion milling. The schematic of FIB lift‐out sample preparation
is shown in Figure 3.1. The FIB lift‐out and TEM analysis was finished with the assistance
of Shweta Agarwal from the Stevens group.
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Figure 3.1 Schematic illustration of FIB lift‐out. (a) Selection of a specific site for lift‐out sample
preparation and Pt capping. (b) Trenching on either side of the site to get a triangular wedge.
(c) Lift‐out of the specimen using a manomanipulator. (d) Attachment of a specimen wedge on
the substrate for TEM. (e) Selection of a specific site of RNF sample and trenching on either
side to get a triangular wedge, marked as yellow (1) (2). Scale bar = 50 µm. (f) The final look of
lifted a heap of RNF particles after attached to the copper grid. Scale bar = 1 µm. Image (a) (b)
(c) (d) were reproduced with permission from ref.366 The FIB lift‐out analysis was finished with
the assistance of Shweta Agarwal from the Stevens group.
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3.2.2 Results and discussion
As shown in Figure 1.12, the principle of RCR is that DNA or RNA polymerase enzyme
traverses a small circular template DNA and generates large quantities of elongated
DNA and RNA strands, which are periodically complementary to template sequences.
This technique allows for the precise templating of the strand and creates long
stranded nucleic acid with a known repeating sequence that is dependent on the
sequence of the template. Since RCA and RCT share many similarities in sample
preparation and characterization, RCT was mainly discussed as an example. For RCT
reaction, circular template DNA was prepared by ligation of 5’‐phosphorylated linear
DNA with T4 DNA ligase. Any non‐circularized template DNA or excess promoter
sequences were removed with an additional treatment with exonuclease I. The
resulting product was characterized by both native and denatured polyacrylamide gel
electrophoresis (PAGE), as shown in Figure 3.2.
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Figure 3.2 Circularization of linear template DNA. a) Schematic illustration showing the
preparation of circular template DNA for RCT. b) Native and c) denatured polyacrylamide gel
images stained with SYBR gold. Lane M: 10 bp DNA Ladder, lane 1: T7 promoter, lane 2: linear
template DNA, lane 3: hybridized template DNA with primers, lane 4: ligased template DNA
with T4 DNA ligase, lane 5: circular template DNA after treatment with exonuclease I.

The as‐synthesized circular template DNA was then incubated with T7 RNA polymerase
(T7 RNAP) and rNTP solution in the reaction buffer at 37˚C. During the reaction, flower‐
shaped RNA particles (named RNA flower or RNF) are formed by the simultaneous
generation of crystalline Mg2PPi and RNA strands over time (Figure 1.14). The yields of
two main components such as RNA and pyrophosphate (PPi) in the RNF are influenced
by the initial concentrations of template DNA, rNTP, and T7 RNAP used in the reaction.
To assess the effects of these factors on the final product, optimization experiments
were carried out by varying the concentration of template DNA, rNTP, and T7 RNAP.
The final products were characterized by SEM analysis and the concentration of RNA
and PPi was determined before and after washing steps. It should be noted that T7
RNAP has been well characterized in the literature, and the suppliers such as NEB and
Invitrogen suggest to maintain a relatively higher Mg2+ concentration than the rNTP
concentration during RCT to obtain high yields of RNA. Here, varied concentrations of
rNTP were tested in the reaction at fixed amounts of other components. The resulting
products were characterized as shown in Figure 3.3. It can be clearly seen that highest
amount of RNA was achieved when the Mg2+ concentration was 4 mM more than the
total rNTP concentration (2 mM). Similarly, the PPi concentration also reached to the
maximum (Figure 3.3a and b). SEM images showed spherical particles (1~2 μm in
diameter) with a flower‐shape morphology (Figure 3.3d). Interestingly, when there was
only 1 mM of rNTP in the solution, nano‐sized particles (300~400 nm in diameter) with
a similar flower‐shape morphology were formed from the reaction (Figure 3.3c). This
was mainly due to the relatively low concentration of Mg2PPi crystals formed at lower
rNTP concentration. However, when rNTP was higher than 2 mM, the RNA
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concentration dropped dramatically and there were rarely particles or precipitates
remained after the reaction and subsequent washing steps (Figure 3.3e and f). As a
result, the RNA concentration was unmeasurable after washing. This is likely due to the
interaction between Mg2+ ions and nucleotides, and thus decreasing the concentration
of free Mg2+ ions for sufficient enzyme activity.
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Figure 3.3 Optimization of rNTP concentration in RCT reaction. Different concentrations of rNTP
mix solution (1, 2, 4 and 6 mM) were investigated with a fixed concentration of template DNA
(1.0 μM), and T7 RNAP (5 U μL‐1). (a) The relatively RNA yield of the resulting RCT products
before washing steps. (b) The relatively RNA and PPi yield of the resulting RCT products after
washing steps. All the results were normalized to the value at rNTP = 2 mM. Corresponding
SEM images after washing steps: (c) 1 mM, (d) 2 mM, (e) 4 mM, and (f) 6 mM of rNTP. Data
represent mean ± s.d. of two independent experiments. Scale bar = 500 nm.

Therefore, in the following experiments, the optimal reaction buffer was set with Mg2+
(6 mM) and total rNTPs (2 mM) for production of RNA particles and T7 RNAP's activity.
The optimal concentration of template DNA was then checked by varying the
concentrations (0.2, 0.4, 0.6, 0.8, and 1.0 µM) of template DNA in the RCT reaction. The
RNA and PPi concentrations after washing the RCT products were shown in Figure 3.4.
Both RNA and PPi yield increased along with increasing the amount of template DNA.
Although RNA production can be greatly enhanced by adding more template DNA in
the reaction, the final products tended to form more aggregation or grown to adhere
to each other when template DNA reached 0.8 µM or more (Figure 3.4e and f).
Particularly, when template DNA reached 1.0 µM, there was rarely a single particle with
flower‐shaped morphology found under SEM. The optimal concentration of template
DNA can be determined according to different application purposes. In this study, the
formation of monodispersed single particles with sufficient RNA yield is preferred,
therefore, 0.6 µM of template DNA was chosen for the following studies.
Finally, the concentration of T7 RNAP was optimized. Two concentrations of T7 RNAP
(2 U μL‐1 and 5 U μL‐1) were tested with varied template DNA (0.4, 0.6, 0.8, and 1.0 µM)
(Figure 3.5). When the enzyme concentration was fixed, the RNA yield increased with
increasing template DNA, which is the same as shown in Figure 3.4a. When the
concentration of template was fixed, 5 U μL‐1 of T7 RNAP was able to yield more RNA
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compared to 2 U μL‐1 of T7 RNAP, as expected. Also, the concentration of T7 RNAP is
more dominant for the reaction, as we can see the RNA yield from 2 U μL‐1 of T7 RNAP
with 1.0 µM template DNA was less than 5 U μL‐1 of T7 RNAP with 0.4 µM template
DNA. There was no significant difference in the particles morphology when 0.6 µM of
template DNA and 2 mM rNTP were used (Figure 3.5 b and c). In order to keep a high
RNA conentration within RNF for enzyme loading as well as maintaining their activity,
5 U μL‐1 of T7 RNAP was chosen for the following studies to obtain high RNA yield.
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Figure 3.4 Optimization of template DNA concentration in RCT reaction. Different
concentrations of template DNA (0.2, 0.4, 0.6, 0.8 and 1.0 µM) were investigated with a fixed
concentration of rNTP (2 mM), and T7 RNAP (5 U μL‐1). (a) RNA and PPi concentration in the
resulting RCT products after washing steps. All the results were normalized to the value at
template DNA = 1 µM. Representative SEM images of RNF at the concentration of template
DNA: (b) 0.2 µM, (c) 0.4 µM, (d) 0.6 µM, (e) 0.8 µM, (f) 1.0 µM. Data represent mean ± s.d. of
two independent experiments. Scale bar = 1µm.
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Figure 3.5 Optimization of T7 RNAP concentration in RCT reaction. Two concentrations of T7
RNAP (2 U μL‐1 and 5 U μL‐1) were tested with varied template DNA (0.4, 0.6, 0.8, and 1.0 µM)
and 2 mM rNTP. (a) RNA concentration of the resulting RCT products after washing steps. All
the results were normalized to the value when T7 RNAP = 5 U μL‐1 and template DNA = 0.8 µM.
Representative SEM of RNF at (b) T7 RNAP = 2 U μL‐1 and template DNA = 0.6 µM, and (c) T7
RNAP = 5 U μL‐1 and template DNA = 0.6 µM. Data represent mean ± s.d. of two independent
experiments. Scale bar = 500 nm.

Based on above work, the optimal RCT reaction was performed in a 50 μL solution
containing 0.6 μM template DNA, 2 mM rNTP mixtures, 5 U μL‐1 T7 RNAP in RCT reaction
buffer, and the reaction was incubated at 37˚C for 20 h. This optimized condition allows
high enzymatic transcription yield with sufficient amounts of RNA and PPi while keeping
a relatively monodisperse set of RNF particles. Overall, the synthesized RNF were
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spherical in shape and had uniformly micrometer‐sized composite particles (1~2 μm)
with petal‐like structures on the surfaces as shown in Figure 3.6.

Figure 3.6 Characterization of RNF by SEM imaging at various magnifications. Scale bar: (a) 10
μm, (b) and (c) 500 nm, (d) 100 nm.

High‐angle annular dark‐field transmission electron microscopy (HAADF‐STEM)
characterization has further verified the size and morphology of the RNF, displaying
porous and hierarchical structures of the RNF particles (Figure 3.7).
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Figure 3.7 Characterization of RNF by HAADF‐STEM analysis. (a) STEM image of several RNF
particles. Scale bar = 1 μm. (b) STEM bright field and (c) HAADF field for a representative single
particle. Scale bar = 500 nm.

Further characterization on the compositions and structures of the particles was
carried out by element‐mapping under STEM mode (Figure 3.8). Energy dispersive X‐
ray spectroscopy (EDS) mapping further showed that carbon (C), nitrogen (N), oxygen
(O) magnesium (Mg) and phosphorus (P) present in the particle, confirming the particle
was mainly composed of RNA and Mg2PPi. Carbon and nitrogen were found localized
as the outer shell around the particle by merging the distribution of magnesium with
carbon and nitrogen.
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Figure 3.8 Characterization of RNF by HAADF‐STEM and STEM‐EDS analysis. (a) HAADF‐STEM
image of a single RNF particle, (b‐f) EDS elemental maps of C, N, O, Mg, and P, (g) merged maps
of Mg and C, (h) merged maps Mg and N, and (i) EDS spectrum scanned from a whole single
particle. Scale bar: 500 nm.

To better understand the localization of RNA strands and Mg2PPi in the RNF, the RCT
reaction was carried out in the presence of fluorescent Cy3‐labelled nucleotides.
Structured illumination microscopy (SIM) was employed to detect the fluorescence
emitted from the labelled RNA strands within the particle. SIM technique with high‐
resolution can provide 100 nm spatial resolution in the lateral dimension. As shown in
Figure 3.9, fluorescence localization of Cy3‐labelled RNA was found mostly distributed
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in the outer layer of the particle. This result suggests that the RNA strands are largely
absorbed onto the surface of RNF, which is consistent with the observation in Figure
3.7 and Figure 3.8.

Figure 3.9 Z‐stacks of SIM images for Cy5‐RNF. A single particle with higher magnification views
was presented in the white rectangular region in the main image. Z‐stacks of RNF particles are
shown in the right panel (Step size for individual frames: 0.1 μm). Scale bar, 5 μm (main panels),
1 μm (inset and right panels).

To investigate the internal structure of the RNF particles, particularly the "hollow like"
morphology that was found in both TEM and SIM analysis, the dual beam focused ion
beam (FIB)‐SEM was then used. In this system, the SEM column is working with a FIB
column in the same microscope, which enables a "slice and view" technique (i.e.
simultaneously imaging the sample when the ion beam is milling the sample).

FIB‐

SEM Imaging was first taken using Auriga CrossBeam Workstation (Zeiss) under
different detectors. For the imaging, 8 individual RNFs (P1‐P8) with relatively larger size
were selected (Figure 3.10). Two different methods were used for sample preparation.
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In the first method, the samples (P1‐P5) were sputtered with 10 nm chromium (Cr) and
directly used for imaging. A single particle was selected using SEM imaging at low
magnification, followed by tilting the stage to 54°. The particle was then re‐located
using the FIB beam at a working distance of 5 mm and milled at 30 kV and 50 pA. The
exposed cross‐sections were imaged simultaneously by SEM. In the second method
(P6‐P8), samples were first fixed through resin embedding with epoxy resin embedding
kit then sputtered with 10 nm Cr, and followed using the same procedure as the first
method for imaging. All the images were obtained using three detectors: secondary
electron secondary ions (SESI), electron back scatter detector (ESB), or In‐Lens, with an
accelerating voltage of 1.6 keV.

Figure 3.10 SEM Imaging of 8 individual RNF particles (P1‐P8). The orthogonal cross‐section of
each particle sliced by FIB was checked under three detectors: SESI (P1‐P4), InLens (P1, P5),
and ESB (P6‐P8). The P6‐P8 particles were fixed by resin embedding before imaging. Scale bar
= 500 nm.

As shown in Figure 3.10, RNF particles were spherical in shape with petal‐like structures
on the surfaces. After being milled into certain depths, a hollow structure within a
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particle appeared and was found from all the particles. These holes are quite random
in shape or size and not necessarily located in the middle of the particle. Without resin
(P1‐P5), the surface and cross‐section of the particles melted due to the high energy of
the laser beam. With the protection from resin embedding (P6‐P8), the existence of
well‐developed nanopores was found spreading throughout the particle, apart from
the larger hole in the center of the particle. In order to characterize the morphology
and porosity of the internal structure of the RNF more closely, FIB lift technique (FEI
Helios NanoLab 600,) was used to prepare thin lamellar sections of the RNF particle for
TEM analysis. The steps of FIB lift including: selecting area of interest, protecting the
sample by platinum coating, milling and imaging the sample, lifting out the site‐specific
region from the sample with a micromanipulator, and finally placing the sample on the
TEM grid. The HAADF‐STEM image of the prepared lamellar specimen of RNF is shown
in Figure 3.11. Comparing with Figure 3.10, both the cross‐section and the out edge of
particles were well preserved owing to the platinum protection. All of the particles have
shown relatively unorganized internal structures with differently sized nanopores
spreading throughout the particle. The size of these pores is getting larger close to the
edge of the particle and has a quite homogenous fiber‐look structure distributed
around the edge. There were no holes observed in Figure 3.11. That was mainly caused
by the difference of FIB milling using two different types of equipments. For FIB‐SEM
using Auriga, the milling step was operated several times on each single particle in
order to expose the big hole within the particle. While for FIB lift‐out using FEI Helios,
the cutting depth for a selected region was fixed in order to make sure the left thin
lamella section can be released and lifted‐out by the probe. When cutting a heap of
RNF particles with same milling depth, a similar situation happened to with the Auriga‐
FIB SEM (Figure 3.12a). Three particles have shown how the size and the milling depth
affect the final look of the cross‐section. Besides, relatively larger particles were picked
showing in Figure 3.10 considering the resolution factor for taking imaging. Figure 3.12b
showed another pile of relatively small RNF with the same milling depth, and there was
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no hole observed from them. More work is required in the future to understand the
whole inner structure of the RNF particles as well as the growth mechanism of forming
this hollow structure. To achieve that, more techniques are needed such as the
characterization of internal structure by serial surface view (SSV) method,367 which is
able to collect of serial cross‐sectional slices to form a 3D reconstruction of the particle,
or EDS analysis and elemental mapping of the cross‐section.

Figure 3.11 Representative STEM‐HAADF images of thin sections of the RNF particles prepared
by FIB. (a) Several RNFs were selected and milled to expose the cross‐section. Scale bar = 1 µm.
(b) Magnified single particle. Scale bar = 500 nm. (c) Magnified edge of the particle. Scale bar =
200 nm. (d) Yellow rectangular region 1 and 2 were picked from a single particle for higher
resolution TEM (HRTEM). Scale bar = 500 nm for (d) and 100 nm for 1 and 2.
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Figure 3.12 FIB‐SEM Imaging of a heap of several RNFs with milling to same depth using Auriga
CrossBeam Workstation (Zeiss). Scale bar = 1 µm.

Similar to RNF, DNF was also prepared using RCA reaction. The as‐synthesized DNF have
very similar morphology and size distribution comparing with RNF (Figure 3.13).
However, the DNF showed different localization of DNA in comparison to that of RNF
under SIM characterization. The amplification reaction was carried out in the presence
of fluorescent Cy3‐labelled nucleotides. As shown in Figure 3.14, the fluorescence of
Cy3‐labelled DNA strands was distributed throughout the particle, whereas the
fluorescence of RNA strands were mainly located on the particle surface (Figure 3.9).
This observation suggested that the two enzymes, phi29 DNAP and T7 RNAP, have
different polymerization efficiency, thereby giving rise to different loading kinetics of
DNA or RNA strand into Mg2PPi crystals during the RCA or RCT process.
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Figure 3.13 Characterization of DNF by SEM images with increased magnifications. Scale bar:
(a) 10 μm, (b) 1 μm, and (c) 500 nm.

Figure 3.14 SIM images of a Cy3‐labelled DNF. Z‐stacks of RNF particle are shown in the right
panel (Step size for individual frames: 0.1 μm). Scale bar, 5 μm (main panels), 1 μm (inset and
right panels).
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3.3 Direct Immobilization of Enzymes onto RNF During the RCT Process
A big advantage of nucleic acid‐based nanostructures is their sequence‐driven
programmability, nanoscale addressability of created objects and versatility of
conjugation strategy. As a result, these sophisticated nanostructures provide excellent
scaffolds to immobilize enzymes and regulate their activities on the nanoscale. So far,
extensive studies have proved that DNA structures can effectively enhance enzyme
catalysis,289, 368 improve enzyme stability289 and create efficient multistep cascades of
enzyme reactions.286, 288, 369 However, using the RNA structures as a platform for the
study of enzyme kinetics is rarely reported. Moreover, compared to well‐defined 3D
DNA origami scaffolds,370 which requires hundreds of unique oligonucleotides with
complex preparation procedures and low production scale, structures assembled via
an enzymatic amplification method are much less explored.
After optimization of the growth procedures for RNF, in this section, various
immobilization approaches for protein and enzymes immobilization onto RNF were
proposed. First, a direct encapsulation strategy was applied, in which proteins and/or
enzymes were directly incorporated onto the RNF through various interactions, such as
electrostatic and coordinative interactions during the RCT reaction. Protein/enzymes
including bovine serum albumin371 (BSA), duplex‐specific nuclease315 (DSN),
horseradish peroxidase372 (HRP), and β‐galactosidase373 (β gal) were investigated (Table
3.2).
Table 3.2 Proteins and enzymes used in chapter 3.3
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3.3.1 Experimental methods
3.3.1.1 Reagents
All the reagents for RCA and RCT reaction were listed in section 3.2.1. ABTS Buffer
(Sigma‐Aldrich), bovine serum albumin (BSA), horseradish peroxidase (HRP), β‐
galactosidase from Escherichia coli, spermidine, and resorufin β‐D‐galactopyranoside
(RBG) substrate were from Sigma‐Aldrich (Gillingham, UK). TMB substrate solution was
purchased from Thermo Fisher Scientific. Duplex‐specific nuclease (DSN) was from
Cambridge Bioscience.
3.3.1.2 Methods and characterization
Synthesis of protein‐encapsulated RNF through anisotropic growth: Protein‐
encapsulated RNA flowers (RNF) were prepared via the RCT process. Each RCT reaction
(50 μL of final volume) was carried out with circular template DNA (0.6 μM), dUTPs (1
mM), protein solution (BSA, DSN, HRP, or β‐gal), and T7 DNAP (5 U μL‐1) in RCT reaction
buffer (40 mM Tris‐HCl, 6 mM MgCl2, 2 mM Spermidine, 1 mM DTT, pH 7.9) at 37 °C
for 20 h before T7 RNAP enzyme inactivation at 65 °C for 10 min. To break up any
potential aggregated particles, the final reactant was sonicated for 10 min, followed by
washing with NF water three times to remove any free enzymes and RNA strands by
centrifugation at 8,000 g for 10 min. The obtained RNF were re‐dispersed in NF water
and stored at 4 °C for use.
For the evaluation of the encapsulation yield of protein, the amounts of RNA and
protein in protein‐RNF were quantified using Quant‐iT™ RiboGreen™ RNA Assay Kit and
Qubit protein reagent, respectively. RNF were incubated with the RiboGreen reagent
in a 96‐well plate for 5 min at RT and the fluorescence intensity was recorded. The RNA
concentration was determined from the standard curve of serial dilutions of a
ribosomal RNA standard provided by the manufacturer. The same samples were further
incubated with Qubit protein reagent in a 0.5 mL assay tube for 15 min at RT and the
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protein concentration was determined by the Qubit fluorometer based on the standard
curves using free BSA. The amount of encapsulated protein of interest was then
calculated by subtracting the amount of protein in RNF (which may contain other
proteins such as T7 RNAP) from that in protein‐containing RNF.
β‐gal enzyme activity test: Resorufin β‐D‐galactopyranoside (RBG) was chosen as the
model substrate for β‐gal in order to monitor the performance of β‐gal. Under the
catalysis of β‐gal, the nonfluorescent RBG is hydrolyzed to generate galactose and the
red‐fluorescent resorufin with an emission maximum at 584 nm. The enzymatic activity
of β‐gal was assessed by monitoring the fluorescence intensity at 584 nm over time.
HRP enzyme activity test: 3,3',5,5'‐tetramethylbenzidine (TMB) substrate solution was
used in order to monitor the performance of HRP. TMB is a chromogen that yields a
blue color when oxidized, typically as a result of oxygen radicals produced by the
hydrolysis of hydrogen peroxide by HRP. The enzymatic activity of HRP was assessed by
monitoring the absorbance at 450 nm over time.
SIM imaging of protein‐encapsulated RNF complexes: For the imaging of BSA‐
encapsulated RNF, BSA was labeled with primary amine‐reactive fluorescent dyes,
forming stable covalent bonds. BSA was reacted with fluorescein (FITC)‐NHS at a 1:10
molar ratio in 50 mM HEPES buffer (pH 7.4). Excess dyes were removed using a
centrifugal filter device (MWCO 10 kDa). The protein concentration was determined
using a NanoDrop 2000c spectrometer (ThermoFisher Scientific, UK). Fluorescently
labeled BSA‐RNF were then prepared by introducing 0.4 mg mL‐1 fluorescein‐
conjugated BSA and Cy5‐UTP (0.02 mM) to the RCT reaction mixtures, followed by the
reaction at 37 °C for 20 h and purification in the same way as described above. 10 μL
or more of the particles in nuclease‐free water were mixed with 100 μL VectaShield
mounting media (Vector Laboratories) before pipetted onto an ibidi 8‐well glass
bottom μ‐slide. The particles were left overnight in order to allow the particles to settle
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to the base of the slide by gravity. SIM imaging was performed with an Elyra PS.1 (Carl
Zeiss).

3.3.2 Results and discussion
The schematic illustration of the direct synthesis of protein‐encapsulated RNF is shown
in Figure 3.15. When the RCT reaction is conducted in the presence of proteins, the
protein molecules were thus spontaneously incorporated into the growing RNF during
RCT. Compared to other multistep encapsulation methods (e.g. noncovalently
immobilized, chemically modified proteins, etc,) for immobilizing enzymes, this method
is generic and easy to operate.

Figure 3.15 Schematic illustration of encapsulation of proteins in RNF through RCT.

BSA Encapsulation: BSA was used to test if RNFs are capable to encapsulate protein
without impairing the product yield and morphology. The morphology of RNF with
increasing amount of BSA was characterized by SEM. As shown in Figure 3.16. With
increased BSA, there was no significant changes in the porous morphology and the size
of the resulting RNF, but the addition of BSA has contributed to some increase in RNA
yield compared to RCT without BSA, likely as a result of stabilization of the T7
polymerase enzyme during the RCT process with the help of BSA.374

159

Figure 3.16 Characterization of RNF with increasing BSA concentration by SEM. (a) and (d) 0
μg/mL, (b) and (e)200 μg/mL, (c) and (f)400 μg/mL , (g) and (j)600 μg/mL , (h) and (k) 800 μg/mL ,
(i) and (l) 1000 μg/mL of BSA. Scale bar: 500 nm.

The yield of RNA and the encapsulated protein concentration were then determined
using commercial kits. As shown in Figure 3.17, the concentration of both protein and
RNA in RNF increased when BSA concentration increased from 0 μg/mL to 800
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μg/mL,and started to decrease with the addition of a higher concentration of BSA (
800 μg/mL). It can also be observed by checking the yield of white precipitation in the
reaction vial.

Figure 3.17 The concentration of RNA and encapsulated protein during RCT process with
increased BSA protein.

To detect BSA within the RNF, SIM was employed to characterize the fluorescence
colocalization of FITC‐conjugated BSA and Cy5‐labeled RNF. In the 3D SIM image stacks,
proteins were found strictly localized within the RNA matrix throughout the RNF (Figure
3.18). BSA is negatively charge at neutral pH (pH condition of the RCT reaction), and the
reason that BSA localized within negatively charged RNA is hypothesized to be mainly
due to the loading or adsorption of BSA onto the porous surface, since the petal‐look
surface provides sufficient space for BSA loading.

161

Figure 3.17 SIM imaging of FITC‐BSA (green) and encapsulated Cy5‐RNF (red). (a) BSA channel,
(b) RNF channel, (c) Merged channel, respectively. Scale bar = 1 µm.

DSN Encapsulation: To encapsulate DSN into RNF, varied DSN concentrations (0, 0.02,
0.04, 0.06, 0.08, and 0.1 U/µL) were added to RCT reaction. However, there was no
white precipitation found in all reaction solutions after 20 h. Compared to the control
without DSN, the RNA yield of the other 5 samples was negligible (Figure 3.18a). To
investigate the reason for inhibiting RCT by DSN, circular template DNA was incubated
with DSN only, or both DSN and T7 RNAP in the RCT reaction buffer at 37° C for 20 h.
The resulting products were resolved on a 15% denatured PAGE gel (Figure 3.18b). In
the gel image, the DNA bands at lane 4 indicated the original circular template DNA.
However, after incubated with DSN, the template was digested by DNS into small
segments as shown in lane 5. Furthermore, when the solution contained a template,
DSN, and T7 RNAP, all of the templates were digested completely (lane 6). DSN has a
strong preference to cleave dsDNA or DNA in DNA‐RNA heteroduplexes. Clearly, DSN
enzyme can be active on circular template DNA, mainly because of the preformed
promoter/template DNA complex. Given that the promoter sequence is much shorter
than template DNA, the observed several bands (lane 5) seem to indicate degraded
template DNA fragments by DSN. When T7 RNAP was added, the generated RNA
hybridized to the template DNA forming a DNA/RNA duplex that can be cleaved by the
active DSN enzymes into small segments, causing more digestion on template DNA.
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Therefore, there was no band observed in lane 6. As a result, it is not practical to
encapsulate DSN into RNF through anisotropic growth.

Figure 3.18 Characterization of DSN‐encapsulated RNF products. (a) RNA yield from RCT with
varied DSN concentration. (b) 15% dPAGE gel analysis of DSN on CTDNA and RCT.

β‐gal and HRP Encapsulation: β‐gal‐encapsulated RNFs were prepared via the RCT
process, and the morphology of the resultant RNFs was characterized by SEM. As
shown in Figure 3.19, both the size and morphology of the resulting particles were quite
comparable when the concentration of β‐gal increased from 0 g/mL to 600 g/mL,
while relatively larger particles were observed when β‐gal was at 800 g/mL. Besides,
with this high β‐gal concentration, the petals of the RNF showed a much smaller surface.
In addition, β‐gal encapsulation has shown some effect on RNF synthesis not only on
the morphology of the resultant particles but also on the final yield of RNF. With
increased concentration of β‐gal, less RNF precipitates were found in the reaction tube,
and hardly any could be collected after several washing steps. As a result, it was difficult
to determine the final amount of the encapsulated β‐gal, because the amount of
encapsulated protein of interest was calculated by subtracting the amount of proteins
for RCT (e.g. T4 DNA ligase, T7 RNAP). Although the β‐gal/RNF complex has shown
enzymatic activity towards RBG substrate (Figure 3.20), it is difficult to compare them
with free enzymes without knowing the concentration of the encapsulated ones. In the
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case of HRP encapsulation, there were only negligible changes in the morphology of
the resultant RNF and the HRP/RNF complex has also shown enzymatic activity towards
TMB substrate (Figure 3.21). When the same concentration of RNA was kept, the
enzymatic activity of HRP/RNF increased along with an increasing in HRP concentration.
However, it was difficult to carry out further study without determining the amount of
encapsulated HRP in the RNF.
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Figure 3.19 Characterisation of RNF with increasing β‐gal concentration by SEM. (a) and (d) 0
μg/mL, (b) and (e)200 μg/mL, (c) and (f) 400 μg/mL, (g) and (i) 600 μg/mL, (h) and (j) 800 μg/mL.
Scale bar: 500 nm.

Although it is not clear yet, the reason for suppression on RNF yield by adding β‐gal or
HRP is hypothesized to be due to the inhibition of T7 RNAP activity with extra active
enzymes in the reaction. In the case of β‐gal, this reduced activity can also result from
the loss of free Mg2+ ions in the reaction buffer because of the strong binding between
Mg2+ and β‐gal, as Mg2+ are the required divalent ions for β‐gal activity, and there are
two binding site on the β‐gal enzyme specific for Mg2+ binding.375

Figure 3.20 Kinetics of the hydrolysis of RBG as a substrate catalyzed by β‐gal/RNF. (a) The β‐
gal/RNF activity was determined by monitoring the fluorescence of resorufin at 584 nm after
reaction with β‐gal. (b) Enzymatic kinetics over time. Fluorescence intensity at 584 nm was
normalized to T = 0.
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Figure 3.21 Kinetics of HRP/RNF on TMB substrate. (a) The HRP/RNF activity was determined
by monitoring the absorbance of TMB at 450 nm. (b) Enzymatic kinetics of HRP/RNF complexes
formed by varying the concentration of HRP over time. The concentration here referred to the
initial HRP concentration before RCT reaction.

Overall, this part of the work has shown that it is possible to directly encapsulate
protein or enzymes onto RNF through RCT process, and the moderate reaction
condition (aqueous environment) is also advantageous for retaining the biological
activity of the payloads. This simple methodology allows potentially a large selection of
protein or enzyme, and is promising for various applications such as enzyme
immobilization, protein delivery.

166

3.4 Multi‐functional RNA Flowers for Scaffolding Enzymes with Enhanced
Catalytic Activity

Here the construction and characterization of functional RNA‐based hierarchical
porous nanostructures and exploiting such constructs as scaffolds for enzyme
immobilization is presented. The functional RNF (F‐RNF) were fabricated by introducing
modified‐uridine triphosphates during the reaction or by electrostatically interacting
with positively‐charged proteins after the formation of RNF. Both types of F‐RNF can
be further labeled straightforwardly and chemo‐selectively with various functional
units such as fluorescent dyes, gold nanoparticles, and quantum dots. Due to their high
surface area, RNF can offer large payload capacity for on‐demand enzyme
immobilization. Like DNA‐driven nanomaterials, which have been reported to have the
ability to control the molecule‐level features of enzyme activity, the as‐synthesized RNF
constructs are also expected to influence enzymatic activity and stability given that they
possess a unique local environment created by the high charge density of RNA strands
and abundant magnesium ions provided by Mg2PPi crystals. To address this, β‐
galactosidase enzymes were coupled to the F‐RNF and demonstrated that they
exhibited enhanced enzymatic activity and improved stability in comparison to free
enzymes. Therefore, the RNA‐based biomaterial can potentially provide a model to
develop a wide range of biocatalysts and offer the promise of potent protein loading
and delivery for biomedical applications.
3.4.1 Experimental methods
3.4.1.1 Reagents
Streptavidin‐β‐galactosidase conjugate, NeutrAvidin‐horseradish peroxidase conjugate,
Streptavidin, β‐galactosidase conjugate, streptavidin‐HRP conjugate, Avidin‐Alexa
Fluor™ 488 conjugate, and Pierce Fluorescence Biotin Quantitation Kit were purchased
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from Thermo Fisher Scientific. Cy3‐azide conjugate and CdSxSe1‐x/ZnS core‐shell QDs (2
μM in toluene) with a nominal emission wavelength of 525 nm (QD525), 575 nm (QD575)
were purchased from Sigma‐Aldrich (Gillingham, UK). The QDs were made water‐
soluble by phase transfer using a home‐made ligand (refer to chapter 2). Streptavidin‐
coated QDs (STV‐QD ITK) with the nominal emission of 605 nm were purchased from
Life Technologies (UK).
3.4.1.2 Methods and characterization
Self‐assembly of functionalized RNF via the RCT reaction: Optimization experiments
were carried out to investigate how the functional‐UTP affects the RCT reaction.
Biotinylated UTP (Bio‐UTP) and Dibenzocyclooctyne‐UTP (DBCO‐UTP) with varied
concentration (0 μM, 20 μM, 40 μM, and 60 μM) was added to the reaction mixture.
The final reactant was sonicated for 10 min, followed by washing with NF water three
times to remove any free reagents and RNA strands by centrifugation at 8,000 g for 10
min. The obtained RNF were redispersed in NF water and stored at 4 °C for use. The
amounts of RNA in RNF were quantified using Quant‐iT™ RiboGreen™ RNA Assay Kit.
For the synthesis of biotin‐functionalized RNF (B‐RNF), bio‐UTP (40 μM) was added in a
typical RCT reaction mixture. After sonication for 10 min, the particles were washed
with NF water three times to remove any free enzymes and RNA strands by
centrifugation at 8,000 g for 10 min. The B‐RNFs were redispersed in NF water and
stored at 4 °C for use.
For the preparation of avidin‐functionalized RNF (A‐RNF), 10 μL of pre‐synthesized RNF
(RNA concentration = 50 μg/mL) was further complexed with 10 μL of avidin (50 μg/mL)
in NF water at RT for at least 3 h. The product was sonicated and washed with NF water
three times to remove any free avidin by centrifugation at 8,000 g for 10 min. The
obtained A‐RNF were redispersed in NF water and stored at 4 °C for use.
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Structured illumination microscopy (SIM) imaging: For the imaging of dye‐ or QD‐
labeled‐RNF, the samples were prepared by incubating QDs with corresponding RNF at
RT in a bench shaker for 2 hr, and then washed with NF water several times to remove
any free dyes or QDs by centrifugation. 10 μM or more of the particles in NF water were
added into 100 μL VectaShield mounting media (Vector Laboratories) before being
pipetted onto an ibidi 8‐well glass bottom μ‐slide. The particles were left overnight in
order to allow the particles to settle to the base of the slide by gravity. SIM imaging was
performed with an Elyra PS.1 (Carl Zeiss).
Determination of biotin concentration in B‐RNF: The biotin concentration was estimated
using the Pierce Fluorescence Biotin Quantitation Kit. The samples were mixed with a
freshly prepared working solution according to the manufacturer’s protocols,
containing DyLight Reporter working reagent in 1 PBS (2.7 mM KCl, 1.5 mM KH2PO4,
137 mM NaCl, 8.0 mM Na2HPO4‐7H2O, pH 7.4) After incubation in a 96‐well plate at RT
for 5 min, the fluorescence at excitation of 494 nm and emission at 520 nm was
measured using a fluorescent microplate reader. The biotin concentration was
determined from the standard curve of serial dilutions of biocytin standard provided
by the manufacturer.
Kinetic analysis of free β‐gal and β‐gal/RNF complexes: 200 ng/mL of streptavidin‐
conjugated β‐gal (STV‐β‐gal) was first incubated with B‐RNF at RT for 30 min, and the
resulting complex solution was used for kinetics study without washing. It is assumed
here that 100% of STV‐β‐gal were loaded onto B‐RNF because of the efficient and
strong binding from biotin‐avidin interactions. Enzyme kinetic studies were carried out
at RT with 200 ng/mL of β‐gal in β‐gal/RNF suspension or in solution (free) in 50 μL of
1PBS buffer containing 400 μM RBG in each well of the 96 well half area plate. The
fluorescence intensity at 584 nm was monitored with the excitation wavelength of 550
nm. The fluorescence emission was recorded using an EnSpire® Multimode Plate
Reader (Perkin Elmer).
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Determination of the Michaelis‐Menten constants for β‐gal: The enzyme samples and
substrates were loaded in each well of the 96 well half area plate with a final
concentration of β‐gal 200 ng/mL in PBS buffer containing various concentrations of
RBG (50 μM, 100 μM, 200 μM, 400 μM, 600 μM, and 800 μM). The fluorescence
emission was recorded using a plate reader at excitation of 550 nm and emission of
584 nm.
Thermal stability of β‐gal: Free β‐gal and β‐gal/RNF were incubated in PBS buffer at a
varied temperature (40˚C – 90˚C) for 10 min, and then left at RT for 5 min to cool down.
RBG was added and the fluorescence intensity was recorded. Free β‐gal at RT was used
as a control, the relative enzymatic activity of both free β‐gal and β‐gal/RNF to free β‐
gal (RT) was compared.
3.4.2 Results and discussion
As demonstrated in section 3.2, the optimal RCT reaction was performed in a 50 μL
solution containing 0.6 μM circular template DNA, 2 mM rNTP mixtures, 5 U μL‐1 T7
RNAPs in 1 RCT reaction buffer at 37˚C for 20 h. To prepare functionalized RNF, biotin‐
functionalized RNF (B‐RNF) and DBCO‐functionalized RNF (D‐RNF) were synthesized by
simply adding 40 μM bio‐16‐UTP or DBCO‐UTP to the reaction mixture. For preparation
of avidin‐functionalized RNF (A‐RNF), pre‐synthesized RNF were further complexed
with avidin (pI of ~10.5) through electrostatic interactions. The F‐RNF particles were
collected after sonication and subsequent washing with NF water by centrifugation
several times. All three types of F‐RNF can be further modulated straightforwardly with
diverse biotin‐, streptavidin‐ or azide‐tagged building blocks through avidin‐biotin
interaction or click chemistry, including fluorescent dyes, Au nanoparticles, quantum
dots and enzymes (Table 3.3).
Table 3.3 Preparation of three types of F‐RNF particles using various conjugation approaches
and their modifications with proteins and nanoparticles through specific chemistries
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The functionalization can be achieved by two approaches：pre‐functionalization of RNF
with modified‐UTP (biotin‐UTP or DBCO‐UTP) during RCT reaction, and post‐
modification of non‐functionalized RNF with avidin through charge interaction (Figure
3.22).

Figure 3.22 Schematic illustration of two synthetic procedures to prepare functionalized RNF
(F‐RNF) particles.

3.4.2.1 Pre‐functionalization approach

171

In the first approach, functional moieties were incorporated straightforwardly using
modified‐UTP during RNF assembly. Since the formation of such condensed RNA
structure was initiated by an enzymatic polymerization in the presence of the template
DNA, rUTP mix, and promoter, the elongated RNA building blocks can carry a large
amount of concatemer structural and functional moieties, leading to compacted
particles with numerous binding sites for further modification. Firstly, the RCT reaction
was optimized when the functional‐UTP molecules were added. It is well known that
the RNA synthesis activity of T7 RNAP is Mg2+‐dependent, while Mg2+ can also bind to
the phosphate backbone of RNA molecules through electrostatic interaction. Here, the
T7 RNAP activity was assessed by comparing the RNA yield of F‐RNF with F‐RNF with
varying concentration of both biotin‐UTP and DBCO‐UTP (Figure 3.23).

Figure 3.23 Optimization of RCT processes in the presence of bio‐UTP or DBCO‐UTP for the
preparation of F‐RNF. (a) RNA yield decreased when increasing the concentration of functional‐
UTP units compared to that of RNF (grey). (b) The optimal concentration of functional‐UTP was
chosen to be 40 μM to retain RNA yield and generate enough functional moieties within the F‐
RNF.

As expected, the amount of RNA showed gradual decreases along with increasing
concentration of either biotin‐UTP or DBCO‐UTP due to the complexion between Mg2+
ions and nucleotides and thus decreasing the concentration of free Mg2+ ions. The
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optimal concentration of both biotin‐UTP and DBCO‐UTP was chosen to be 40 μM to
retain high RNA content and to produce enough functional moieties within the F‐RNFs.
The as‐synthesized B‐RNF and D‐RNF showed a similar morphology, as seen in the RNF.
Therefore, the incorporation of the functional groups did not make a discernible
difference in the morphology and size of the particles (Figure 3.24 and Figure 3.25).

Figure 3.24 Characterization of Biotin‐RNF (B‐RNF) by SEM. Scale bar: 10 μm for (a), and 500
nm for (b) and (c).

Figure 3.25 Characterization of DBCO‐RNF (D‐RNF) by SEM. Scale bar: 10 μm for (a), and 500
nm for (b) and (c).

To demonstrate the successful incorporation of biotin or DBCO groups into RNF, several
characterization methods were used. For B‐RNF, the presence of biotin was confirmed
by measuring biotin concentration using a commercial biotin quantification kit (Figure
3.26).
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Figure 3.26 Determination of biotin concentration in RNF and B‐RNF. The concentration of
biotin in B‐RNF is much higher than in RNF, confirming the successful incorporation of biotin
through RCT.

Commercially available streptavidin‐QD605 (STV‐QD605) and avidin‐Alexa Fluor™ 488
conjugate (avidin‐AF488) were then added to B‐RNF and incubated at RT for 2 h. After
washing steps, STV‐QD605 labeled B‐RNFs were first characterized by TEM. As shown in
Figure 3.27, a considerable amount of QDs were found within the RNF due to the
efficient biotin‐avidin interaction between QDs and B‐RNF. More importantly, from the
magnified TEM image of different sites of the particle (region 1 and 2 in Figure 3.27), it
was found that QDs were predominantly located on the periphery of the particle
surface, particularly on the petals of RNF. In contrast, QDs were rarely found in the
center region of the particle. Considering that this is corresponding to the "hollow
structure" in RNF shown in section 3.2, and the RNA strands were mostly localized on
the surface, thus most of the functional groups integrated into RNA strands are more
likely to distribute on the surface. The SIM imaging was further conducted and the
images of STV‐QD605/B‐RNF and A‐AF488/B‐RNF confirmed the localization of the biotin
groups (Figure 3.28 and Figure 3.29), which is very similar to the fluorescent localization
of Cy3‐RNF in Figure 3.9.
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Figure 3.27 Characterization of a representative STV‐QD605/B‐RNF by TEM. Region 1 and 2
marked with the yellow box were magnified and shown on the right. Scale bar: 500 nm (left)
and 50 nm (right).

Figure 3.28 SIM images of STV‐QD605/B‐RNF. A single particle marked with white rectangular
region in the main image was shown under higher magnification views. Right panel indicated
each frames of z‐stacks of the STV‐QD605/B‐RNF particle. Scale bar: 2 μm for the main image
and 1 μm for the inset and right panels.
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Figure 3.29 SIM images of A‐AF488/B‐RNF. A single particle marked with white rectangular region
in the main image was shown under higher magnification views. Right panel indicated each
frames of z‐stacks of the A‐AF488/B‐RNF particle. Scale bar: 2 μm for the main image and 1 μm
for the inset and right panels.

For D‐RNF, fluorescent agents were successfully incorporated into RNF through click
chemistry. Home‐made azide (N3)‐QD525 or commercial N3‐Cy3 was used to incubate
with D‐RNF, and the SIM samples were prepared as described above. N3‐QD525/B‐RNFs
were also first characterized by TEM. As shown in Figure 3.30, the majority of QD
nanoparticles were also found to be located on the periphery of the particle surface or
on the petals of RNF. SIM analysis of N3‐QD525/D‐RNF and N3‐Cy3/D‐RNF are shown in
Figure 3.31.
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Figure 3.30 Characterization of a representative N3‐QD525 labeled‐D‐RNF by TEM. Region 1 and
2 marked by the yellow box were magnified and shown on the right. Scale bar: 500 nm (left)
and 50 nm (right).

The labeling of STV‐ QD/dye or N3‐QD/dye onto B‐RNF or D‐RNF was very efficient.
After a short time of simple mixing, fluorescent labelings such as QDs were found on
almost all the particles surfaces in a considerable amount. This successful incorporation
of functional groups is very promising to provide a versatile method for introduction of
fluorescent agents into RNF, and thus expand applications of RNF in many areas such
as bioimaging.
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Figure 3.31 SIM images of fluorescent labeled DBCO‐RNF. (a) N3‐QD525/RNF. (b) N3‐Cy3/RNF.
Scale bar: 1 μm.

To show that the synthesized F‐RNF is able to perform as a platform for enzyme
immobilization, HRP was chosen as a model enzyme, and immobilized onto RNF by
directly incubating STV‐HRP with B‐RNF at RT for 2 h. The B‐RNF before and after
incubation with STV‐HRP were then imaged under SEM. As shown in Figure 3.32,
compared to B‐RNF, the HRP/RNF showed significantly different morphology. The
mixing of STV‐HRP with B‐RNF resulted in increased thickness on the petals as well as
increased surface roughness. It is believed that the change in morphology is strongly
dependent on the amount of STV‐HRP added for conjugation. Here, the same amount
of STV‐HRP and B‐RNF (molar ratio 1:1) were added in order to give distinct morphology
of the STV‐HRP/B‐RNF. To better understand the structural and elemental differences
between B‐RNF and STV‐HRP/B‐RNF, the same sample was then characterized by STEM,
as shown in Figure 3.33.
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Figure 3.32 Characterization of B‐RNF before and after incubation with STV‐HRP by SEM. (a) B‐
RNF and, (b) STV‐HRP/B‐RNF conjugates. Scale bar: 500 nm in the left panels and 200 nm in the
right panels.

179

Figure 3.33 Characterization of B‐RNF before and after incubation with STV‐HRP by STEM
analysis. (a) B‐RNF and, (b) STV‐HRP/B‐RNF conjugates. Left panel: bright field (BF)‐STEM
images. Right panel: HAADF‐STEM images. Scale bar: 500 nm.

Comparing with B‐RNF, the HAADF‐STEM image of STV‐HRP/B‐RNF particles showed
quite a similar porous and hierarchical structure. A large number of HRP on the B‐RNF
resulted in a much fibrous look comparing to the bare particle. EDS analysis further
confirmed the compositions of C, N, O, P and Mg elements in the HRP/RNF particle and
the corresponding elemental maps showed that the main elements present in the
particles (Figure 3.34). The elements of C, N, and O were found to be increased in STV‐
HRP/B‐RNF particle when comparing the average atomic ratios of C, N, and O to Mg in
RNF and STV‐HRP/B‐RNF (Figure 3.35), which was attributed to the addition of STV‐HRP
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in the B‐RNF, whereas the ratio of P to Mg in B‐RNF and STV‐HRP/B‐RNF remained
almost the same.

Figure 3.34 Characterization of STV‐HRP/B‐RNF by STEM imaging and STEM‐EDS analysis. (a)
HAADF‐STEM images of a single STV‐HRP/B‐RNF particle, and (b‐f) EDS elemental maps of C, N,
O, Mg, and P and (g) merged image of Mg and C, (h) merged image of Mg and N. Scale bar: 500
nm.

Figure 3.35 EDS comparison of RNF and HRP/RNF. (a) Representative EDS spectra of B‐RNF and
STV‐HRP/B‐RNF recorded from the whole area of an individual particle. (b) Relative atomic
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ratios of each element to Mg in B‐RNF, STVHRP/B‐RNF. Data of the EDS measurements
represent ± s.d. determined from over five particles.

3.4.2.2 Post‐functionalization
In the second approach, a binary structure was self‐assembled from oppositely charged
RNF and avidin by electrostatic interactions (A‐RNF). The functionalized RNF with
increasing avidin molecules were characterized by SEM (Figure 3.36).

Figure 3.36 SEM characterization of morphological changes when the molar ratio of avidin to
RNF increased from (a) 0:1, (b) 1:1, (c) 2:1, (d) 5:1 to (e) 10:1. The higher magnification views
of the regions marked as the white box in (a) and (b) showed the change in thickness and
roughness of the RNF petal before and after coating of avidin on the surface. Scale bar: 500 nm.
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Compared to RNF, the thickness of the RNF petal was obviously increased along with a
change in surface roughness. The morphology of the A‐RNF can be easily controlled by
adjusting the molar ratio of avidin to RNFs. With 1:1 molar ratio, a relatively uniform
increase in thickness was observed on the surface of the RNF petals, and the surface
structure was maintained (Figure 3.36b). The thickness of the petal was further
increased by gradually increasing the ratio of avidin to RNF (Figure 3.36c‐e), and the
porous structure of the RNF was almost fully covered by avidin layers when it reached
to 1:10 molar ratio. The STEM analysis gave a better understanding of the distribution
of avidin and RNA within an A‐RNF. When comparing to RNF, A‐RNF particle with the
dense coverage of avidin showed a less porous and hierarchical structure in both BF‐
and HAADF‐STEM images (Figure 3.37).
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Figure 3.37 Characterization of RNF before and after coating with avidin by TEM and STEM
analysis. (a) RNF, and (b) A‐RNF. Left panel: BF‐STEM images. Right panel: HAAD‐STEM images.
Scale bar: 500 nm.

EDS analysis further confirmed the compositions of C, N, O, P and Mg elements in the
Avidin/RNF particle and the corresponding elemental mapping showed that all the
elements were distributed homogeneously on the particles. Merging EDS mapping of
carbon and nitrogen with magnesium demonstrated a much denser layer of carbon and
nitrogen for A‐RNF, indicating avidin proteins were localized on the outer shell on the
surface of the particle where most of the RNA strands were localized (Figure 3.38). The
average atomic ratios of C, N, O, P and Mg in A‐RNF were higher than RNF, whereas the
ratio of phosphorus to magnesium remained almost the same, which was attributed to
the addition of avidin in the RNF (Figure 3.39).

Figure 3.38 Characterization of A‐RNF by STEM imaging and STEM‐EDS analysis. (a) HAADF‐
STEM image of a single A‐RNF particle, and (b‐f) EDS elemental maps of C, N, O, Mg, and P, and
(g) merged image of Mg and C, (h) merged image of Mg and N. Scale bar: 500 nm.
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Figure 3.39 EDS comparison of RNF and A‐RNF. (a) Representative EDS spectra of RNF and A‐
RNF recorded from the whole area of an individual particle. (b) Relative atomic ratios of each
element to Mg in RNF and A‐RNF. Data of the EDS measurements represent ± s.d. determined
from over five particles.

To demonstrate the potential of A‐RNF as a platform for enzyme immobilization, home‐
made biotin‐Au and biotin‐QD575 were added and incubated with A‐RNF at RT in a
bench shaker for 2 h and washed with NF water several times to remove free Au or QDs
by centrifugation. The resultant QD575/RNFs and Au/RNFs samples were then
characterized by SEM, TEM and SIM. As shown in Figure 3.40, Biotin‐Au particles were
found well distributed on RNF, mostly located on the petals of the flowers where all the
positively‐charged avidin coated negatively‐charged RNA strands. The same situation
can be found in Figure 3.41, biotin‐QD575 were observed evenly distributed over the RNF
petals, while in the center of the RNF, where the hollow structure exists, there was
hardly any particles found. SIM analysis was then applied to QD575/RNF, which
confirmed the localization of the biotin groups (Figure 3.42).
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Figure 3.40 Characterization of Biotin‐Au/A‐RNF particles with (a) SEM, and (b) TEM. Biotin‐Au
particles were found well distributed on A‐RNF, mostly located on the petal of the flower where
all the positively‐charged avidin coated negatively‐charged RNA strands. Scale bar = 500 nm.

Figure 3.41 Characterization of N3‐QD525 labeled D‐RNF by TEM. Region 1 and 2 marked with
yellow box were magnified and shown on the right. Scale bar: 500 nm for single particle (left)
and 50 nm for magnified image (right).
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Figure 3.42 SIM images of QD575/A‐RNF. Scale bar: 1 μm.

3.4.2.3 Enzyme kinetics of B‐RNF system
Enzymatic activity of the STV‐β‐gal/B‐RNF system:
The streptavidin conjugated‐β‐gal enzyme (STV‐β‐gal) was selected for studying
enzymatic activity on a B‐RNF substrate. The β‐gal enzyme is an essential enzyme that
hydrolyzes b‐galactoside sugars into monosaccharides. As a model substrate,
nonfluorescent resorufin‐β‐D‐galactopyranoside (RBG) was chosen for monitoring the
performance of β‐gal. The nonfluorescent RBG can be hydrolyzed by β‐gal, resulting
galactose and the resorufin (red‐fluorescent) (emission at 584 nm) (Figure 3.43). To
monitor the catalytic activity of β‐gal, the fluorescence intensity at 584 nm are recorded
in time‐scan mode. STV‐β‐gal was incubated with B‐RNF for 30 min and then mixed
with RBG with washing.
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Figure 3.43 Schematic illustration of β‐gal catalytic activity on RBG substrate. The
nonfluorescent RBG can be hydrolyzed by β‐gal to generate galactose and the resorufin (red‐
fluorescent).

The Lineweaver−Burk equa on was used here to calculate the Michaelis−Menten
constant Km and the maximum reaction velocity Vmax of β‐gal. In the presence of
different RBG concentrations, the initial reaction velocity (v) of both free β‐gal and β‐
gal/B‐RNF can be calculated by recording the intensity change at 584 nm (Figure 3.44).

Figure 3.44 Enzyme activity of (a) free STV‐β gal (200 ng/mL), and (b) β gal/B‐RNF was
evaluated by incubation with different concentrations of RBG (50, 100, 200, 400, 600, 800 μM).
188

The fluorescence at 584 nm (excitation 532 nm) was recorded over time. Error bars were
calculated from the standard deviation, N = 3.

The enzymatic activity of free β‐gal and β‐gal/B‐RNF are shown in Figure 3.45. As shown
in Figure 3.45a, with 400 μM RBG concentration, the overall activity of the immobilized
β‐gal in β‐gal/B‐RNF was 6.6 ‐ 11.2 folds higher than the free enzyme under the same
test condition. From the Michaelis–Menten and Lineweaver–Burk plots (Figure 3.45b
and c), the kinetic parameters, Km and Vmax, were calculated and listed in Table 3.4.
Compared to free β‐gal, the β‐gal/B‐RNF complex showed a much higher Vmax and
lower Km, which suggested that the immobilized β‐gal on RNF has higher affinity
toward substrate RBG.

Figure 3.45 Enzymatic activity comparison of free β‐gal and β‐gal/B‐RNF. (a) Kinetics of free β‐
gal and β‐gal/B‐RNF with varied enzyme concentrations (200, 400, and 600 ng/mL). (b)
Michaelis–Menten, and (c) Lineweaver–Burk plots of free β‐gal, β‐gal/RNF. Error bars were
calculated from the standard deviation, N = 3.
Table 3.4. Michaelis–Menten constant (Km) and maximum velocity (Vmax) of free β‐gal, an β‐
gal/B‐RNF calculated from the kinetics data

Sample

Km [μM]

Vmax [∆Flu min‐1]

free β‐gal

158.695 ± 19.1

1514.7 ± 299

β‐gal/B‐RNF

38.6 ± 4.71

3734.9 ± 181

Error bars were calculated from the standard deviation, N = 3.
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Clearly, the enhanced enzymatic activity of the immobilized β‐gal on RNF compared
with free β‐gal is mainly ascribed to the unique environment (i.e. the high charge
density of RNA strands and abundant magnesium ions provided by Mg2PPi crystals)
created by the RNA flower. Enzyme within the RNF is surrounded by a negatively
charged environment, due to the relative abundance of polyanionic RNA molecules. As
reported by many studies, it is believed that the negative charges on large structures
such as DNA origami, are very important for the activity of conjugated enzymes, owing
to their ability to lower surface pH to favor the active of enzymes.376 In addition, the
phosphate is a known kosmotropic anion that increases the extent of hydrogen‐bonded
water structures,289

thus a strongly bound hydration layer of the hydrogen‐bonded

water molecules is expected to be inside the RNF. Enzymes are likely to be more active
and stable in an environment with highly ordered hydrogen‐bonded water. Moreover,
another important fact is the strong dependence of β‐gal activity on Mg2+, which is as
mentioned in chapter I, the very interesting phenomenon termed the allosteric effect.
Binding of an allosteric effector to one site (allosteric site) on an enzyme molecule will
bring about conformational change causing indirectly regulation on the property of
another specific site (the active site) on the same enzyme molecule. Ions such as Fe3+,
Ca2+, Zn2+, and Mg2+ can bind to enzyme molecules on some special regulatory sites,
which leads to enzyme conformation change. Such changes can affect enzymes binding
to their substrates, and thus inhibits or activates catalytic activities. In terms of β‐gal,
most β‐gals are “inactive” with the functional sites inhibited in the absence of Mg2+,
whereas only a few of them are “active” with the functional sites enabled. Mg2+ acts as
a switch to tune the catalytic activity of β‐gal. Owing to positive modulation of the
allosteric effect induced by Mg2+ as effectors, the immobilized β‐gals stay in an active
form, with a fixed enzyme concentration, increasing RNF concentration could further
increase the enzyme activity (Figure 3.46a). Considering that there could be free Mg2+
ions in the RNF stock solution, a control experiment was performed to check how the
enzyme behaves in RNF stock solution without RNF particles. To achieve that, an old
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RNF stock solution (50 µL) was used, which has been stored in 4° C fridge for 3 weeks
in order to have sufficient free Mg2+ ions released into the solution. The sample was
centrifuged and the supernatant was collected (45‐47 µL), RNF were then re‐dispersed
in 50 µL NF water. β‐gal was then incubated with the same volume of supernatant or
well‐dispersed RNF solution and activity was measured over time. As shown in Figure
3.46b, the overall activity of β‐gal/supernatant was higher than the free enzyme at the
same enzyme concentration but much lower than β‐gal on RNF. These results suggest
that Mg2+‐induced allosteric effect had played an important part in the enzymatic
performance improvement for β‐gal/B‐RNF complex, furthermore, the greatly
enhanced enzymatic performance of β‐gal on RNF was a combination of the high
negative charge of the RNA surface and abundant magnesium ions.

Figure 3.46 The effect of RNF and Mg2+ ions on β‐gal enzymatic activity. (a) Comparison of free
β‐gal and β‐gal with increased B‐RNF. (b) Comparison of free β‐gal, β‐gal/supernatant and β‐
gal/B‐RNF with increased B‐RNF.

Furthermore, the enzymatic performance under varied temperatures of each system
was also investigated. As shown in Figure 3.47, the β‐gal/RNF system retained higher
activity compared with free β‐gal under same the temperatures, indicating the
enhanced thermal stability of enzyme after being immobilized onto RNF.
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Figure 3.47 Thermal stability test under varied temperature (40 − 90 °C) of both free β‐gal and
β‐gal/B‐RNF system, with relative activity to free β‐gal at RT in the lab.

To test A‐RNF system, Bio‐HRP was used. The same amount of Bio‐HRP was added to
PBS solutions with and without A‐RNF, both incubated at RT for 30 min. Without
washing, the kinetics were recorded after extra TMB substrate was added. As shown in
Figure 3.48a, Bio‐HRP on RNF showed higher activity compare to free Bio‐HRP in the
solution. Furthermore, Bio‐HRP on A‐RNF also showed better stability, when both Bio‐
HRP/A‐RNF and free Bio‐HRP were left shaking in a thermal mixer at 4 ˚C for 4 h (Figure
3.48b), Bio‐HRP on A‐RNF kept comparable activity as fresh prepared Bio‐HRP/A‐RNF
(Figure 3.48a), however, a big decrease in activity from free Bio‐HRP was observed.
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Figure 3.48 Kinetics of Bio‐HRP/A‐RNF on TMB substrate. (a) Enzymatic kinetics comparison of
free Bio‐HRP and Bio‐HRP/A‐RNF over time. (b) Stability of free Bio‐HRP and Bio‐HRP/A‐RNF
was checked after shaking in a thermal mixer at 4 ˚C for 4 h over time.
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3.5 Immobilization of Enzymes through PNA/RNA Hybridization
In this section, enzymes were immobilized onto RNF through nucleic acid hybridization,
in which a peptide nucleic acid (PNA) strand was synthesized and conjugated to
enzymes that allow enzyme loading to RNF through PNA/RNA hybridization.
3.5.1 Experimental methods
3.5.1.1 Reagent
All the reagents for RCA and RCT reaction were listed in section 3.2.1. All the enzymes
and corresponding substrate information can be found in section 3.3.1.

Fmoc‐PNA‐

T(Bhoc)‐OH, Fmoc‐PNA‐C(Bhoc)‐OH, Fmoc‐PNA‐G(Bhoc)‐OH, Fmoc‐PNA‐A(Bhoc)‐OH
were

from

Link

Technologies.

HBTU

(O‐(Benzotriazol‐1‐yl)‐N,N,N’,N’‐

tetramethyluronium hexafluorophosphate) was from AGTC Bioproducts. SPDP (N‐
Succinimidyl 3‐(2‐pyridyldithio)‐propionate), pyridine, 4‐Methylmorpholine (NMM)
were purchased from Sigma‐Aldrich (Gillingham, UK).
3.5.1.2 Methods and characterization
Synthesis of PNA: PNA was synthesized following a published protocol,377 which relies
on coupling reactions carried out with Fmoc/Bhoc PNA monomers activated with HBTU,
and in the presence of pyridine/NMM as bases (Figure 3.49).

Figure 3.49 Schematic illustration of PNA synthesis by coupling reactions with Fmoc/Bhoc PNA
monomers.
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Preparation of PNA‐enzyme conjugates: SPDP was used to crosslink enzyme with PNA
strands. Generally, enzyme solution (40 μM, 100 μl) was first reacted with SPDP (20‐
fold excess) in 1 × PBS for 2 h, allowing the lysine residues on the protein surface to
react with amine‐reactive N‐hydroxysuccinimide (NHS) esters. Excess SPDP was
removed using Amicon filters (10 kD cutoff) after washing and filtering several times.
Following, thiol‐modified PNA (10‐fold excess) was conjugated to SPDP‐modified
proteins through the exchange of disulfide bond with activated pyridyldithiol group.
The reaction was carried out in 1 × PBS for 2 h and the coupling efficiency can be
checked by record the change in absorbance at 343 nm. (Due to the release of pyridine‐
2‐thione, extinction coefficient: 8080 M‐1 cm‐1). Finally, the excess PNA was removed
using Amicon (10 kD cutoff) after washing and filtering several times (Figure 3.50).

Figure 3.50 Enzyme‐PNA conjugation using a SPDP crosslinker.

3.5.2 Results and discussion
Owing to the sequence addressability of RCT, RNA strands consisting of periodic
repeats and programmed sequence‐specific domains (complementary to CTDNA) can
be predicted. Therefore, the position of varied functional units on the RCT‐synthesized
RNA strands can be achieved via hybridization to some specific regions (Figure 3.51).
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Figure 3.51 Schematic illustration of immobilization of enzyme through PNA/RNA hybridization.

PNA378 is an artificially synthesized polymer similar to DNA or RNA, in which the sugar
phosphate backbone of natural nucleic acids has been replaced by a synthetic peptide
backbone, and the nucleobases attached to the backbone through a methylene
carbonyl linker, resulting in an achiral and uncharged mimic (Figure 3.52).

Figure 3.52 Schematic illustration of PNA‐DNA hybridization.

Since there are no charged phosphate groups in the PNA, the binding between PNA
and DNA or RNA is stronger than that between the corresponding nucleic acid
complexes due to the lack of electrostatic repulsion, and thus relying less on the
requirement of ions. The as‐synthesized PNA contains a thiol conjugating group for
reaction with SPDP‐modified protein, binding site for hybridization to target RNA
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sequence, and some space in between to give flexibility for enzyme localizing and
performing on the RNF surface as shown in Figure 3.53.

Figure 3.53 (a) Structural formula of synthesized PNA (CTCGAG‐Ahx‐PEG‐Cys) and (b)
corresponding HPLC chromatogram.

HRP and β gal were used to couple with PNA, and the concentration of enzyme was
determined by measuring absorbance at 403 nm for HRP (100000 M‐1 cm‐1), at 280 nm
for β gal (2.09 M‐1 cm‐1), and at 343 nm from pyridine‐2‐thione (extinction coefficient:
8080 M‐1 cm‐1). To test the ability of PNA‐enzymes to load onto RNF through PNA/RNA
hybridization, both PNA‐HRP and PNA‐β gal were tested. Free HRP and PNA‐HRP were
incubated with RNF in 1X PBS at RT for 60 min (slowly shaking in a bench‐shaker), and
samples were washed 3 times and the supernatant was discarded. The resulting
precipitation was re‐dispersed and added into a solution containing TMB substrate, and
absorbance was recorded over time. As shown in Figure 3.54a, the PNA‐HRP/RNF
system exhibited much higher enzymatic activity compared to free HRP/ RNF after
wash, which indicated the successful immobilization of HRP on RNF owing to PNA/RNA
hybridization. For β gal, enzymes were incubated with RNF in 1X PBS at RT for 60 min
(slowly shaking in a bench‐shaker) and then centrifuged down. The supernatant was
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collect and the volume was measured using a pipette (V), and the precipitation was
then re‐dispersed into V μL NF water. The same volume of both supernatant and RNF
solution were added to a 96‐half area well plate containing RBG, and fluorescence was
recorded over time. As shown in Figure 3.54b, most of the PNA‐β gal were found loaded
onto RNF, as higher enzymatic activity was noticed from the RNF precipitation
compared to the one from supernatant. The efficiency of hybridizing PNA‐β gal onto
RNF could be relatively lower with steric hindrance, due to the big molecular size of β
gal, furthermore, the un‐optimized coupling efficacy of PNA to enzymes may also result
from some un‐modified free enzyme. Therefore, there were still enzymes left in the
supernatant.

Overall, these preliminary results have illustrated the possibility to

immobilize enzymes onto RNF simply through hybridization methods.

Figure 3.54 PNA‐enzyme immobilization ability test. (a) Enzymatic activity test of PNA‐HRP/RNF
and free‐HRP/RNF systems after washing. (b) Enzymatic activity test of β gal in supernatant and
on RNF, separately after incubation.
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3.6 Summary
Overall, in this chapter, strategies to build monodispersed multifunctional DNA/RNA
nanostructures, termed as DNF/RNF were presented, and their versatility for carrying
various proteins, small molecules and nanoparticles, and particularly for immobilization
of enzymes was demonstrated. These hierarchical particles were self‐assembled from
elongated DNA/RNA building blocks generated through rolling cycle replication.
Without the requirement of a large amount of DNA/RNA strands generally used in
DNA/RNF nanostructure construction (e.g. origami), only small amounts of template
and primer/promoter are needed in the assembly of NFs. Various characterization
techniques such as SEM, TEM, STEM, FIB, and SIM, were utilized for demontrating the
hierarchical structure and chemical composition of the NFs. Importantly, NFs can be
further functionalized by incorporating various functionalities during self‐assembly or
by electrostatically interacting with positively‐charged proteins after the formation of
RNF to form functional NFs. Functional‐NFs can be further labelled straightforwardly
and chemo‐selectively with various functional units such as fluorescent dyes, gold
nanoparticles, quantum dots and enzymes.
To investigate the potential of such nanostructures as a platform for enzyme
immobilization and catalytic study, protein/enzymes such as BSA, HRP, β gal, and DSN
were immobilized onto RNF through different methods including direct anisotropic
growth, chemo‐selectively by biotin‐avidin interaction or click‐chemistry, and PNA/RNA
hybridization. The result showed not only efficient enzymes immobilization but also
great enhancement of the activity and stability of the payloads.
Despite these promising results, there are still some issues that need to be addressed
in the future. For example, the growth mechanisms of the different internal
morphologies observed from DNF and RNF, the methodologies to determine the
protein encapsulation efficiencies, in particular with the anisotropic growth method.
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Besides, continued studies are expected for enzyme immobilization through the nucleic
acid hybridization method and its potential application in cascade enzymatic study.
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CHAPTER 4 CONCLUSION AND OUTLOOK
This thesis has described original research towards the exploration and application of
nucleic acids in both diagnostics and nanotechnology scenarios. In this chapter, the
main results of the thesis will be summarized, alongside perspectives for further
research.

4.1 Nucleic Acids in Diagnostics
4.1.1 Summary
Due to the peculiarity in structure and differences in binding interactions with targets,
nucleic acids provide a platform with structural and mechanistic complexities in the
engineered systems. They are therefore excellent for constructing biosensing platforms.
In the first project (chapter 2), the work has focused on development of nucleic acid‐
based biosensing. The aim of this project is to develop an ultrasensitive biosensor with
capability of providing real‐time quantitative information of specific targets. Ideally,
such a sensor should be able to respond rapidly and achieve highly specific interaction
with target analytes and minimal non‐specific interactions with surfaces or non‐target
biomolecules from its surrounding environment. To achieve that, quantum dots were
chosen as the signal transducer to build a fluorescent nanoparticle biosensor. As
discussed in the literature review (chapter 1), QDs possess excellent potential for
diagnostic due to their intrinsic merits, including narrow and tunable PL which allows
easy optimization of the spectral overlap integral, tunable FRET efficiency by controlling
the number of acceptors around each QD, extremely high QY which can maximize
Förster distance, resistance to photodegradation, and a range of surface chemical
modifications allowing display of various functional groups.
To yield high performance biosensors, precise nanoscale engineering of QD cores,
surfaces, and bimolecular sensing mechanisms must be take into account. Of critical
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importance is the nature of the QD nanoparticle‐environment interface, which requires
careful design and synthesis. In chapter 2.2, the study focused on methodologies to
transfer QDs from organic solvents to water, create compact capping layers and attach
biofunctional molecules to them with minimal perturbation of the QD properties. In
particular, core/shell QDs in organic solvent were made water‐soluble by a ligand‐
exchange reaction with a DHLA‐based zwitterionic ligand. This ligand was synthesized
appended to a bidentate DHLA anchor group, allowing for high‐affinity attachment to
the QD surface, and simultaneously having tertiary amines along with carboxyl and
hydroxyl groups for aqueous stability. The as‐prepared QDs exhibited excellent long‐
term stability under a broad pH range and high salt concentration. Compared to the
commercial glutathione ligands, although preserving relatively less quantum yield,
zwitterionic ligands provided QDs with better fluorescence and particle colloidal
stability over time, and zwitterionic ligand‐QDs showed high resistance to nonspecific
binding than glutathione ligand‐QDs, which is much promising for clinical tests. Further,
the small size of the zwitterionic ligands minimized the steric hindrance problem,
enabling direct ratiometrically self‐assembly of His‐tagged DNA onto the QD surface,
and the resulting QD‐HisDNA conjugate exhibited much better FRET efficiency
compared to commercial streptavidin‐coated QDs with biotin‐DNA.
In chapter 2.3, an assay for microRNA detection was designed by the utility of co‐
employing fluorescent zwitterionic ligand‐coated QDs and duplex‐specific nuclease‐
mediated target recycling. The duplex‐specific nuclease‐mediated amplification
offered unique advantages of high amplification efficiency, isothermal nature, and no
nonspecific priming. The incorporation of DNA‐functionalized QDs enabled a
quantitative fluorescent readout, mediated by FRET‐based interaction with the DNA
signal probes. This approach splits the reaction into two, performing the enzyme‐
mediated amplification and QD‐based detection steps separately such that each
reaction could be optimized for performance of the active components. A detection
limit of 42 fM with excellent selectivity for miR‐148 versus base‐mismatched sequences
202

and other miRNAs was demonstrated. In addition, the proposed method was
successfully employed for detection of miR‐21 using an alternative FRET pair, which
was compared to qRT‐PCR for the quantitative analysis of miR‐21 in biological samples.
In summary, a nucleic‐acid based biosensor was designed, with assistance of home‐
made fluorescent hydrophilic QDs and well controlled compact QD‐DNA platform. This
biosensor has showed great potential for further development towards versatile
biomolecules detection assays with highly sensitive and specific properties.
4.1.2 Perspectives and future work
The ultimate goal for nucleic acid biosensors is to develop practical reusable sensors
with rapid, sensitive, selective, and quantitative capability to detect particular targets
in complex matrices. Despite rapid progress, there is still much work to do for nucleic
acid biosensor technologies to proceed to full maturity, largely with respect to
advancement in device sensitivity and selectivity. As a mainstay in bioanalytical and
diagnostics assays, fluorescence detection has provided new avenues for the
development of next‐generation nucleic acid‐biosensors. Nanotechnology and
nanomaterials such as quantum dots have prominently pushed this field even further.
Over the past decade, the application of QDs has seen great progress in the field of
bioanalysis, ranging from biological sensing and multiplexed assays to intracellular
labeling and theranostics, and most likely will continue to do so in years to come. The
integration of QDs into biosensors is potentially promising to meet the analytical
requirements of not only protein and DNA analysis but also other fields such as heavy
metal detection. However, there are still several challenging issues that need to be
addressed and overcome. For example, the requirement of techniques for reproducible
synthesis of high‐quality nanoparticles on a large scale; the improvement on colloidal
stability and bench life of QD over time under ambient conditions; the universal
application of the QD‐based platform in relevant field of biology and biotechnology, as
most of them are still limited in basic research or academic interest due to the potential
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toxicity and strict regulations on QDs for applications in vivo379. In application for
detection, with the rapid development of personalized medicine, it is crucial to meet
the challenge of clinical diagnostics, such as detection of analytes in complex biological
fluids (e.g., urine, serum and blood, etc.), or even ambitious, intracellular assays rather
than in vitro diagnostics.
The work presented in this thesis has contributed towards addressing and
understanding the challenges for QD‐FRET in a system assembled by nucleic acid
hybridization‐based biorecognition process. A solid foundation has been established
from the material preparation and characterization, to the design of the bimolecular
sensing mechanisms and optimization of analytical figure of merit. As a FRET donor, QD
can be utilized in a very predictable and facile manner. However, the performance can
be severely affected by the surrounding environment as experimentally demonstrated
in chapter 2.3. The study here provided a better understanding of parameters
influencing FRET ratio or FRET efficiency for ratiometric analysis. By way of comparison
with the state of the art, the limit of detection achieved with the current QD‐DNA
systems have been shown to be quite competitive with all the published work so far,
as discussed in chapter 1.2.4.3. As there are rarely reported using QD‐FRET assays for
miRNA detection assay in real biological samples due to the challenging nature of their
complex composition.
Based on the results and discussion presented in chapter 2, several possible directions
for future research can be explored. For example, the multiplexing application of the
system can be explored by detecting different targets with different colours of QDs
simultaneously in solution and deriving independent dose‐response curves. The
modified motif on QDs can be further changed to others such as aptamers (protein
detection), or peptides (protease activity monitoring). This will be an incremental but
useful advancement from the current work described in this thesis. Another idea for
future research is to develop solid‐based biosensor for point‐of‐care380 diagnostics by
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merging with platforms such as paper strips, microfluidic chips381‐382, as preliminarily
presented in chapter 2.4. Solid phase assays with QDs are potential advantageous from
the stand point of improved sensitivity, reusability and regeneration, and reduction of
environmental contamination. Platform like microfluidics would not only benefit the
hybridization rates and reduce analysis times by enhancing mass transportation within
the small microfludic channels383, but also offer greater chances to build “lab‐on‐a‐chip”
devices382 that are able to combine with other technologies (e.g., smartphone) to meet
the requirement for point‐of‐care.
Overall, nucleic acids have been recognized as the most powerful and versatile
molecules for biotargeting. QD‐DNA complexes are anticipated to be superior for the
next‐generation of intelligent diagnostics.384 Based on the foundation in this thesis,
future work requires consideration of a wide range of physical, chemical, biological,
physiological factors and conditions, which is likely to present significant challenges but
also new opportunities.

4.2 Nucleic Acids Nanotechnology
4.2.1 Summary
As building block of life, nucleic acids are most universally recognized by their role in
storing and processing information, whereas their capability of directing highly
structured materials assembly has also revolutionized various scientific fields. In the
chapter 3 of this thesis, nucleic acids as building materials and their potential
applications for enzyme immobilization were investigated. Based on rolling circle
replication, DNA and RNA structures with flower‐shaped morphologies were
synthesized by interactions between inorganic magnesium pyrophosphate (Mg2PPi)
crystals and DNA or RNA strands in a time‐dependent manner. This method employs
enzymes to traverse small circular template DNA to a large yield of elongated pure DNA
or RNA strands which were periodically complementary to the template sequences.
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The formed DNA and RNA structure comprises highly compact, multilayered thin petals
that branch hierarchically outwards from the inner core. This rapid and specific
isothermal amplification method has potential to lead to more practical use of nucleic
acid‐based nanostructures for numerous applications.
Focusing on RCT‐based enzymatic replication, the construction and characterization of
functional RNA‐based hierarchical porous nanostructures and exploiting of such
constructs as a scaffold for enzyme immobilization was presented. Various
characterization techniques were applied to understand the composition and structure
of RNA particles and different methods were taken for immobilizing protein/enzymes
onto RNA flowers, such as direct anisotropic growth (chapter 3.3), in which
protein/enzymes were directly incorporated into/onto RNF during the RCT reaction; or
functionalizing RNF by introducing modified‐uridine triphosphates during the reaction
or by electrostatically interacting with positively‐charged proteins after the formation
of RNF (chapter 3.4); or immobilizing enzymes onto RNF through nucleic acid
hybridization, in which enzymes were conjugated to a peptide nucleic acid (PNA) strand
using a SPDP crosslinker that allows enzyme loading to RNF through PNA/RNA
hybridization (chapter 3.5). Protein/enzymes including BSA, DSN, HRP, and β gal were
tested, respectively.
As a proof of‐principle study, focusing on the functionalized RNF, the study has showed
all types of functionalized RNF can be further labelled straightforwardly and chemo‐
selectively with various functional units such as fluorescent dyes, gold nanoparticles,
quantum dots, and enzymes. Due to their high surface area, RNF can offer a large
payload capacity for on‐demand biounit immobilization. To address the effect of RNF
constructs on immobilized enzyme activity, two enzymes including β‐gal and HRP were
couple to the functional RNF, respectively, and both exhibited enhanced enzymatic
activity and improved stability in comparison to free enzymes. Particularly, ultrahigh
enzymatic performance was observed from Mg2+‐dependent β‐gal after immobilized
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onto the functional RNF compared with the free β‐gal, which is believed to be benefited
from the unique environment created by the high charge density of RNA strands and
abundant magnesium ions provided by Mg2PPi crystals.
Overall, the nucleic acid‐based biomaterial developed provides a model to develop a
wide range of biocatalysts and offers the promise of potent protein loading and delivery
system for biomedical applications.
4.2.2 Perspectives and future work
Advanced smart materials formed by nucleic acids or nucleic acid/inorganic particles
hold great promise for the development in both biological and non‐biological fields.
The fusion of nucleic acid nanotechnology with others is envisioned as a powerful
platform for constructing structure‐defined, information‐rich, and stimuli‐responsive
systems with functional complexity. So far, most well‐developed approaches for
construction of nucleic acid nanostructures typically rely on Watson− Crick base‐pairing.
However, the existing intrinsic drawbacks has limited their widespread utility. For
example, complicated design for sophisticated structures with myriad of different
strands; the susceptibility to nuclease degradation; the high cost and restrictions on
mass production and purification of long oligonucleotides. Rolling circle replication, as
one of the nucleic acid amplification methods, has been under rapid development over
the past two decades. The RCR products share a lot of similarities with the nucleic acid
origami such as the addressability of the amplified sequence, well‐defined structure
with rational designs to act as scaﬀold for programmable functionalization. This facile
and robust nucleic acid preparation has quickly attracted massive research attention in
the biomedical and biotechnology field due to the application potentials in drug or gene
delivery, as discussed in chapter 1.3.
The themes explored in chapter 3 within this thesis have been underpinned by the
concepts of designing novel strategies to self‐assemble nucleic acids into complex
nanostructures with increased diversity and complexity. The design concepts and
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methodologies presented here provide potential to expand the accessibility of nucleic
acid nanotechnology field to the non‐experts, and allowing increased development
towards target applications. By way of comparison with the state of the art, although
much has seen in applications for drug or gene delivery, less work has involved
constructing protein‐nucleic acid nanostructure complexes by rolling circle replication
method. In particular, using RNA nanostructures as substrate for enzyme/protein
immobilization has rarely been reported. Under the shadow of DNA, RNA has been
overlooked in the march of nanotechnology progress. In this thesis several
modifications of RNA constructs were presented and diverse modifications allowing
them to perform as templates to immobilize guest biomolecules or enzymes. Of the
most promising features, immobilized enzymes have shown enhanced activity and
stability.
Based on the results and discussion presented in chapter 3, future work can be quite
varied, but the most obvious continuous work would be the elucidation of the growth
mechanisms of the structures, particularly the different internal morphology observed
from DNF and RNF. To achieve that, more techniques are needed such as the
characterization of internal structure by serial surface view (SSV) method,367 which is
able to collect of serial cross‐sectional slices to form a 3D reconstruction of the particle,
and high resolution TEM with EDS analysis of the cross‐section. The better
understanding of formation theory will help further understand the influence of
enzymatic efficiency on crystallization, in both RCA and RCT process. The other
concrete goal related to this research is to organize complex enzyme networks for
artificial biocatalytic cascade reaction385. Further studies are needed to fully
understand and exploit enzyme immobilization through nucleic acid hybridization
method, as widely used in DNA origami field. Improvement in methodologies to
determine the protein concentration and encapsulation efficiency within the structure
need be achieved.
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4.3 Concluding Remarks
Overall, this thesis has presented original work that has contributed to both analytical
chemistry and biotechnology, with particular emphasis on nucleic acid‐based
diagnostics and nanotechnology. The presented results and discussions are important
to the fields of both biosensing and nanomaterials, providing a framework for further
development of research based on QD‐FRET strategy, enzyme‐based target recycling,
rolling circle replication, organic/inorganic complex, enzyme immobilization, and
enzymatic activity studies. From proof‐of‐concept to a real application, this thesis has
provided a solid foundation for future research.
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