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Abstract 

 

The gut microbiota has far-reaching effects on health and may influence immune responses in the 

airways through the gut/lung axis and yet, despite their high prevalence, little is known about how 

respiratory viral infections affect the gut microbiota.  

This study investigated the effect of respiratory syncytial virus (RSV) and influenza A virus infection on 

the gut microbiota using mouse models and 16S rRNA gene sequencing on faecal samples. RSV and 

influenza virus infection were both associated with an acute significant shift in gut microbiota 

composition and an increase in the Bacteroidetes to Firmicutes ratio. There was no gut inflammation 

following respiratory viral infection, although an increase in airway-associated Mucin5ac in the gut was 

observed. A common symptom of respiratory viral infection in mice is weight loss. Respiratory viral 

infections reduced food intake in mice and the same gut microbiota changes were observed in fasted 

mice as detected during respiratory viral infection, suggesting infection-induced inappetence drove 

changes in the gut microbiota. Both the acute TNF-α and CD8+ T cell response had a role in regulating 

food consumption during RSV infection but only depleting CD8+ T cells prevented inappetence and 

weight loss and reversed changes in the gut microbiota during infection. Whether inappetence and 

associated gut microbiota changes are beneficial or detrimental in the response to infection has yet to 

be determined. The faecal metabolomic profile was also significantly altered following RSV infection, 

suggesting an effect on host metabolism and/or gut microbiota metabolism. In spite of altering the 

gut microbiome, RSV infection was not found to increase susceptibility to gut infection with the 

pathogen Citrobacter Rodentium.  

This work demonstrates respiratory viral infections have a significant impact on the composition, and 

potentially function, of the gut microbiota and therefore may have wider-ranging effects on health 

than previously thought. By showing the gut/lung axis is bidirectional this may help develop therapies 

for respiratory viral infection
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1.1. The gut microbiota 

The microbiota refers to the community of microorganisms that live on every exposed surface of the 

body. These microorganisms include viruses, unicellular eukaryotes, archaea, fungi and bacteria. The 

bacterial component of the microbiota is the most well studied because the 16S rRNA gene is a good 

target marker. The 16S rRNA gene possesses highly conserved regions for primer design and more 

variable regions for phylogenetic identification, plus extensive databases with thousands of reference 

sequences provide taxonomic and functional information1. The large number of studies and 

knowledge surrounding this community of bacteria has led to the terms microbiota and bacterial 

microbiota being used synonymously.  

Bacteria within the gastrointestinal tract, the gut microbiota, is the largest and most widely studied 

host-associated microbiota2. Almost every aspect of health is influenced by the gut microbiota and 

their collective gene set, the metagenome, through a symbiotic mutualistic relationship with the host 

which has evolved over millennia3. This co-evolution is where microbiota traits which increase the 

fitness of the host are selected for, as are traits within host biology which contribute to shaping 

suitable niches and maintaining beneficial bacterial populations, because both contribute to overall 

survival of the host and therefore the microbiota4. This has led to a bi-directional relationship, where 

the gut microbiota is key for host development, metabolism, immunity and even social behaviour, and 

in turn these processes shape the gut microbiota. Correspondingly, disruption or imbalance in the gut 

microbiota is often called dysbiosis and has been linked to many diseases and disorders2.      

1.1.1. Symbiosis and dysbiosis 

Symbiosis and dysbiosis are commonly used terms in both ecology and gut microbiota research 

because the broadest way to view the gut microbiota is as an ecosystem; a community of organisms 

within a habitat interacting with each other and their physical environment. Ecologists often use the 

term symbiosis to refer to the close, long-term relationship between at least two different species. This 

definition of symbiosis can be sub-divided into: mutualism, where the relationship benefits all 
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participants; commensalism, where the interaction is beneficial for one partner; and parasitism, where 

certain species benefit at the expense of others1,5. In gut microbiota biology, symbiosis generally refers 

to the mutualistic relationship where both bacteria and host benefit, with health-promoting bacteria 

known as symbionts. Commensalism encompasses permanent residents of the gut microbiota which 

may or may not be beneficial, while parasitism is thought to be driven by the presence of pathobionts 

which are commensals with the potential to cause harm under certain conditions6.  

One simple definition of dysbiosis is an imbalance in the gut microbiota community characterised by 

an increase in pathobionts and a decrease in symbionts6. A change in the gut microbiota equilibrium, 

particularly when it occurs in the context of disease, is often referred to as dysbiosis. One limitation of 

this definition is that there is often not enough information to know whether certain bacteria 

increasing or decreasing in abundance is beneficial or harmful, because it depends on multiple 

contextual factors to do with the host, gut environment and relationship with other bacteria. Another 

limitation of this definition is that it is not currently clear whether balance within the gut microbiota is 

actually a prerequisite for health and this definition of dysbiosis may simply acknowledge differences 

in the microbiota without directly showing changes predict or cause disease7. Some studies define 

dysbiosis as low community diversity characterised either by small numbers of different bacteria, or 

where a few bacterial taxa dominate the microbiota composition. Low diversity is considered by some 

a symptom of dysbiosis because the gut microbiota is then thought to lack core functions required for 

maintaining the health of the host8. Low community diversity, however, does not correlate well with 

disease in all situations. For example, in the vaginal microbiota low diversity is considered healthy9 and 

diseases like vaginosis are associated with high diversity10. Overall the concept of dysbiosis is 

ambiguous and depends on defining and understanding a healthy microbiota, which may relate more 

to function than composition. Throughout this thesis the term dysbiosis has not been used to refer to 

changes in the gut microbiota simply because it is often unclear what these changes reflect in terms of 

overall health. Alterations in the gut microbiota composition can, however, correlate with and may 

drive certain diseases.       
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1.1.2. Overview: composition and function of the human gut microbiota 

Before assessing changes in the gut microbiota associated with disease, it is necessary to understand 

what constitutes a “normal” gut microbiota. Determining what is “normal” i.e. healthy is difficult in 

humans because it is relative and context-dependent and varies across populations and age3. Several 

large cohort studies have established certain levels of phylogenetic and functional similarity within the 

gut microbiota which are shared across human populations11,12.  

Bacteria belonging to the Firmicutes and Bacteroidetes phyla dominate the human gut microbiota, 

which is why changes in the ratio of these two are often used as a high-level measure of composition 

change in gut microbiota composition13–15. Other bacteria in the gut microbiota are members of the 

Proteobacteria, Actinobacteria and Verrucomicrobia phyla13,15. At taxonomic levels below phylum it 

becomes harder to define a standard human gut microbiota. There are approximately 1,000 – 1,150 

species of bacteria known to colonise the human gut, with an individual gut microbiota comprising 

approximately 160 species12. Only 57 of these species are found in 90 % of the human population and 

even within these, there is extreme variation in abundance ranging from 2 – 12,000-fold differences. 

The variation in gut microbiota composition between individuals at the species level is, therefore, 

huge11,13,16.  

Instead of a standard gut microbiota composition humans may share a core functional gut 

metagenome – certain sets of genes encoded by the gut microbiota clustered into functional 

metabolic pathways that are similar in identity and abundance across individuals12,17,18. These core 

functions include pathways essential for microbial life, such as energy metabolism and synthesis of 

structural components, as well as processes necessary for colonisation of a host, such as attachment 

mechanisms and synthesis of compounds implicated in the mutualistic relationship like vitamins and 

short-chain fatty acids12,17,19. This idea of core gut microbiota functions is supported by the concept of 

three main human gut microbiota enterotypes which are gut microbiota compositions dominated by 

bacterial families enriched with specific metabolism genes12,20–22.   
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Studying the composition and function of the gut microbiota, how it contributes to maintaining health 

and how it is shaped throughout life by events, environmental and host factors, is key to 

understanding how the gut microbiota may be used to improve health and reduce disease23.  

 

1.2. The role of the gut microbiota in health  

The gut metagenome (the genes encoded by bacteria in the gut) is more than 150 times larger than 

the human genome. It therefore offers greater genetic variation and functional capacity and has been 

selected for based on features which contribute to host adaptation and maintaining the health of the 

host4,11,24. The gut microbiota is essential for developing a functional gastrointestinal tract25,26 and 

influences organ development outside the gut, for example in the brain by regulating neurotransmitter 

expression27,28. Certain gut microbiota profiles are linked with many diseases and disorders, some 

related to gut health16, others involving distant sites such as the central nervous system28 and 

respiratory tract29. This demonstrates that the gut microbiota has far-reaching influences on human 

health. Two of the most well-known and well-studied roles of the gut microbiota are its ability to 

shape and direct the immune system and its contribution to metabolism.  

1.2.1. The immune system 

1.2.1.1. The gut microbiota shapes the immune system  

Most of the knowledge on how the gut microbiota shapes the formation of immune structures, and 

subsequently directs development of the innate and adaptive immune systems, has come from germ-

free mice which are born and maintained under sterile conditions and so lack any microbiota30. At a 

structural level, germ-free mice exhibit severe defects in the formation and maturation of gut-

associated lymphoid tissues including reduced numbers of lymphoid follicles31, smaller Peyer’s patches 

and an absence of germinal centre reactions6,32,33. In addition, germ-free mice have distinctly deficient 

innate and adaptive immune systems. Myeloid haematopoiesis is reduced in the bone marrow of 

germ-free mice34 as are numbers of monocytes and macrophages in the gut35. Germ-free mice also 
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have fewer antibody-secreting cells, less secreted IgA and IgG36,37 and significantly reduced gut CD4+ 

and CD8+ T cell responses37.  

These immune defects are likely caused by the absence of pathogen-associated molecular patterns 

originating from the gut microbiota, such as lipopolysaccharide (LPS) and peptidoglycan. In colonised 

hosts these continually stimulate pattern recognition receptors in order to “educate” the immune 

system so it can differentiate between which foreign antigens to tolerate and which signal danger38,39. 

This was exemplified via mono-colonisation of germ-free mice with the gut microbe Bacteroides 

fragilis where the capsule polysaccharide A was shown to directly activate dendritic cells, restore 

lymphoid follicle development and increase CD4+ T cell proliferation40. However, a diverse community 

of both Gram-negative and Gram-positive bacteria is required for full maturation of the immune 

system31,36.  

A key contribution of the gut microbiota to the function of the immune system is the development of 

immunotolerance and a large part of this involves gut microbiota shaping of the CD4+ T cell subsets: T 

helper 1, 2 and 17 (Th1, Th2, Th17) and regulatory T cells (Tregs)41. The balance of T cell subsets is very 

important for maintaining health as excessive Th1/Th17 responses are associated with autoimmunity 

and disproportionate Th2 responses with allergic reactions, while insufficient Th1, Th2 and Th17 may 

have a detrimental effect on the ability to deal with infections42. Treg cells are the key mediators of 

immune homeostasis. The gut microbiota modulates the gut dendritic cell response towards a 

tolerogenic phenotype of increased Transforming Growth Factor-β (TGF-β) and Interleukin (IL)-10 

production and decreased Interferon (IFN)-γ43, perhaps explaining why gut dendritic cells appear to 

preferentially stimulate differentiation of naïve T cells into Tregs44. Multiple members of the gut 

microbiota have been shown to promote Treg accumulation in the gut45, often in a synergistic 

manner46, suggesting the presence of Tregs is beneficial to the gut microbiota and the community has 

evolved to favour the development of immune regulation and tolerance47.  
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Given this, it is unsurprising that an alerted or disrupted gut microbiota profile has been linked to 

many conditions based around defects in immunotolerance, such as allergic asthma29,48–50. Selectively 

blocking Treg differentiation in the periphery was found to increase Th2 pro-inflammatory responses 

in both the gut and lungs51. Increased lung inflammation in a mouse model of allergic airway disease 

following antibiotic depletion of the gut microbiota was associated with decreased Treg generation, 

suggesting that gut microbiota effects on the immune system can impact respiratory disease52. 

1.2.1.2. Immune system control of the gut microbiota  

As the gut microbiota shapes the immune system, so the immune system controls the gut microbiota 

thereby striking a fine balance between tolerance and suppression in order to maintain a healthy, 

mutualistic gut microbiota while preventing bacterial outgrowth2. The first level of immune system 

control is limiting direct contact between commensal bacteria and the underlying mucosa, thus 

preventing excessive activation of innate and adaptive receptors. In the colon this depends on 

secretion of mucus from goblet cells and submucosal glands that acts as a physical barrier53. Mice 

deficient in the major secreted gut Mucin 2 (Muc2) lack this protective mucus layer and commensal 

bacteria then come into direct contact with the underlying epithelium53. This stimulates excessive gut 

inflammation and the development of spontaneous colitis in Muc2 deficient mice54. In the small 

intestine, which lacks distinct mucus layers, antimicrobial proteins like the bactericidal RegIIIγ secreted 

by the gut epithelium are used to limit contact between the gut microbiota and the host55. 

The immune system controls bacterial growth and contributes to shaping the microbiota composition 

in the lumen of the gut by producing large quantities of secreted IgA30. Some bacteria do penetrate 

the mucus layer where they are either killed by macrophages or phagocytosed by dendritic cells that 

migrate to the mesenteric lymph nodes but do not enter systemic immune compartments like the 

spleen56. These bacteria-containing dendritic cells induce commensal-specific IgA production from B 

cells in both a T cell dependent and independent manner56. Mice which cannot produce class-switched 

IgA due to activation-induced cytosine deaminase (AID) deficiency have a 100 - fold increase in small 

intestine gut bacterial load57. IgA is thought to contribute more to gut microbiota homeostasis in the 
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small intestine than in the colon58 where mucus production and nutrient availability may be more 

important.  

While there is considerable evidence to suggest that the gut microbiota regulates mucosal and 

systemic immune responses, immune system control of the gut microbiota appears to be 

predominantly based on in situ mucosal immune responses.  

1.2.2. Metabolism 

The gut microbiome plays an extremely important role in metabolism because it encodes metabolic 

enzymes not found in the host genome and so can both break down and synthesise compounds that 

mammalian cells cannot metabolise59. Metabolism is the combination of catabolism, the breakdown of 

molecules for energy, and anabolism, the synthesis of new compounds for life. Metabolites are the 

products produced at various stages in metabolism. Gut microbiota-derived metabolites have a 

significant effect on health and disease by acting directly on the host and by contributing to gut 

microbiota homeostasis. 

1.2.2.1. The role of the gut microbiota in metabolism 

The role of the gut microbiota in metabolism depends on the anatomical site within the gut as the 

composition and function of the gut microbiota varies between and within organs along the 

gastrointestinal tract, depending on nutrient availability, oxygen levels, pH and control by the immune 

system60. For example, the gut microbiota composition in the small intestine is less diverse than in the 

colon and has evolved to quickly respond to changes in nutrient availability, favouring simple 

carbohydrate and amino acid metabolism61. Nutrients which reach the colon are largely those which 

cannot be metabolised by the host and so the colon gut microbiota plays an important role in the 

metabolism of complex indigestible nutrients62,63.      

One major role of gut microbiota metabolism in the colon is fermentation of dietary fibre. Dietary fibre 

can be defined as edible carbohydrate polymers resistant to hydrolysis by enzymes endogenous to the 

host64 and is sometimes referred to as “microbiota-accessible carbohydrate: MAC”65. Key metabolites 
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produced include short-chain fatty acids (SCFAs), the most abundant of which are acetate, propionate 

and butyrate59. The ability to produce acetate is widely distributed among many members of the gut 

microbiota59,66, whereas butyrate production is more conserved and found among members of the 

Lachnospiraceae and Ruminococcaceae families which belong to the Firmicutes phylum67. Similarly 

propionate is produced by specific genera but they are distributed across the Firmicutes, Bacteroidetes 

and Verrucomicrobia phyla68.  

The gut microbiota is also involved in the metabolism of proteins into amino acids and phenolic 

acids69 and can ferment amino acids into SCFAs like valerate70, all of which is conducted by a range of 

bacterial species across the Firmicutes, Bacteroidetes and Actinobacteria phyla. The gut microbiota is 

important for the synthesis of K and B vitamins, with approximately 50 % of gut bacteria producing at 

least one B vitamin71. Host and gut microbiota metabolism are often intertwined. In bile acid 

metabolism a small percentage of primary conjugated bile acids metabolised in the liver enter the 

colon where they are deconjugated to form secondary bile acids by the gut microbiota that can then 

be re-absorbed and returned to the liver72. Bile salt hydrolase enzymes, which facilitate deconjugation, 

are highly-conserved throughout the human gut microbiome73. 

Overall the wide distribution of metabolic capacity across the gut microbiota strengthens the concept 

of co-evolution between host and microbiota as functions beneficial to host and microbiota survival 

are highly conserved. It also means shifts in the major phyla, or at the family level, do not represent 

changes in the ability of the gut microbiota to produce metabolites important for health. Determining 

the abundance of specific species or using metagenomics and metabolomics is therefore required to 

investigate the impact of factors on gut microbiota metabolism.  

1.2.2.2. The impact of gut microbiota metabolism on health  

One crucial way metabolism by the gut microbiota contributes to health is through the production of 

SCFAs. SCFAs are used by both the host and certain members of the gut microbiota as an energy 

source and are particularly important for colonocytes and maintaining a healthy gut epithelium74–76. 
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SCFAs can regulate host metabolism by binding G-protein coupled receptors (GPCRs) 41 and 43 (often 

called free fatty acid receptors 2 and 3) as well as GPR109a and Olfr7859,77,78. SCFAs can also alter host 

gene expression by inhibiting histone deacetylases79.  

The role of SCFAs in maintaining health is particularly well-studied in the context of SCFA-mediated 

regulation of the immune system, both within the gut and systematically. SCFAs historically have an 

established anti-inflammatory effect; however, they can stimulate both pro and anti-inflammatory 

innate and adaptive responses depending on the immune cell and situation78. For example, the SCFAs 

acetate and propionate can induce production of Tumour Necrosis Factor(TNF)-α and IL-6 from 

colonic epithelial cells, which mediates protection against gut infection77. In a mouse model of allergic 

airway disease, mice fed a high-fibre diet or dosed with propionate had decreased lung inflammation, 

as the SCFA directly lowered the activation status of dendritic cells and reduced production of IL-4, IL-

5 and IL-17 in the airways80. SCFAs such as butyrate can also act on CD8+ T cells to both promote 

immunotolerance and cytotoxic activity via histone deacetylation which increases the expression of 

IFN-γ and granzyme B81. Whereas, butyrate and propionate have been shown to promote CD4+ T cells 

towards Treg differentiation, via both GPR43 activation82 and increased histone acetylation of the 

Foxp3 transcription factor83, they were not found to affect Th1, Th2 or Th17 cell induction,. Another 

study in mice found a high-fibre diet and acetate dosing decreased lung inflammation during allergic 

airway challenge by increasing the number and suppressive function of Tregs84. Therefore, SCFAs have 

a range of pro and anti-inflammatory effects on innate and adaptive immune responses within the gut 

and at distal sites such as the lungs.  

Other gut microbiota metabolites also have a significant impact on health. Humans cannot synthesis K 

and B vitamins in sufficient amounts and so rely on dietary sources and gut microbiota metabolism85. 

Gut microbiota production of vitamin K is necessary for the production of plasma clotting factors86. B 

vitamins produced by the gut microbiota are estimated to contribute to 25 % of the daily required 

amount and are essential co-factors for the conversion of energy into ATP71,87. Studies in mice suggest 

secondary bile acids produced by the gut microbiota may regulate bile acid metabolism in the liver88, 
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reduce inflammation by inhibiting inflammasome activation89 and protect against gut infection by 

inhibiting the growth of enteropathogens90,91.  

Gut microbiota metabolism affects host metabolism, gene expression and immune responses and has 

a significant impact on health, both within the gut and systemically. Studies investigating the impact of 

external factors on the gut microbiota should not only measure changes in the composition but 

should consider the functional implications of altered gut microbiota metabolism.  

 

1.3. Factors which shape gut microbiota composition  

Given the important role the gut microbiota plays in metabolism and shaping the immune response, 

which have effects within the gut and at distal sites such as the lungs, it is important to identify and 

understand what factors shape the composition of the gut microbiota.    

1.3.1. Life events 

The gut microbiota varies with age. There is controversy about whether babies are born sterile or 

encounter bacteria in utero but so far evidence for a prenatal gut microbiota is not convincing92,93. 

Therefore, the first life event which shapes the gut microbiota is mode of birth. Children born vaginally 

have a gut microbiota similar to their mother’s vaginal microbiota, while children born by caesarean 

section have a gut microbiota containing bacteria often found on the skin94. Neonatal gut microbiota 

diversity is low and initially dominated by Bifidobacterium because the diet is limited to breast milk95. 

The infant gut microbiota gradually diversifies, with big shifts in phyla abundance occurring with the 

introduction of solid food, until the age of 2.5 – 3 years when it resembles an adult gut microbiota95,96. 

The adult human gut microbiota composition remains relatively stable97,98 even when accounting for 

significant life events such as pregnancy98,99. The gut microbiota in elderly people appears to be 

significantly different to that of younger adults, with considerably more inter-individual variability and 

generally lower diversity100, although this could be driven by high antibiotics use, age-related 

comorbidities101 or even a more restricted diet.  
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Despite the relative stability of the human gut microbiota over time, there are many environmental 

and host factors which can contribute to gut microbiota variability between people and which can 

cause significant shifts in the gut microbiota of individuals.  

1.3.2. Environmental and host factors 

At a population level the diversity of human gut microbiota varies according to geographical location. 

The gut microbiota of children in Africa has a higher diversity and greater abundance of Bacteroidetes 

and Actinobacteria than the gut microbiota of children from Europe15. Similarly, gut microbiota 

communities from people in Africa, Venezuela and the United States cluster distinctly according to 

country95. While these populations are genetically different, multiple studies have shown that host 

genetic factors only play a small role in determining human gut microbiota variation with only 2 % of 

the gut microbiota thought to be “inheritable”18,102. Unrelated people who share the same house have 

significantly similar gut microbiota compositions102. This suggests environmental factors are the major 

determinants of gut microbiota variability. Diet is thought to be one of the major drivers of gut 

microbiota composition and diversity. The increased ratio of Bacteroidetes to Firmicutes in the gut 

microbiota of children from Africa is associated with their high fibre diet, compared to the high protein 

and fat diet consumed by children in Europe, and children from Africa had correspondingly higher 

SCFA levels. Interestingly, infants from either Africa or Europe who were breast fed form a separate 

cluster together, suggesting that diet has a stronger influence over gut microbiota composition than 

other environmental variables which separated these two communities15.  

Population level analysis of the gut microbiota in over 1,000 individuals from Western Europe revealed 

many other environmental factors, and some host factors, which significantly contribute to gut 

microbiota variation22. Host factors such as stool consistency and red blood cell count have the 

biggest individual effect on gut microbiota variation whereas medication have the greatest combined 

effect. Dietary factors have the fourth largest combined effect on gut microbiota composition with 

covariates such as bread type preference and coffee drinking all contributing to gut microbiota 
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differences between individuals. Other environmental factors including working hours and amount of 

sleep affect gut microbiota variation22, which may relate to studies showing stress is an important 

factor which can alter the gut microbiota103,104.  

Infections, not included in most population studies which only involve healthy adults, are another 

environmental factor that can alter gut microbiota composition. Bacterial and viral gut infections have 

a significant impact on the human gut microbiota105–107. In some cases, particularly Clostridioides 

difficile infection, this may be associated with prior antibiotic use that can independently alter the gut 

microbiota and microbiota metabolism, providing niches for enteropathogen growth107,108. There have 

also been several studies which found HIV infection is associated with a disrupted gut microbiota 

composition, with a consistently observed increase in Prevotella and decrease in Bacteroides109,110 

which is linked to increased T cell numbers and production of IFN-γ in the gut111.  

Because many environmental factors, including infections, are known to affect the gut microbiota, the 

central aim of this thesis was to investigate the link between respiratory viral infections and changes in 

the gut microbiota.  

 

1.4. Respiratory viral infections  

The World Health Organisation (WHO) Global Burden of Disease Project categorises respiratory 

infections as influenza, pneumonia and other acute respiratory infections, but excludes tuberculosis 

and respiratory infections in patients with HIV.  Consequently the burden of respiratory infection is a 

conservative estimate which may under-represent the true impact on global health112,113. Respiratory 

infections have the highest global incidence across all diseases affecting an estimated 17.1 billion 

people a year, with an overall prevalence of 236 million upper respiratory tract infections and 10.6 

million lower respiratory tract infections114.  

The global burden of respiratory infection is decreasing115,116, although lower respiratory tract 

infections are still the fourth leading cause of death worldwide and mortality due to lower respiratory 
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tract infections has increased over the last 10 years in people aged over 65116. Lower respiratory tract 

infections are generally attributed to Streptococcus pneumoniae, Haemophilus influenzae type B, 

influenza virus and respiratory syncytial virus (RSV)117. While S. pneumoniae is the leading cause of 

death for lower respiratory tract infections across all age groups117, RSV and influenza virus infection 

are associated with increased risk of developing secondary pneumococcal pneumonia118 and therefore 

may contribute significantly more to lower respiratory tract infection mortality than officially estimated. 

Bacterial respiratory infections can be treated with antibiotics. In contrast there is a distinct lack of 

effective, reasonably priced and widely available therapies for respiratory viral infections. Furthermore, 

there are highly effective vaccines for H. influenzae type B and S. pneumoniae119,120, while vaccines for 

influenza virus and RSV have been much more difficult to develop due to difficulties predicting 

circulating virus strains (influenza) and generating an effective, protective immune response (RSV). 

Given the role the gut microbiota plays in shaping and directing immune responses, including in the 

lungs, it is particularly important to study respiratory viral infections and their interaction with the gut 

microbiota because it may give insight into how and whether the gut microbiota should be 

manipulated as a treatment option or to increase vaccine effectiveness121–123.  

1.4.1. RSV and influenza virus 

1.4.1.1. Virology 

RSV is an enveloped virus belonging to the Pneumoviridae family. RSV has a single-stranded non-

segmented negative sense RNA genome with 10 genes encoding 11 proteins. The viral envelope 

contains the fusion (F) and attachment (G) glycoproteins which are the main targets of the humoral 

immune response124,125. There are two antigenically distinct RSV serotypes, based on sequence 

variation in the G protein, which co-circulate and do not differ significantly in terms of disease 

severity126,127. While circulating RSV strains do slowly acquire mutations in the G protein from selective 

pressure by the immune system this is not thought to contribute significantly to reinfection125.  
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Influenza viruses belong to the Orthomyxoviridae family and are also enveloped, negative-sense 

single-stranded RNA viruses. Unlike RSV, their genome is segmented which contributes to the 

emergence of new influenza viruses through antigenic shift – genome segment reassortment between 

different influenza virus strains128. Influenza viruses are divided into three types, A, B and C. Influenza A 

and B viruses are associated with seasonable outbreaks and epidemics, while influenza C virus is 

endemic and usually causes acute upper respiratory tract infections129. Influenza A viruses, which can 

also cause pandemics130, are further divided based on the 16 sub-types of haemagglutinin (HA) and 9 

sub-types of neuraminidase (NA) envelope glycoproteins131. Influenza B viruses are divided into two 

antigenically distinct lineages based on their site of initial identification; B/Victoria and B/Yamagata132. 

As with the RSV F and G proteins, the influenza HA and NA proteins are the sites of antibody 

recognition128. In influenza A viruses, the HA and NA genes accumulate substantial point mutations 

which can prevent antibody binding, known as antigenic drift. Antigenic shift and drift allow influenza 

A viruses to evade adaptive immune responses acquired either naturally or via vaccination.  

1.4.1.2. Health Burden 

RSV infection is very common. Most infants have been infected by the age of two and reinfection in 

common during childhood and throughout life, even with the same antigenic strain133–135. Reinfection 

with RSV is driven primarily through inadequate adaptive immune responses and viral immune evasion 

strategies136. The outcome of RSV infection in infants versus adults is clinically and immunologically 

difference. In young healthy adults, RSV infection is generally confined to the upper respiratory tract 

and presents with symptoms similar to, but slightly more severe than, a common cold135. These include 

fever, congestion and a cough and in one study RSV infection in healthy adults resulted an average of 

6 missed work days137. In infants, primary RSV infection presents initially as upper respiratory tract 

disease and progresses to a lower respiratory tract infection in approximately 15 – 20 % of cases, with 

classic symptoms of bronchiolitis such as wheezing, crackling and tachypnoea133,138,139. Importantly,  

2 % of all infants infected with RSV experience sufficiently severe disease to warrant hospitalisation140. 

Global estimates calculate that there are 3.2 million children hospitalised with severe RSV infection and 
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60,000 RSV-associated deaths in children under five per year141. The difference in the pathological 

outcome of RSV infection in infants compared to adults is thought to be due to primary RSV infection 

in infancy stimulating a Th2 cytokine response and IgE production142, whereas reinfection in adulthood 

is associated with higher abundance of pro-inflammatory and Th1 cytokines143 and the development 

of some RSV-specific IgG which is associated with decreased symptoms but is not sufficient to prevent 

continued re-infection144. As immunity wanes with age due to immunosenescence, RSV infection then 

becomes a significant burden among elderly adults and is associated with hospitalisation and 

significant mortality in people aged over 65145. Ultimately, RSV infection is a significant burden and 

healthcare cost across all age groups146. 

While RSV is the more common cause of lower respiratory infection in children147,148, seasonal 

influenza infections are still a major cause of childhood mortality, particularly in low income 

countries117,149. Severe influenza virus infection is particularly associated with lower respiratory tract 

infections in elderly populations117,150 and overall influenza is estimated to be responsible for 145,000 

deaths a year across all ages151. Hospitalisation is required in approximately 17.5 % of influenza virus-

associated lower respiratory tract infections and this represents a significant economic and healthcare 

resource burden151.  

1.4.1.3. Vaccines and therapies 

Historically vaccine development for RSV has proved extremely difficult. Initial vaccine trials using a 

formalin-inactivated version of RSV enhanced disease during natural infection and resulted in several 

deaths152. Subsequent attempts to develop an RSV vaccine have been hampered by the fact that 

natural immunity to RSV is insufficient to prevent reinfection and it is unclear what constitutes an 

absolute correlate of protection for an effective RSV vaccine153. There is currently no licensed RSV 

vaccine and, while there are several candidates in phase II, a promising maternal RSV vaccine recently 

failed in phase III clinical trials154.  
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While vaccines against multiple influenza A virus strains show efficacy in controlled clinical trials, their 

effectiveness is variable depending on the season155. This is because the huge genetic diversity and 

high mutation rate in influenza A viruses means new vaccines must be developed every year to match 

the antigenic variation of circulating strains156. The WHO Global Influenza Surveillance and Response 

System monitors antigenic drift and the emergence of new influenza virus strains to match vaccines 

with circulating strains. Mismatches can occur: in the 2014/2015 influenza season there was significant 

antigenic drift in circulating influenza A H3N2 virus strains compared to the reference vaccine strain 

which reduced vaccine effectiveness to 23 %157. Even correctly matched vaccines sometimes display 

sub-optimal effectiveness, which probably depends on individual and age-related variation in host 

immune responses158.  

The antiviral ribavirin is the only approved drug for the treatment of RSV infection, however, potential 

teratogenicity and lack of evidence on its effectiveness means it is not usually used in clinical 

practice159. Passive immunisation using the humanised monoclonal antibody palivizumab is used to 

prevent RSV-associated lower respiratory tract infections in premature and high-risk infants160. While 

the patency on palivizumab has now expired, and so prophylactic RSV therapy should become less 

expensive, currently there are no licensed treatments which lessen RSV disease severity or shorten the 

duration of infection.  There are several antivirals in phase II clinical trials which report a decrease in 

respiratory symptoms and so this field is moving quickly161.  

There are several licensed antivirals which can be used for prophylaxis and treatment of influenza virus 

infection but they are only effective at reducing severity and duration of illness if given within the first 

two days of infection156. Similar to RSV, there are no licensed therapies to treat established influenza 

virus infection or reduce severity of associated lower respiratory tract disease.  

Given the importance of the gut microbiota in shaping immune responses, the lack of options to 

reduce the severity of respiratory viral infection and the challenge of generating protective immune 

responses in all populations, many studies are looking into manipulating the gut microbiota as a 
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treatment for respiratory viral infection or to increase vaccine effectiveness121–123. In order to develop 

suitable therapies, it is necessary to fully understand the link between the lungs and gut and so it is 

important to establish how respiratory viral infections themselves affect the gut microbiota.   

 

1.5. Using mice as models for gut microbiota research 

Mice are often used to investigate mechanisms linking the gut microbiota with changes in health and 

disease including during respiratory infection. In mouse studies it is easier to control for environmental 

factors known to independently shape the gut microbiota (See Section 1.3.) and to establish causation 

over correlation as the gut microbiota can be monitored before and after infection. Germ-free and 

gnotobiotic mice are very useful for distinguishing between host and microbiota effects and 

determining the role of individual gut microbiota members. Mice are the most widely used animal 

model in biomedical research162 because, in addition to being cheap to house and quick to breed, the 

advanced knowledge surrounding mouse systems biology has developed into tools which can 

manipulate mouse physiology, genetics and the immune system at a molecular and cellular level. 

Despite all these advantages, there are several aspects which must be considered when determining 

the suitability of mice as a model in gut microbiota research and when translating findings to humans.  

1.5.1. Human and mouse gut physiology 

The gross anatomy of the human and mouse gut is similar, possibly because both species are 

omnivores, and is separated into a stomach, small intestine, caecum and colon163,164. However, there 

are several differences in gut physiology between mice and humans which may affect the respective 

gut microbiotas. The mouse gut is much bigger in relation to total body mass than the human gut and 

the caecum and colon are roughly 2,000 and 500 times respectively longer in mice than in humans164. 

This may mean extraction and absorption of nutrients, and particularly metabolism of dietary fibre, is 

different in mice compared to humans. Mice are coprophagic and consume their own and other mice’s 

faeces, which increases the chance of absorption for metabolites produced in the colon and also 
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impacts on the gut microbiota through recycling and sharing bacteria164,165. Another difference in gut 

physiology between humans and mice is that human gut mucus is thicker and has a higher turnover 

rate compared to mouse gut mucus166. While the physiological distribution of mucus proteins is similar 

between humans and mice, the glycosylation pattern is likely to be different164. This variation could 

result in differences in the mucus-associated bacterial communities between humans and mice.   

1.5.2. Comparing human and mouse gut microbiota composition and function 

At a phylum level, the human and mouse gut microbiota are very similar as they are both dominated 

by Bacteroidetes and Firmicutes14,167. Whether this similarity extends to other phylogenetic levels 

depends on the sample and technique used to analyse microbiota composition. One study found 85 % 

of the genera in the mouse caecal gut microbiota were not detected in the human colon, although this 

compared different sample sites and was before the advent of next-generation sequencing167. The 

current general consensus is that mouse and human gut microbiotas are qualitatively but not 

quantitatively comparable i.e. the identity of bacteria present are similar but the abundances 

vary163,168,169. Around 80 – 90 % of gut microbiota genera are consistently identified in both human and 

mouse faecal samples, with the mouse gut microbiota containing more Alistipes, Lactobacillus, 

Turicibacter and Porphyromonadaceae, while in general the human gut microbiota has higher 

abundance of Roseburia, Prevotella, Faecalibacterium, Ruminococcus and Clostridia163,168.  

When investigating the impact of specific gut microbiota species on health and disease, there are 

often significant differences between human and mouse gut microbiota compositions which must be 

considered when translating findings. For example, segmented filamentous bacteria (SFB) are 

frequently detected in the mouse gut microbiota170 and play an important role in shaping adaptive 

immune responses in the mouse gut171. Conversely, SFB have only been detected in the infant human 

gut microbiota172 and their connection with the human immune system is just beginning to be 

explored173.  
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Mouse gut microbiota enterotypes have been identified which broadly reflect those in humans. The 

murine Lachnospiraceae/Ruminococcaceae enterotype and the murine Bacteroidetes/ 

Enterobacteriaceae enterotype174 may be comparable to the Ruminococcus and Bacteroides 

enterotypes in the human gut microbiota20,22. Similarities in enterotype clustering suggest the core 

function of the gut microbiota may be conserved between humans and mice. Metagenomic analysis 

supports this169. At a sequence level only 4 % of the mouse gut metagenome is present in the human 

gut metagenome. When these genes are annotated and classified according to function, however, 95 

% of the functional groups are shared between human and mouse gut microbiotas, the majority of 

which relate to metabolism169. The main limitation for comparing the function of the mouse and 

human gut microbiota is that the mouse gut microbiota is far less well-characterised, with many 

dominant members lacking an annotated whole genome sequence which makes it difficult to infer 

functional capacity.  

1.5.3. Advantages and limitations of using mice as models for gut microbiota research  

The major advantage of mouse models is the ability to perform and analyse interventions that are not 

possible in humans. The knowledge surrounding mouse genetics and the huge selection of knock-out 

and knock-in mouse models has shed light on how a range of host factors, particularly those related to 

the immune system, shape the gut microbiota175. The use of germ-free and gnotobiotic mice, which 

are germ-free mice inoculated with a known community of bacteria, have been invaluable for 

discerning causation from correlation when studying the effect of the gut microbiota on health and 

development163. On the other hand, germ-free and gnotobiotic mice are expensive to generate and 

maintain176. Germ-free mice also have developmental physiological and immune system defects which 

limit their use for examining the role of the gut microbiota in an intact system (Section 1.2.1.1.). An 

alternative approach is to use antibiotic-depletion of the mouse gut microbiota to study its role in 

maintaining health and contributing to disease after development176. This has the advantage that it can 

be performed on any mouse strain and genetic background without specialised equipment. 

Disadvantages of antibiotic-depleted gut microbiota mouse models include selective and not 
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complete depletion of the gut microbiota, potential effects on the mycobiome, depletion of other 

microbiota sites including the airways177, and discrepancies between studies depending on whether 

antibiotics are administered via oral gavage or ad libitum in water178.  

Several of the advantages of using mice as models for gut microbiota research introduce their own 

challenges and limitations. For example, commonly used laboratory mice have been in-bred for more 

than 150 generations which has decreased genetic variation, increased experimental reproducibility 

and introduced a clearer system for dissecting host-microbiota interactions. However, it also means 

that the contribution of genetics to gut microbiota composition and variation is lost163,164. Another 

advantage to using mice is the ability to control for environmental variables such as housing 

conditions, diet, infection/disease history and exposure to drugs and stress. In humans all these factors 

individually and together contribute to shaping the gut microbiota and their absence reduces the 

chance that mouse gut microbiota findings are translatable163. Some environmental factors introduced 

by using mouse models significantly impact on the gut microbiota. Animal facility and supplier have 

the largest effect on mouse gut microbiota variation164,169. This is likely a combination of animal-

husbandry factors. Diet is thought to be the biggest contributor to differences between animal 

suppliers169. Across animal facilities, most gut microbiota variation is explained by animal supplier and 

then by whether mice are housed in individually ventilated cages or fed irradiated food179. Within one 

animal facility, cage and bedding type but not diet had a marked effect on mouse gut microbiota 

diversity180. Cage-effect, where mice housed within the same cage share a similar gut microbiota 

composition through coprophagy and grooming, and room-effect, where mice housed in the same 

room have distinct gut microbiota profiles compared to mice in other rooms, also contribute to intra-

facility gut microbiota variability174,181. It is very important to consider these factors during mouse gut 

microbiota studies to ensure they do not interfere with or obscure the variable under investigation, as 

housing condition-associated changes in the gut microbiota have been shown to alter gut 

physiology181 and development of disease182.  
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While direct comparisons between human and mouse gut microbiotas should be treated cautiously, 

mouse models may be useful for studying factors which drive big shifts in community composition, 

particularly at a phyla and family level, and changes in function. As long as differences in gut 

physiology, limitations of models and the impact of mouse-specific environmental factors are 

considered, mice represent a suitable model for studying the relationship between respiratory 

infections and the gut microbiota.   

 

1.6. The gut microbiota and respiratory infections  

The field exploring how the gut microbiota shapes host functions like immunity and metabolism has 

expanded into studying how the gut microbiota might influence responses at sites outside the gut. 

This has led to the concept of “axes”, such as the gut-lung axis where researchers investigate how 

certain gut microbiota profiles or changes affect the function and immune response in the lungs. 

Increasing evidence suggests this axis is bidirectional and that changes in the microenvironment or 

immune state of the lungs may impact on the gut microbiota183.  

One indication that the gut and lungs environments may be connected comes from studies which 

show the prevalence of gut and respiratory disease and symptoms often coincide. Irritable bowel 

syndrome patients have a higher prevalence of asthma184 and asthmatics with no previous diagnosis of 

intestinal disease have more irritable bowel symptoms than healthy controls185. Gastrointestinal 

symptoms like diarrhoea are often reported alongside many types of respiratory infection, particularly 

influenza virus, and are not associated with detection of respiratory viruses in the gut186–188. Alongside 

this there is substantial evidence to suggest the gut microbiota influences immune responses in the 

lungs. This has primarily been studied in the context of allergic airway disease and asthma which is 

incorporated in the section on the role of the gut microbiota in the immune response (Section 1.2.1.).  

Unlike asthma, there are no longitudinal studies in humans which correlate an altered gut microbiota 

with an increased risk of respiratory infection. Studies in mice suggest the gut microbiota may 
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influence the response to and severity of respiratory bacterial and viral infections, opening up the 

possibility for probiotic manipulation of the gut microbiota as a therapy. 

1.6.1. The gut microbiota affects lung immune responses and outcome of infection 

Studies in germ-free mice indicate that the initial priming and development of the mucosal and 

systemic immune system by the microbiota is required to protect against respiratory infection. Germ-

free mice infected with Klebsiella pneumoniae experience increased bacterial load in the airways and 

higher mortality compared to infection in conventional mice, which is associated with a reduced pro-

inflammatory neutrophil and TNF-α response in the lungs189. A similar effect is seen in respiratory viral 

infection. Influenza virus infected germ-free mice have enhanced weight loss, increased lung damage 

and reduced viral clearance compared to infected conventional mice190. Antibiotic depletion of the gut 

microbiota in conventional adult mice also results in increased severity of respiratory infection. Mice 

treated with a cocktail of broad-spectrum antibiotics followed by infection with S. pneumoniae have 

higher lung bacterial load, significantly more lung inflammation and increased mortality compared to 

infected controls177,191. The effect of antibiotic depletion on the gut microbiota is associated with an 

altered immune response to respiratory bacterial infection, with an increase in neutrophil influx into 

the lungs, higher airway IL-6 and lower airway TNF-α191, IL-17 and GM-CSF177. Antibiotic depletion 

prior to influenza virus infection increases infection-associated weight loss, lung viral titres and lung 

damage and is associated with a reduced systemic and airway anti-viral type I interferon response190.  

The adaptive immune response to respiratory viral infection is also affected by the gut microbiota: 

antibiotic-depleted mice infected with influenza virus have lower virus-specific IgG, IgA and IgM, fewer 

antigen-specific CD8+ T cells and reduced T cell IFN-γ production190,192. These effects were also seen 

when a specific antibiotic was used which depleted the gut but not the lung microbiota, 

demonstrating the pivotal role gut commensal bacteria can play in the immune response at distal 

sites192. Together these results demonstrate that the gut microbiota also influences the established 

immune response to respiratory infection.   
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1.6.2. Immunomodulation of respiratory infection by the gut microbiota  

The gut microbiota is proposed to influence lung immune responses to respiratory infection through 

several mechanisms. Primarily, structural components from commensal bacteria are thought to provide 

ligands for pattern recognition receptor activation in the steady state, which helps maintain a balance 

between immune tolerance and activation. A single systemic dose of LPS (from Escherichia coli 

serotype 0111:B4) is sufficient to restore the pro-inflammatory response in germ-free mice to 

respiratory bacterial infection and decrease bacterial load in the lungs189. Adaptive immune responses 

are also enhanced by innate immune priming: antibody and T cell responses are re-established in 

antibiotic-depleted mice during respiratory viral infection by a single rectal or intranasal dose of LPS (E. 

coli) or peptidoglycan (Bacillus subtilis)192. This may rely on inflammasome activation by the gut 

microbiota as inflammasome-dependent migration of lung dendritic cells to the mediastinal lymph 

nodes is significantly reduced in antibiotic-depleted mice following influenza virus infection, and can 

be restored by LPS (E. coli) dosing192.  

The gut microbiota also influences the macrophage response to respiratory bacterial and viral 

infection. Blood and airway macrophages isolated from antibiotic-depleted influenza virus infected 

mice have significantly decreased expression of genes involved in inhibition of viral replication, and a 

reduced capacity to respond to anti-viral type I interferons in vitro and in vivo190. During infection, 

alveolar macrophages isolated from antibiotic-depleted mice during S. pneumoniae infection have 

significantly altered gene expression pathways associated with cholesterol biosynthesis which plays an 

important role in phagocytosis191. In vitro studies demonstrate that alveolar macrophages from 

microbiota-depleted mice have significantly reduced phagocytic ability against S. pneumoniae191.  

The gut microbiota may regulate alveolar macrophage function by activating Nod-like receptors and 

promoting IL-17 production, which in turn increases GM-CSF-mediated signalling in alveolar 

macrophages to increase reactive oxygen species generation177. Administering GM-CSF to antibiotic-

depleted mice enhances their ability to clear S. pneumoniae and K. pneumoniae, while neutralising 
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GM-CSF prior to infection in conventional mice increase lung bacterial load to the same level seen in 

antibiotic-depleted mice.  

The gut microbiota is also proposed to influence immune responses in the airways via the production 

of immune-modulating metabolites. Increasing the production of SCFAs by the gut microbiota by 

feeding mice a high-fibre diet was found to decrease lung damage and increase survival during 

influenza virus infection193. The increase in SCFA abundance, particularly butyrate, has a direct 

protective effect by altering bone marrow haematopoiesis and increasing the abundance of 

alternatively activated macrophages in the airways. This in turn leads to decreased neutrophil influx 

and mitigates neutrophil-induced lung damage during infection.  

SCFAs produced by the gut microbiota can also directly alter CD8+ T cell metabolism and enhance 

their cytotoxic ability which increases viral clearance during influenza infection193. Altering the 

composition of the gut microbiota by supplementing with Lactobacillus johnsonii  was shown to 

protect against RSV pathology in the lungs194 and was associated with increased production of the 

immunomodulatory polyunsaturated fatty acid (PUFA) docosahexaenoic acid (DHA)195. DHA can 

reduce in vitro and in vivo production of pro-inflammatory cytokines from dendritic cells, which in turn 

alters dendritic cell activation of CD4+ T cells and reduces IL-4, IL-5 and IL-13 cytokine production 

during RSV infection in mice195.  

Together these studies demonstrate the gut microbiota shapes the immune response to respiratory 

infection to achieve a balance between stimulating an appropriate pro-inflammatory response which 

clears infection while preventing immunopathology.  

1.6.3. Previous studies: how respiratory viral infections may shape the gut microbiota 

The gut-lung axis implies bi-directionality and an increasing field of interest is how environmental 

factors like respiratory infections affect the gut microbiota (Figure 1.1). This is may be particularly 

relevant in respiratory viral infections which constitute a significant global health burden but lack 

therapies which reduce disease severity.  
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Several studies in humans have associated an altered gut microbiota with respiratory viral infection. 

Patients hospitalised for influenza A H7N9 virus infection have decreased gut microbiota diversity and 

increased abundance of Proteobacteria and Escherichia spp. compared to healthy controls196. 

Comparing the gut microbiota between age-matched healthy controls and infants with severe viral 

bronchiolitis, most of whom were RSV-positive, revealed a significant association between Bacteroides 

abundance and bronchiolitis197,198. None of these studies examined the composition before and after 

infection and so it is not possible to determine whether respiratory viral infection initiates a change in 

the gut microbiota or if certain gut microbiota profiles predispose to respiratory viral infections. 

 

 

Figure 1.1. The gut/lung axis during respiratory viral infection.  

Studies in germ-free and antibiotic depleted mice demonstrate that the gut microbiota may modulate lung 

immune responses during respiratory viral infection through activation of pattern recognition receptors and 

production of immunomodulatory metabolites. This is thought to promote dendritic cell (DC) migration to 

mediastinal lymph nodes, enhance lung T and B cell responses and increase abundance of alternatively-activated 

alveolar macrophages (Amac) which inhibit neutrophil (Neut) influx into the airways. The gut microbiota may also 

influence the anti-viral function of alveolar macrophages through currently unknown mechanisms. This axis may 

be bi-directional where lung immune responses affect the composition of the gut microbiota. T cell migration 
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from lungs to gut and the anti-viral IFN response have been implicated in gut microbiota changes following 

respiratory viral infection in mice. The exact mechanism is still unclear and other studies have observed different 

changes in the gut microbiota. Currently all studies have only explored the effect of influenza virus infection.  

Figure created with BioRender.com 

Studies in animal models have attempted to answer whether respiratory viral infections are causally 

linked to changes in the gut microbiota. While no studies have profiled the gut microbiota during RSV 

infection, several have looked at the impact of influenza A virus infection on the mouse gut microbiota 

(see Table 1.1). Infecting mice with mouse-adapted influenza A/Puerto Rico/8/34 (H1N1) virus 

significantly disrupts the gut microbiota, with a decrease in Lactobacillus 199, SFB199,200 and 

Bacteroidetes201 and an increase in Verrucomicrobia202 and Proteobacteria, predominantly 

Enterobacteriaceae199–202. Infection with non-mouse adapted influenza A virus strains, including A/Viet 

Nam/1203/2004 (H5N1) and A/Netherlands/602/2009 (pandemic H1N1), have the same effect on the 

gut microbiota201. In one study there was an increase in Bacteroidetes, Paraprevotellaceae and 

Desulfovibrionaceae and a decrease in Lachnospiraceae and Helicobacteraceae following influenza 

A/FM1/1/47 virus infection; however, the lack of information on group size, repeats and controls make 

it difficult to judge the robustness of these results203. 

Migration of IFN-γ expressing CD4+ T cells from the lungs to the gut199 and the type I IFN response200 

have both been implicated in disrupting the gut microbiota during influenza virus infection. 

Conversely, systemic injection of IFN-α did not alter the gut microbiota and no change was found in 

the expression of type I interferons like IFN-α, or type III interferons like IFN-γ, in the gut after 

influenza virus infection201. Therefore, how influenza A virus infection alters the gut microbiota 

composition remains unclear.  

The most consistent result across studies is an increase in commensals belonging to the Proteobacteria 

phylum. Inconsistencies on the effect of influenza A virus infection on the abundance of other gut 

microbiota taxa, and the proposed mechanism, may be due to differences in techniques for analysing 

the gut microbiota (taxon-specific quantitative PCR versus 16S rRNA gene sequencing), or a lack of 
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sufficient biological and experimental repeats. Most previous studies have been based on one or two 

independent repeats and used three mice per group. Other factors such as animal supplier and mouse 

strain might also have an impact and no studies controlled for natural fluctuations in the gut 

microbiota or the stress of repeated handling, weighing and sampling.  

Ultimately there is a lack of consistent, well-controlled studies on the effect of respiratory viral 

infection on the gut microbiota and previous work has been limited to influenza virus infection, despite 

the considerable prevalence and morbidity of other respiratory viral pathogens like RSV. Considering 

the impact changes in gut microbiota composition can have on health and disease, and the potential 

for manipulating the gut microbiota as a therapy for respiratory disease, the effect of respiratory viral 

infection on the gut microbiota requires further study. 

Table 1.1. Studies on the effect of influenza A virus infection on the gut microbiota in mice 

Study Influenza 
strain 

Mice Group 
size 

Repeats Method Sample Results 

Wang et 
al. 

2014. 
A/PR/8/34 

C57BL/6 
 

Male 
 

Shanghai 
Laboratories 

3 2 
qPCR 

Selective culture 
Small 

intestine 

No change in bacterial load 
↓ SFB 
↓ Lactobacillus 
↑ Enterobacteriaceae 
Bacteroides unchanged 

Deriu et 
al. 

2016. 
A/PR/8/34 

C57BL/6 
 

Sex: unknown 
 

Origin: unknown 

3 Unknown 
16S rRNA gene 

sequencing 
Faeces 

↑ Proteobacteria, esp. 
Escherichia 
↑ Increase in 
Enterobacteriaceae 
↓ SFB 

Bartley 
et al. 

2017. 

A/PR/8/34 

C57BL/6 
 

Male 
 

National Institute 

on Aging 

2-3 1 
16S rRNA gene 

sequencing 
Faeces 

↑ Proteobacteria 
↑ Verrucomicrobia 

↑ & ↓ Bacteroidetes OTUs 

Yidiz et 
al. 

2018. 

A/VN/1203/04 
A/NL/602/09 
A/PR/8/1934 

C57BL/6 
 

Female 
 

Charles River 
(France) 

6-12 2 

16S rRNA gene 
sequencing 

(A/VN/1203/04) 
 

qPCR bacterial 
abundance for 
infection with 

other influenza 
strains 

Small 
intestine 

↓ diversity 
↓ bacterial load 
↓ Bacteroidetes (qPCR) 
↓ Firmicutes (qPCR) 
↓ Bacteroidetes (16S) 
↑ Firmicutes (16S) 
↓ Bacteroidia (16S) 
↑ Gammaproteobacteria 
(16S) 

Pang et 
al. 

2018. 
A/FM1/1/47) 

BALB/c 
 

Sex: unknown 
 

Guangdong 
Laboratories 

Unknown Unknown 
16S rRNA gene 

sequencing 
Caecum 

↑ Bacteroidaceae 
↑ Paraprevotellaceae 
↑ Desulfovibrionaceae 
↓ Lachnospiraceae 
↓ Helicobacteraceae 
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1.7. Hypothesis and Aims 

Many factors, including infection, are known to shape the gut microbiota. Respiratory viral infections 

are very common and yet their effect on the gut microbiota is not fully understood. I hypothesise that 

respiratory viral infections change the composition of the gut microbiota by altering the 

gastrointestinal environment and affecting niches within the gut. This may have downstream effects on 

local and systemic health, including on metabolism and the response to subsequent infections.   

Aims:  

1. To characterise the effect of respiratory viral infections on gut microbiota diversity and 

composition.  

- This will be accomplished using 16S rRNA gene sequencing to measure changes in the gut 

microbiota during RSV and influenza virus infection in mice.  

 

2. To investigate how respiratory viral infections may be altering the gut microbiota.  

- The immune response to RSV and influenza virus infection in the lungs and gut will be profiled 

by measuring markers of inflammation, immune activation and mucus production. 

 

3. To determine if respiratory viral infection-associated changes in the gut microbiota alter 

metabolism and the susceptibility to infection.  

- Metabolomic analysis of the faecal samples taken before and during RSV infection will be 

performed to determine the effect of respiratory viral infection on host and gut microbiota 

metabolism.  

- Mice will be infected with RSV followed by infection with the enteropathogen Citrobacter 

rodentium to see if respiratory viral infection-associated changes in the gut microbiota and 

metabolism are associated with increased susceptibility to gut infection.  
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2.  Materials and Methods 
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2.1. Reagents 

2.1.1. Materials 

Table 2.1. List of most commonly used materials and consumables 

Consumable Supplier Product code 

50 ml Falcon tube Corning 430828 

1.8 ml CryoTube ThermoFisher 268631 

175 cm2 Tissue Culture Flask Falcon 

(Corning 

Brand) 

353112 

96-well Flat bottom tissue culture plate Falcon 

(Corning 

Brand) 

353072 

96-well U bottom tissue culture plate Falcon 

(Corning Brand 

353077 

1.5 ml microcentrifuge tubes SSIbio 1210-00 

2 ml Syringe BD Plastipak 300185 

5 ml Bijou Sigma-Aldrich Z645338 

70 µM cell strainer Greiner bio-

one 

542000 

90 mm Petri dishes Falcon 

(Corning 

Brand) 

101R20 

RPMI-1640 sterile-filtered Sigma-Aldrich R8758 

Penicillin-Streptomycin Sigma-Aldrich P4333 

L-glutamine Gibco 25030-081 

Heat inactivated foetal calf serum Sigma-Aldrich N4762 

Tween-20 Sigma-Aldrich P1379 

Dulbecco’s Phosphate Buffered Saline (PBS) Gibco 14190-094 

Bovine Serum Albumin (BSA) Sigma-Aldrich A2153 

UltraPure EDTA Invitrogen 15575-038 

Lysogeny Broth (LB) Sigma-Aldrich L3022 

Lysogeny Broth Agar (Lennox) Sigma-Aldrich L2897 

Sodium Chloride Fisher 

Chemical 

S/3160153 

Nalidixic Acid Sigma-Aldrich N8878-56 

Glycerol Sigma-Aldrich G5516 

Ethanol Sigma-Aldrich 51976 

Paraformaldehyde Alfa Aesar J61899 

10 % Formalin Sigma-Aldrich HT501128 

TMB Substrate Solution Invitrogen 00-4201-56 

Nuclease-free water Qiagen 29114 

Agarose Sigma-Aldrich A9539 

Hydrogen Peroxide Sigma-Aldrich H1009 

Isoflurane-vet 100% w/w Inhalation Vapour, Liquid Merial SPC_1411147 

Pentobarbitone Animalcare Vm 10347/4014 

Dulbecco’s Modified Eagle Medium/high glucose (DMEM) Gibco 11965092 

Minimum Essential Medium (MEM) 10x ThermoFisher 11430030 

Dextran Sigma-Aldrich D5376 

Sodium bicarbonate Sigma-Aldrich S5761 

HEPES Sigma-Aldrich 83264 
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2.1.2.  Primers 

Table 2.2. Primer details for quantitative PCR 

All primers were ordered from Eurofins Genomics UK. Lyophilised primers were resuspended in nuclease-free 

water to 100 µM concentration and diluted to 5 – 10 µM working stocks. The latter were aliquoted and stored at -

20 °C until required. TA = Annealing Temperature.  

 

  

Gene Forward primer 5’-3’ Reverse primer 5’-3’ TA °C Source 

16S rRNA  AYTGGGYDTAAAGNG TACNVGGGTATCTAATCC 50  
Klindworth et al., 

2013204 

RSV L GAACTCAGTGTAGGTAGAATGTTTGCA TTCAGCTATCATTTTCTCTGCCAAT 60  
Culley et al., 

2002205 

Influenza  

H1N1 M 
AAGACAAGACCAATYCTGTCACCTCT TCTACGYTGCAGTCCYCGCT 55 

McDonald et al., 

2017206 

Muc5ac CCATGCAGAGTCCTCAGAACAA TTACTGGAAAGGCCCAAGCA 60  
Koeppen et a., 

2013207 

Muc2 GTGGCTGCGTGCCTAGTCCT AGGCCGGCCCGAGAGTAGAC 60  
Ganesh et al., 

2013208 

IL-1β CAGTTGTCTAATGGGAACGTCA GCACCTTCTTTTCCTTCATCTTT 57  
Van der Slius et 

al., 200654 

IFN-γ TCAAGTGGCATAGATGTGGAAGAA TGGCTCTGCAGGATTTTCATG 57  
Morampudi et al., 

2016209 

IFN-β TCAGAATGAGTGGTGGTTGC GACCTTTCAAATGCAGTAGATTC 57  Pott et al., 2011210 

Kc TTGTGCGAAAAGAAGTGCAG TACAAACACAGCCTCCCACA 60  
Chassaing et al., 

2012211 

GAPDH AGGTCGGTGTGAACGGATTTG TGTAGACCATGTAGTTGAGGTCA 60  Xin et al., 2015212 
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2.1.3. Antibodies  

Table 2.3. Antibodies. 

List of antibodies used for: depletion studies, enzyme-linked immunosorbent assays (ELISAs) and flow cytometry. 

All antibodies were stored at 4 °C. 

 

 

  

Antibody Clone Manufacturer Product code 

In Vivo Mab rat IgG1 isotype control 

anti-trinitrophenol 
TNP6A7 BioXCell BE0290 

In Vivo Mab anti-mouse TNF-α XT3.11 BioXCell BE0058 

In Vivo Mab anti-mouse CD8a 53-6.72 BioXCell BE0004-1 

In Vivo Mab rat IgG2a isotype control 

anti-trinitrophenol mouse CD8a 
2A3 BioXCell BE0089 

Goat pAb RSV (Biotin) (4 mg/ml) n/a Abcam Ab199986 

Anti-mouse CD16/CD32 (Fc Block) 2.4G2 Tonbo Biosciences 70-0161-V100 

Mouse anti-Mucin 5ac 45M1 ThermoFisher Scientific MAI-38223 

Rabbit pAb anti-Mucin 2 (2 mg/ml) Ab76774 Abcam Ab76774 

Goat pAb anti-mouse IgG HRP n/a Bio-Rad 170815A 

Goat pAb anti-rabbit IgG HRP n/a Abcam Ab97051 

Anti-mouse CD3e FITC 145-2011 eBioscience 11-0031-85 

Anti-mouse CD4 PE/Cy7 GK1.5 BioLegend 100422 

Anti-mouse CD8a APC/H7 53-6.7 BD Biosciences 560182 
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2.1.4. Solutions 

Table 2.4. List of commonly used solutions. 

See Table 2.1 for suppliers and product codes 

Procedure Solution Composition 

Cell culture 

R10 medium 

RPMI-1640 Medium 

100 units of penicillin 

100 µg streptomycin 

1 % 200 mM L-glutamine 

10 % heat inactivated foetal calf serum 

R2 medium 

RPMI-1640 Medium 

100 units of penicillin 

100 µg streptomycin 

1 % 200 mM L-glutamine 

2 % heat inactivated foetal calf serum 

Serum-free R10 medium 

RPMI-1640 Medium 

100 units of penicillin 

100 µg streptomycin 

1 % 200 mM L-glutamine 

D10 medium 

DMEM 

100 units of penicillin 

100 µg streptomycin 

1 % Non-essential amino acids 

10 % heat inactivated foetal calf serum 

Serum-free D10 medium 

DMEM 

100 units of penicillin 

100 µg streptomycin 

1 % Non-essential amino acids  

Plaque overlay medium 

MEM 

H2O 

7.5 % BSA 

200 nM L-glutamine 

1000 units of penicillin 

1 mg streptomycin 

1 % dextran 

7. 5 % sodium bicarbonate 

1M HEPES 

ELISA 

PBS/Tween PBS 

0.05 % Tween-20 

Coating buffer 70 mM sodium bicarbonate 
30 mM sodium carbonate 

Flow cytometry FACS buffer 
PBS 

1 % BSA 

0.2 mM EDTA 
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2.2. Microbiology 

2.2.1.  Respiratory Syncytial Virus (RSV) 

The RSV strain A2 used in these studies was grown and quantified in vitro by Dr E. Kinnear and 

originally supplied by Professor Peter Openshaw. RSV was grown in human lung epithelial cells (HEp-2 

cell line): 5 x 106 cells were seeded into a 175 cm2 tissue culture flask in a total volume of 30 ml R10 

and left to grow to 50 % confluence overnight at 37 °C, 5 % CO2. Cells were washed with serum-free 

medium and infected with virus at a multiplicity of infection of 0.1 Plaque Forming Units (PFU)/cell. 

Flasks were incubated and rotated every 15 minutes for 2 hours, followed by addition of 30 ml R10 and 

incubation for 24 hours. The concentration of heat-inactivated foetal calf serum (FCS) in the medium 

was reduced to 2 % (R2 – R10 medium but with 2% as opposed to 10% FCS), and the cells were 

incubated for a further 24 hours. When there was 50 % cytopathy, cells and virus were harvested and 

sonicated for 20 seconds prior to being aliquoted into 1.8 ml cryovials and snap frozen in liquid 

nitrogen and stored under liquid nitrogen until required.  

The viral concentration was determined by plaque assay: 2 x 104 HEp-2 cells/well were seeded into a 

96-well flat bottom tissue culture plate, and incubated at 37 °C, 5 % CO2 for 24 hours. Virus was serially 

diluted and 50 µl of each dilution was added to individual wells and incubated with the cells for 1.5 – 2 

hours. Following this, 250 µl R10 was added to each well and the plate was incubated for a further 24 

hours. The cells were washed using PBS and fixed using methanol + 2 % hydrogen peroxide. Viral 

plaques were detected using biotinylated anti-RSV antibody and extravidin peroxidase (Product code: 

E2886-IML, Sigma-Aldrich) and developed using 3 amino-ethylcarbazole substrate (Product code: 

D0426-50SET, SIGMAFAST DAB, Sigma-Aldrich)213,214.  

2.2.2.  Influenza Virus 

The influenza virus strain A/Eng/195/2009 used in these studies was grown and quantified in vitro by 

Dr J. McDonald and was originally a gift from Professor Wendy Barclay’s research group. Influenza 

viruses were grown in Madin-Darby Canine Kidney cells (MCDK cell line): cells were seeded into a 75 
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cm2 tissue culture flask and incubated overnight in D10 at 37 °C, 5 % CO2 to form a 80 - 90 % 

confluent monolayer. The media was removed and the cells washed twice with sterile PBS. Viral stocks 

were thawed at room temperature and diluted 1 in 3,000 in serum-free D10. Viral inoculum was added 

to the flask and cells were incubated with virus at 37 °C, 5 % CO2 for 1 hour, manually rocking the flask 

occasionally to prevent the cell layer from drying out. The viral inoculum was removed, the cells were 

washed once with sterile PBS, and 10 ml of serum-free D10 containing 1 µg/ml TPCK-treated trypsin 

(Product code: 20233, ThermoFisher) was added to the flask. Infected cells were incubated at 37 °C, 5 

% CO2 for 2 – 3 days until 90 % cytopathy was observed. Virus was harvested by removing the cells and 

media from the flask and centrifuging at 1,500 rpm for 5 minutes. The viral supernatant was aliquoted 

into 1.8 ml cryovials and stored at -80 °C until required.  

Influenza A virus stock concentration was determined by plaque assay as previously described215,216. 

Briefly, MCDK cells were seeded into a 12-well flat-bottom tissue culture plate (Product code: 353043, 

Falcon) in 500 µl D10 per well and incubated overnight at 37 °C, 5 % CO2. Viral stock was defrosted at 

room temperature and serially diluted in serum-free D10. Cells were washed twice with sterile PBS and 

inoculated with 100 µl per well of diluted virus for 1 hour at 37 °C, 5 % CO2. Melted 2 % agarose and 1 

µg/ml TPCK-trypsin was added to plaque overlay medium. Viral inoculum was removed from the wells, 

the cells were washed once with sterile PBS, and 1 ml overlay medium was added to each well. The 

agarose was allowed to dry and the plates were incubated upside down at 37 °C, 5 % CO2 for 2 – 3 

days to allow plaques to form. Viral plaques were counted by removing the agarose overlay and 

staining with 1 % crystal violet (Product code: V5265, Sigma-Aldrich) in 20 % methanol.   

2.2.3. Citrobacter rodentium 

Citrobacter rodentium strain ICC169 (nalidixic acid resistant) was a gift from Professor Gad Frankel’s 

research group. Liquid cultures of C. rodentium were grown in LB containing 50 µg/ml nalidixic acid at 

37 °C, 200 g. To obtain single colonies, C. rodentium was streaked out into LB agar + 50 µg/ml 
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nalidixic acid and incubated overnight at 37 °C. Aliquots of C. rodentium culture were stored in 

MicrobankTM bead vials (Product code: PL.170/M, Pro-Lab Diagnostics, UK) at -80 °C until required.  

2.3. In vivo methods 

2.3.1.  Animals 

Animal studies were performed in accordance with the United Kingdom’s Home Office regulations 

under Protocol number 1, Project license 70/7457 (2015-2018) and P4EE85DED (2018-2019). All work 

was approved by the Animal Welfare and Ethical Review board at Imperial College London. 

Additionally, studies followed the Animal Research: Reporting of In Vivo Experiments (ARRIVE) 

guidelines. 

All animals were housed in the Central Biomedical Services facilities at Imperial College London St 

Mary’s Hospital Campus. The same room was for all studies to house animal and for the duration of 

the study, with the exception of animals infected with C. rodentium which had to be housed in a 

dedicated quarantined room. Studies were performed under specific-pathogen free conditions and 

were carried out at a minimum of Containment Level-2.  

In Containment Level 2 Specific Pathogen Free (SPF) facilities, animals were maintained in autoclaved 

Individually Ventilated Cages under positive pressure. In quarantined facilities, animals were 

maintained in autoclaved Biocontainment Units under sealed negative pressure. Bedding for cages 

consisted of a mixture of Tapvei Eco-Pure Premium Aspen Chips (Datesend) and Sizzle-Pet for nesting 

material (Product code: 1034015, LBS, UK). All rooms were maintained on a 12-hour light/dark cycle at 

20 - 24 °C with 55 ± 10 % humidity. Animals were housed 5 mice per cage, except during acute fasting 

studies where mice were individually housed so food consumption per mouse could be monitored. 

Mice were fed irradiated RM3 pellets (Product code: 801700, SDS), usually ad libitum, except for the 

acute fasting studies where a set amount of food was provided every day. All mice received reverse 

osmosis, autoclaved water ad libitum.  
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Adult female BALB/c (H-2d) SPF mice were purchased from Charles River Laboratories UK or, when 

specified, from Envigo UK. For RSV infection mice were required to weigh equal to or more than 18 g, 

for influenza virus infection equal to or more than 20 g, and for C. rodentium infection between 18 and 

20 g.  

For all studies, a cage of naïve mice was maintained alongside experimental animals as an 

environmental control. Faecal samples were taken regularly from these mice in order to account for 

natural fluctuations in the gut microbiota.  

Five mice were used per experimental group unless otherwise stated.  

For required procedures, mice were anaesthetised via inhalation of isoflurane (2 – 3 %) carried by 

oxygen (1 – 2 l/min).  

Animals were culled using intraperitoneal (IP) injection with 200 µl pentobarbital, followed by cervical 

dislocation or exsanguination under terminal anaesthesia.  

2.3.2.  Respiratory Viral Infections 

Prior to infection, all new virus stocks were in vivo titrated to determine the optimal PFU/ml to give  

15 – 25 % weight loss by day 7 post infection, with no mortality and recovery from day 8. For in vivo 

infections, viral aliquots were thawed on ice and diluted with sterile PBS to the required PFU/ml. 

Diluted virus was kept on ice for a maximum of 15 minutes to preserve virulence. Mice were 

anaesthetised and intranasally infected with 100 µl of 2 x 106 PFU/ml RSV, 100 µl 4 x 105 PFU/ml 

A/Eng/195/2009 influenza virus or 100 µl PBS per mouse.  

2.3.3. Gastrointestinal Infections 

One frozen MicrobankTM bead of C. rodentium stock was added to 15 ml LB broth + 50 µg/ml nalidixic 

acid in a 50 ml falcon tube and incubated overnight. One 15 ml overnight culture was sufficient to 

infect 6 mice, with excess for calculating the dose retrospectively. The number of 15 ml overnight 

cultures was increased according to the number of mice to be infected. On the day of infection, C. 
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rodentium cultures were centrifuged at 3,000 x g for 10 minutes at 4 °C. Supernatant was discarded 

and the pellet resuspended in 1.5 ml sterile PBS. Resuspended cultures were pooled and kept on ice. 

Animals were infected within the hour with 200 µl C. rodentium culture per mouse via oral gavage 

using a 2 ml syringe with a curved 20G x 38 mm oral dosing needle (Vet Tech Solutions Ltd, Congleton, 

UK) 217.  

The remaining inoculum was diluted and plated out into LB agar + 50 µg/ml nalidixic acid using a 

serial dilution technique that enabled multiple dilutions to be spread on a single agar plate. Briefly, 20 

µl inoculum was added to 180 µl sterile PBS in a sterile 96-well round bottom plate, and a 9 step 10-

fold serial dilution was performed down the plate. A multichannel pipette was used to add 20 µl of the 

10-4 to 10-9 dilutions onto an agar plate, which was titled at a 45 ° angle so that the 6 individual 

dilutions ran down the plate without running into each other, and returned to level before the 

dilutions touched the side of the plate (technique: Dr Matthew Siggins, personal communication). After 

overnight incubation, C. rodentium colonies were counted at the appropriate dilution and used to 

determine Colony Forming Units (CFU)/ml of the inoculum. Owing to the reproducibility of 

MicrobankTM beads, animals were always inoculated with between 2 x 109 and 3 x 109 CFU C. 

rodentium.  

2.3.4. Faecal Sampling 

Faecal samples were taken before intervention/infection and at various time points after. Mice were 

placed into individual disinfected pots and one pair of sterile tweezers per mouse was used to collect 

faecal pellets. Pellets were collected into in either 1.8 ml cryovials or sterile 1.5 ml microcentrifuge 

tubes and placed immediately on ice. Pots were thoroughly disinfected between mice.  

Faecal samples for 16S rRNA gene sequencing (Section 2.7) and Lipocalin-2 quantification (Section 

2.6.2) were stored at -80 °C until processing took place. Samples for enumerating faecal bacteria were 

resuspended in 0.1 mg/ml sterile PBS and allowed to soften for 20 minutes. Faecal samples were 

vortexed for 1 minute and centrifuged at 2500 x g for 15 seconds. The faecal homogenate was serially 
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diluted 10-fold and the 10-1 to 10-6 dilutions were plated onto a single agar plate per sample, as 

described in Section 2.3.3, and incubated overnight. Colonies were counted the next day to calculate 

the CFU/ml.   

2.3.5. Mucin Oral Gavage 

Partially purified type III porcine stomach mucin (Product code: M1778, Sigma-Aldrich) was dissolved 

in sterile water overnight, with continuous gentle stirring, at a range of concentrations: 25 mg/ml, 50 

mg/ml and 100 mg/ml. These mucin stocks were autoclaved and stored at 4°C until use.  

Mice were orally gavaged for four consecutive days with 200 µl of 25 mg/ml mucin, 50 mg/ml mucin, 

100 mg/ml mucin, sterile PBS or sterile water. A sham group, where the oral gavage needle was 

inserted into the oesophagus and removed, was included to control for effect of stress caused by oral 

gavage on the gut microbiota. Faecal samples were taken before dosing commenced and every day 

before the oral gavage.  

2.3.6.  Food monitoring and fasting  

Food intake for each cage was measured by weighing pellets in the food dispenser before infection 

and at the same time every day following infection. The amount of food eaten each day was calculated 

and divided by the number of mice in the cage to give “food consumed/mouse (g)”.  

For acute fasting studies, mice were housed individually and all forms of enrichment, which could have 

been eaten during periods of fasting, were removed. Access to food ad libitum was also removed and 

dry food pellets (RM3, SDS) were cut up, weighed and placed into glass petri dishes inside the cage. 

Mice always had access to water ad libitum. Mice were weighted every day and a set amount of food 

pellets were placed in the dish every 24 hours for a maximum of three days, or until 15 % weight loss 

was reached, whichever occurred first. Control mice were given a set amount of food every day that 

would be sufficient to sustain them over the time course of the experiment without any weight loss.  
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2.3.7. Immunological Interventions 

2.3.7.1. CD8+ T cell depletion 

CD8+ T cells were depleted using a rat anti-mouse CD8a antibody (see Table 2.3 for antibody details). 

Mice were IP injected with 500 µg anti-CD8a antibody or 500 µg rat IgG2a isotype control 24 hours 

before being intranasally infected with RSV and injected again on days 2 and 5 post infection. Weight 

loss and food consumption were monitored every day and mice were culled 7 days after infection 

(Figure 2.1).  

 

Figure 2.1 CD8+ T cell depletion.  

Mice were injected with 500 µg per mouse (100 µl total volume per mouse) anti-CD8a antibody or IgG2a isotype 

control. Mice were infected with RSV 24 hours later and injected with anti-CD8a antibody or isotype control on 

days 2 and 5 post infection 

2.3.7.2. Blocking TNF-α  

TNF-α was blocked using a rat anti-mouse TNF-α antibody (see Table 2.3 for details). Mice were IP 

injected with 450 µg anti-TNF-α antibody or 450 µg rat IgG1 isotype control, 4 hours before being 

intranasally infected with RSV and IP injected again on days 2, 4 and 6 post infection. Weight loss and 

food consumption were monitored every day and mice were culled 7 days after infection (Figure 2.2). 

 

Figure 2.2 TNF-α depletion.  

Mice were injected with 450 µg per mouse (100µl total volume per mouse) anti-TNF-α antibody or IgG1 isotype 

control. Mice were infected with RSV 4 hours later, and injected with anti-TNF-α antibody or isotype control on 

days 2, 4 and 6 post infection.  
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2.3.7.3. Increasing airway TNF-α 

Levels of airway TNF-α were artificially increased by intranasally dosing each mouse with 3 µg in 20 µl 

recombinant murine TNF-α (r-TNF-α, carrier-free, Product code: 575204, BioLegend Ltd, UK) every day 

for three days (Figure 2.3). Intranasal PBS was used as a control and weight loss and food consumption 

was monitored throughout.  

 

Figure 2.3. Increasing airway TNF-α. 

Mice were intranasally dosed with 3 µg recombinant murine TNF-α (r-TNF-α) or PBS (20µl total volume per 

mouse) every day for 3 days.  

2.3.8. Clinical Scoring 

Mice were scored for signs of clinical illness after infection/intervention based on an adapted scoring 

system218. Each mouse was assessed individually in a blinded manner by a researcher with experience 

in animal infection models. Scores (0 to 3) were given for coat, activity, stance and breathing (Table 

2.5). Scores were combined to give an overall clinical illness score for each mouse and each group. 

Table 2.5. Clinical illness scoring system. 

Mice were scored individually from 0-3 in a blinded manner for coat, activity, stance and breathing at key time 

points after infection/intervention. 

Score Coat Activity Stance Breathing 

0 Clean and smooth Normal Normal Normal 

1 Slightly scruffy Quiet Slightly hunched Rapid and shallow 

2 
Significant 

piloerection 
Lethargic Very hunched Rapid and abdominal 

3 Severely unkempt 
No spontaneous 

movement 
Lying on side Laboured 
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2.3.9.  Tissue Harvest, Processing and Storage 

2.3.9.1. Blood 

At the end of experiments, mice were culled and approximately 100-300 µl of blood was taken via 

exsanguination of the carotid artery. Blood was allowed to clot at room temperature for at least 20 

minutes and centrifuged at 10000 x g for 10 minutes at 4 °C. The top layer of serum was gently 

removed, aliquoted and stored at -80 °C for cytokine quantification (Section 2.6.3).  

2.3.9.2. BAL 

Bronchoalveolar lavage (BAL) was performed by cutting a small hole in the trachea using micro-

dissection scissors, and inserting a cannula attached to a 2 ml syringe containing 1 ml sterile PBS. 0.5 

ml PBS was subsequently pushed into the lungs and withdrawn back up into the syringe. This was 

repeated twice. BAL fluid was placed on ice and either stored at -80 °C for future analysis of mucin 

levels (Section 2.6.1) or centrifuged at 10,000 x g for 2 minutes at 4 °C to pellet cells for counting. BAL 

supernatants were stored at -80 °C for future cytokine quantification (Section 2.6.3).  

2.3.9.3. Lungs 

The large left lung lobe was gently removed, washed in PBS and placed in a 5 ml bijou containing 2 ml 

10 % formalin. The lung samples were fixed in formalin for a minimum of 48 hours at room 

temperature, before being transferred to 70 % ethanol and stored at 4 °C until histological processing 

and analysis (Section 2.5.1). The superior right lung lobe was placed into 1.5 ml microcentrifuge tubes 

containing 1 ml R10 and kept on ice. The remaining right lung lobes were removed and stored in 1.8 

ml cryovials at -80 °C. 

2.3.9.4. Colon 

The colon was removed by cutting just above the rectum and just below the caecum. The proximal 

colon was opened longitudinally out into a sheet and any faecal material was carefully removed with 

tweezers. This 1 -2 cm section of colon was used to assess gut inflammation via histology. For 

histology, colon sections were washed in PBS and placed into 10 % formalin for 48 hours at room 
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temperature before being transferred to 70 % ethanol and stored at 4 °C until histological processing 

and analysis (Section 2.5.2). 

Faecal material was removed from the intact distal colon and stored in 1.8 ml cryovials at -80 °C as 

“colonic contents”. Following this, a colonic lavage (CL) was performed by inserting a 200 µl pipette tip 

into the end of the colon and flushing through with 200 µl PBS. Colonic lavage samples were placed 

on ice prior to storage at -80 °C for mucin and cytokine quantification (Section 2.6.1 – 2.6.3). The 

remaining colon was stored in 1.8 ml cryovials at -80 °C until RNA extraction and gene expression 

quantification (Section 2.8). 

2.4. Flow Cytometry 

The tube containing the superior right lung lobe, plus R10 media, was poured onto a 70 µM cell 

strainer on top of a 50 ml falcon tube. The lung was mashed thoroughly through the cell strainer and 

the media plus homogenate, which collected in the falcon tube, was used to wash the cell strainer 

through 3 times. The resultant homogenate was centrifuged at 528 x g for 5 minutes at 4 °C, and the 

supernatant aliquoted and stored at -80 °C for future analysis as “lung homogenate”.  

After removal of the supernatant, the lung cell pellet was resuspended in 1 ml Ammonium-Chloride-

Potassium lysis buffer (Product code: 10-5483, Lonza) and incubated at room temperature for 7 

minutes. The reaction was quenched using 2 ml R10 media. Tubes were centrifuged at 526=8 x g for 5 

minutes at 4 °C and the supernatant removed and discarded. The lung cell pellet was resuspended in 

500 µl PBS.  

Lung cells were plated out into 96 well U-bottom plates at 250 µl per well per sample. Aliquots of 50 µl 

were taken from each sample and pooled into a 5 ml bijou. Pooled lung cells were plated out at 250 µl 

per well for each Fluorescence Minus One control and for an unstrained control. Plates were 

centrifuged at 679 x g for 2 minutes at 4 °C.  
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Supernatant was removed and cells were resuspended in 100 µl per well of Fixable Live/Dead Aqua 

fluorescent reactive dye (Product code: L34966, Invitrogen), diluted 1 in 400 in PBS, and incubated in 

the dark at room temperature for 20 minutes. 

Next the plates were centrifuged at 679 x g for 2 minutes at 4 °C, and the cells washed by 

resuspending in 200 µl FACS buffer, followed by further centrifugation (679 x g for 2 minutes at 4 °C).  

Cells were resuspended in 100 µl per well Fc Block (see Table 2.3 for antibody details) diluted 1 in 100 

in FACS buffer (see Table 2.4 for solution details) and incubated in the dark at room temperature for 20 

minutes. Following this, cells were washed twice using FACS buffer as described above.  

Cells were resuspended in 100 µl per well of surface stain (Table 2.6 for antibody details and dilutions) 

followed by incubation in the dark at room temperature for 1 hour. Cells were washed three times 

using FACS buffer to remove unbound antibody. Next cells were fixed using 200 µl per well 2 % 

paraformaldehyde in PBS and incubated at room temperature for 20 minutes. Cells were washed to 

remove fixative and resuspended in 200 µl FACS buffer. Cells were acquired on a BD Fortessa flow 

cytometer and gated on live CD3+ lymphocytes with 50,000 events recorded per sample. Data was 

analysed on FlowJo v10.1. 

Table 2.6. Surface stain for flow cytometry. 

Lung cells were incubated with fluorescently labelled antibodies against CD3, CD4 and CD8 in the dark for 1 hour 

at room temperature. 

Antibody Clone Manufacturer Product code Dilution 

Anti-mouse CD3e 

FITC 
145-2011 eBioscience 11-0031-85 1 in 400 

Anti-mouse CD4 

PE/Cy7 
GK1.5 BioLegend 100422 1 in 400 

Anti-mouse CD8a 

APC/H7 
53-6.7 BD Biosciences 560182 1 in 800 
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2.5.  Histology   

All processing of organs for histology was performed by Ms Lorraine Lawrence (National Heart and 

Lung Institute, Imperial College). Samples were embedded in paraffin wax and two 3 - 4 µM 

longitudinal sections were cut per lung and two 3 - 4 µM transverse sections were cut per colon. 

Sections were stained with haematoxylin and eosin. 

2.5.1.  Airway Histological Analysis 

Airway inflammation was assessed in a blinded manner using an adapted scoring system219. One entire 

longitudinal lung section per mouse was scanned at x 20 magnification and the degree of 

inflammation in the perivascular, peribronchiolar, interstitial and alveolar regions of both the upper 

and lower airways was assessed. A score of 0 (none), 1 (minimal), 2 (mild), 3 (moderate) or 4 (severe) 

was given to each area and the sum of these scores was used to give a total upper/lower airway 

inflammation score. Examples of upper and lowers airway scores are shown in Figure 2.4.  

2.5.2. Gastrointestinal Histological Analysis 

To assess the degree of colonic inflammation, two transverse sections of colon per mouse were 

scanned at x 20 magnification. A 10 µM eye piece graticule was used to count the number and size of 

lymphoid aggregates (Figure 2.5).  
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Figure 2.4. Grading scale used to assess upper and lower airway inflammation. 

(A). Peribronchiolar region B). Perivascular region C). Interstitium. A value of 0 (none), 1 (minimal), 2 (mild), 3 

(moderate) or 4 (severe) was given to each histological site. Bronchioles were identified by their distinct columnal 

epithelial cells, surrounded by a ring of smooth muscle. Blood vessels were identified as a ring of smooth muscle 

without any epithelial cell lining and often containing red blood cells. The interstitium is the space between the 

respiratory bronchi, bronchioles and blood vessels and contains the alveoli, which are the tiny air sacs at the ends 

of bronchioles with extremely thin (1-2 µM) walls. Leukocyte infiltration (blue circles) was identified by the 

accumulation of leukocytes, which are darker and rounder than epithelial cells, around the bronchioles, blood 

vessels or filling the interstitium.  
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Figure 2.5. Identification of lymphoid aggregates in the colon. 

Two colon sections per mouse were scanned and the number and size of each lymphoid aggregate was recorded. 
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2.6. Enzyme-Linked Immunosorbent Assays 

All enzyme-linked immunosorbent assays (ELISAs) were performed in Nunc-ImmunoTM Micro-WellTM 

96 well solid plates (Product code: M5785, Sigma-Aldrich, UK) that were first blocked using 5 % BSA in 

PBS. All plate washes were performed using PBS/Tween (see Table 2.4 for solution details). ELISAs were 

developed using TMB substrate solution (Product code: N301, ThermoFisher Scientific, UK) and the 

reaction stopped using 2 N H2SO4. Readings were taken at 450 nm using a FLUOstar Omega 

Microplate reader (BMG LABTECH) with path length correction at 540 nm.   

2.6.1.  Mucin ELISA 

ELISAs to measure the level of Mucin 5ac (Muc5ac) and Mucin 2 (Muc2) in the BAL fluid and colonic 

lavage (CL) were adapted from previously published protocols220,221. Samples were diluted using PBS 

(Table 2.7). Each well contained 50 µl coating buffer (see Table 2.4 for solution details) and 50 µl 

diluted sample and plates were incubated overnight at 37 °C. Plates were washed and blocked for 2 

hours at room temperature. Plates were washed again, followed by addition of 50 µl primary antibody 

to each well and plates were incubated for 1 hour at room temperature. Mucins were detected with 

either anti-Muc5ac antibody or anti-Muc2 antibody (see Table 2.3 for antibody details). Plates were 

washed and 50 µl of secondary antibody was added per well and incubated for 1 hour at room 

temperature. For Muc5ac, goat anti-mouse Horseradish Peroxidase (HRP) secondary antibody was 

used. For Muc2, goat α-rabbit HRP secondary antibody was used. Plates were washed and developed 

using TMB for 5 minutes.  

2.6.2.  Lipocalin-2 ELISA 

Levels of lipocalin-2 were measured in the faeces, BAL fluid and serum using Mouse Lcn-2 DuoSet 

ELISA kit (Product code: DY1857-05, R&D Systems, Abingdon, UK) and the provided kit instructions. 

Samples were prepared as follows: faecal samples were defrosted on ice, weighed and resuspended in 

0.1 % Tween-20 PBS at 100 mg/ml222. Faecal suspensions were vortexed for 20 minutes at room 

temperature and centrifuged at 12,000 rpm for 10 minutes at 4 °C. The faecal homogenate 
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supernatant was removed and diluted in PBS prior to ELISA (Table 2.7). BAL fluid and serum samples 

were also defrosted on ice and diluted in PBS prior to ELISA (Table 2.7).  

2.6.3.  Cytokine ELISA 

Cytokine levels were measured in BAL fluid, colonic lavage and lung homogenate using Mouse IL-13, 

IL-17, TNF-α or IFN-γ DuoSet ELISA kits (IL-13: Product code: DY413-05, IL-17: Product code: DY421-

05, TNF- α: Product code: DY410-05, IFN- γ: Product code: DY485-06, R&D Systems, Abingdon, UK) 

and following the manufacturers’ protocols. Samples were diluted in PBS according to sample type and 

cytokine (Table 2.7).  

Table 2.7. Dilutions used for ELISA quantification according to sample type and analyte. 

All samples were defrosted on ice and dilutions were performed on the day of analysis. All dilutions were 

performed in PBS unless otherwise stated. 

Sample Type Analyte Dilution 

BAL fluid Muc5ac 1 in 100 

BAL fluid Muc2 1 in 4 

BAL fluid Lipocalin-2 Ran both 1 in 100 and 1 in 10000 

BAL fluid IL-13 neat 

BAL fluid IL-17 neat 

BAL fluid TNF-α neat 

BAL fluid IFN-γ neat 

Colonic lavage Muc5ac neat 

Colonic lavage Muc2 1 in 4 

Colonic lavage IL-13 neat 

Colonic lavage IL-17 neat 

Colonic lavage IFN-γ neat 

Faeces Lipocalin-2 Ran both neat and 1 in 10 

Lung homogenate TNF-α neat 

Serum Lipocalin-2 Ran both 1 in 1000 and 1 in 10000 

Serum TNF-α neat and 1 in 100 

 

2.7. 16S rRNA Gene Sequencing 

2.7.1.  Bacterial DNA Extraction 

Bacterial DNA was extracted from 30 mg ± 3 mg faeces/mouse, or the maximum amount of faeces 

collected for that sample if less than 27 g, using the FastDNA® Spin Kit for Soil (Product code: 

116560200, MP Biomedicals) and following the protocol provided. A control extraction with no sample 
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was performed for each kit used to monitor bacterial DNA contamination within the kit components 

(kit control).  

2.7.2.  Illumina Sequencing 

Extracted bacterial DNA was diluted 1 in 10 with nuclease-free water. This diluted sample DNA was 

used as a template to amplify via PCR the V4 variable region of the 16S rRNA gene using 1 µl DNA, 14 

µl of Q5® Hot Start High-Fidelity 2X Master Mix (Product code: M0494S, NEB), 5 µl forward and 5 µl 

reverse universal bacterial primers per reaction (Section 2.1.2, Table 2.2204). Each set of forward and 

reverse primers were uniquely barcoded for each sample (Illumina Nextera indexes version 2). This 

barcoded PCR was run in quadruplicate with a negative and positive control on each plate. The 

negative control was the same nuclease-free water used to dilute DNA and the positive control was an 

in-house mock bacterial community to control for differences in the quality and depth of the 

sequencing runs. Kit control samples were amplified and sequenced alongside samples extracted using 

that kit. The following run parameters were used to amplify the 16S rRNA gene: 95°C for 2mins, (95°C 

20sec, 50°C 30sec, 72°C 5 mins) x 32 cycles.  

Five µl from the positive and negative controls from each plate were run on a 1.2 % agarose gel at  

120 V for 35 minutes to confirm correct amplification (expected band size of 345 bp) and to ensure 

there was no contamination within the negative controls.  

The quadruplet barcoded PCR reactions were pooled into one plate and 5 µl per sample from a 

random row was run on a 1.2 % agarose gel at 120 V for 35 minutes to check for primer dimer 

formation and estimate sample dropout rate.  

Next the 16S rRNA gene amplicons (samples) were purified using AMPure® XP beads (Product code: 

A63880, Beckman Coulter, UK), following the manufacturers protocol and quantified using the 

PicoGreen® quantification assay for double stranded DNA (Product code: P11496, ThermoFisher, UK). 

Samples were equimolar pooled to 45 ng/sample and the pooled library purified again using 

AMPure® beads with elution into a final volume of 30 µl. The entire library was further purified and 
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concentrated using a 1.8 % agarose gel and a QIAquick Gel Extraction kit (Product code: 28115, 

Qiagen, UK). Prior to sequencing, library quality was accessed by profiling using the High Sensitivity 

DNA Kit (Product code: 5067-4626, Agilent Technologies, UK) on an Agilent 2100 Bioanalyzer and 

quantified using the Illumina Library Quantification Kit.  

Ten µl of the final library was denatured using 0.2 N NaOH and diluted to 8 pM using nuclease-free 

water. Paired-end sequencing of the 8 pM denatured library, spiked with 8 pM of PhiX, was performed 

using the Illumina MiSeq platform223.  

2.7.3.  Sequence Processing 

16S rRNA gene sequencing data was processed using the QIIME 1.9.1 software suite224. Briefly, 

barcodes were extracted from the forward and reverse reads and adaptor sequences removed using 

trim_galore. Forward and reverse reads were paired and demultiplexed so that each read mapped back 

to the original sample. PhiX genome contamination was removed using Burrows-Wheeler Aligner225. 

Operational taxonomic units (OTUs) were clustered using UCLUST226 at 97% sequence identify and 

using open reference clustering methodology. Representative OTUs were picked using the SILVA 115 

rRNA database227. Sequences were aligned using PyNAST228. Chimeric sequences were identified and 

removed using ChimeraSlayer229. Taxonomy was assigned using the RDP classifier230 and the SILVA 115 

rRNA database for reference sequences227. An approximately-maximum-likelihood phylogenetic tree 

was built using FastTree 2.1.3231. 

Full details of this analysis pipeline can be found in the GitHub repository “16S rRNA gene sequencing 

data processing Qiime 1.9.1”. https://github.com/htgroves.  

2.7.4.  Sequence Data Analysis 

For microbiota composition analysis, the phylogenetic tree, representative OTU set and OTU table 

created in Qiime 1.9.1 were imported into R 3.5.0. All analyses were conducted using the phyloseq 

package unless otherwise specified232. Alpha diversity was analysed using the vegan package233. Beta 

diversity was analysed using both the phyloseq and vegan packages. Beta diversity was measured by 
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creating a distance matrix using the Bray-Curtis dissimilarity index and analysed using non-metric 

multidimensional-scaling (NMDS) ordination. Diversity analysis was always conduced on rarefied data 

to allow for differences in sequencing depth between samples. Abundance analysis was performed on 

unrarefied data; changes in individual OTU abundance was measured using the DESeq2 package234.  

Graphs were created using either base R functions or the ggplot2 package235.  

The full R code used for the analysis of 16S rRNA gene sequencing data can be found in the following 

Github repositories: “Subsetting and rarefying microbiota data”, “16S Alpha Diversity”, “16S Beta 

Diversity”, “16S Abundance Bar Graphs”, “16S OTU analysis with DESEq”, “Plotting microbiota data with 

ggplot2”. https://github.com/htgroves  

2.7.5. Predictive Metagenomics Using PICRUSt 

PICRUSt (Phylogenetic Investigation of Communities by Reconstruction of Unobserved States) is a 

programme designed to predict the metagenome of a community of bacteria by estimating the 

identify and abundance of genes belonging to each OTU using 16S rRNA sequencing data236. This 

allows inferences to be made about possible changes in the function of the community.  

PICRUSt requires a closed-reference OTU table where representative sequences are picked and 

taxonomy assigned using an adapted Greengenes Database for PICRUSt237. As gut microbiota diversity 

and composition were analysed using an open-reference OTU table and the SILVA 115 rRNA database, 

a new OTU table was generated using the Greengenes Database to enable PICRUSt analysis to be 

conducted. 

This OTU table was normalised by dividing each OTU by the known/predicted 16S copy number 

abundance. Gene content was inferred for each OTU by comparing to the closest relative reference 

genome, which was combined with the abundances of each OTU to generate a table of expected gene 

abundances in the entire gut microbiota community based on KEGG orthology. The ensuing KEGG 

orthology predictions were collapsed into KEGG pathways. 

https://github.com/htgroves
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PICRUSt data was analysed in STAMP (Statistical Analysis of Metagenomes Profiles).  

2.8. Quantitative PCR 

Quantitative PCRs (qPCRs) to measure viral load, cytokine expression and mucin expression were 

performed in 96-well semi-skirted qPCR plates (Product code: 401334, Agilent, US), sealed with 

Mx3000p Optical strip caps (Product code: 401425, Agilent, US) and run on a Stratagene Mx3005p 

(Agilent technologies, USA). qPCRs to measure bacterial load were performed in MicroAmpTM Optical 

96-Well Reaction Plates (Product code: N8010560, ThermoFisher Scientific, UK), sealed with 

MicroAmpTM Optical Adhesive Film (Product code: 4311971, ThermoFisher Scientific, UK) and run on a 

ViiA7 Real-Time PCR System. Nuclease-free water was used throughout. For qPCR primer details, see 

Section 2.1.2, Table 2.2.  

2.8.1.  RNA Extraction and cDNA Conversion 

Frozen lung and colon samples were placed into 2 ml Sample Tubes RB (Product code: 990381, 

Qiagen, UK) containing 350 µl TRIzol Reagent (Product code: 15596026, ThermoFisher Scientific, UK) 

and 2 sterilised ball bearings per tube. Tissues were homogenised using a TissueLyzer (Qiagen, UK) set 

to 50 oscillations/sec for 4 minutes. The tissue homogenate was transferred to clean tubes containing 

150 µl fresh TRIzol, incubated at room temperature with the TRIzol for 5 minutes, followed by addition 

of 100 µl chloroform which was mixed in thoroughly. Samples were centrifuged at 12,000 x g for 15 

minutes at 4 °C. The aqueous phase was removed, incubated with 250 µl 100 % isopropanol for 10 

minutes at room temperature and centrifuged at 12,000 x g for 10 minutes at 4 °C. Supernatant was 

discarded and the resultant RNA pellet washed using 75 % ethanol. After removing the ethanol the 

pellet was left to air dry for 10 minutes at room temperature before being resuspended in 50 µl 

nuclease-free water. Any secondary RNA structures were denatured by incubating the samples at 55 °C 

for 10 minutes. RNA concentration was determined using a NanoDrop One (ThermoFisher) and 

extracted RNA samples were stored at -80 °C for future use. 
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Two µg of RNA per sample were converted to cDNA using the GoScriptTM Reverse Transcription 

System (Product code: A5001, Promega, UK) according to manufacturer’s instructions and stored at -

20 °C for future use.  

2.8.2.  Viral Load 

Viral load was measured by quantifying the amount of RSV L gene (reaction mix Table 2.8) or influenza 

virus M gene (reaction mix Table 2.9) present in tissue cDNA after RNA extraction. RNA copy number 

was determined by comparing amplified RSV L or influenza virus M gene in samples to an L gene 

plasmid standard (101-109 copies) or an M gene plasmid standard (101-108 copies). David Busse 

performed early (day 1) and late (day 30) RSV lung viral load quantification.  

Table 2.8. Reaction mix to determine RSV viral load per sample. 

Cycle conditions: 95 °C for 10 minutes (95 °C for 15 secs, 60 °C for 60 secs) x 40 cycles. See Table 2.1 for primer 

details 

Component Volume 

TaqMan® Fast Universal 2x PCR Master Mix 10 µl 

5 µM forward primer 3.6 µl 

5 µM reverse primer 1.2 µl 

5 µM probe (5’FAM-TTTGAACCTGTCTGAACAT-TAMRA3’) 0.7µl 

Nuclease-free water 2.5 µl 

50 ng cDNA 2 µl 

 

Table 2.9. Reaction mix to determine influenza A viral load per sample. 

Cycle conditions: 95 °C for 10 minutes (95 °C for 30 secs, 55 °C for 60 secs, 72 °C for 30 secs) x 40 cycles. See Table 

2.1 for primer details 

Component Volume 

TaqMan® Fast Universal 2x PCR Master Mix 10 µl 

5 µM forward primer 0.4 µl 

5 µM reverse primer 0.4 µl 

5 µM probe (5’FAM-TYACGCTCACCGTGCCCAGTG-BHQ13’) 0.8µl 

Nuclease-free water 6.4 µl 

50 ng cDNA 2 µl 
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2.8.3. Cytokine and Mucin Gene Expression 

The levels of IL-1β, IFN-β, KC, IFN-γ, Muc5ac and Muc2 in lung and colon cDNA were measured using 

independent qPCRs that used the common reaction mix detailed in Table 2.10. Cytokine and mucin 

gene copy numbers were normalised relative to the expression of GAPDH. For sequence details and 

the annealing temperatures of each primer set please see Section 2.1.2, Table 2.2.  

Table 2.10. Reaction mix to determine cytokine and mucin gene copy numbers. 

Cycle conditions: 50 °C for 2 mins, 95 °C for 2 mins, (95 °C for 30 secs, TA for 30 secs, 72 °C for 60 secs) x 40 cycles. 

Component Volume 

QuantiFast SYBR Green 2x PCR master mix 10 µl 

10 µM forward primer: 0.5 µl 

 

10 µM reverse primer 0.5 µl 

 

Nuclease-free water 7 µl 

50 ng cDNA 2 µl 

 

2.8.4. Bacterial Load 

Bacterial load was measured by determining the amount of total 16S rRNA gene expression in DNA 

extracted from faecal samples (Section 2.7.1). This was quantified by comparing amplified samples to a 

cloned Vibrio natriegens full-length 16S rRNA gene standard (101-108). Details of constituents of 

reaction mix are detailed in Table 2.11. 

Table 2.11. Reaction mix to determine overall bacterial load per sample. 

Cycle conditions: 90 °C for 3 mins, (95 °C for 20 secs, 50 °C for 30 secs, 72 °C for 30 secs) x 40 cycles. 

Component Volume 

KAPA BioSystems SYBR Fast 2x PCR master mix 7.5 µl 

 

10 µM forward primer: 0.3 µl 

 

10 µM reverse primer 0.3 µl 

 

Nuclease-free water 1.9 µl 

Bacterial DNA 5 µl 
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2.9. Faecal Metabolomics 

Faecal samples were taken before RSV infection and every day following for a total of 7 days (Sections 

2.3.2 and 2.3.4). Faecal samples were stored at -80 °C until use. 50 mg faeces per mouse per time point 

were shipped on dry ice to Metabolon (Durham, NC, USA) for metabolomic analysis. Samples were 

processed, analysed and annotated by Metabolon as described previously238,239 using Ultrahigh 

Performance Liquid Chromatography-Tandem Mass Spectroscopy (UPLC-MS/MS). The Final Report 

provided by Metabolon which summarises their methodology for this project has been uploaded to 

BioStudies (http://www.ebi.ac.uk/biostudies): Project “The effect of respiratory syncytial virus (RSV) 

infection on the mouse faecal metabolome”, accession number S-BSST267.  

2.9.1.  Metabolomic Data Analysis 

Metabolon provided the complete data set in two forms: “original scale data” which was calculated 

using Area Under the Curve for peaks detected using UPLC, normalised in terms of raw area counts 

and overall is the equivalent to raw data for a single metabolomics run. The second format was “scaled 

imputed data” where for each biochemical the “original scale data” was re-scaled to set the median 

equal to 1 and any missing values were imputed with the minimum value for that biochemical. Both 

these data sets are available on the BioStudies project, accession number S-BSST267. 

Pathway enrichment analysis was used to determine which metabolic pathways contained significantly 

more experimentally regulated metabolites following RSV infection compared to the number of 

experimentally regulated metabolites in the entire study. To calculate the pathway enrichment value 

for a metabolic pathway between two time points: the number of metabolites belonging to a particular 

pathway which were significantly altered in abundance in a pair-wise comparison (k) (relative to the 

overall number of detected metabolites in that specific pathway [m]) were compared to the total 

number of significantly altered metabolites in that pair-wise comparison (n), relative to all detected 

metabolites in the study (N). Pathway enrichment = (k/m)/(n/N). 

javascript:void(0)
javascript:void(0)
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Metabolic networks and pathways were visualised using Cytoscape software240. Cytoscape grouped 

biochemicals into metabolic networks or pathways where each biochemical was represented by a 

node. Nodes were grouped together into either networks of biochemicals belonging to the same 

family of metabolites, e.g. Short Chain Fatty Acids, or nodes were connected into larger metabolic 

pathways where lines indicate direction of metabolism and square boxes represent enzymes, e.g. Bile 

Acid Metabolism. The fold change in abundance for each biochemical in a pair-wise comparison was 

calculated between each set of time points. Any biochemical where the fold change in abundance was 

not significant was excluded from the network/pathway. Nodes were coloured according to whether 

there was an increase or decrease in fold change after RSV infection: red indicates a significant (P ≤ 

0.05) increase in abundance post RSV infection, where the metabolite ratio is ≥1.00, green indicates a 

significant (P ≤ 0.05) decrease in abundance where the metabolite ratio is <1.00. The size of the node 

indicates the magnitude of fold change but is relative for each network/pathway so a scale could not 

be produced.  

2.10. Statistical Analysis 

All statistical analyses were performed in Graph Pad Prism V6/8, except for the multivariate statistical 

analysis of Principle Coordinate Analysis (PCoA) and NMDS ordination which was performed in R 

Version 3.5.0. Statistical analysis of metabolites was calculated for pathway enrichment by Metabolon 

and by Cytoscape using one-way ANOVA.  

For weight loss a repeated measures two-way ANOVA comparing weight at day 0 with weight at each 

time point was conducted for each group with Dunnett’s multiple comparison test.  

Differences in phyla and family abundance between time points and between groups were calculated 

using a repeated measures two-way ANOVA with Sidak’s multiple comparison test. 

Mucin, lipocalin-2 and cytokine expression (both protein via ELISA and gene via qPCR) were analysed 

using an ordinary two-way ANOVA comparing levels in lungs and gut between groups with Sidak’s 

multiple comparison test. 
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An ordinary one-way ANOVA comparing the mean of each group with the mean of every other group 

was used to calculate significant different in airway TNF-α levels and lung cell counts and percentages 

with Tukey’s multiple comparison test for correction.  

Each alpha diversity measure was analysed using multiple unpaired t-tests comparing time points 

between each group.  

Difference between distance matrices were calculated using a Permutational Multivariate Analysis of 

Variance (MANOVA - ADONIS) using either time or group as the tested variable.  
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3.  Characterising the effect of respiratory viral 

infections on the gut microbiota 

 

Aspects of this work have been previously published in:  

 

 

Respiratory Disease following Viral Lung Infection Alters the Murine Gut Microbiota. 

Groves et al. 2018. Frontiers in Immunology. Vol 9. 182 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 
 

 

 

 

All Frontiers articles from July 2012 onwards are published with open access under the CC-BY Creative 

Commons attribution licence 
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3.1. Introduction 

Given the impact gut microbiota composition has on health and disease, it is important to understand 

factors which initiate or drive change in the gut microbiota. These factors may be one-off or rare 

events, such as mode of delivery during birth or moving to a new country, or may be common and 

often repeated, such as fluctuating stress levels or exposure to certain infections. Acute respiratory 

viral infections are the most common type of acute illness. They are experienced by people of all ages 

throughout life and often repeatedly within a single year241–244. Consequently, it is not surprising that 

there is increasing interest in studying how respiratory viral infections may cause, or be associated 

with, changes in the gut microbiota. 

3.1.1. Linking respiratory viral infection with changes in the gut microbiota 

Currently published studies by other groups have all used animal models of influenza virus infection to 

investigate whether there is a direct link between respiratory viral infection and changes in the gut 

microbiota199–202 (Chapter 1, Section 1.6.3). This focus is likely due to the fact that between 3 - 31 % of 

influenza-confirmed cases in people are associated with gastrointestinal symptoms187. Some groups 

observed gastrointestinal symptoms, such as mild diarrhoea, in influenza virus infected mice199, 

although this observation has not been widely reported. Considering many other viruses are 

associated with acute respiratory infections e.g. rhinovirus, human meta-pneumovirus, RSV, para-

influenza virus and adenovirus242, there is a significant gap in understanding how respiratory viral 

infections impact the gut microbiota, and if any effect observed is virus-specific or common across 

respiratory viral infections. RSV is a common cause of acute respiratory infections in children147,148 and 

certain bacterial profiles in the infant gut have been associated with long-term health effects such as 

asthma and obesity245–247. Therefore, the focus of this chapter was to investigate whether RSV infection 

altered the gut microbiota and how this compared to the effect of influenza virus infection on the gut 

microbiota.  
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3.1.2. Controlling for covariates: animal suppliers and cage effect  

Covariates are variables which are not directly being studied but may alter the outcome under 

investigation, whereas confounding variables can affect both the exposure being tested and the 

outcome being measured. For example, age is a common covariate which may affect biological 

outcomes and is usually controlled by stratifying human populations by age or by using animals all the 

same age. In this study, age is also a confounding variable as both the response to respiratory viral 

infection and the composition of the gut microbiota are known to significantly, and independently, 

alter with age248,249. As highlighted in Chapter 1 Section 1.3.2, one of the greatest challenges in gut 

microbiota research is the sheer number of covariates which may affect the composition of the gut 

microbiota and make it difficult to interpret results by introducing bias or suggesting incorrect 

correlations. While using animal models allows for greater control over many of these, there are 

several covariates introduced by using animals in research that are often under-considered or not 

controlled for at all.  

One such covariate is animal supplier. Which supplier is used to source animals for research purposes 

is generally based on institution preference or availability within the country. Charles River Laboratories 

and Envigo (previously known as Harlan Laboratories) are the major commercial suppliers of small 

animals for research in the U.K., whereas in the rest of Europe and the U.S.A, mice from The Jackson 

Laboratory and Taconic Farms are also widely used. For extensively inbred strains of mice e.g. BALB/c 

and C57BL/6, there is a sense they can be used interchangeably between different suppliers because 

all mice of the same strain should be genetically identical. Multiple studies, however, have 

demonstrated significant genetic drift within colonies maintained by different suppliers that has 

resulted in supplier dependent sub-strains250,251. For example, C57BL/6 mice bred by Jackson are 

designated as C57BL/6J, while the National Institute of Health has maintained a separate breeding line 

since the 1950s, which has supplied Charles River (C57BL/6NCrl), Taconic (C57BL/6NTac) and Envigo 

(C57BL/6NHsd)252. This has resulted in phenotypic differences between mouse sub-strains, most 

notably in behaviour and aggression251,253.  
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What has also become increasingly apparent is that the same strain of mice from different suppliers 

have very different baseline microbiota compositions254. This has been associated with variation in the 

response to infection. Both C57BL/6 and BALB/c mice from Jackson and Taconic were found to be 

significantly more resistant to malaria infection (Plasmodium yoelii) compared to C57BL/6 and BALB/c 

mice purchased from Charles River, Envigo and the National Institute of Cancer (NIC)255. Resistant mice 

from Jackson and Taconic had a significantly higher relative abundance of Firmicutes, while Charles 

River/NIC and Envigo mice had a higher proportion of Bacteroidetes. Germ-free mice transplanted 

with the gut microbiota from NIC mice had significantly greater mortality during malaria infection than 

germ-free mice who received gut microbiota transplants from Jackson mice. These findings 

demonstrate a direct link between supplier-dependent gut microbiota composition and the response 

to infection.  

It was therefore important in the present study to control for the supplier covariate during the 

investigation and to compare the response of different supplier-dependent gut microbiotas to 

respiratory viral infection.  

Another covariate that can be particularly influential in microbiota research is “cage effect” where co-

housed mice come to share a similar gut microbiota composition through grooming, coprophagy and 

the sharing of food and water256. Cage effect can be very significant. For example, one study found 

that cage effect was responsible for 32 % of the variation in mouse gut microbiota composition, while 

genetic background/strain was only responsible for 19 %174. This can be problematic because cages 

are usually assigned to one treatment group or another, and therefore it can be difficult to distinguish 

whether differences in gut microbiota composition are due to the factor under investigation or cage 

effect. To combat this, multiple cages should be assigned to one treatment group256 and independent 

repeats should not be performed simultaneously. Additionally, if possible, treatment groups should be 

combined within the same cage, for example having two mice infected with a respiratory pathogen 

housed with two mice dosed with PBS and one completely naïve mouse. This would help control for 
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cage effect and also allow investigation of whether any gut microbiota changes following respiratory 

viral infection could be passed on to uninfected cage mates via coprophagy.  

3.1.3. Gut microbiota resilience 

When examining the impact of a factor like respiratory viral infection on gut microbiota composition, it 

is important to consider gut microbiota resilience. The stability of a community like the gut microbiota 

depends on its resistance to disturbance, essentially how sensitive it is to factors which disrupt the 

composition, and on its resilience which is how easily it returns to the pre-disturbance state257. 

Resilience is often defined as the amount of stress a system can take before it becomes permanently 

shifted to a different equlibirium23. For example, the gut microbiota is not very resistant to short-term 

dietary changes as consuming an animal-product based diet for 5 days can significantly and rapidly 

alter the composition of the gut microbiota258. However, short-term dietary changes do not appear to 

place sufficient stress on the gut microbiota to overcome resilience, as the gut microbiota composition 

returns to baseline when normal dietary habits are resumed258. The gut microbiota is not very resilient 

to long-term dietary changes which can permanently shift the gut microbiota to an altered state14.  

Gut microbiota resilience is not necessarily related to how long the factor causing a disturbance lasts. 

For example, in human studies short-term antibiotic use has been shown to induce long-term changes 

in the composition of the gut microbiota. One study followed the change in gut microbiota 

composition of individuals treated with a 7-day course of antibiotics for stomach ulcers and found 

decreased diversity immediately after treatment and up to 4 years later259. Another study took multiple 

faecal samples over a 10-month period, during which healthy volunteers took two 5-day courses of 

ciprofloxacin260. A decrease in community diversity and altered gut microbiota composition was 

observed immediately following antibiotic treatment and both returned quickly to baseline when the 

course was finished. It was noted, however, that for some individuals their gut microbiota was still 

distinctly different to the pre-treatment state several months later. This suggests that the gut 

microbiota has low resistance and low resilience to certain environmental factors like antibiotic use.  
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Whether acute infections can overcome gut microbiota resilience is unclear. There have been studies 

showing acute viral and bacterial gastroenteritis significantly disrupt the gut microbiota but it is not 

known how long these changes last once the infection is cleared105,106. It has been suggested that if 

gut microbiota changes following acute gut infection were long-term, they might contribute to the 

chronic health condition “post-infectious irritable bowel syndrome”261.   

Previous studies examining the effect of influenza virus infection on the murine gut microbiota have 

generally only looked at the immediate impact; taking and analysing samples before, during (days 3 - 

5) and at the peak of infection (usually determined as maximum weight loss [days 7 – 9])199,200,202. Only 

one published study has examined whether gut microbiota changes lasted after the infection cleared. 

Yildiz et al. (2018) observed a decrease in community richness and a significant shift in microbiota 

diversity in the small intestine following influenza infection. These changes were detectable by day 5 

and more pronounced at day 7. By day 14, when influenza virus was no longer detectable by plaque 

assay in the lungs and weight loss was fully recovered, the overall gut microbiota composition of 

infected animals had begun to shift back towards that of control animals. By day 28 the gut microbiota 

had stabilised to a pre-infection baseline composition. Significant changes in the abundance of specific 

phyla after infection were only observed at the day 7 time point. Altogether this suggests that 

whatever stress influenza virus infection puts on the gut environment to trigger changes in the 

microbiota, it is not enough to overcome gut microbiota resilience. Consequently, in this chapter gut 

microbiota resilience was an important aspect to investigate when examining the effect of RSV 

infection on the gut microbiota. 
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3.1.4. Chapter aims and hypothesis  

I hypothesise that respiratory viral infections have an acute impact on the diversity and composition of 

the mouse gut microbiota and that this is independent of cage effect or animal supplier. 

Aims:  

1. Examine the effect of RSV infection on the mouse gut microbiota by taking faecal samples 

before infection, at the peak of viral load (day 4) and at the peak of weight loss (day 7) 

 

2. Co-house RSV infected mice with PBS controls and naïve cage mates and compare gut 

microbiota composition before and after RSV infection, and to mice housed according to 

treatment group 

 

3. Measure how long changes in the gut microbiota last after RSV infection by taking faecal 

samples at day 7, 14, 21 and 28 after infection. 

 

4. Compare the change in gut microbiota composition after RSV infection between mice 

purchased from Charles River and mice purchased from Envigo. 

 

5. Examine the effect of influenza A virus infection on the mouse gut microbiota and compare 

this to effects seen after RSV infection.  
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3.2. Results 

3.2.1. RSV infection alters the composition of the murine gut microbiota  

To investigate how RSV infection impacts on the gut microbiota adult female BALB/c mice were 

intranasally infected with RSV, dosed with sterile PBS as an experimental control or left untreated 

(naïve) to control for natural fluctuations in the gut microbiota during the experiment (Fig. 3.1A). 

Faecal samples were taken from each mouse before infection (day 0) and at peak lung viral load (day 

4262) and peak weight loss (day 7263). Colonic content samples were also taken at day 7 for 16S rRNA 

gene sequencing analysis. Mice lost weight immediately following RSV infection (day 0 – day 1). 

Weight loss stabilised from days 1 – 5 followed by continued weight loss from days 5 – 7. This resulted 

in 10 – 15 % total weight loss (Fig. 3.1B). PBS dosed mice weighed significantly more at days 2, 3 and 7 

compared to day 0, with a total average gain of 3.3 % body weight. Naïve mice lost a small (maximum 

2.5 %) but significant amount of weight at days 4, 5 and 6. It is unclear why this was and cannot be 

attributed solely to stress as PBS dosed mice underwent the same daily weighing and faecal sampling 

procedures. No other significant illness symptoms were noted among naïve mice at the time. RSV L 

gene expression was detected in the lungs of infected mice at days 4 and 7 (Fig. 3.1C). No RSV L gene 

was detected in day 4 colon samples of infected mice and RSV L gene expression was below the limit 

of detection (set using CT values from the non-template control) in day 7 colon samples and all 

samples from PBS dosed mice. Subsequent optimisation of the RSV L gene qPCR resulted in no 

detectable RSV L gene in the non-template control, colon samples from RSV infected mice or any 

samples from PBS dosed mice (data not shown as optimisation was conducted on a separate 

independent experiment without matched 16S rRNA gene sequencing data). These results 

demonstrate that RSV is not detected in the gut during infection and suggest that any effect of RSV on 

the gut microbiota is not due to direct viral replication in the gut. 

Total bacterial load in the gut following RSV infection was measured using a pan-16S rRNA gene qPCR 

on DNA extracted from faecal samples. There was no significant difference in the bacterial load in the 

gut following RSV infection (Fig. 3.2A), PBS dosing (Fig. 3.2B) or among naïve animals (Fig. 3.2C).  



82 

 

 

Figure 3.1 RSV infection causes weight loss but is not detectable in the gut. 

Adult BALB/c female mice were intranasally dosed with 2 × 10
6
 PFU/ml RSV, PBS or left naïve. Faecal samples were 

collected before infection (D0) and at days 4 and 7 (D4, D7) after infection. Colonic samples were collected at D7. 

One group of RSV infected mice and one group of PBS dosed mice were culled at day 4, the remaining RSV infected, 

PBS and naïve groups were culled at day 7 (A). Weight loss was measured every day after infection/dosing (B). Viral 

load in the lungs and colon was estimated using RSV L gene qPCR at day 4 and 7 after infection (LD limit of detection: 

2,800 copies; ND not detected: 0 copies/no CT value) (C). N = 5 mice per group. * P ≤ 0.05 ** P ≤ 0.01 *** P ≤ 0.001 

 

 

Figure 3.2. RSV infection does not alter bacterial load in the gut. 

Total bacterial load was measured using16S rRNA gene qPCR of DNA extracted from faecal samples taken at days 

0, 4 and 7 following RSV infection (A) PBS dosing (B) and among naïve animals (C). Coloured dots represent the 

same individual animal through the time course. Bacterial load results were normalised to the amount (grams) of 

faeces used for DNA extraction. N = 4 – 5 samples per group per time point. 
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Measuring the diversity of the gut microbiota ecosystem is one way to examine how respiratory viral 

infections impact the overall structure and composition of the gut microbiota. Alpha diversity 

quantifies the diversity of an ecosystem within a sample or area (intra-community diversity) and then 

alpha diversity measures can be compared across sample sites. Alpha diversity encompasses both 

species richness, which is the number of individual species, as well as species evenness which is the 

proportion each species contributes to the entire community. Counting the number of observed 

Operational Taxonomic Units (OTUs) within a sample is the simplest way to measure species richness 

in the gut microbiota. The Shannon Index and the Simpson’s Index are commonly used measures of 

alpha diversity as they weigh each identified OTU/species by their relative proportion, and so consider 

both richness and evenness264. The Shannon Index places a greater emphasis on richness and therefore 

can be biased by the presence of rare species, while the Simpson’s Index stresses evenness and is more 

swayed by dominant species.  Consequently, it is often useful to examine both. An increase in the 

Shannon Index relates to an increase in alpha diversity, while an increase in the Simpson’s Index 

corresponds with a decrease in alpha diversity. As this is not very intuitive, the inverse of the Simpson’s 

Index is often represented graphically.  

There was no difference in the number of observed OTUs in the gut microbiota of mice at day 0 

compared to day 4 or 7 after RSV infection (Fig. 3.3A), and no change in either the Shannon Index (Fig. 

3.3B) or Simpson’s Index (Fig. 3.3C). There was also no change in any of these alpha diversity measures 

among PBS dosed or naïve mice. This suggests that RSV infection does not affect species richness or 

species evenness in the gut microbiota.  
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Figure 3.3. Alpha diversity of the gut microbiota following RSV infection. 

The number of observed OTUs (A), the Shannon Index (B) and the inverse of Simpson’s Index (C) following RSV 

infection, PBS dosing and among naïve animals at day 0, 4 and 7. 

Beta diversity compares the community structure based on species identity between ecosystems 

(inter-community diversity). Depending on the specific beta diversity metric used it can either consider 

the presence/absence of identified species or actual identified species abundance. Phylogenetic 

approaches can also use sequence similarity to consider the relatedness of identified species within a 

community. If sample sites differ in the abundance of closely related species then this is given less 

weight when computing how similar/dissimilar the two communities are. The first step for measuring 

beta diversity is to calculate a distance or dissimilarity pair-wise matrix between all samples. The Bray-

Curtis dissimilarity metric is a commonly used abundance-based non-phylogenetic approach to 

calculate the beta diversity of the gut microbiota. It is able to deal with OTUs being present in some 

samples and not others and does not assume that the shared absence of a specific OTU is evidence of 

community similarity265. The second step for visualising beta diversity is to arrange the multi-

dimensional dissimilarity matrix into two- or three-dimensional space using ordination methods, so 

that samples with similar species compositions are clustered closely together and further from samples 

with dissimilar compositions. Non-metric multidimensional scaling (NMDS) is often used in microbiota 

studies to visualise beta diversity as it aims to rank the pairwise dissimilarity between samples, rather 

than use the actual distance, and therefore is better at compressing data into two-dimensional space 
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in a way that preserves the clustering of similar samples together and dissimilar samples further 

apart266.  

To examine the impact of RSV infection on the beta diversity of the gut microbiota, NMDS ordination 

was conducted on a Bray-Curtis dissimilarity matrix. There was a significant change in the beta diversity 

of the gut microbiota following RSV infection, as samples taken at day 0 clustered away from samples 

taken at both day 4 (P = 0.01) and 7 (P = 0.01) (Fig. 3.4). Samples taken from PBS dosed mice and 

naïve mice did not cluster according to time point and there was no significant change in the gut 

microbiota beta diversity of these groups during the experiment. Beta diversity analysis of day 0 

samples from all groups revealed there was no significant difference (P = 0.2) in baseline gut 

microbiota composition. Although the total bacterial load, number of species and evenness of the gut 

microbiota did not change after RSV infection, the significant shift in beta diversity suggests that the 

identity of species present and/or species abundance may have altered. Therefore, the composition of 

the gut microbiota was different after RSV infection.  

 

Figure 3.4. Beta diversity of the gut microbiota following RSV infection. 

Community composition of the gut microbiota following RSV infection, PBS dosing and among naïve animals 

(stress = 0.17). Beta diversity was calculated on a Bray-Curtis dissimilarity matrix and visualised using NMDS 

ordination.  Stress tests < 0.2 suggests a good representation of community dissimilarities in reduced dimensions. 

Ellipses represent 95 % confidence distribution and overlapping ellipses indicate no significant difference in beta 

diversity between groups. Significant differences were formally tested using permutational MANOVA (ADONIS).   
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There are mixed opinions on how representative the faecal microbiota is of the gut microbiota. Most 

studies suggest that faeces are a reasonable substitute for sampling the colon environment but not for 

the small intestine or caecum267–270. To confirm whether the gut microbiota resembles the colon 

microbiota, colonic contents samples were taken from RSV infected mice at day 7 and compared to 

faecal samples taken from the same mice at the same time point. As the stress of the ordination was 

0.25, this suggests in this specific case NMDS provided a poor representation of the community 

dissimilarity in two-dimensional space. There was, however, no significant difference between Bray-

Curtis dissimilarity matrices of the colonic microbiota compared to the faecal microbiota (Fig. 3.5) 

which suggests that the overall composition of the faecal microbiota is not substantially different from 

the composition of bacteria living in the colon. Based on this finding, it was decided to use faeces to 

monitor changes in the gut microbiota in all further studies, especially as this sample type allows 

continual sampling of the same mice during a time course.  

 

Figure 3.5. Beta diversity of the faecal and colonic gut microbiota. 

Beta diversity of the gut microbiota composition was measured in matching faecal and colon gut samples using 

NMDS analysis on a Brays-Curtis dissimilarity matrix. Stress = 0.25. Samples were taken from RSV infected mice at 

day 7 post infection. Shapes represent individual mice. N = 4.  
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To examine which species within the gut microbiota were changing, and by how much, following RSV 

infection fold-change analysis of OTU abundance was performed comparing day 7 to day 0 samples. 

Fold-change analysis revealed multiple OTUs, the majority belonging to the S24_7 family, significantly 

increased up to 10-fold in abundance following RSV infection. Five OTUs significantly decreased in 

abundance, two belonging to the Lachnospiraceae family, two Lactobacillus spp. and one belonging to 

the VadinBB60 family (Fig. 3.6A).  

Among PBS dosed mice there was a significant increase in two OTUs belonging to the 

Coriobacteriaceae family and two OTUs belonging to the S24_7 family as well as a significant decrease 

in multiple OTUs belonging to the S24_7 and Porphyromonadaceae families (Fig. 3.6B). No OTUs 

changed in abundance among naïve mice. Therefore, while there was no change in the beta diversity 

following PBS dosing, it did appear to have an effect on the abundance of several gut microbiota 

members.  

Since many OTUs belonging to the same family changed in abundance after RSV infection and PBS 

dosing, it was decided to measure whether respiratory viral infection altered the relative abundance of 

dominant gut microbiota families. These were classified as families constituting > 1 % relative 

abundance of the entire gut microbiota community. The gut microbiota of RSV infected and PBS 

dosed mice was dominated by S24_7, Porphyromonadaceae, Bacteroidaceae, Rikenellaceae, 

Lachnospiraceae, Lactobacillaceae, Ruminococcaceae and VadinBB6. There was a significant increase in 

the relative abundance of the Bacteroidaceae family (P ≤ 0.001) and a significant decrease in the 

relative abundance of both the Lactobacillaceae (P ≤ 0.05) and Lachnospiraceae families from day 0 to 

7 after RSV infection (P ≤ 0.01) (Fig. 3.7A). There was a significant increase in the relative abundance of 

the Lachnospiraceae family from day 0 to 7 among PBS dosed mice (P ≤ 0.01) (Fig. 3.7B) and no 

change in the relative abundance of families within the gut microbiota of naïve mice (Fig. 3.7C).  
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Figure 3.6. RSV infection increases the abundance of multiple individual OTUs in the gut microbiota 

Fold change of actual operational taxonomic units (OTU) abundance after RSV infection (A) and PBS dosing (B) 

day 7 compared to day 0. (P = 0.01 cut off for significance). 
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These families all belong to Bacteroidetes and Firmicutes which are reported to be the dominant phyla 

in both the human and mouse gut microbiota13,167. Other phyla detected in this study included 

Tenericutes, Actinobacteria, Proteobacteria and Deferribacteres which individually or combined never 

exceeded 2 % relative abundance regardless of treatment group or time point. Many studies have 

focused on how the ratio of Bacteroidetes to Firmicutes changes with age, diet or disease as this is 

thought to have functional consequences for the gut microbiota271–273. To see if changes in family 

abundance were reflected at the phyla level, the relative abundance of Bacteroidetes and Firmicutes 

before and after RSV infection and PBS dosing was analysed. There was a significant increase in the 

relative abundance of Bacteroidetes and a significant decrease in the relative abundance of Firmicutes 

from day 0 to 7 following RSV infection (Fig. 3.7D). Following PBS dosing there was a significant 

decrease in the relative abundance of Bacteroidetes, despite no significant change in individual family 

abundance within this phylum, and a significant increase in the relative abundance of Firmicutes (Fig. 

3.7E). The relative abundances of Bacteroidetes and Firmicutes did not change among naïve mice (Fig. 

3.7F).  

A change in relative abundance does not necessarily reflect a change in actual abundance for all phyla 

and families being measured. One taxon may increase/decrease in abundance while others remain the 

same and this would still affect the overall ratio. As the total bacterial load in the gut did not alter 

during RSV infection or PBS dosing, this implies that the change in the relative abundance of 

Bacteroidetes and Firmicutes represents a change in actual abundance. One caveat to this 

interpretation is the use of a single universal qPCR to measure 16S rRNA gene abundance in bacterial 

DNA from faeces as an estimate of total bacterial load in the gut. Bacteria can possess more than one 

copy of the rRNA operon in their genome, which means the copy number of the 16S rRNA gene can 

vary between 1 and 15 across different taxa274. This can therefore skew community-level quantitative 

bacterial abundance data when measured by qPCR, as microbiotas dominated by species with higher 

16S rRNA gene copy numbers will appear to contain a greater number of bacteria. It might be possible 
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to correct for this in future by using complimentary 16S rRNA gene sequencing data to estimate the 

average 16S rRNA gene copy number in a community.     

The OTU fold change results indicate that the increase in the ratio of Bacteroidetes to Firmicutes 

following RSV infection is due to an increase in the actual abundance of species belonging to the 

S24_7, Bacteroidaceae and Porphyromonadaceae families with an accompanying decrease in the actual 

abundance of species belonging to Lactobacillaceae and Lachnospiraceae, hence no overall change in 

gut bacterial load. The decrease in the ratio of Bacteroidetes to Firmicutes after PBS dosing appears to 

be only reflected by a decrease in the actual abundance of OTUs belonging to Bacteroidetes, without a 

significant effect on Firmicutes. This was despite no change in total bacterial load in the gut among 

PBS dosed mice. While fold change does use actual OTU counts it does not depict change in absolute 

numbers, and it is possible that the decrease in Bacteroidetes observed following PBS dosing was not 

sufficient to significantly change overall gut bacterial load.  
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Figure 3.7. RSV infection increases ratio of Bacteroidetes to Firmicutes. 

The relative abundance of the dominant gut microbiota families (>1% total relative abundance) following RSV 

infection (A) after PBS dosing (B) and among naïve mice (C). The relative abundance of the Firmicutes and 

Bacteroidetes phyla before and after RSV infection (D), PBS dosing (E) and among naïve mice (F). Points represent 

the mean of N = 5 mice, ±SEM.  * P ≥ 0.05, ** P ≥ 0.01. 

 

In summary, RSV infection was associated with a significant change in the composition of the gut 

microbiota, with an increase in the relative abundance of Bacteroidetes and a decrease in the relative 

abundance of Firmicutes. RSV infection may result in a change in gut environment that favours the 

growth of Bacteroidetes bacteria at the expense of Firmicutes. PBS dosing had the opposite effect with 

a significant decrease in Bacteroidetes abundance.  
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3.2.2. RSV-associated changes in the gut microbiota are not associated with cage 

effect or passed on to uninfected cage mates  

Mice housed together come to share a similar gut microbiota profile, known as cage-effect, and this 

can obscure the effect other factors may have on the gut microbiota. To investigate whether cage 

effect played a role in the change in gut microbiota composition observed following RSV infection and 

PBS dosing, the previous experiment was repeated using multiple cages per treatment group.  

Three cages were maintained separately according to treatment. One cage of RSV infected mice, one 

cage of PBS dosed mice and one cage of naïve animals. Three additional cages then contained a 

mixture of RSV infected, PBS dosed and naïve mice, referred to as co-housed (Fig. 3.8A). This cage set-

up was possible because mice do not transmit RSV which meant PSB dosed and naïve cage-mates 

remained uninfected: currently the only animal models which can be used to study RSV transmission 

are chimpanzees and immunocompromised ferrets275,276. The co-housed set-up was also to determine 

if any changes in the gut microbiota could be passed from infected to uninfected cage mates via 

coprophagy. Weight loss was monitored every day following infection. RSV infected mice housed 

separately to controls lost weight immediately after infection, followed by a plateau from days 3 to 5, 

and then continued losing weight until day 7 (Fig. 3.8B). The same pattern was observed among RSV 

mice co-housed with PBS and naïve cage mates (Fig. 3.8C). There was no difference in the amount of 

weight loss between separately and co-housed RSV infected mice at any time point and similarly no 

change in the weight of PBS dosed or naïve animals during the experiment whether housed separately 

or with infected mice (Fig. 3.8).  

Another measure of severity during infection are clinical illness scores where mice are individually 

scored in a blind manner for symptoms including ruffled fur, hunched posture, limited movement and 

laboured breathing. RSV infected mice demonstrated significantly higher clinical illness scores at both 

day 3 and 5 post infection compared to PBS dosed and naïve mice, regardless of housing condition 

(Fig. 3.8D). There was no difference in the clinical illness scores of mice housed separately according to 
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treatment group compared to co-housed mice. Based on weight loss and clinical symptom data, there 

was no difference in the severity of RSV infection when mice were housed solely, with other infected 

mice or housed with uninfected cage mates.  

 

Figure 3.8. Examining cage effect and co-housing on disease severity during RSV infection. 

Mice were infected with RSV, dosed with PBS or left naïve and housed either with mice who received the same 

treatment (separate – kept apart from other treatment groups) or housed with mice receiving different treatments 

(co-housed). Faecal samples were taken at the beginning (day 0) and at the end of the experiment (day 7) (A). 

Weight loss among separately housed mice (B) and co-housed mice (C). Mice were individually scored, by a 

blinded independent researcher, for clinical illness symptoms on days 3 and 5 post infection (D). N = 5 mice per 

group. * P ≤ 0.05 ** P ≤ 0.01 *** P ≤ 0.001 

 

 

As before, there was no change in the number of observed OTUs (Fig. 3.9A), the Shannon Index (Fig. 

3.9B) or inverse of the Simpson’s Index (Fig. 3.9C) following RSV infection or among PBS dosed and 
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naïve mice. There was also no difference in any of the alpha diversity measures between groups at 

either day 0 or 7, and alpha diversity was unaffected by housing conditions.  

 

Figure 3.9. Examining the effect of housing on the alpha diversity of the gut microbiota. 

There was no difference in the number of observed OTUs (A), the Shannon Index (B) or the inverse of Simpson’s 

Index (C) following infection, PBS dosing or among naïve animals or between the groups at either time point. 

 

There was a significant shift in the gut microbiota beta diversity following RSV infection of mice 

housed separately (P = 0.01, Fig. 3.10A) and no change in the beta diversity among separately housed 

PBS dosed or naive mice. In addition, RSV infected mice co-housed with controls had a significantly 

altered beta diversity compared to before infection (P = 0.03, Fig. 3.10B) while the gut microbiota beta 

diversity of co-housed control animals was unaffected by being housed with infected mice. The change 
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in beta diversity observed following RSV infection does not therefore appear to be due to a cage 

effect. 

 

Figure 3.10. Examining the effect of housing on the beta diversity of the gut microbiota. 

The overall composition of the gut microbiota following RSV infection, PBS dosing or among naïve animals when 

housed separately according to treatment group (stress = 0.14) (A) or co-housed (stress = 0.15) (B). Beta diversity 

was calculated on a Bray-Curtis dissimilarity matrix and visualised using NMDS ordination. 

 

Examining the relative proportions of the dominant gut microbiota families revealed there was a 

significant increase in families belonging to Bacteroidetes after RSV infection in both separately (Fig. 

3.11A) and co-housed mice (Fig. 3.11B). Among RSV infected mice housed separately, 

Porphyromonadaceae increased in relative abundance from day 0 to 7 (P ≤ 0.05) while RSV mice co-

housed with controls had an increase in the relative abundance of the S24_7 family (P ≤ 0.05). Co-

housed RSV infected mice also had a significant decrease in families belong to the Firmicutes phylum; 

both Lachnospiraceae and Lactobacillaceae significantly decreased in relative abundance from day 0 to 

7. PBS dosed mice housed separately from infected mice had a significant increase in the relative 

abundance of the Lachnospiraceae family (P ≤ 0.05) and a significant decrease in the relative 

abundance of S24_7 (P ≤ 0.001) (Fig. 3.11A). There was no change in the relative abundance of the 

dominant families among PBS co-housed mice or naïve mice regardless of housing type.  
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Figure 3.11. RSV infection appears to favour Bacteroidetes but not in a family-specific manner. 

The relative abundance of each phylum split into the most abundant gut microbiota families (only families with 

>1% total abundance included) for mice housed separately according to treatment group (A) and for co-housed 

mice (B).  

 

Despite significant changes at the family level, there was no significant difference in the relative 

abundance of Bacteroidetes or Firmicutes following RSV infection among separately housed animals 

(Fig. 3.12A). There was a significant increase in the relative abundance of Firmicutes and decrease in 

the relative abundance of Bacteroidetes after PBS dosing and no difference among naïve animals when 

housed according to treatment group. Among co-housed mice there was a significant increase in the 

ratio of Bacteroidetes to Firmicutes after RSV infection and no change among PBS dosed or naïve mice 

(Fig. 3.12B). Together these results demonstrate that changes in the gut microbiota following RSV 

infection were not due to cage effect and were not passed on to uninfected cage mates.  
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Figure 3.12. The effect of housing on the ratio of Bacteroidetes to Firmicutes. 

The relative abundance of Bacteroidetes and Firmicutes among RSV infected, PBS dosed and naïve mice housed 

separately according to treatment group (A) and co-housed (B). * P ≤ 0.05 ** P ≤ 0.01 *** P ≤ 0.001 
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3.2.3. The changes in the gut microbiota following RSV infection are acute and do not 

overcome gut microbiota resilience  

To establish whether changes in the gut microbiota during RSV infection were able to overcome gut 

microbiota resilience, it was important to establish when mice cleared RSV infection to see if the effect 

on the gut microbiota lasted beyond infection. Measuring lung viral load at multiple time points after 

RSV infection revealed the peak to be around day 4, as expected. RSV was still detectable in the lungs 

at day 14 but was below the limit of detection by day 30 (Fig. 3.13A). Faecal samples were therefore 

taken at day 0, 7, 14, 21 and 28 to measure the resilience of the gut microbiota to RSV infection (Fig. 

3.13B).  

The RSV infected mice were the same group as the separately housed RSV infected mice from Section 

3.2.2 and so the day 0 and 7 samples have been described. The cage effect experiment was extended 

just for this group until day 28 to allow continual gut microbiota measurements to be taken. Weight 

loss was measured every day for the first 14 days and then weekly thereafter. Weight loss from day 0 

to 7 was described in Section 3.2.2, Fig 3.8B. Mice began to recover from day 8 and continued to gain 

weight until day 21 (Fig. 3.13C). There was no difference in weight at day 21 or day 28 compared to 

before infection. From a time-course point of view, faecal samples were well matched to when mice 

were at the height of severity of infection (day 7), recovering but still infected (day 14) and completely 

recovered and not infected (day 28). 

Although there was a trend towards increased number of observed OTUs following RSV infection in 

(Fig. 3.14A), this was not significant, and there was no change in the Shannon Index (Fig. 3.14B) or 

inverse of Simpson’s Index (Fig. 3.14C) over the time course of the experiment.  

Beta diversity analysis revealed a significant change in the overall composition of the gut microbiota 

following RSV infection (P = 0.02, Fig. 3.15). Pairwise comparisons between samples from day 0 and 

post infection showed this was significant for day 7 (P = 0.01) but not for any other time point. The 
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effect of RSV infection on the beta diversity of the gut microbiota therefore appears to be short-lived 

and the overall gut microbiota composition was observed to return to baseline by day 14.  

 

Figure 3.13. Long term viral clearance and weight loss during and after RSV infection. 

Lung viral loads measured using qPCR for the RSV L gene at days 1, 4, 7, 14 and 30. Limit of detection = 1000 

copies. N = 5 mice ± SEM, data amalgamated from these studies and those conducted by David Busse (A). 

Female adult BAL/c mice were infected with 2 × 10
6
 PFU/ml RSV. Faecal samples were taken at the beginning of 

the experiment, and on days 7, 14, 21 and 28 (B). Weight was monitored every day for 14 days and on days 21 

and 28 (C). N = 5 mice per group. * P ≤ 0.05 
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Figure 3.14. Long term monitoring of gut microbiota alpha diversity following RSV infection. 

The number of observed OTUs (A) the Shannon Index (B) and the inverse of Simpson’s Index (C) following RSV 

infection.  

 

 

Figure 3.15. Long term monitoring of gut microbiota beta diversity following RSV infection. 

Composition of the gut microbiota before RSV infection and at day 7, 14, 21, and 28 after infection. Beta diversity 

was calculated on a Bray-Curtis dissimilarity matrix and visualised using NMDS ordination. Stress = 0.12. 
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RSV infected mice demonstrated a trend towards increased Bacteroidetes and decreased Firmicutes 

relative abundance at day 7 (Section 3.2.2, Fig. 3.12A) which quickly returned to baseline by day 14 and 

there was no difference in the relative abundance of either phyla at day 14, 21 and 28 compared to 

day 0 (Fig. 3.16A). Changes in the dominant families within each phyla reflected this as only samples 

taken at day 7 had a significantly different gut microbiota composition compared to baseline (Fig. 

3.16B). Overall the effect of RSV infection on the composition of the gut microbiota was acute and 

changes returned to baseline levels before the infection was cleared. This result suggests that whatever 

factor associated with RSV infection drives gut microbiota changes occurs within the first 7 days of 

infection and that associated changes in gut microbiota composition are not sufficient to overcome 

gut microbiota resilience.  

 

 

Figure 3.16. RSV infection is associated with acute changes in gut microbiota composition. 

The relative abundance of the Bacteroidetes and Firmicutes phyla after RSV infection (A) The relative abundance 

of each phylum split into the most abundant gut microbiota families (only families with >1% total abundance 

included) (B).   
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3.2.4. The effect of animal supplier on the gut microbiota response to RSV infection 

The previous experiments in this chapter were all performed using mice purchased from Charles River. 

To investigate the effect of animal supplier on the gut microbiota response to RSV infection female 

adult BALB/c mice were purchased from Envigo. These mice were maintained in the same room with 

the same diet and environment as mice from Charles River. Envigo mice were infected with the same 

dose of RSV but using a different passage of virus because stocks of the previous passage had run out. 

The differences in RSV passages meant it was not possible to directly compare the host response to 

infection between suppliers because of the potential difference in in vivo pathogenicity between viral 

passages. Mice were weighed every day for 14 days following infection and then weekly, and faecal 

samples were taken before infection and at days 7, 14, 21 and 28 (Fig. 3.17A).  

Mice from Envigo did not lose weight following RSV infection until day 5, although by day 7 they had 

lost approximately 15 % of their original body weight, which is the same maximum weight loss 

observed in previous experiments (Section 3.2.1: Fig. 3.1, Section 3.2.2: Fig. 3.8). Similar to Charles River 

mice, mice from Envigo began to recover from day 8 and by day 21 there was no difference in weight 

compared to before infection (Fig. 3.17B). The difference in the initial response to RSV infection 

between Envigo and Charles River mice may be due to differences in the virus passage used, or 

alternatively Envigo mice may be more resistant to RSV infection.    

 

Figure 3.17. Effect of supplier on gut microbiota changes during RSV infection. 

Female adult BAL/c mice were purchased from Envigo and infected with 2 × 10
6
 PFU/ml RSV. Faecal samples were 

taken at the beginning of the experiment, and on days 7, 14, 21 and 28 (B). Weight was monitored every day for 14 

days and on days 21 and 28 (C). N = 5 mice per group. * P ≤ 0.05 ** P ≤ 0.01 
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There was no difference in the number of observed OTUs (Fig. 3.18A) or the Shannon Index (Fig. 3.18B) 

after RSV infection in Envigo mice. There was however a significant decrease in the inverse of the 

Simpson’s Index from day 0 to 14 followed by a significant increase from day 14 to 21 (Fig. 3.18C). RSV 

infection therefore appeared to decrease species evenness in the gut microbiota of mice purchased 

from Envigo and this was not observed with mice from Charles River.  

 

Figure 3.18. Alpha diversity of the gut microbiota following RSV infection in mice purchased from Envigo. 

The number of observed OTUs (A) the Shannon Index (B) and the inverse of Simpson’s Index (C) following RSV 

infection. 

 

The beta diversity of the gut microbiota changed significantly following RSV infection in Envigo mice 

(P = 0.05, Fig. 3.19). Pairwise comparison analysis revealed there was a significant difference in the 

composition of day 0 and 7 samples (P = 0.03). Therefore, despite Envigo mice experiencing a less 

severe initial response to RSV infection, there was still a pronounced change in species identify and/or 

abundance in the gut microbiota following infection.  
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Figure 3.19. Beta diversity of the gut microbiota in Envigo mice following RSV infection. 

Composition of the gut microbiota before RSV infection and at day 7, 14, 21, and 28 after infection. Beta diversity 

was calculated on a Bray-Curtis dissimilarity matrix and visualised using NMDS ordination. Stress = 0.16). 

 

At a phylum level, Envigo mice had a significant increase in the relative abundance of Bacteroidetes 

and a trend towards decreased Firmicutes from day 0 to 7 following RSV infection, with no difference 

in the relative abundances of either phyla at day 14, 21 and 28 compared to before infection (Fig. 

3.20A). Despite the change in Bacteroidetes abundance, no one family within this phylum significantly 

changed after RSV infection and there was a significant decrease in the relative abundance of the 

Lachnospiraceae family (P = 0.05) (Fig. 3.20B). These results highlighted that the identify of species in 

the gut microbiota of Charles River and Envigo was very different. In mice from Charles River the 

dominant Bacteroidetes families were Porphyromonadaceae and S24_7 (Section 3.2.3, Fig. 3.16B) while 

in mice purchased from Envigo mice, the Bacteroidetes phylum comprised S24_7, Rikenellaceae, 

Prevotellaceae and Bacteroidaceae. The Firmicutes phylum had the same relative composition between 

the two suppliers.  

As the gut microbiota can influence the response to infection, it may be that this difference in baseline 

Bacteroidetes composition played a role in the reduced initial weight loss observed in Envigo mice.  
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Figure 3.20. Increased Bacteroidetes to Firmicutes ratio following RSV infection in independent of supplier 

The relative abundance of the Bacteroidetes and Firmicutes phyla after RSV infection in Envigo mice (A) The relative 

abundance of each phylum split into the most abundant gut microbiota families (only families with >1% total 

abundance included) (B).   

 

Overall these results show that RSV infection is associated with a change in gut microbiota 

composition, which is independent of supplier, and at the broadest level is consistently represented as 

an increase in relative Bacteroidetes abundance and decrease in relative Firmicutes abundance. The 

study also demonstrated that the gut microbiota resilience to RSV infection-associated changes in gut 

microbiota composition is also supplier-independent.  

 

 

  



106 

 

3.2.5. Influenza virus infection alters the gut microbiota composition in a similar 

manner to RSV infection 

To explore whether changes in the gut microbiota associated with RSV infection were common to 

other respiratory viral infections or specific to RSV, adult female BALB/c mice from Charles River were 

intranasally infected with influenza A/Eng/195/09 virus (H1N1), or intranasally dosed with sterile PBS. 

Faecal samples were taken before infection (day 0) and at the end of the experiment (day 7)  

(Fig. 3.21A). Mice infected with H1N1 influenza virus lost weight from day 2 onwards, resulting in 

approximately 15 – 20 % weight loss by day 7 (Fig. 3.21B). PBS dosed mice weighed significantly more 

by day 7 compared to day 0. Influenza virus was detectable in the lungs of infected mice at both day 4 

and 7 and was either not detected or was below the limit of detection in samples from PBS dosed mice 

and in all colon samples (Fig. 3.21C). Similar therefore to RSV infection, influenza virus infection in mice 

causes weight loss and is not detectable in the gut.  

 

Figure 3.21. Influenza A H1N1 virus infection causes weight loss and is undetectable in the gut. 

Adult female BALB/c mice were intranasally infected with 4 × 10
5 
PFU/ml A/Eng/195/09 influenza virus or 

intranasally dosed with PBS. Faecal samples were taken before infection and at the end of the experiment (day 7). 

One group from each treatment group was culled at day 4 and the remaining groups were culled at day 7 (A). 

Weight loss was measured every day (B). Viral load in the lungs and colon measured using qPCR for the Influenza 

A H1N1 M gene at day 4 and 7 in infected animals and PBS dosed mice. Limit of detection (LD) for the assay was 

30 copies; not detected (ND) 0 copies/no CT value). N = 5 mice per group. 
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There was no difference in the number of observed OTUs (Fig. 3.22A), the Shannon Index (Fig. 3.22B) 

or the inverse of Simpson’s Index (Fig. 3.22C) in day 0 samples compared to day 7 from either infected 

or control mice.  

 

Figure 3.22. Alpha diversity in the gut microbiota after influenza A H1N1 virus infection. 

The number of observed OTUs (A), the Shannon Index (B) and the inverse of the Simpson’s Index (C) of the gut 

microbiota following influenza A H1N1 virus infection and PBS dosing.  

 

There was a significant change in the beta diversity of the gut microbiota following influenza virus 

infection (P = 0.008; Fig. 3.23A) and no change in gut microbiota beta diversity of PBS dosed mice  

(Fig. 3.23B). Therefore, as seen in RSV infection, there was no change in the species richness or 

evenness of the gut microbiota after influenza virus infection but there was a shift in the overall gut 

microbiota composition, possibly through a change in species identity or abundance.  
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Figure 3.23. Beta diversity in the gut microbiota after influenza A H1N1 virus infection. 

Beta diversity of the gut microbiota following influenza H1N1 virus infection (stress = 0.03) (A) and after PBS 

dosing (stress = 0.09) (B). Beta diversity calculated by performing NMDS ordination on a Brays-Curtis dissimilarity 

matrix, compared matched samples across time.  

 

The gut microbiota of all mice was dominated by Bacteroidetes and Firmicutes. Other phyla detected 

included Tenericutes, Actinobacteria, Proteobacteria, Cyanobacteria and Deferribacteres, which never 

exceeded a combined abundance of 2.7 % or a maximum individual abundance of 2.5 % and this did 

not significantly change during influenza infection or following PBS dosing (data not shown).  

After influenza virus infection, there was a significant increase in the relative abundance of 

Bacteroidetes and a significant decrease in the relative abundance of Firmicutes (Fig. 3.24A). There was 

no change in the relative abundance of either phylum following PBS dosing, which contrasts some of 

results observed among control mice in the RSV infection experiments. Both the S24_7 family (P ≤ 

0.01) and the Porphyromonadaceae family (P ≤ 0.05) increased in relative abundance after influenza 

virus infection and there was no change in the abundance of the dominant bacterial families among 

PBS dosed animals (Fig. 3.24B).  
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Figure 3.24. Influenza virus infection is associated with an increase in the Bacteroidetes to Firmicutes ratio 

The relative abundance of the Bacteroidetes phylum and the relative abundance of the Firmicutes phylum after 

influenza A H1N1 infection and PBS dosing. Points represent N = 5, ± SEM (A). The relative abundance of 

Bacteroidetes and Firmicutes split into the most abundant families (>1% total abundance) before and after 

influenza virus infection and PBS dosing. (B).   

 

Together these results suggest that influenza virus infection has a similar effect on the gut microbiota 

composition compared to RSV infection. Both were associated with increased relative abundance of 

Bacteroidetes and decreased relative abundance of Firmicutes. It could be inferred from this result that 

respiratory viral infections alter the gut microbiota through a common mechanism that culminates in a 

gut environment where Bacteroidetes has the advantage over Firmicutes. 
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3.3. Discussion 

The experiments conducted in this chapter have shown that gut microbiota diversity and composition 

is significantly altered after RSV infection. An increase in the relative abundance of the Bacteroidetes 

phylum and a corresponding decrease in the relative abundance of Firmicutes was the most 

consistently observed finding. The changes were found to not be due to a cage effect as a change in 

beta diversity and increase in the ratio of Bacteroidetes to Firmicutes was observed across multiple 

cages, in independent repeats and only in RSV infected mice despite co-housing with uninfected 

control animals. Co-housing uninfected with infected mice did not alter the gut microbiota of 

uninfected mice and it is therefore unlikely that any change in the gut microbiota following RSV 

infection can be passed on via coprophagy.  

While the baseline microbiota composition between mice from different suppliers, Charles River and 

Envigo, was significantly different, there was still a significant change in the Bacteroidetes to Firmicutes 

ratio following RSV infection regardless of the supplier. These changes do not appear to be long-term 

and the microbiota composition returned to baseline before the infection cleared and weight loss was 

recovered. A similar pattern was observed following influenza virus infection, suggesting that a factor 

common to respiratory viral infections may be driving the changes in gut microbiota composition.  

This study additionally demonstrated how variable gut microbiota responses can be to the same 

treatment. For example, in two experiments there was an increase in the relative abundance of 

Firmicutes and a decrease in Bacteroidetes following PBS dosing but this was not observed in the gut 

microbiota of PBS dosed mice co-housed with infected mice or in the gut microbiota of PBS control 

animals in the influenza virus experiment. Similarly, different families within Bacteroidetes increased in 

abundance in different RSV infection experiments and after influenza virus infection. In the initial study, 

the Bacteroidaceae family was significantly increased following RSV infection, in the cage effect 

experiment Porphyromonadaceae increased among infected separately housed mice while S24_7 

increased in the gut microbiota of infected co-housed mice and following influenza virus infection 



111 

 

both S24_7 and Porphyromonadaceae increased. This result suggests that whatever factor during 

respiratory viral infection drives an increase in Bacteroidetes does not specifically target any particular 

families or species and instead respiratory viral infections may result in a gut environment that is more 

favourable to Bacteroidetes via a highly conserved function within the phylum.  

3.3.1. The connection between RSV and Bacteroidetes  

Other studies have not examined the effect of RSV infection in mice on the gut microbiota and no 

study has looked at the gut microbiota composition before and after RSV infection in humans. There is 

an association between bronchiolitis in infants and certain gut microbiota profiles. Bronchiolitis 

describes acute severe lower respiratory tract infections which are predominantly caused by RSV and 

rhinoviruses277. Several studies have examined the faecal microbiota of infants with bronchiolitis and 

compared it to faecal samples from age-matched healthy controls197,198. Hasegawa et al. (2016) 

analysed the faecal microbiota of 40 infants with bronchiolitis, 65 % of whom had RSV. By clustering 

the OTUs together at the genera level, as opposed to the phyla and family level used in this present 

study, they found the infant gut microbiota could be classified as either Bifidobacterium dominant, 

Enterobacter/Veillonella dominant, Bacteroides dominant or Escherichia dominant. Infants with 

bronchiolitis were significantly more likely to have a Bacteroides dominant gut microbiota profile, even 

when the model was adjusted for age, mode of birth and history of antibiotic use.  

The study by Hu et al. (2017) confirmed an associated with RSV and Bacteroides in a smaller sample 

size of 27 infants with bronchiolitis who were all infected with RSV; the Bacteroides and Streptococcus 

genera were significantly higher in abundance in the gut microbiota of infants with bronchiolitis. Hu et 

al. (2017) also noted that the bronchiolitis gut microbiota profile was enriched overall with 

Bacteroidetes and Proteobacteria.  

There are several caveats to both these studies. Firstly, because only one sample was taken from each 

infant at the time of hospitalisation it means it is impossible to tell whether a Bacteroides dominant 

gut microbiota profile is associated with a higher likelihood of developing bronchiolitis or whether 
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bronchiolitis results in a higher abundance of Bacteroides. Prospective, longitudinal studies are 

required to answer this. Secondly, a Bacteroides dominant gut microbiota profile was not exclusively 

associated with bronchiolitis in the Hasegawa et al. study. Between 12 – 25 % of bronchiolitis cases had 

either a Bifidobacterium, Enterobacter/Veillonella or Escherichia dominant gut microbiota, and 20 % of 

healthy controls had a Bacteroides dominant gut microbiota 197. This observation emphasises the 

complexity of associating disease with a gut microbiota composition in a human population where 

there is great steady-state variability.  

The results from this chapter provide evidence that RSV alters the gut microenvironment in a way 

which leads to increased abundance of Bacteroidetes, rather than a Bacteroidetes/Bacteroides 

dominant gut microbiota increasing the susceptibility to RSV infection. Furthermore, the changes in 

gut microbiota composition observed in this animal model of RSV infection appear to reflect some of 

the gut microbiota changes seen in infant RSV infection. These findings suggest that further studies 

attempting to elucidate the mechanism behind respiratory-viral infections and changes in the gut 

microbiota may be translational.   

3.3.2. The importance of mouse strain and supplier in gut microbiota animal models 

The main contrast between the results from the current study on the effect of influenza virus on the 

gut microbiota and previous investigations is that no increase in the Proteobacteria phylum or the 

Enterobacteriaceae family (which belongs to the Proteobacteria phylum) was observed. All studies 

which noted increased in Proteobacteria200,202, Enterobacteriaceae199,200 or Gammaproteobacteria (the 

class above Enterobacteriaceae)201 following influenza A virus infection were conducted in C57BL/6 

mice whereas the present studies used BALB/c mice.  

Mouse strain is known to affect both the response to infection and the baseline gut microbiota 

composition, although no studies to date have currently directly connected the two. BALB/c mice are 

considered more genetically susceptible to RSV infection and they experience higher lung viral titres 

and more severe weight loss compared to C57BL/6 mice278–280. Similarly, C57BL/6 mice are more 
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resistant to early weight loss during influenza virus infection than BALB/c mice, although they both 

experience the same level of peak weight loss281. Baseline gut microbiota profiling of 113 inbred 

mouse strains from the Hybrid Diversity Mouse Panel, which were all maintained in the same facility on 

the same diet for at least two generations, found that relative phyla abundances ranged significantly 

between different strains of mice282. For example, the relative abundance of Proteobacteria ranged 

between 0 (undetected) to 8.7 % across all mouse strains and was detectable in the gut microbiota of 

C57BL/6 but not in BALB/c mice282.  

As the relative abundance of Proteobacteria never exceeded ~ 0.01% in the studies conducted in this 

chapter, it may be that the difference in the impact of influenza virus on the gut microbiota in BALB/c 

mice compared to previous studies using C57BL/6 mice is because BALB/c mice lack or have 

significantly lower levels of Proteobacteria. This theory is supported by a recent study which found that 

the gut microbiota of influenza virus infected BALB/c mice had significantly higher abundance of 

Bacteroidetes and not Proteobacteria compared to uninfected control BALB/c mice203. Therefore, 

perhaps whatever function gives Bacteroidetes the advantage during respiratory viral infection in 

BALB/c mice is shared by certain Proteobacteria members.   

Another factor which may explain the differences in results is animal supplier. Several studies have 

shown that animal supplier plays a greater role in determining baseline gut microbiota composition 

than mouse strain. For example BALB/c and C57BL/6 mice from Jackson have a more similar gut 

microbiota composition to each other than to corresponding strains from Envigo283. The absence of 

segmented filamentous bacteria (SFB) in the present study, which have been observed to decrease in 

abundance after influenza virus infection199,200, may be because mice from Charles River lack detectable 

SFB284. Differences in animal supplier may also explain the discrepancies in gut microbiota results 

between the previous studies on influenza virus infection and the gut microbiota, particularly as the 

increase in Proteobacteria/Enterobacteriaceae was the only common observation across all studies. 

Wang et al. (2014), who sourced mice from Shanghai Animal Laboratories, saw a decrease in 



114 

 

Lactobacillus and no change in Bacteroidetes after influenza virus infection. The colony used by Bartley 

et al. (2017) was from the National Institute of Aging and they found an increase in Verrucomicrobia 

and an increase in multiple Bacteroidetes OTUs (but not the overall phylum). Yildiz et al. (2018) 

purchased mice from Charles River France and observed a decrease in the relative abundance of 

Bacteroidetes and an increase in Firmicutes. Some of these changes, like the decrease in Lactobacillus 

and increase in Bacteroidetes OTU abundance, were also observed in the present study after RSV and 

influenza virus infection, while the results from Yildiz et al. (2018) are the opposite of what was 

observed here.  

The results from this study on the impact of RSV infection on the gut microbiota in mice from Charles 

River and Envigo, however, suggest that the effect of respiratory viral infection is sufficient to 

overcome differences in supplier-dependent baseline gut microbiota profiles. It is important to note 

though that BALB/c mice were used in both cases and so it is unknown what the effect of RSV would 

be on the gut microbiota of different mouse strains and if other phyla were present in quantities 

greater than 2 %. 

Animal diet/chow type is a major contributor to why the gut microbiota of mice varies considerably 

between different suppliers. A supplier-dependent gut microbiota appears to be deeply ingrained as 

even after several weeks of feeding mice from multiple suppliers on the same chow, the beta diversity 

of the gut microbiota remained distinct according to supplier169. This finding suggests that for gut 

microbiota animal models mice purchased externally should ideally be housed within the testing 

facility for the maximum amount of time possible prior to starting the experiment. The 7 day 

acclimatisation period used in this study and by others201 may be insufficient. Diet can even alter the 

response to infection in a gut microbiota dependent manner. Jackson mice normally resistant to 

malaria infection became susceptible and had more severe weight loss when their chow was swapped 

from to the feed used by suppliers of susceptible NIC mice255. It would be very interesting to examine 

whether the feed of different suppliers affected the susceptibility of mice to respiratory viral infection 

and if this was connected to differences in the gut microbiota.  
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Altogether it is likely a combination of animal supplier, their in-house diet and mouse strain that 

contributed to the conflicting results between the current study and previous work on influenza virus.  

These co-factors and confounding variables highlight the importance of conducting the same 

experiment across mouse strains, suppliers and preferably housing facilities.  

3.4. Conclusion 

Respiratory viral infections in BALB/c mice are associated with an acute shift in gut microbiota 

composition. The increase in relative abundance of Bacteroidetes and decrease in relative abundance 

of Firmicutes was independent of animal supplier but may have been influenced by mouse strain as 

they contrasted previous work done in C57BL/6 mice.  

A Bacteroidetes dominant gut microbiota profile has been linked with severe RSV infections in infants, 

suggesting the findings of the current study may be translational. Both RSV and influenza A virus 

infection appear to result in conditions favourable to Bacteroidetes growth over Firmicutes suggesting 

that a factor common to both respiratory infections drives these changes. In order to establish what 

this mechanism is, the impact of respiratory viral infections on the gut environment needs to be 

established and is the focus of the next chapter in this thesis.  

  



116 

 

 

4.  The immune response to respiratory viral 

infection and the impact on the gut environment 
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4.1. Introduction 

In the previous chapter an association between respiratory virus infection and an increase in the 

relative abundance of Bacteroidetes and decrease in the relative abundance of Firmicutes in the gut 

microbiota was observed. As the pattern in altered gut microbiota composition was similar after 

infection with two different pathogens, this implied a factor common to respiratory viral infection 

might drive these changes. One possible explanation is that the immune reaction to respiratory viral 

infection is affecting the gut microbiota. The immune system plays a significant role in shaping the gut 

microbiota (Chapter 1, Section 1.2.1) and the respiratory and gastrointestinal tracts are both mucosal 

organs which share similar innate barrier properties for defence against microorganisms285,286. The 

lungs and gut may be connected more directly via a common mucosal immune system, where innate 

and adaptive immune responses at one mucosal site are shared, directed or initiated at another, 

although this is less well defined in humans287,288.  

4.1.1. The immune response to respiratory viral infection and impact on the gut 

The majority of work on the gut/lung axis has focused on whether the gut microbiota can influence 

immune responses in the lungs (Chapter 1, Section 1.6.1). There is little consensus on whether immune 

reactions in the lungs, including those initiated during respiratory viral infection, alter the cellular or 

cytokine inflammatory profile within the gut.  

One study observed influenza virus infection in mice was associated with changes in the gut 

microbiota, elevated IL-17 mRNA gut expression, increased Th17 cells in the gut and visible gut 

inflammation199. This pro-inflammatory IL-17 response originated in the gut and drove inflammation as 

there was no increase in Th17 cells in the lungs and blocking IL-17 during infection or infecting  

IL-17-/-- mice reduced gut but not lung inflammation. Instead changes in the gut microbiota and gut 

environment during influenza virus infection were initiated by migration of CCR9+ CD4+ IFN-γ+ T cells 

from the lungs to the gut, as blocking this chemotaxis and infecting IFN-γ-/- mice prevented gut 

microbiota changes and reduced gut inflammation.  
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Conversely Deriu et al. (2017) did not observe any signs of gut inflammation or damage using the 

same influenza virus infection model200. As there was no change in the gut microbiota when Ifnar1-/- 

mice were infected, Deriu et al. proposed the anti-viral type I interferon response as the driver behind 

influenza virus-associated gut microbiota changes. How type I interferons might alter the gut 

microbiota is unclear. While there was an increase in the expression of Il-10 and the interferon 

stimulated gene Cxcl10 in the gut of influenza infected wild type mice compared to uninfected 

controls, there was no change in the expression of Ifna4, Ifnβ or Ifnγ in the gut.  

Yildiz et al. (2018) found influenza virus infection was associated with gut epithelium damage but saw 

no visible signs of immune cell infiltration and no increase in type I, II or III interferon gene expression 

in the gut201. Therefore, results are inconclusive as to whether influenza infection is associated with gut 

inflammation and whether the immune response to influenza infection alters the immune cell and 

cytokine profile in the gut.  

Little is known about whether RSV infection alters inflammation in the gut. Because similar changes 

were noted in the gut microbiota during both RSV and influenza virus infection, if the immune 

response drove these changes then it is likely part of a general lung inflammatory response to 

respiratory viral infection. This common lung inflammatory response could involve increased 

expression of acute phase cytokines like IL-1β289,290 or T cell-derived pro-inflammatory cytokines such 

as IFN-γ and IL-17291–293 which are all increased during RSV and influenza infection. Changes in the gut 

microbiota may be connected to the airway neutrophilia which accompanies both RSV and influenza 

infection294–296. Whether any of these immune responses, and those observed in previous influenza 

studies, are found in the gut during RSV infection is unknown. Consequently, one important aim of this 

chapter was to profile certain aspects of the inflammatory response in the lungs during RSV and 

influenza virus infection and see if this was reflected in an altered inflammatory response in the gut.  
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4.1.2. Mucus and gut microbiota homeostasis 

Immune cells and cytokine production are not the only part of the immune response to respiratory 

viral infection which may connect the lungs with the gut. The respiratory and gastrointestinal tracts are 

both lined with a mucosal membrane that acts as the first-line of defence by secreting mucus which 

forms the main barrier between the host and the microbiota/invading pathogens297. Mucus is a viscous 

gel comprised predominately of water and glycoproteins called mucins, as well as lipids, other secreted 

proteins like IgA and salts which collectively contribute to host defence and mucosal environment 

homeostasis298. Mucus hypersecretion is part of the innate immune defence against mucosal infection 

and RSV and influenza virus have been shown to stimulate an increase in airway mucus production in 

both humans and animal infection models299–302. It is not known whether this is confined to the airways 

or if respiratory viral infections can induce mucus secretion at other mucosal surfaces. Deriu et al. 

(2017) did observe increased expression of Muc2 mRNA in the caecum following influenza virus 

infection which was not apparent in Ifnar1-/- infected mice200, which suggests the type I interferon 

response to viral infections may alter mucin expression at other mucosal sites. Alternatively, an 

increase in airway mucus could indirectly impact on the gut environment as mucus is usually cleared 

from the airways by coughing and swallowing303, which may enrich mucus levels in the gut. 

A change in mucus in the gut during respiratory viral infection could have a significant impact on the 

gut microbiota as mucus forms a major part of the gut microbiota habitat and commensal bacteria 

have evolved to colonise, adhere to and use mucus as a nutritional source298. The main component of 

mucus used by bacteria as an energy source are the mucins. Mucins are heavily O-glycosylated 

proteins produced in the mucosa, either by specialised goblet cells in the epithelium or by mucous 

cells in submucosal glands304,305. Mucins can be roughly divided into secreted mucins which form the 

gel-like outer mucus layer and membrane-bound mucins which form the stable mucus inner layer306.  

Secreted mucins are the main type used by commensal bacteria for food and attachment as the inner 

mucus layer is largely devoid of bacteria307. In the respiratory tract Mucin 5ac (Muc5ac) and Mucin 5b 
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(Muc5b) are the dominant secreted mucins, although other mucins like Mucin 2, Mucin 7, Mucin 8 and 

Mucin 19 are also produced in smaller quantities304,308. In the small intestines and colon Muc2 is the 

predominant secreted mucin and airway-associated mucins like Muc5ac are not present309,310. The 

glycans attached to mucins often contain terminal sialic acid and sulphate residues and these glycans, 

sulphates and sialic acids can all be used by gut microbiota members as energy sources depending on 

their enzymatic profile311–313.  

Due to their complexity, a wide range of enzymes including glycosidases, proteases, sialidases and 

sulphatases are required to completely break-down mucins for energy314. While many commensal 

bacteria possess the glycosidase enzymes required to metabolise glycans from mucins, only a few 

bacteria are currently known to possess all mucin-degrading enzymes and can therefore use the 

mucins as a sole carbon and nitrogen source298,315. Even bacteria which lack any direct ability to 

degrade mucin can still benefit from “cross-feeding” where they use metabolites released by mucin-

degraders, such as sulphates released from sulphomucins, for their own energy requirements298,316. In 

light of the cooperative nature of mucin-degradation, any change in mucin availability could 

significantly impact on the entire gut microbiota community and therefore another aim of this chapter 

was to measure airway and gut mucin levels during respiratory viral infection.  
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4.1.3. Chapter aims and hypothesis 

I hypothesise that the immune response to respiratory viral infections does not alter the inflammatory 

profile within the gut but does affect the type or quantify of mucin in the gut. This change in mucin 

availability then alters the gut microbiota during respiratory viral infection.   

Aims: 

1. To compare the lungs and colon for signs of inflammation during RSV and influenza virus 

infection, using a combination of histopathology and analysis of pro-inflammatory 

protein/cytokine production. 

 

2. To measure the expression and levels of airway-associated Muc5ac and gut-associated Muc2 

in the lungs and colon during respiratory viral infection. 

 

3. To artificially increase mucin levels in the gut and observe whether this alters the gut 

microbiota in a similar manner to that observed during respiratory viral infection.  
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4.2. Results 

4.2.1. Respiratory viral infections are not associated with gut inflammation  

To investigate whether the inflammatory immune response to respiratory viral infections affected the 

inflammatory profile in the gut, sections of upper airway (Fig. 4.1A), lower airway (Fig. 4.1B) and colon 

(Fig. 4.1C) from RSV and influenza virus infected mice were examined for signs of overt immune cell 

infiltration and tissue damage and compared to PBS controls. Using a blinded scoring system both RSV 

and influenza virus infection resulted in significant upper airway inflammation (Fig. 4.1D). There was 

also significant lower airway inflammation in influenza virus infected mice compared to PBS controls 

(Fig. 4.1E). In the gut there was no significant difference in the number (Fig. 4.1F) or size (Fig. 4.1G) of 

lymphoid aggregates between infected mice and controls and no obvious signs of colonic epithelium 

damage or mucosal inflammation in any samples. This result suggests that while there is a distinct 

immune response in the lungs during respiratory viral infection, it is not associated with visible 

inflammation or increased immune cell infiltration in the gut.  

It is possible that respiratory viral infection results in a form of low-grade gut inflammation not 

detectable by histopathology. Analysing levels of faecal lipocalin-2 is considered a more sensitive 

marker of gut inflammation211. Lipocalin-2 is an anti-microbial protein that binds bacterial 

siderophores and prevents them from sequestering iron317. It is produced by a range of cells including 

neutrophils, intestinal and respiratory epithelial cells and constitutes part of the acute immune 

response to infection at mucosal sites318–320.  

There was a significant increase in the levels of lipocalin-2 in the faeces of mice following RSV infection 

(Fig. 4.2A). Lipocalin-2 was also elevated in the BAL fluid (Fig. 4.2B) and in the serum (Fig. 4.2C) of mice 

after RSV infection, suggesting that the faecal lipocalin-2 might have originated in the lungs. However, 

it is possible lipocalin-2 was also produced in situ in the gut during RSV infection. As lipocalin-2 plays a 

significant role in maintaining gut microbiota homeostasis317, a rise in lipocalin-2 levels may link 
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respiratory viral infections with a change in gut microbiota composition or may reflect increased 

inflammation following gut microbiota changes.  

 

Figure 4.1. Respiratory viral infections result in significant airway but not gut inflammation  

Examples of upper airway lung sections (A), lower airway lung sections (B) and proximal colon sections (C) from 

PBS dosed, RSV infected and influenza A H1N1 virus infected mice at day 7 post infection. Three µm sections of 

lung and gut were stained with haematoxylin and eosin and assessed × 20 magnification for inflammation. 

Peribronchiolar, perivascular, and interstitial airway inflammation was assessed in a blinded manner and combined 

together to give a combined inflammatory score for the upper airways (D) and lower airways (E). Colonic 

inflammation was scored by counting and measuring the size (F) and number (G) of lymphoid aggregates in the 

colonic epithelium. N = 5 mice per group ± SEM * P ≤ 0.05, ** P ≤ 0.01, *** P ≤ 0.001.  
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Figure 4.2. Lipocalin-2 levels following RSV infection.  

Levels of lipocalin-2 were measured in the faeces (A), bronchoalveolar lavage (BAL) fluid (B) and serum (C) of RSV 

infected mice using an ELISA. Levels in BAL fluid and serum were measured at day 7. N = 5 mice per group ± SEM 

* P ≤ 0.05, ** P ≤ 0.01, *** P ≤ 0.001.  

 

While influenza virus infection was also associated with a significant increase in airway (Fig. 4.3A) and 

serum (Fig. 4.3B) lipocalin-2, there was no detected increase in the faeces (Fig. 4.3C). Due to the low 

number of samples at the day 7 time point corresponding with the microbiota results in Chapter 3, 

Section 3.2.5., faecal lipocalin-2 levels were analysed in a separate independent experiment. No 

increase in lipocalin-2 at either day 4 or 7 following influenza infection was observed (Fig. 4.3D). These 

findings demonstrate that not all respiratory viral infections result in elevated faecal lipocalin-2 and 

suggests that this may not be the connection between respiratory viral infections and an altered gut 

microbiota composition.   
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Figure 4.3. Lipocalin-2 levels following influenza A virus infection.  

Levels of lipocalin-2 were measured in the bronchoalveolar lavage (BAL) fluid (A) and serum (B) and faeces (C) of 

H1N1 infected mice using an ELISA. In an independent experiment, female BALB/c mice were infected with the 

same dose and strain of influenza virus used previously and lipocalin-2 was measured in the faeces before and 

after infection (D). Levels in the BAL fluid and serum were measured at day 7. N = 5 mice per group per 

experiment ± SEM * P ≤ 0.05, ** P ≤ 0.01 

 

To see whether the immune reaction in the lungs was reflected in the gut during respiratory viral 

infection, the expression of several pro-inflammatory cytokines and chemokine genes known to 

increase in the airways during RSV infection were measured both in the lungs and colon291,321. There 

was a significant increase in the expression of the Il1β (Fig. 4.4A), Kc (Fig. 4.4B) and Ifnγ (Fig. 4.4C) 

genes in the lungs following RSV infection. While there was no increase in Ifnβ expression in the lungs 

(Fig. 4.4D), this was likely due to samples being taken after the type I interferon response had 

peaked322. There was no increase in the expression of Il1β (Fig. 4.4E), Kc (Fig. 4.4F), Ifnγ (Fig. 4.4G) or 

Ifnβ (Fig. 4.4H) gene expression in the colon following RSV infection.  
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Figure 4.4. Lung and colon cytokine and chemokine expression following RSV infection.  

Fold change in the expression of Il1β (A), Kc (B), Ifnγ (C) and Ifnβ (D) in the lungs at day 7 after RSV infection 

compared to PBS controls. Fold change in the expression of Il1β (E), Kc (F), Ifnγ (G) and Ifnβ (H) in the colon at day 

7 after RSV infection compared to PBS controls. Gene expression was measured using qPCR on bulk lung and 

colon mRNA, relative to GAPDH expression. 

 

To further profile the immune response in the lungs and gut during respiratory viral infection, the 

protein levels of IFN-γ, IL-13 and IL-17 were measured in the BAL fluid and colonic lavage. There was a 

significant increase in the levels of IFN-γ in the BAL fluid after RSV infection (Fig. 4.5A), but no change 

in airway IL-13 (Fig. 4.5B) or IL-17 (Fig. 4.5C). This increase in IFN-γ was not observed in the gut (Fig. 

4.5D) and there was no change in IL-13 or IL-17 in the colonic lavage fluid following RSV infection (Fig. 

4.5E-F).    
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Figure 4.5. Airway and gut cytokine levels following virus infection.  

Levels of IFN-γ (A), IL-13 (B) and IL-17 (C) in the bronchoalveolar lavage (BAL) fluid at day 7. Levels of IFN-γ (D), IL-

13 (E) and IL-17 (F) in the colonic lavage fluid at day 7. Cytokines levels were measured by ELISA. The wide range 

of airway IFN-γ levels meant it was necessary to log transform the y-axis. N = 5 mice per group ± SEM. ** P ≤ 0.01 

 

Similarly while there was an altered cytokine response in the lungs following influenza virus infection, 

with elevated IFN-γ levels (Fig. 4.6A), decreased IL-13 (Fig. 4.6B) and undetectable IL-17 (Fig. 4.6C) in 

the BAL fluid of infected mice, there was no difference in the levels of IFN-γ (Fig. 4.6D), IL-13 (Fig. 4.6E) 

or IL-17 (Fig. 4.6F) in the colonic lavage of influenza infected mice compared to PBS controls.  

Together these results indicate that increased inflammation and pro-inflammatory protein/cytokine 

expression in the lungs during respiratory viral infection is not reflected by a change in the same 

inflammatory profile in the gut, suggesting that changes in the gut microbiota are driven by another 

factor common to both infections.  
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Figure 4.6. Airway and gut cytokine levels following influenza A virus infection.  

Levels of IFN-γ (A), IL-13 (B) and IL-17 (C) in the bronchoalveolar lavage (BAL) fluid at day 7. Levels of IFN-γ (D), IL-

13 (E) and IL-17 (F) in the colonic lavage fluid at day 7. Cytokine levels measured by ELISA. The wide range of 

airway IFN-γ levels meant it was necessary to log transform the y-axis. N = 5 mice per group ± SEM. ND = not 

detected. ** P ≤ 0.01 
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4.2.2. Respiratory viral infections increase Mucin 5ac levels in the gut  

Another component of the immune response to respiratory viral infection is mucus hypersecretion 

which is generally defined as excessive or increased synthesis and secretion of mucus323. Both RSV and 

influenza virus infection increase airway mucus production, including the expression of Muc5ac299–302. 

To investigate whether airway mucus hypersecretion during respiratory viral infection was associated 

with an increase in mucus at other mucosal surfaces, the levels of Muc5ac and Muc2 were measured in 

the BAL fluid and colonic lavage. Because of their high overall molecular weight and complexity, 

mucins are notoriously difficult to quantify accurately298. The antibodies used in this study recognised 

mouse mucins but did not bind to the porcine stomach mucin standard as previously described220.  

Consequently, it was not possible to quantify the mouse mucins so instead relative levels are 

presented based on optical density readings. There was a significant increase in the level of Muc2 in 

the airways but not the gut following RSV infection (Fig. 4.7A). Interestingly, levels of Muc5ac were 

increased in both the airways and the gut (Fig. 4.7B). To see if increased levels of Muc5ac were 

consistently observed during RSV infection, mucin levels were measured in the colonic lavage of RSV 

infected mice co-housed with uninfected controls from the independent experiment described in 

Chapter 3, Section 3.2.2. Muc5ac but not Muc2 was elevated in the gut of RSV infected but not among 

PBS dosed mice (Fig. 4.7C).  

 

Figure 4.7. Mucin levels in the airways and colon following RSV infection.  

Relative levels of Muc2 (A) and Muc5ac (B) were measured in the airways (BAL fluid) and colon (colonic lavage 

fluid) at day 7 after RSV infection and PBS dosing. Mice housed according to treatment group. Levels of Muc2 and 
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Muc5ac were measured in the colonic lavage of RSV infected and PBS dosed mice housed together (Chapter 3, 

Section 3.2.2) at day 7 (C) N = 5 mice per group ± SEM.  * P ≤ 0.05, ** P ≤ 0.01 

To investigate whether RSV infection was stimulating production of Muc5ac in colonic goblet cells, the 

expression of Muc5ac and Muc2 genes was measured in lung and colon tissue. There was no 

significant difference in Muc2 (Fig. 4.8A) or Muc5ac (Fig. 4.8B) gene expression in the lungs or colon at 

day 7 after RSV infection, and no change in the expression of either gene in the lungs or colon of RSV 

infected mice co-housed with uninfected controls (Fig. 4.8C-D). Intestinal Muc5ac expression is usually 

associated with gastrointestinal cancer or inflammatory conditions324. While in the present experiments 

Muc5ac was occasionally detected in the colon of healthy mice, for most samples it was not 

detectable. Muc2 and Muc5ac expression was not elevated in the lungs of RSV infected mice despite 

an increase in protein levels in the BAL fluid at the same time point. This result suggests respiratory 

mucin gene expression is activated before day 7 of infection and means a change in colon mucin gene 

expression at earlier time points cannot be ruled out. 

 

Figure 4.8. Expression of mucin genes in the lungs and colon following RSV infection.  

Fold change in the expression of Muc2 (A) and Muc5ac (B) in the lungs and colon at day 7 following RSV infection 

compared to PBS dosed animals. Mice housed according to treatment group. Fold change in the expression of 



131 

 

Muc2 (C) and Muc5ac (D) in the lungs and colon of RSV infected mice co-housed with PBS controls. Gene 

expression measured by qPCR in bulk tissue mRNA, relative to the expression of GAPDH.) N = 5 mice per group ± 

SEM.   

To see whether increased Muc5ac in the gut was common to respiratory viral infections, the level and 

expression of Muc5ac was measured in the lungs and colon following influenza virus infection. Muc5ac 

was significantly elevated in the BAL fluid and colonic lavage of infected mice at day 7 compared to 

PBS controls (Fig. 4.9A), although again there was no difference in Muc5ac expression in the lungs or 

colon at this time (Fig. 4.9B). Taken together these results indicate that respiratory viral infections 

cause airway mucus hypersecretion and that this impacts specifically on the levels of Muc5ac in the 

gut. As mucins and mucus play an important role in maintaining gut microbiota homeostasis, this 

increase in gut Muc5ac following respiratory viral infection may drive the changes in gut microbiota 

composition observed. 

 

Figure 4.9. Muc5ac profile in the lungs and colon following influenza A virus infection.  

Levels of Muc5ac were measured in the airways (BAL fluid) and colon (colonic lavage) at day 7 after influenza A 

virus infection (A). Fold change in the expression of Muc5ac (B) in the lungs and colon at day 7 following influenza 

A virus infection compared to PBS dosed animals. Mice housed according to treatment group. Gene expression 

measured by qPCR in bulk tissue mRNA, relative to the expression of GAPDH. N = 10 mice per group for protein 

ELISA and 5 mice per group for gene expression ± SEM. ** P ≤ 0.01, **** P ≤ 0.0001 
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4.2.3. Oral gavage with mucin does not alter the gut microbiota  

Mucins are heavily glycosylated proteins which undergo a significant amount of post-translational 

modification and as such there are limited options for acquiring substantial quantities of purified 

mucin. Partially purified porcine stomach mucin is one of the most commonly used commercially 

available mucin products for culturing and studying mucin-degrading bacteria311. While Muc5ac is not 

produced in the intestines or colon, it is the main gel-forming mucin found in the stomach305,325. The 

assumption was therefore that porcine stomach mucin would contain a proportion of Muc5ac and it 

could be used to examine the impact of artificially increasing mucin levels in the gut on the 

composition of the gut microbiota. 

Mice were orally gavaged every day for three days with either 25, 50 or 100 mg/ml porcine stomach 

mucin. The lack of protein standard for the mucin ELISAs meant it was not known how much Muc5ac 

increased in the lungs or gut following respiratory viral infection. Airway mucin concentrations can rise 

from 0.6 to 40 mg/ml in asthmatics experiencing mucus hypersecretion220 and the physiological 

concentration of mucin in the gut is estimated to be 25 mg/ml326. The dose range was therefore 

chosen to reflect these prior findings in humans. Control mice were orally gavaged every day with 

either the same sterile water used to reconstitute the mucin, or a sham oral gavage procedure was 

performed to account for the effect of repeated stress on the gut microbiota. Faecal samples were 

taken at the beginning and end of the experiment (Fig. 4.10A). There was no weight loss during the 

study and the 100 mg/ml mucin oral gavage mice gained a small but significant amount of weight by 

day 4 (Fig. 4.10B). There was no difference in the levels of detectable Muc2 (Fig. 4.11A) or Muc5ac (Fig. 

4.11B) in the airways or gut between any of the groups or across time points, although as mentioned 

earlier (Section 4.2.2.) the antibodies used in these ELISAs did not recognise the mucin used for the 
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oral gavage. Therefore, while oral gavage did not increase natural levels of either mucin in the gut, it 

was not possible to tell what the effect was on overall mucin levels. 

 

 

Figure 4.10. Artificially increasing levels of mucin in the gut.  

Mice were orally gavaged every day for three days with either 25, 50 or 100 mg/ml partially purified porcine 

stomach mucin. Controls were either orally gavaged with sterile water or a sham procedure was performed. Faecal 

samples were taken for 16S rRNA gene sequencing at day 0 and 4 (A). Weight loss was measured every day during 

oral gavage dosing (B) N = 5 mice per group ± SEM.  * P ≤ 0.05 

 

 

Figure 4.11. Airway and gut mucin levels following oral gavage with mucin.  

Levels of Muc2 (A) and Muc5ac (B) were measured in the airway (BAL fluid) and colon (colonic lavage) at day 4 

following repeated oral gavage dosing with partially purified porcine stomach mucin, sterile water or sham 

procedure. N = 5 mice per group ± SEM.   
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There was no change in the number of observed OTUs (Fig. 4.12A), the Shannon Index (Fig. 4.12B) or 

the inverse of Simpson’s Index (Fig. 4.12C) from day 0 to 4 for any group, suggesting that oral gavage 

with porcine stomach mucin did not affect the alpha diversity of the gut microbiota. There was a 

significant difference in baseline alpha diversity measures between certain groups. Mice which received 

100 mg/ml mucin every day had significantly fewer observed OTUs at day 0 compared to the water 

control group, and a significantly lower Shannon Index at day 0 compared to both the water and sham 

controls (Fig. 4.12A-B). These results indicate that at the beginning of the experiment the 100 mg/ml 

mucin oral gavage group had a lower alpha diversity driven by a lower species richness.  

 

Figure 4.12. Alpha diversity measures of the gut microbiota following oral gavage with mucin.  

Number of observed OTUs (A), the Shannon Index (B), and the inverse of Simpsons Index (C) of the gut microbiota 

from faecal samples taken at day 0 and 4 following oral gavage with partially purified porcine stomach mucin, 

sterile water or sham procedure. N = 5 mice per group ± SEM.  * P ≤ 0.05 

There was no difference in the beta diversity of the gut microbiota following mucin oral gavage, 

regardless of dose (Fig. 4.13A), and no change in the beta diversity of control animals during the 

experiment (Fig. 4.13B). Analysis of the overall gut microbiota composition at day 0 revealed a 

significant difference between the groups (P = 0.001), which was due to the difference in beta diversity 

between both the 25 and 100 mg/ml mucin oral gavage groups compared to the sham group (Fig. 

4.13C). Therefore, despite mice being purchased from the same supplier and housed for the standard 

acclimatisation time, there was a significant difference in the starting gut microbiota diversity between 

experimental and control groups.  



135 

 

 

Figure 4.13. Beta diversity of the gut microbiota following oral gavage with mucin.  

Beta diversity of the gut microbiota at day 0 and 4 following oral gavage with 25 mg/ml (stress = 0.07), 50 mg/ml 

(stress = 0.09) and 100 mg/ml (stress = 0.17) partially purified porcine stomach mucin (A) or sterile water (stress = 

0.06) or sham (sham = 0.04) procedure (B). Baseline beta diversity of each group at day 0 (stress = 0.18) (C).  N = 5 

mice per group. Beta diversity calculated on a Bray-Curtis dissimilarity matrix with NMDS ordination.  

Analysing the composition at a phylum and family level revealed that oral gavage with mucin had a 

dose specific impact on the gut microbiota. There was no change in the relative abundance of 

Bacteroidetes or Firmicutes following either 25 or 100 mg/ml daily dosing with mucin but there was a 

significant increase in the relative abundance of Bacteroidetes and a significant decrease in the relative 

abundance of Firmicutes after dosing with 50 mg/ml mucin (Fig. 4.14A). However, Bacteroidetes 

abundance at day 0 in the 50 mg/ml mucin group was however significantly lower (P = 0.05) than in 

day 0 samples from the 25 mg/ml mucin group, once more highlighting the difference in baseline gut 

microbiota composition.  
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There was no change in the relative abundance of either phyla among control animals (Fig. 4.14B). 

There was also no change in the relative abundance of the dominant families within these phyla in the 

25 mg/ml mucin group. There was, however, a significant increase in the S24_7 family after oral gavage 

with 50 mg/ml mucin and a significant decrease in Lactobacillaceae after oral gavage with 100 mg/ml 

mucin (Fig. 4.14C). There was no difference in the abundance of the dominant families in the control 

groups during the experiment (Fig. 4.14D).  

While oral gavage with 50 mg/ml mucin altered the ratio of Bacteroidetes to Firmicutes in a similar 

manner to that observed during respiratory viral infection, the lack of a change in beta diversity and 

any significant impact on phyla abundance after dosing with 25 or 100 mg/ml mucin suggests that an 

increase in mucin in the gut is not driving these gut microbiota changes. The difference in starting gut 

microbiota diversity between the 25 and 100 mg/ml mucin oral gavage groups and the control groups 

may have masked the effect of oral gavage with mucin on the gut microbiota. Furthermore, the 

difference in baseline Bacteroidetes abundance between the 25 and 50 mg/ml mucin oral gavage 

groups makes it difficult to establish whether mucin oral gavage altered the gut microbiota or if the 

increase in Bacteroidetes in the 50 mg/ml group reflects a stabilisation in gut microbiota composition.  

The main limitation of the study was the inability to profile the mucin used for oral gavage and to 

subsequently confirm whether it was successful at raising gut mucin levels.  
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Figure 4.14. Dominant phyla and family abundance following oral gavage with mucin. 

Relative abundance of Bacteroidetes and Firmicutes following oral gavage with 20, 50 or 100 mg/ml partially 

purified porcine stomach mucin (A) or sterile water or sham procedure (B). Relative abundance of the dominant 

families with each phylum (total relative abundance each family >1%) following oral gavage with mucin (C) or 

controls (D). N = 5 mice per group. Beta diversity calculated on a Bray-Curtis dissimilarity matrix with NMDS 

ordination. * P ≤ 0.05 
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4.3. Discussion 

RSV and influenza virus infection resulted in significant airway inflammation but no overt damage, 

inflammation or significant immune cell infiltration was observed in the colon. RSV infection was 

associated with increased faecal levels of the anti-microbial lipocalin-2, which may impact on the gut 

microbiota, but as this was not seen during influenza virus infection it is unlikely to be the main driver 

behind gut microbiota changes. While several pro-inflammatory cytokines and chemokines were 

elevated in the airways and lungs during RSV and influenza virus infection, this was not reflected by 

any change in the expression or levels in the gut. Airway mucus hypersecretion was observed following 

both RSV and influenza virus infection and the gut was also enriched for airway-associated mucin 

Muc5ac. Attempting to artificially increase gut mucin levels via oral gavage with porcine stomach 

mucin did not change the diversity of the gut microbiota or alter the composition in a dose-dependent 

manner; however, some small changes were observed that were similar to those previously seen 

during respiratory viral infection.  

4.3.1. The ability of immune responses in the airways to affect the gut 

The underpinning theory behind an immunological connection in the gut/lung axis is that immune 

responses in the airways can substantially affect the immune environment in the gut in a way which 

could alter the gut microbiota. Mucosal delivery of vaccines have demonstrated that immune 

responses at a mucosal surface can have systemic effects; however, all currently licensed mucosal 

vaccines are targeted against pathogens which infect the mucosal surface where the vaccine is 

administered e.g. oral cholera vaccine and intranasal live attenuated influenza vaccine297. Evidence for 

immune responses at one mucosal site provoking significant immune responses at a distal mucosal 

site is less clear.  

Some intranasal vaccination studies in mice have demonstrated antigen-specific IgA production in the 

gut327 and antigen-specific T cell migration from the lungs to the gut which is sufficient to protect 

against gut infection328. A combination of intranasal and vaginal immunisation in mice has been shown 
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to provoke strong antigen-specific CD8+ T cell responses in the genital mucosa329 but had little effect 

on B cells and antibody330. In humans, intranasal vaccination does not significantly increase antigen-

specific antibody production in the gut331 but may still be a viable strategy for inducing certain types 

of immune response (e.g. IgA) in the genital tract332. On the whole, the common mucosal immune 

system may be more compartmentalised than previously thought and, with a few exceptions, mucosal 

immune responses are strongest at the site of induction and do not appear to significantly alter 

immune responses at distal mucosal sites333–335.  

In this present study the expression of pro-inflammatory cytokines IL-1β and IFN-γ and the mouse 

neutrophil chemokine KC were measured, as these are all known to increase during RSV infection in 

mice291,321. Despite a significant increase in lung gene expression, there was no change in the gut gene 

expression. Similarly, while both RSV and influenza virus resulted in significant lung inflammation and 

high airway levels of IFN-γ, there was no visible increase in immune cell infiltration or increased IFN-γ 

in the gut. Immune cell migration from the lungs to the gut and cytokine expression by gut 

lymphocytes was not measured in these experiments, but these exploratory results indicate that 

immune responses to respiratory viral infections may be limited to the airways. These findings contrast 

the study by Wang et al. (2014) which proposed that increased IL-17 in the gut was associated with a 

disrupted microbiota during influenza virus infection199. Another consideration for the present study is 

that the type I interferon response in the lungs and gut was not fully characterised as it occurs much 

earlier during infection than the study’s experimental endpoint of peak disease severity. Type I 

interferon levels would therefore need to be reanalysed at 24 – 48 hours after infection, when there is 

elevated IFN-α and IFN-β in the lungs, to determine whether a type I interferon response is initiated in 

the gut following RSV infection. The type I interferon response is, however, unlikely to connect 

respiratory viral infections with an altered gut microbiota. The gene expression of IFN I, II or III was not 

altered in the gut during previous influenza virus infection studies201 and there is a substantial 

difference in the strength and duration of the type I interferon response during RSV infection 

compared to influenza virus infection, yet both infections result in similar gut microbiota changes322,336.  
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4.3.2. Impact of elevated gut mucin on the gut microbiota 

The results presented in this chapter indicate that respiratory viral infections are associated with 

increased Muc5ac in the gut. The increase in gut Muc5ac is is likely due to increased colonic Muc5ac 

expression, as levels of both Muc5ac and Muc2 were increased in the airways and so if airway mucus 

was being swallowed and enriching the gut then gut levels of Muc2 would also be expected to 

increase. The origin of the Muc5ac in the gut following respiratory viral infection remains to be 

confirmed by analysing lung and gut tissue samples at earlier time points during infection. It would 

also be interesting to measure levels of other mucins found in the airways and not the gut, such as 

Muc5b, Muc7 and Muc8, during respiratory viral infection.  

As mucus is nutrient rich, if its levels in the gut were affected during respiratory viral infection one 

possible impact would be on the abundance of mucin-degrading bacteria. The ability to metabolise 

host glycans from mucins is found among members from all gut microbiota-associated phyla but is 

particularly prevalent in Bacteroidetes337,338. The S24_7 family, which was frequently increased in 

abundance in the gut after RSV and influenza virus infection, is often seen increased in gut 

inflammation/infection models alongside the exclusive mucin-degrading bacteria Akkermansia 

muciniphilia222. This finding suggests that conditions which favour A. muciniphilia growth might also 

favour S24_7. Furthermore, genetic analysis studies have demonstrated that several members of the 

S24_7 family may have host glycan-metabolising abilities similar to that of A. muciniphilia339. Increased 

gut mucin during respiratory viral infection might specifically favour Bacteroidetes growth over mucin-

degrading members of other phyla because Bacteroidetes are considered more metabolically flexible 

and can utilise a wider range of glycans for energy340,341. Therefore, if the type or availability of host-

derived glycans from mucin altered significantly, as it appears to during respiratory viral infections, this 

may give Bacteroidetes the advantage in the gut environment.  

Another possibility is that increased gut mucin during respiratory viral infection alters the gut 

microbiota composition through a change in mucin-bacteria attachment. The ability to bind glycans on 
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mucin, colonise mucus and decrease transit time through the gut may confer a significant advantage 

to certain bacteria298 and so any changes to the structure, and particularly glycosylation, of mucins in 

the gut may affect gut microbiota composition. Although the gross peptide sequence of secreted 

mucins like Muc2 and Muc5ac are very similar, there are some structural differences which correlate 

with their anatomical distribution. For example, in mice colonic mucins like Muc2 predominantly 

contain core 2 (Galβ1–3(GlcNAcβ1–6)GalNAcol) and core 4 (GlcNAcβ1–3(GlcNAcβ1–6)GalNAcol) O-

linked glycans, while gastric mucin Muc5ac only contains core 2 (Galβ1–3(GlcNAcβ1–6)GalNAcol) O-

linked glycans342. Furthermore, Muc5ac core 2 glycans are mainly neutral or contain one sulphate 

residue, while Muc2 core 2 glycans contain one or two sialyic acid residues342. It may be that bacteria-

mucin interactions are organ and mucin specific and so, as Muc5ac is not usually present in the colon, 

colonic gut bacteria may not have evolved to bind to its specific glycosylation pattern298. Which 

members of the gut microbiota are capable of attaching to Muc5ac is unclear, as the majority of 

studies have used porcine gastric mucin which has a mixed composition. Therefore, while members of 

Bacteroidetes have been shown to bind mucins in the colon343, whether they can bind to Muc5ac is 

unknown. It has been shown that Helicobacter pylori, which uses Muc5ac as its primary attachment site 

in the stomach, can also bind to airway Muc5ac, suggesting that some gut bacteria are able to bind 

mucins from organs they do not colonise344. Further work is needed to clarify the relationship between 

Bacteroidetes and Muc5ac and to measure the thickness of colonic mucus in the gut during respiratory 

viral infection as a change in the integrity of the mucosal barrier can have pathological consequences.  

4.3.3. Establishing causation between increased gut mucin and an altered gut 

microbiota 

Increased Muc5ac in the genital tract has been associated with an altered vaginal microbiota 

composition, although it was proposed that the change in microbiota drove a pro-inflammatory 

mucosal environment that increased mucin levels345. It may be that gut microbiota changes following 

respiratory viral infection stimulates a proinflammatory increase in gut mucin levels, although in the 

present study no increase in overall gut inflammation was seen. To test whether increased gut mucin 



142 

 

could drive an increase in the ratio of Bacteroidetes to Firmicutes, an experiment to artificially increase 

mucin levels by oral gavage with partially purified porcine stomach mucin was performed. Oral gavage 

with mucin did not recapitulate changes in the gut microbiota observed during respiratory viral 

infection. Issues with differences in baseline gut microbiota composition and the mucin used for oral 

gavage means the model requires improvement and further testing. 

It has been previously shown that members of the gut microbiota can bind to and degrade the 

partially purified porcine stomach mucin used for oral gavage314,343,346. Muc5ac is the predominant 

secreted mucin in the stomach305 and the brand of mucin used in this study has been shown to contain 

Muc5ac220. However, in the present study the same antibody was found to not recognise porcine 

stomach mucin and, from personal communication with colleagues at the National Heart and Lung 

Institute, others have had difficulty establishing a mucin standard using commercial mucin and 

antibodies. The lack of a mucin standard meant it was difficult to ascertain whether oral gavage did 

increase gut mucin levels. Furthermore, the partially purified porcine stomach mucin used for gavage 

cannot form a gel when mixed with water and lacks the barrier functions of native mucus347 which may 

alter its interaction with the gut microbiota. Options for optimising the mucin oral gavage model 

include using gut mucus isolated directly from mice343, or purifying Muc5ac from human intestinal or 

airway cell lines304,348. Alternatively, studying the gut microbiota during respiratory viral infection in 

Muc5ac-/-- mice would be another way to establish whether increased mucus drove the change in gut 

microbiota composition.   

4.4. Conclusion 

The only immune response in the airways which was reflected in the gut during respiratory viral 

infection was an increase in the levels of Muc5ac. This increase in gut mucin may be driving respiratory 

viral infection-associated changes in the gut microbiota as Muc5ac could be used as an alternative 

source of energy or attachment for certain bacteria and give them an advantage in the competitive gut 

environment. Further work is needed to identify how respiratory viral infections increase colonic 
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Muc5ac levels, whether this results in increased mucin-degradation and to establish whether the 

increase in Muc5ac initiates gut microbiota changes or occurs in response to gut microbiota changes 

during respiratory viral infection. Having not observed any consistent inflammatory response in the gut 

during respiratory viral infection or established whether an increase in mucus in the gut alters the gut 

microbiota, the next step was to focus on weight loss, which is another factor common to respiratory 

viral infections, and whether it had connections to the gut microbiota changes observed.   
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5.  Respiratory virus infection-induced inappetence 

drives gut microbiota and faecal metabolome changes 

 

 

Aspects of this work have been submitted for publication:  

 

 

Respiratory viral infection alters the gut microbiota by inducing inappetence 

Groves et al. In submission 



145 

 

5.1. Introduction 

Similar changes observed in the gut microbiota composition during both RSV and influenza virus 

infection (Chapter 3) implies the underlying mechanism driving the change is common to both 

infections. The only direct connection observed between the lungs and gut during RSV and influenza 

virus infection was increased levels of Muc5ac in the airways and colon (Chapter 4, Section 4.2.2.). 

Respiratory viral infections may therefore be altering the gut environment indirectly, for example by 

reducing food intake. Changes in the gut microbiota composition during respiratory viral infection may 

also impact on other aspects of health and disease, such as metabolism and susceptibility to other 

infections.   

5.1.1. Food intake during respiratory viral infection and potential impact on the gut 

microbiota  

A common symptom of illness in mice, observed in this thesis and by others, is weight loss. In 

influenza virus this weight loss has been associated with reduced food intake349,350. To the best of my 

knowledge, food consumption during RSV infection in mice has not been published. Anorexia is a 

common feature of many infections351 and loss of appetite, also referred to as inappetence, is a 

symptom of both influenza and RSV infection in humans352,353.  

How infections result in inappetence is linked to the acute phase cytokine response where innate 

immune cells release cytokines early in infection following detection of pathogen associated molecular 

patterns through pattern recognition receptors. Systemic administration of these cytokines, such as IL-

1β, IL-18, IL-2, IL-6, TNF-α and IFN-γ, has been shown to directly induce inappetence and reduce food 

intake outside the context of infection354,355. The role of the immune system in inappetence and food 

consumption during respiratory viral infection is not well understood, as the majority of models have 

used LPS or peptidoglycan stimulation351. Acute phase cytokines are likely to play a role as blocking 

TNF-α during RSV and influenza virus infection has been shown to reduce  

weight loss356–358. 
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Reduced food intake and weight loss in turn is linked to changes in the gut microbiota. People 

undertaking a calorie restricted diet have been shown to have an altered gut microbiota composition, 

with an increase in the relative abundance of Bacteroidetes and a decrease in the relative abundance 

of Firmicutes in their gut microbiota, which correlated with weight loss14. Calorie restricted diets in 

mice have also demonstrated a connection between reduced food intake, weight loss and increased 

abundance of Bacteroidetes and decreased Firmicutes in the gut microbiota273,359. As this pattern of an 

increase in the ratio of Bacteroidetes to Firmicutes is similar to the gut microbiota changes observed 

following respiratory viral infection, this suggests reduced food consumption may be driving the 

change in gut microbiota composition and diversity observed during RSV and influenza virus infection 

(Chapter 3).  

To investigate this theory, it was decided to measure food intake during respiratory viral infection and 

to examine whether reducing food consumption alone affects the gut microbiota in a way which 

reflects respiratory viral infection-associated changes. The second step was then to explore how the 

immune response to respiratory viral infection affects food consumption and subsequently the gut 

microbiota.  

5.1.2. Metabolism during infection and the gut microbiota 

One possible impact of an altered gut microbiota composition during respiratory viral infection is a 

change in metabolism. The gut microbiota plays an important role in metabolism, as outlined in 

Chapter 1 Section 1.2.2. For example, dietary fibre cannot be digested by endogenous enzymes and is 

instead fermented by gut bacteria into SCFAs65. SCFAs are an important energy source for epithelial 

cells in the colon and can have significant systemic anti-inflammatory effects360. Increased SCFA 

production by the gut microbiota during influenza infection in mice has been found to directly reduce 

lung damage and increase survival by promoting differentiation of pro-resolving macrophages in the 

airways and altering CD8+ T cell metabolism, which increased their cytotoxic ability and increased viral 
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clearance193. These findings show gut microbiota metabolism and host metabolism are intertwined in 

the response to infection.   

Metabolomics measures the identify and abundance of small biochemicals (metabolites) produced in 

an environment and is a useful technique for studying changes in metabolism. Although without 

combining metabolomics with other omics techniques such as metagenomics and 

metatranscriptomics, it is difficult to distinguish host from microbiota metabolite production361. 

Untargeted metabolomics aims to identify and quantify as many biochemicals as possible and is useful 

for initially profiling the metabolome and studying the full range of metabolic pathways.  

Several studies have found the airway and urine metabolome were significantly altered during RSV 

infection in infants362–364. It has also been shown that the abundance of lipid metabolites in the plasma 

and lungs of RSV infected mice was significantly different to uninfected controls365. No studies have 

currently looked at the faecal or gut metabolome in RSV infected humans or mice. 16S rRNA gene 

sequencing data from the study which linked a Bacteroides-dominant gut microbiota with viral 

bronchiolitis197 were re-analysed using bioinformatics to infer the functional capacity of a viral 

bronchiolitis-associated gut microbiota366. This analysis found significant differences in multiple lipid 

metabolism pathways between bronchiolitis samples and healthy controls, with particularly high 

abundances of predicted genes involved in sphingolipid metabolism. The metabolic profile is 

dependent on the type of sample analysed. While a range of sample types have been used to analyse 

host and microbiota metabolism367, faeces are most commonly used and have been suggested to 

provide as much information as directly sampling from the gut368. For certain metabolites, like SCFAs, 

faecal metabolomics may not be an accurate measure of metabolism in the gut as 95 % of SCFAs are 

absorbed from the proximal colon into circulation and their concentration consequently decreases 

significantly in the distal colon and faeces369.  
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With this in mind, in this chapter a preliminary study was conducted to analyse changes in the faecal 

metabolome during RSV infection in mice and compare this to changes in the gut microbiota 

composition and previous studies on the metabolome during RSV infection in infants. 

5.1.3. The gut microbiota and colonisation resistance 

Another possible impact of respiratory viral infection-associated changes in the gut microbiota, 

especially if the gut metabolome is altered, may be decreased colonisation resistance and 

consequently increased susceptibility to enteropathogens and gut infection.  

Colonisation resistance is an essential function of the gut microbiota where commensal bacteria 

prevent invading bacteria from establishing themselves within the gut. In the case of enteropathogens 

this means the gut microbiota protects against gut infection. Colonisation resistance by the gut 

microbiota uses both direct and indirect mechanisms to inhibit growth of exogenous bacteria370. 

Commensal bacteria have the advantage of being established and adapted to their environmental 

niche within the gut and so one direct way to protect against infection is by outcompeting invading 

pathogens for nutrients370. Gut microbiota metabolism can also indirectly contribute to colonisation 

resistance as gut microbiota-derived metabolites can inhibit enteropathogen growth. For example, 

secondary bile acids produced by the gut microbiota inhibit Clostridioides difficile spore generation90 

and a decrease in secondary bile acid metabolism following antibiotic depletion of the gut microbiota 

in mice was associated with decreased colonisation resistance to C. difficile infection91. Altering gut 

microbiota composition and metabolism through diet has also been shown to affect colonisation 

resistance: high-fibre diets in mice have been shown to shift the gut microbiota in favour of SCFA-

producing bacteria which increased colonisation resistance to C. difficile infection371. When mice were 

fed a fibre-free diet, the lack of dietary carbohydrates meant that the gut microbiota switched their 

metabolism to break down host-derived glycans from mucins, which weakened the protective mucus 

layer and increased susceptibility to infection with the murine enteropathogen Citrobacter 

rodentium372.  
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Two studies have observed that influenza virus infection in mice altered the gut microbiota and 

increased susceptibility to gut infection with Salmonella enterica serovar Typhimurium200,201. While 

Deriu et al. (2016) proposed the antimicrobial response to S. Tyhpimurium was suppressed by the type 

I interferon response induced by influenza virus infection200, Yildiz et al. (2017) found that influenza 

virus infection in mice depleted of a gut microbiota did not have enhanced susceptibility to S. 

Typhimurium201. These results indicate that the change in gut microbiota composition associated with 

influenza infection may be causally linked to the increased susceptibility to gut infection, possibly 

through reduced colonisation resistance.  

Overall, a change in gut microbiota composition and particularly gut microbiota metabolism, during 

respiratory viral infection could impact on colonisation resistance and this has yet to be explored in the 

context of RSV infection.   
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5.1.4. Chapter aims and hypothesis  

I hypothesise that the acute cytokine response to RSV infection induces inappetence and drives 

reduced food consumption and weight loss, which in turn shifts the gut microbiota composition. By 

altering nutrient availability within the gut and changing the gut microbiota, RSV infection modifies 

gut metabolism and affects colonisation resistance to gut infection.  

 

Aims: 

1. To establish whether RSV infection in mice reduces food consumption and whether fasting 

mice to the same extent (outside the context of infection) induces the same change in gut 

microbiota composition. 

 

2. To elucidate which components of the immune response are driving inappetence, weight loss 

and subsequent gut microbiota changes during RSV infection. 

 

3. To characterise the effect of RSV infection on the faecal metabolome and whether prior 

infection with RSV decreases colonisation resistance and increases susceptibility to infection 

with C. rodentium. 
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5.2. Results 

5.2.1. Respiratory viral infection reduces food intake which alters the gut microbiota   

To establish whether the weight loss observed during RSV and influenza virus infection in mice was 

due to inappetence, food intake was measured over the time course of infection. Mice infected with 

RSV lost weight immediately following infection. This weight loss stabilised from days 1 to 4. Mice then 

continued losing weight resulting in approximately 15 – 20 % weight loss by day 7 (Fig. 5.1A).  Weight 

loss in influenza virus infected mice began at day 2 and continued until day 7 resulting in 

approximately 10 % weight loss (Fig. 5.1B). There was no weight loss among PBS dosed and naïve 

mice.  

The average amount of food consumed by one uninfected mouse was 3 g (± 0.3) per day. RSV infected 

mice ate less immediately following infection (day 0 - 1: 1.3 g). Food consumption then increased from 

day 1 to 4. From day 4 RSV infected mice ate less food each day, peaking at day 6 with 0.5 g food 

consumed per mouse (Fig. 5.1C). Influenza virus infected mice did not eat less food immediately 

following infection. Reduced food consumption was observed from days 2 to 7, peaking at day 4 (1 g 

food per mouse) (Fig. 5.1D). The amount of food consumed during infection matched the weight loss 

pattern for both RSV and influenza virus, strongly suggesting that mice lose weight during respiratory 

viral infection because they eat less food. As there was no change in food availability during the 

experiment it is likely respiratory viral infection induces inappetence which then drives reduced food 

consumption and weight loss. 
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Figure 5.1. Weight loss and food consumption during RSV and influenza virus infection. 

Mice were intranasally infected with 2 x 10
6
 PFU/ml RSV-A2, 4 × 10

5
 PFU/ml A/Eng/195/09 influenza virus, 

intranasally dosed with sterile PBS or left naïve. Mice were weighed every day post infection (A-B). Food 

consumption of the entire cage was measured at the same time every day and divided by the number of mice in 

the cage. (C-D). N = 5 mice per group/cage. * P ≤ 0.05 ** P ≤ 0.01 *** P ≤ 0.001 
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To investigate whether inappetence and weight loss drove gut microbiota changes during respiratory 

viral infection, a fasting experiment was designed to induce weight loss outside the context of 

infection and to measure any change in the gut microbiota. Mice were individually housed to control 

food intake and split into three groups. The fasted group were provided with 1.3 g food each per day, 

the control group were provided with 4.3 g food each per day and the ad libitum group had unlimited 

access to food. Since mice are social animals there was a possibility the stress of being individually 

housed would impact on food consumption and/or the gut microbiota. Consequently, a cage of co-

housed mice with ad libitum access to food was maintained and monitored alongside the individually 

housed mice. Mice were weighed every day and faecal samples were taken before (day 0) and at the 

end of the experiment (day 3) (Fig. 5.2A). Fasted mice lost weight each day with approximately 15 % 

total weight loss by day 3 (Fig. 5.2B). Control and ad libitum fed mice did not lose weight and housing 

conditions did not affect weight loss or food consumption (Fig. 5.2C).  

There was no difference in the number of observed OTUs between the different groups or between 

time points (Fig. 5.3A). There was a significant difference in the Shannon Index of fasted animals 

compared to the control group at day 3 (Fig. 5.3B) but no difference in the inverse of Simpson’s Index 

between groups or timepoints (Fig. 5.3C).  

Beta diversity was significantly different following fasting (P = 0.01) which suggests a shift in overall 

gut microbiota composition. There was no difference in beta diversity between day 0 and 3 samples of 

control mice or single housed ad libitum mice (Fig. 5.3D). Similarly, there was no difference in the beta 

diversity of individually housed ad libitum mice compared to ad libitum co-housed mice at either 

baseline or day 3, which suggests any stressed caused by single housing did not affect the overall gut 

microbiota composition (Fig. 5.3E).  
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Figure 5.2. Reducing food intake to 1.3 g per mouse per day results in 15 % weight loss. 

Mice were individually housed and provided with 1.3 g or 4.3 g food per mouse per day for three days. A separate 

group of individually housed mice and a cage of co-housed mice had access to food ad libitum. Faecal samples 

were taken at day 0 (D0) and day 3 (D3) (A). Weight loss during among fasted, control and ad libitum mice (B). 

Food consumption in mice individually or co-housed (C). N = 5 mice per group. One mouse per cage for individually 

housed mice, 5 mice per cage for co-housed mice. ** P ≤ 0.01 *** P ≤ 0.001. 
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Figure 5.3. The effect of fasting on gut microbiota diversity. 

The number of observed OTUs (A), the Shannon Index (B), the inverse of the Simpson’s Index (C). Gut microbiota 

beta diversity composition among fasted (stress = 0.2), control (stress = 0.07) and single housed ad libitum mice 

(stress = 0.05) (D). Gut microbiota beta diversity at days 0 (stress = 0.18) and day 3 (stress = 0.15) of individually 

housed compared to co-housed ad libitum fed mice (E). Beta diversity was analysed on a Bray-Curtis dissimilarity 

matrix with NMDS ordination. * P ≤ 0.05 
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The gut microbiota of fasted mice had significantly higher relative abundance of Bacteroidetes and 

significant lower relative abundance of Firmicutes compared to baseline (Fig. 5.4A). There was no 

change in the abundance of these phyla in control or single housed ad libitum mice. At the family level 

there was a significant increase in the abundance of the S24_7 family following fasting and no effect of 

control or ad libitum feeding on dominant family abundance (Fig. 5.4B).  

Inducing weight loss by fasting mice resulted in similar changes in gut microbiota diversity and 

composition to those observed during respiratory viral infection. This result indicates respiratory viral 

infection-associated gut microbiota changes are driven by inappetence and reduced food intake.  

 

Figure 5.4. Fasting increases the relative abundance of Bacteroidetes and decreases Firmicutes. 

Relative abundance of Bacteroidetes and Firmicutes following fasting or among control and single housed ad libitum 

mice (A). The relative abundance of each phylum split into the most abundant gut microbiota families (only families 

with >1% total abundance included) for fasted, control and single housed ad libitum mice (B). *** P ≤ 0.001 
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5.2.2. TNF-α drives early but not late inappetence and weight loss during RSV 

infection  

Inappetence during viral infections is not well understood but is thought to involve the acute phase 

cytokine response. Blocking TNF-α during RSV and influenza virus infection has been shown to reduce 

infection-associated weight loss in mice356–358. These findings suggest TNF-α might play a role in 

inappetence in respiratory viral infection. To explore this further, changes in food consumption, weight 

loss and the gut microbiota were monitored during RSV infection after blocking TNF-α.  

Mice were injected systemically with an anti-TNF-α monoclonal antibody before infection and again on 

days 2, 4 and 6 after infection358. Control mice were injected with an isotype control antibody and 

faecal samples were taken before infection/first injection and on days 3 and 7 after infection (Fig. 5.5A). 

Anti-TNF-α treated mice did not lose any weight during the first 5 days of RSV infection in contrast to 

the isotype control group which lost weight immediately following infection, as previously observed in 

the studies in Chapter 3 Section 3.2 during standard RSV infection.  

After five days anti-TNF-α treated mice lost weight rapidly and by day 7 there was no difference in 

weight loss between them and the control group (Fig. 5.5B).  Blocking TNF-α prevented inappetence 

during the early stages of infection (day 1 – 4) but from day 5 onwards both anti-TNF-α treated mice 

and control mice demonstrated reduced food consumption (Fig. 5.5C). 
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Figure 5.5. Systemic block of TNF-α prevents early weight loss and inappetence during RSV infection. 

Mice were IP injected with 450 µg/ml anti-TNF-α antibody per mouse or isotype control before (-4hr) and after (days 

2, 4, 6) RSV infection (A). Weight loss following TNF-α blockage and among isotype control mice. (B) Food 

consumption following TNF-α blockage and among isotype control mice (C). N = 5 mice per group. * P ≤ 0.05 ** P 

≤ 0.01 *** P ≤ 0.001 

 

Blocking TNF-α altered viral clearance as mice which received the anti-TNF-α antibody had significantly 

higher RSV lung viral loads at day 7 compared to the isotype control group (Fig. 5.6A). There was no 

difference in lung or airway cell counts (Fig. 5.6B), lymphocyte recruitment into the airways (Fig. 5.6C) 

or the CD4+ to CD8+ T cell ratio in the lungs of anti-TNF-α treated mice and control mice (Fig. 5.6D-E). 

This result contradicts Hussell et al. (2001) where viral clearance was not affected by blocking TNF-α 

during RSV infection356. The discrepancy is likely due to differences in infection models. Other studies 

which used a primary RSV infection model, similar to the one used in this thesis, observed an increase 

in lung viral load when blocking TNF-α357, while Hussell et al. (2001) used a secondary RSV infection 

model. 
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Figure 5.6. Blocking TNF-α during RSV infection increases viral load but does not alter the lung T cell 

response. 

RSV lung viral load was quantified using a RSV L gene qPCR at day 7 after infection (A). Lung and airway (BAL 

fluid) cell counts (B). Percentage of CD3+ lymphocytes (C), CD4+ T cells (D) and CD8+ T cells in the lungs of anti-

TNF-α treated mice compared to isotype control at day 7. * P ≤ 0.05 

 

Blocking TNF-α during RSV infection significantly altered gut microbiota alpha diversity. There was a 

significant increase in the number of observed OTUs from day 0 to 3 (Fig. 5.7A) and a significant 

increase in the Shannon Index (Fig. 5.7B) and inverse Simpson’s Index from day 0 to 7 in anti-TNF-α 

treated mice (Fig. 5.7C). The isotype control group had a significant decrease in the number of 

observed OTUs from day 3 to 7 (Fig. 5.7A), and overall anti-TNF-α treated mice had a higher number 

of observed OTUs and a higher inverse Simpson’s Index at day 7 compared to control mice (Fig. 5.7C). 

Together these results suggest blocking TNF-α during RSV infection increases species richness and 

evenness in the gut microbiota. RSV infected isotype control mice demonstrated a decrease in species 

richness during infection, which was not observed previously in this thesis.  
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Isotype control mice had a significantly altered gut microbiota beta diversity at both days 3 and 7 

following infection, while anti-TNF-α treated mice only had a significantly altered gut microbiota beta 

diversity at day 7 compared to before infection (Fig. 5.7D). These results suggest changes in gut 

microbiota beta diversity may correspond to weight loss and food intake during RSV infection.  

 

Figure 5.7. The effect of blocking TNF-α on gut microbiota diversity during RSV infection. 

The number of observed OTUs (A), Shannon Index (B) and the inverse of Simpson’s Index (C). The beta diversity 

of the gut microbiota after blocking TNF-α during RSV infection (stress = 0.15) and among isotype control 

infected mice (stress = 0.09) (D). Beta diversity was analysed on a Bray-Curtis dissimilarity matrix and visualised 

using NMDS ordination. * P ≤ 0.05 ** P ≤ 0.01 
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There was still a significant increase in the relative abundance of Bacteroidetes and a significant 

decrease in the relative abundance of Firmicutes at day 7 following RSV infection compared to day 0 in 

anti-TNF-α treated mice (Fig. 5.8A). This shift in the ratio of Bacteroidetes to Firmicutes was reduced 

compared to changes observed in the isotype control group: the relative abundance of Bacteroidetes 

was significantly lower (P = 0.001) and the relative abundance of Firmicutes significantly higher (P = 

0.005) at day 7 among anti-TNF-α treated mice compared to day 7 samples from isotype control mice 

(Fig. 5.8A). Anti-TNF-α treated mice had significantly less Ruminococcaceae and Lactobacillaceae in 

their gut microbiota at day 7 compared to baseline, whereas isotype control mice had a decrease in 

Lachnospiraceae and an increase in S24_7 (Fig. 5.8B). 

Blocking TNF-α during RSV infection prevented early weight loss and early infection-induced 

appetence and reduced the impact these have on the gut microbiota. TNF-α was not the driver behind 

late inappetence and weight loss during RSV infection and so blocking TNF-α did not prevent 

respiratory viral-infection associated changes in the gut microbiota.  
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Figure 5.8. Blocking TNF-α does not prevent gut microbiota changes during RSV infection but does reduce 

the impact. 

The relative abundance of Bacteroidetes and relative abundance of Firmicutes at days 3 and 7 after RSV infection 

among anti-TNF-α treated mice and in the isotype control group (A). The relative abundance of each phylum split 

into the most abundant gut microbiota families (only families with >1% total abundance included) for anti-TNF-α 

treated and the isotype control group (B). * P ≤ 0.05 ** P ≤ 0.01 *** P ≤ 0.001 
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5.2.3. Acutely increasing airway TNF-α stimulates fasting and weight loss but not 

sufficiently to alter the gut microbiota 

TNF-α is elevated in the airways in response to RSV infection in both humans and mice291,373. Systemic 

injection of recombinant murine TNF-α (r-TNF-α) has been shown to induce weight loss374 but the 

effect of intranasal dosing with r-TNF-α on weight loss has not been observed375,376. To see if 

increasing airway TNF-α was sufficient to induce inappetence and weight loss and whether the 

increase had an impact on the gut microbiota, mice were intranasally dosed with 3 µg r-TNF-α or 

sterile PBS every day for 3 days. Faecal samples were taken at day 0 and 3 (Fig. 5.9A).  The amount of r-

TNF-α selected was based on the doses and weight loss reported by Biesmans et al. (2015)374 and 

predicted to give approximately 1 g of weight loss every 24 hours, which in a 20 g mouse would be 15 

% total weight loss over 3 days.  

Mice dosed with r-TNF-α lost between 0.5 – 2 g in the first 24 hours and by day 2 there was significant 

weight loss of between 10 – 15 % (Fig. 5.9B). Mice began to recover by day 3 although there was still 

significant weight loss compared to baseline. While there was a trend towards weight loss among PBS 

dosed mice, which was probably due to stress associated with repeated anaesthetisation, this was not 

significant. Food intake mirrored weight loss with r-TNF-α dosed mice eating less immediately 

following dosing and on day 2 consuming 1 g of food compared to the 2.5 g food consumed by PBS 

dosed mice (Fig. 5.9C). The observation that mice began to eat more on day 3, despite receiving 

another dose of r-TNF-α, suggests that tolerance to the effect of TNF-α on inappetence develops 

quickly.  
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Figure 5.9. Increasing the levels of airway TNF-α results in weight loss and acute fasting. 

Levels of airway TNF- α were increased, independently of infection, by intranasally dosing mice with 3 µg 

recombinant TNF-α (r- TNF-α) or PBS every day for three days (A). Weight loss (B) and food consumption was 

measured every day (C).  N = 5 mice per group. * P ≤ 0.05 ** P ≤ 0.01  

 

TNF-α levels in the airways of r-TNF-α dosed mice were significantly higher than in PBS dosed mice 

(Fig. 5.10A). r-TNF-α dosed mice also had significantly higher total lung cell counts (Fig. 5.10B) and, 

although this did not affect the proportion of lymphocytes in the lungs (Fig. 5.10C), it did mean there 

were significantly higher numbers of lymphocytes in the lungs of r-TNF-α dosed mice compared to 

PBS controls (Fig. 5.10D). The ratio of CD4+ to CD8+ T cells in the lungs was not affected (Fig. 5.10E). 

This result shows that intranasally dosing mice with r-TNF-α successfully increased the level of TNF-α 

in the airways and induced acute inappetence and weight loss with enhanced recruitment of cells into 

the lungs.   
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Figure 5.10. Increasing the levels of airway TNF-α increases numbers of lymphocytes in the lungs. 

Levels of TNF-α in the BAL fluid (A). Total number of cells in the lungs (B). Percentage of lymphocytes (C), number 

of lymphocytes (D) and ratio of CD4+ to CD8+ T cells (E) in the lungs of r-TNF-α mice compared to control. All data 

represents day 3 time point. * P ≤ 0.05 ** P ≤ 0.01  

 

Despite inducing weight loss, increasing the levels of airway TNF-α had no effect on the number of 

observed OTUs (Fig. 5.11A), the Shannon Index (Fig. 5.11B) or the inverse of Simpson’s Index (Fig. 

5.11C) in the gut microbiota and there was no change in gut microbiota beta diversity following either 

r-TNF-α or PBS dosing (Fig. 5.11D). 
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Figure 5.11. The effect of increasing airway TNF-α on gut microbiota diversity. 

The number of observed OTUs (A), Shannon Index (B) and the inverse of Simpson’s Index (C). The beta diversity of 

the gut microbiota after intranasal dosing with r-TNF-α (stress = 0.09) or PBS (stress = 0.06) (D). Beta diversity was 

analysed on a Bray-Curtis dissimilarity matrix and visualised using NMDS ordination. 

 

While both r-TNF-α and PBS dosed mice showed a trend towards increased relative abundance of 

Bacteroidetes and decreased relative abundance of Firmicutes, this was not statistically significant (Fig. 

5.12A). In addition, there was no significant change in the abundance of families belonging to either 

phyla after r-TNF-α or PBS dosing (Fig. 5.12B).  
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Therefore, increasing the levels of airway TNF-α did not appear to alter the composition of the gut 

microbiota. It is possible that while intranasally dosing mice with r-TNF-α is sufficient to induce acute 

inappetence and weight loss over 3 days, this is not long enough to change the gut environment in a 

way which impacts on the microbiota ecosystem.  

 

Figure 5.12. Increasing airway TNF-α does not significantly change the composition of the gut microbiota. 

The relative abundances of Bacteroidetes and Firmicutes following r-TNF-α and PBS dosing (A) and relative 

abundance of dominant families (> 1 % total family abundance) belonging to these phyla (B).  
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5.2.4. Depleting CD8+ T cells during RSV infection reduces late inappetence, prevents 

weight loss and reverses changes in the gut microbiota   

Since blocking TNF-α prevented early but not late weight loss during RSV infection, this suggested 

that whatever was driving late weight loss (day 5 - 7) may be related to the adaptive immune response. 

RSV-specific T cells are detectable in the lungs at day 5 after infection and numbers peak at day 8377. 

While CD8+ T cells are essential for viral clearance during RSV infection, they are also responsible for a 

significant amount of immunopathology. Depleting CD8+ T cells during RSV infection has been shown 

to reduce weight loss but increase lung viral load218, while adoptive transfer of RSV-specific CD8+ T 

cells into naïve mice at the beginning of RSV infection exacerbated weight loss but reduced RSV lung 

viral titres378.  

To investigate the role of CD8+ T cells in inappetence during RSV infection, and the subsequent impact 

on the gut microbiota, CD8+ T cells were depleted by systemic injection of an anti-CD8+ monoclonal 

antibody one day before infection and again on days 2 and 5 after infection (Fig. 5.13A). Control mice 

were injected at the same time with an isotype control antibody and faecal samples were taken at days 

0 and 7. CD8+ T cell depleted mice experienced a small but significant amount of weight loss 

immediately following RSV infection (day 1), similar to the isotype control group. Depleting CD8+ T 

cells prevented all subsequent weight loss while control mice lost a significant amount of weight on 

days 2, 5, 6 and 7 (Fig. 5.13B). Depleting CD8+ T cells reduced but did not completely prevent 

inappetence (Fig. 5.13C). On days 6 and 7 anti-CD8+ treated mice ate 1.8 – 2 g of food compared to 

the control group which consumed 0.3 - 0.5 g of food each. Depleting CD8+ T cells therefore reduced 

late inappetence and prevented all but the immediate weight loss associated with RSV infection.  
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Figure 5.13. Depleting CD8+ T cells during RSV infection prevents weight loss and reduces inappetence. 

CD8+ T cells were depleted during RSV infection using mouse anti-CD8 monoclonal antibody. Mice were 

intraperitoneally (IP) injected with 500 µg/ml antibody or isotype control before (day -1) and after (days 2 and 5) 

RSV infection. Faecal samples were taken at days 0 and 7. (A) Weight loss (B) and food consumption (C) following 

CD8+ T cell depletion during RSV infection. N = 5 mice per group ± SEM. * P ≤ 0.05 ** P ≤ 0.01 *** P ≤ 0.001 

 

There was no difference in total lung or airway cell counts between CD8+ T cell depleted mice and 

control mice (Fig. 5.14A), although there was a significant reduction in the percentage of lymphocytes 

in the lungs following CD8+ T cell depletion (Fig. 5.14B). Lymphocytes in the lungs of CD8+ T cell 

depleted mice were predominantly CD4+ (Fig. 5.14C) and CD8+ T cells were almost undetectable (Fig. 

5.14D) indicating the depletion was successful. As previously shown by other studies, depleting CD8+ T 

cells during RSV infection significantly increased RSV lung viral load (Fig. 5.14E). Levels of airway TNF-α 

were also increased, despite the lack of inappetence and weight loss at day 7 (Fig. 5.14F). These results 

again support the theory that TNF-α does not induce late inappetence and weight loss during RSV 

infection.   
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Figure 5.14. Effect of depleting CD8
+ 

T cells during RSV infection on viral load and lung immune responses 

Total lung and airway (BAL fluid) cell numbers after depleting CD8
 + 

T cells during RSV infection (A). Percentage of 

lymphocytes (B) CD4
 + 

T cells (C) and CD8
 + 

T cells (D) in the lungs of CD8+ T cell depleted RSV infected mice 

compared to isotype control mice at day 7. RSV lung viral load at day 7, quantified by RSV L gene qPCR (E). Airway 

(BAL fluid) levels of TNF-α at day 7 (F). * P ≤ 0.05 ** P ≤ 0.01 *** P ≤ 0.001 

 

Depleting CD8+ T cells during RSV infection had a marked effect on gut microbiota alpha diversity. The 

number of observed OTUs (Fig. 5.15A), the Shannon Index (Fig. 5.15B) and the inverse of Simpson’s 

Index (Fig. 5.15C) were all increased from day 0 to 7 in CD8+ T cell depleted mice. There was no change 

in any of these alpha diversity measures among isotype control mice. CD8+ T cell depleted mice had a 

significantly higher number of observed OTUs and a higher Shannon Index at day 7 compared to 

control mice. As CD8+ T cell depleted mice also had a higher Shannon Index at day 0, this suggests 

that the baseline gut microbiota composition might not have the same between the two groups.  

Beta diversity analysis at day 0, however, did not find any significant difference in starting gut 

microbiota composition between CD8+ T cell depleted mice and the isotype control group (Fig. 5.15D).  

Despite CD8+ T cell depletion preventing weight loss during infection, there was still a significant shift 
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in gut microbiota beta diversity from day 0 to 7 among anti-CD8+ treated mice (P = 0.04) and isotype 

controls (P = 0.03) (Fig. 5.15E).  

 

Figure 5.15. The effect of blocking CD8+ T cells on gut microbiota diversity. 

The number of observed OTUs (A), Shannon Index (B) and the inverse of Simpson’s Index (C) following CD8+ T cell 

depletion during RSV infection. Beta diversity of the gut microbiota at day 0 (D) and following CD8+ T cell depletion 

during RSV infection among infected isotype control mice (E). Beta diversity was analysed on a Bray-Curtis 

dissimilarity matrix and visualised using PCoA ordination rather than NMDS because there was insufficient sample 

number to calculate stress. Statistics remain unchanged. * P ≤ 0.05 ** P ≤ 0.01 *** P ≤ 0.001 
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At the phylum level there was no significant change in the relative abundance of Bacteroidetes or 

Firmicutes following CD8+ T cell depletion during RSV infection, while the isotype control group 

exhibited the usual pattern associated with respiratory viral infection i.e. increased Bacteroidetes and 

decreased Firmicutes (Fig. 5.16A). There was a trend towards decreased Bacteroidetes abundance and 

increased Firmicutes in the gut microbiota of CD8+ T cell depleted mice which was significant at the 

family level. Depleting CD8+ T cells during RSV infection resulted in a significant decrease in the 

relative abundance of S24_7 and an increase in abundance of the Lachnospiraceae family. The 

opposite was seen in the isotype control group (Fig. 5.16B).   

Despite reducing inappetence and weight loss, depleting CD8+ T cells during RSV infection still had a 

marked effect on the gut microbiota. Alpha diversity was significantly increased and the overall 

composition of the gut microbiota was shifted in the opposite manner to usually observed following 

respiratory viral infection.  
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Figure 5.16. Depleting CD8+ T cells during RSV infection reversed the effect on the gut microbiota. 

The relative abundance of Bacteroidetes and Firmicutes among anti-CD8+ treated and isotype control mice (A). The 

relative abundance of each phylum split into the most abundant gut microbiota families (only families with >1% 

total abundance included) for anti-CD8+ treated mice and the isotype control group (B). * P ≤ 0.05 ** P ≤ 0.01 *** 

P ≤ 0.001 
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5.2.5. RSV infection is associated with changes in the faecal metabolome  

One possible impact that inappetence, weight loss and potentially altered nutritional availability within 

the gut may have is on metabolism. Metabolism, analysed either via serum, urine or faecal 

metabolomics, has been shown to be altered during acute and long-term fasting379–381. This shift in the 

metabolome is likely a combined influence of direct effects of fasting on host metabolism and indirect 

effects via altered gut microbiota composition or microbiota metabolism.  

To explore how respiratory viral infection-induced inappetence affected metabolism, it was decided to 

analyse the faecal metabolome during RSV infection as this would hopefully provide the best picture 

of how gut metabolism, and particularly gut microbiota metabolism, was changing. Mice were infected 

with RSV and faecal samples were taken every day after infection for 7 days for metabolomics. 

Additional samples at day 0 and 7 were taken for 16S rRNA gene sequencing analysis (Fig. 5.17A). Mice 

lost weight during infection (food consumption was not monitored during this experiment) (Fig. 5.17B). 

There was a significant change in the beta diversity of the gut microbiota (P = 0.002; Fig. 5.17C) with a 

significant decrease in the relative abundance of the Firmicutes phylum (Fig. 5.17D) following RSV 

infection. While there was a trend towards increased Bacteroidetes, the wide range of baseline 

Bacteroidetes abundance meant this was not significant. At the family level there was a significant 

increase in the relative abundance of Porphyromonadaceae and a significant decrease in 

Lachnospiraceae after RSV infection (Fig. 5.17E). These results agreed with previous observations on 

the effect of RSV infection on the gut microbiota, as outlined in Chapter 3, and so the samples taken 

for metabolomic analysis corresponded with the usual pattern of respiratory viral infection-associated 

gut microbiota changes.   
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Figure 5.17. The gut microbiota is altered during RSV infection. 

Mice were infected with 2 x 106 PFU/ml RSV-A2. Faecal samples were taken every day for 7 days for metabolomics. 

Additional samples at day 0 and 7 were taken for 16S rRNA gene sequencing analysis (A). Weight loss was measured 

every day (B). The beta diversity of the gut microbiota at days 0 and 7 following RSV infection (C). Relative 

abundance of the Bacteroidetes and Firmicutes phyla (stress = 0.09) (D) and relative abundance of the dominant 

families within these phyla (E). N = 7 mice. * P ≤ 0.05 ** P ≤ 0.01 *** P ≤ 0.001. Note these samples were matched 

to those taken for metabolomic analysis. 

 

Faecal samples were sent to Metabolon for metabolomic analysis where they were processed, analysed 

by mass spectrometry and annotated238,239. There were 803 detected biochemicals, 705 of which could 

be identified using Metabolon’s library of authenticated standards. Biochemicals were grouped into 

eight metabolic super-pathways (lipid, nucleotide, amino acid, carbohydrate, cofactors and vitamins, 

peptide, energy and xenobiotic metabolism) and then further divided into 95 sub-pathways (e.g. 

glycolipid, histidine, fatty acid metabolism etc.).  
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The raw data was scaled by setting the median value for each biochemical to 1 and inputting any missing 

values with the minimum value for that biochemical. Both the raw and scaled datasets, with pathway 

classification, are available on BioStudies, accession number S-BSST267. The scaled data was used to 

profile the faecal metabolome before and during RSV infection.  

The overall faecal metabolomic profile significantly shifted over time during RSV infection (P = 0.02) 

(Fig. 5.18). Pairwise comparisons of each time point to baseline (day 0) revealed samples taken at days 

3 (P = 0.006), 6 (P = 0.006) and 7 (P = 0.001) had a significantly different faecal metabolic composition 

to before infection. As these time points were also when the most significant weight loss occurred (Fig. 

5.17B), this suggests changes in faecal metabolome may be linked to inappetence and food 

consumption.   

To examine how the faecal metabolome composition was changing at a metabolic pathway level, 

pathway enrichment analysis was performed. Pathway enrichment analysis gives each metabolic sub-

pathway a value based on the number of significantly altered metabolites in that pathway in a pairwise 

comparison relative to the total number of metabolites detected in that sub-pathway. The number of 

significantly altered metabolites in a particular pathway is then compared to the total number of 

significantly altered metabolites in the entire study relative to the overall number of metabolites 

detected in the study.  

Day 0 to day 7 samples were compared as this was when the NMDS analysis showed the most 

significant shift in faecal metabolome composition. A pathway enrichment value greater than 1 

indicated that the sub-pathway contained more significantly altered metabolites at day 7 compared to 

day 0, relative to the study as a whole.  
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Figure 5.18. NMDS analysis of faecal metabolome before and during RSV infection. 

Faecal samples taken before infection (D0) and every day after RSV infection were analysed by UPLC-MS/MS, 

performed by Metabolon. NMDS ordination using a Bray-Curtis dissimilarity matrix was performed on the entire 

known scaled dataset. Ellipses used to visualise 95 % confidence intervals. Overlapping ellipses suggest no 

significant difference and this was formally tested using ADONIS.   

 

There were 76 sub-pathways, grouped according to super-pathway, which contained biochemicals 

significantly altered in abundance at day 7 after RSV infection compared to day 0. Of these, 53 

pathways had a pathway enrichment value greater than 1 and 23 of these belonged to the lipid 

metabolism super-pathway (Fig. 5.19). These results indicate that RSV infection was associated with a 

significant change in metabolism and particularly with altered lipid metabolism. 

  



178 

 

 

  

 

 

  

 

 

 

 

 

  
F
ig

u
re

 5
.1

9
. 
P

a
th

w
a
y
 e

n
ri

c
h

m
e
n

t 
a
n

a
ly

si
s 

o
f 

m
e
ta

b
o

li
te

 a
b

u
n

d
a
n

c
e
 b

e
fo

re
 a

n
d

 a
ft

e
r 

R
S

V
 i

n
fe

c
ti

o
n

. 

P
a
th

w
a
y
 e

n
ri

ch
m

e
n

t 
a
n

a
ly

si
s 

co
m

p
a
ri

n
g

 t
h

e
 f

a
e
ca

l 
m

e
ta

b
o

lo
m

e
 o

f 
d

a
y
 7

 p
o

st
 R

S
V

 i
n

fe
ct

io
n

 s
a
m

p
le

s 
to

 b
e
fo

re
 i
n

fe
ct

io
n

 (
d

a
y
 0

).
 P

a
th

w
a
y
 e

n
ri

ch
m

e
n

t 
v
a
lu

e
s 

fo
r 

e
a
ch

 s
u

b
-

p
a
th

w
a
y
 (

x-
a
xi

s)
 w

e
re

 c
a
lc

u
la

te
d

 b
y
 t

a
k
in

g
 t

h
e
 n

u
m

b
e
r 

o
f 

si
g

n
if
ic

a
n

tl
y
 a

lt
e
re

d
 m

e
ta

b
o

li
te

s 
in

 t
h

a
t 

p
a
th

w
a
y
 a

t 
d

a
y
 7

 (
k
),
 r

e
la

ti
v
e
 t

o
 t

h
e

 t
o

ta
l 
n

u
m

b
e
r 

o
f 

m
e
ta

b
o

li
te

s 
d

e
te

ct
e
d

 i
n

 

th
a
t 

p
a
th

w
a
y
 (

m
),
 a

n
d

 d
iv

id
in

g
 t

h
is

 b
y
 t

h
e
 t

o
ta

l 
n

u
m

b
e
r 

o
f 

si
g

n
if
ic

a
n

tl
y
 a

lt
e
re

d
 m

e
ta

b
o

li
te

s 
a
t 

d
a
y
 7

 (
n

),
 r

e
la

ti
v
e
 t

o
 t

h
e
 n

u
m

b
e
r 

o
f 

d
e
te

ct
e
d

 m
e
ta

b
o

li
te

s 
in

 t
h

e
 s

tu
d

y
 (

N
).
 

P
a
th

w
a
y
 e

n
ri

ch
m

e
n

t 
=

 (
k
/m

) 
/ 

(n
/N

).
 R

e
d

 l
in

e
 i
n

d
ic

a
te

s 
p

a
th

w
a
y
 e

n
ri

ch
m

e
n

t 
v
a
lu

e
 a

b
o

v
e
 a

n
d

 b
e
lo

w
 1

. 
  

  



179 

 

To see whether any of these changes in the faecal metabolome were associated with a change in gut 

microbiota function, predictive metagenomic analysis using PICRUSt was performed using the 16S 

rRNA gene sequencing from the day 0 and 7 samples. PICRUSt analysis revealed a number of 

predicted KEGG Orthologs significantly altered in abundance after RSV infection that could be grouped 

into seven significantly altered KEGG Orthology Pathways (Fig. 5.20A). Interestingly, one of these 

pathways was lipid metabolism. There was a significant increase in the relative abundance of 16S rRNA 

gene sequences with predicted orthology functions in lipid metabolism at day 7 after RSV infection 

compared to day 0 (Fig. 5.20B), which suggests that altered faecal lipid metabolite abundance 

following RSV infection may be driven by altered gut microbiota lipid metabolism. Predictive 

metagenomic analysis only includes bacteria which have fully sequenced and annotated genomes, and 

so information on the predicted functionally of poorly or recently characterised bacterial like S24_7 

was absent in the PICRUSt database and therefore could not be included in the analysis339,382,383. As 

S24_7 is a dominant family in the murine gut microbiota, and was often increased in abundance after 

respiratory viral infection, this limits linking changes in faecal metabolism with changes in the gut 

microbiota.   

 

 

Figure 5.20. Predictive gut microbiota metagenomic analysis. 

16S rRNA gene sequencing data was analysed using PICRUSt to predict changes in the microbiota metagenome 

following RSV infection. Predicted KEGG orthologs (KOs) were collapsed into KEGG pathways. Seven known KEGG 

pathways were found to contain significantly altered abundance of predicted KOs, comparing D0 samples to D7 
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(A). Relative sequence abundance of predicted KOs classified as belonging to lipid metabolism pathways (colours 

correspond to matching samples, linked by lines) (B). * P ≤ 0.05  

Within lipid metabolism, sphingolipid and fatty acid metabolism pathways had some of the highest 

pathway enrichment values following RSV infection. Pathway enrichment does not indicate whether 

metabolites increased or decreased in abundance. Sphingosines, sphingolipids, sphingomyelins and 

ceramides are all part of the large sphingolipid family. Fold change analysis revealed all detected 

metabolites within these sub-pathways were significantly increased in abundance at day 7 after RSV 

infection compared to baseline, except for phytosphingosine which was slightly decreased (Fig. 5.21A). 

Multiple PUFAs were increased in abundance following RSV infection including the anti-inflammatory 

DHA (Fig. 5.21B). Valerate was the only SCFA detected in this comparison and in the metabolomics 

study overall. Valerate was significantly increased in abundance following RSV infection (Fig. 5.21B).  

It can be difficult to determine in faecal metabolomics whether the biochemicals detected are 

produced via host or microbiota metabolism because there is often cross-over in metabolites 

produced. Primary bile acids are synthesised by the liver while secondary bile acid metabolism is 

conducted by gut bacteria. Primary and secondary bile acid metabolism had pathway enrichment 

values of 1.71 and 1.36 respectively, so it was decided to examine how bile acid metabolism changed 

during RSV infection. The primary bile acid taurocholate increased in abundance while cholate and 

chenodeoxycholate decreased following RSV infection (Fig. 5.21C). This shift in primary bile acid 

abundance corresponded with decreased abundance of secondary bile acids deoxycholate and 

lithocholate. These results suggest RSV infection is associated with altered host primary bile acid 

metabolism and decreased secondary bile acid metabolism by the gut microbiota, possibly due to 

decreased availability of substrates.  

The faecal metabolic profile was significantly different following RSV infection, which may be an 

indirect effect of respiratory viral infection caused by inappetence and reduced food consumption as 

shifts in the faecal metabolome matched with weight loss. Lipid metabolism was altered after RSV 

infection with an increase in sphingolipid, PUFA and SCFA valerate metabolism and altered bile acid 
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metabolism. There were many effects on other metabolic pathways which warrants further 

investigation and future studies could complement this dataset by exploring liver and serum 

metabolomics and conducting faecal metagenomics to dissect the relationship between RSV, host 

metabolism and gut microbiota metabolism.  
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5.2.6. RSV infection does not alter colonisation resistance to infection with Citrobacter 

rodentium  

Colonisation resistance refers to the ability of the gut microbiota and gut environment to prevent 

infection by pathogens. Decreased colonisation resistance to gut infection is associated with certain 

changes in gut microbiota composition and the faecal metabolome91,384,385.  

To investigate whether respiratory virus infection-associated changes in gut microbiota and faecal 

metabolome altered colonisation resistance and increased susceptibility to gut infection, mice were 

infected first with RSV and then with the murine enteropathogen Citrobacter rodentium. C. rodentium 

infection is a model for human enterohaemorrhagic Escherichia coli infection and naturally infects all 

mouse strains, causing mild to moderate disease in BALB/c mice386.  

Mice were split into five groups of five mice per group. Two groups were infected with RSV, two 

groups were dosed with PBS and one group was left naïve. At day 4 after RSV infection, one RSV group 

and one PBS group were infected with C. rodentium. At day 7 with the remaining RSV and PBS groups 

were infected with C. rodentium (Fig. 5.22). These time points were chosen as day 3 – day 4 is peak 

viral load and peak initial weight loss, while day 7 is peak total weight loss and when the T cell 

response is active.  

Faecal samples were taken from every group before RSV infection and from the naïve group at every 

sampling time point and plated onto C. rodentium selective agar to ensure no cross-contamination 

had occurred. Faecal samples were taken and analysed at days 4, 6 and 8 after C. rodentium infection 

to see if there was any difference in C. rodentium load between the dual and single infected groups. 

The peak of C. rodentium infection is between day 7 and 12 and so mice were culled at day 8 before C. 

rodentium infection was cleared217,386,387.  
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Figure 5.22. Experiment plan for co-infection with RSV and Citrobacter rodentium. 

Mice were intranasally (IN) infected with RSV, dosed with sterile PBS or left naïve. At day 4, one group of infected 

mice and one group of PBS mice were orally gavaged (OG) with 8 x 10
9
 CFU/ml Citrobacter rodentium (C. rod). 

This was repeated at day 7 with separate groups of infected and control mice. Faecal samples were taken before 

and at days 4, 6 and 8 after C. rodentium (C. rod) infection. Mice were culled 8 days after C. rod infection. Naïve 

mice were monitored throughout to ensure no C. rod contamination occurred between groups.  

There was no noticeable increase in inappetence following C. rodentium infection in RSV infected mice, 

and C. rodentium infection alone did not appear to induce inappetence or alter food intake  

(Fig. 5.23A). Weight loss was not exacerbated when RSV infected mice were infected with C. rodentium 

at either day 4 (Fig. 5.23B) or 7 (Fig. 5.23C). There was a slight but significant decrease in weight 

following C. rodentium infection alone (Fig. 5.23C).  

There was no difference in C. rodentium bacterial load in the faeces at days 4, 6 or 8 between dual 

infected mice and single infected mice (Fig. 5.24A), suggesting that RSV infection did not result in a 

more permissive or toxic gut environment for C. rodentium growth. Additionally there was no 

difference in colonic C. rodentium load and no evidence of bacterial translocation to other organs, 

which is a marker of increased susceptibility to C. rodentium infection387 (Fig. 5.24B).  Inflammatory 

markers in the gut were not measured in the experiment shown. Consequently, it is not possible to say 

whether RSV infection had an effect on gut inflammation during C. rodentium infection although no 

noticeable symptoms of inflammatory colitis such as diarrhoea and hunched posture was observed in 

any group386. In conclusion these results indicate that changes in the gut microbiota and faecal 

metabolome observed following RSV infection do not alter colonisation resistance to C. rodentium 

infection.  
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Figure 5.23. Inappetence and weight loss is not exacerbated during co-infection 

Food consumption of each cage was monitored every day for the first 12 days and on days 14 and 15. (A). Weight 

loss was measured every day following RSV infection and for a further 8 days following C. rodentium (C. rod) 

infection (B-C). N = 4-5 mice per group. Results represent two independent experiments. * P ≤ 0.05 ** P ≤ 0.01 *** 

P ≤ 0.001 

 

 

Figure 5.24. RSV infection does not increase susceptibility to Citrobacter rodentium infection. 

Faecal samples were homogenised and plated onto C. rodentium selective agar at day 4, 6 and 8 days after C. 

rodentium (C. rod) infection (A). Colon, spleen and lymph nodes were taken from RSV + C. rodentium infected 

mice and from C. rodentium infected mice at day 8 after C. rodentium infection. Tissues were homogenised and 

plated onto C. rodentium selective agar. (B). N= 4-5 mice. Results of one experiment shown, representative of two 

repeats. 
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5.3. Discussion 

RSV and influenza virus infection in mice reduced food consumption which resulted in weight loss. 

Both respiratory viral infections were associated with an increase in the relative abundance of 

Bacteroidetes and a decrease in the relative abundance of Firmicutes in the gut microbiota. Restricting 

food intake and inducing acute weight loss increased the ratio of Bacteroidetes to Firmicutes, 

suggesting inappetence and reduced food consumption during respiratory viral infection drives 

changes in gut microbiota composition. This hypothesis is supported by evidence which suggests that 

limiting inappetence and weight loss during RSV infection, by blocking TNF-α or depleting CD8+ T 

cells, reduced or reversed the change in the gut microbiota. RSV infection was also accompanied by a 

significant shift in the faecal metabolomic profile, indicating that respiratory viral infection-induced 

inappetence and the change in gut microbiota composition may alter host and gut microbiota 

metabolism. What impact a change in metabolism during respiratory viral infection may have on 

health is unclear; however, any change in the gut microbiota, gut environment or metabolism 

following RSV infection did not alter colonisation resistance to C. rodentium.  

5.3.1. The impact of respiratory viral infection-induced inappetence on the gut 

microbiota  

Influenza virus infection in mice has been associated with a change in the gut microbiota, but no study 

measured food intake or proposed infection-induced inappetence as the driver199–202. 

Deriu et al. (2016) did not observe a change in gut microbiota composition when Ifnar -/- mice were 

infected with influenza virus, despite the fact that these mice still lost weight after infection and that 

Ifnar-/- mice are reported to experience more severe weight loss following respiratory viral infection388. 

Yildiz et al. (2018) observed that the decrease in gut bacterial load coincided with weight loss after 

influenza infection but did not find any significant correlation between percentage body weight and 

16S rRNA gene qPCR data201. As the authors note, there was a discrepancy between their abundance 
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data when measured via 16S rRNA gene qPCR versus 16S rRNA gene sequencing, and so correlation of 

taxa or OTU abundance with weight loss should also have been analysed.    

The results from Bartley et al. (2017) suggest that influenza virus infection drives the gut microbiota 

towards a profile similar to that of calorie restricted mice202. Calorie restricted mice had higher 

abundance of Proteobacteria and Verrucomicrobia in their baseline gut microbiota compared to ad 

libitum fed mice and during influenza infection the abundance of both these phyla increased in calorie 

restricted and ad libitum mice. It may be that, in this animal model, calorie restriction alters the gut 

environment in a way which favours Proteobacteria and Verrucomicrobia and that influenza infection-

induced inappetence and reduced food intake enhanced this effect and mimicked it in ad libitum 

infected mice. Furthermore, Bartley et al. (2017) observed that the abundance of ten OTUs 

(predominantly Bacteroides) correlated positively with weight loss.  

5.3.1.1. The relationship between reduced food intake and increased Bacteroidetes 

The results from this chapter suggest that respiratory viral infection-induced inappetence and reduced 

food intake may enrich the gut microbiota for Bacteroidetes and decrease Firmicutes. Reduced food 

intake logically leads to decreased diet-derived nutrient availability in the gut. Diet is a major 

determinant of gut microbiota composition because commensal bacteria use nutrients from the diet as 

energy sources for growth. Distinct gut microbiota populations are associated with specific diets based 

on the ability of the gut microbiota to harvest energy from that diet15,95,389. Reduced nutrient 

availability within the gut could disrupt the equilibrium between bacterial species, where bacteria able 

to grow under nutrient-limited conditions would increase in abundance at the expense of bacteria 

more dependent on the diet for energy. In humans, calorie restriction increases Bacteroidetes and 

decreases Firmicutes abundance, regardless of whether the diet is restricted in terms of fat-based or 

carbohydrate-based calories14. This finding suggests an overall energy deficit contributes to increased 

Bacteroidetes abundance rather than a lack of specific dietary components.  
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Members of the Bacteroidetes phylum have been shown to switch from breaking down dietary 

polysaccharides to metabolising host glycans from mucus under nutrient deprived conditions390, and 

so it may be that reduced food intake favours expansion of commensal bacteria able to use host-

derived energy sources for growth. While some Firmicutes can use host glycans from mucus for 

growth337, reduced food intake appears to specifically advantage Bacteroidetes as during calorie 

restriction the part of the gut microbiota with β-galactosidase activity is enriched for Bacteroidetes and 

depleted of Firmicutes391.  

Therefore, it may be that Bacteroidetes increases in abundance at the expense of Firmicutes during 

respiratory viral infection because of their ability to derive energy from host sources like mucins in the 

absence of dietary nutrients.  

5.3.2. The immune response to RSV infection and inappetence 

The results from this study and others have observed that blocking TNF-α during RSV infection 

reduces early, but not late, weight loss356–358. The current study found blocking TNF-α was associated 

with increased food consumption during the first five days of infection but did not prevent 

inappetence and weight loss during peak disease severity. This result demonstrates a role for TNF-α in 

inducing early but not late inappetence in RSV infection. Although the effect of blocking TNF-α on 

food intake during influenza virus infection was not examined, blocking TNF-α during influenza 

infection also reduces weight loss356, suggesting TNF-α has a common role in inappetence during 

respiratory viral infection.  

TNF-α is an acute phase cytokine produced rapidly in response to respiratory viral infection by lung 

epithelial cells and airway monocytes and macrophages392,393. Airway and serum TNF-α peak in the first 

24 hours following RSV infection in mice394 and within the first five days of infection in humans395. It 

may be that blocking TNF-α during the later stages of RSV infection had no effect on food intake or 

weight loss because it was no longer being produced in the quantity required to affect appetite.  
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Acute phase cytokines are thought to suppress the desire to eat by acting directly and indirectly on the 

peripheral and central nervous system and in particular on the hypothalamus351,396. Peripheral and 

central administration of TNF-α has been shown to reduce meal size and frequency in animal 

models354,397,398. This study showed that intranasal administration of TNF-α also reduced food intake 

and induced weight loss. The effect was short-lived as mice started to gain weight despite repeated 

administration of TNF-α, which supports that tolerance to TNF-α mediated inappetence builds 

quickly399. 

During respiratory viral infection TNF-α may be acting locally in the airways on sensory afferent nerves 

or circulating through circumventricular organs and accessing receptors in the brain directly to supress 

appetite355. Elevated levels of TNF-α have been detected in the hippocampus during influenza virus 

infection in mice400. TNF-α expression in the brain during RSV infection is unknown. Other pro-

inflammatory cytokines, predominantly IL-6, are increased in the cerebrospinal fluid of infants with 

severe RSV infection401,402. These findings highlight that other acute phase cytokines known to induce 

inappetence, such as IL-1β and IL-6, may have a role during RSV infection. During the acute response 

to RSV infection IL-6 and IL-1β are produced by monocytes and macrophages291,394,403. Like TNF-α, 

peripheral administration of IL-6 and IL-1β leads to decreased food intake398,404. While, to the best of 

my knowledge, there is no study examining the effect of blocking IL-1β on food intake and weight loss 

during RSV infection, blocking IL-6 does not affect early weight loss and actually prolongs late weight 

loss405. It would be interesting to examine how the levels of IL-1β and IL-6 change when TNF-α is 

blocked during RSV infection, as TNF-α may have an indirect effect on early inappetence by altering 

expression of other mediators involved in appetite suppression.  

The significant inappetence and weight loss observed during late RSV infection suggests a second 

mechanism beyond the acute phase cytokine response. Depleting CD8+ T cells during RSV infection 

has been shown to reduce late but not early weight loss218. In this study depleting CD8+ T cells was 

associated with reduced late inappetence which prevented late weight loss. CD8+ T cells produce TNF-
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α during RSV infection280,406, however, airway TNF-α was elevated following CD8+ T cell depletion in the 

current study which supports that TNF-α during the later stages of RSV infection does not supress 

appetite. Instead, CD8+ T cell production of IFN-γ may play a role. IFN-γ is the main cytokine produced 

by CD8+ T cells280. Its levels peak around day 5 – day 6 after RSV infection291 which corresponds with 

observations in this chapter on peak inappetence. Blocking IFN-γ during RSV infection protects against 

late weight loss and transferring RSV-specific CD8+ T cells incapable of producing IFN-γ into naïve mice 

prior to RSV infection prevents against CD8+ T cell-induced weight loss407. There is little data on the 

role of IFN-γ in inappetence during infection although some evidence suggests it is involved in LPS-

induced inappetence351. Next steps would be to examine the effect of blocking IFN-γ on food 

consumption during respiratory viral infection, to explore whether administering IFN-γ alone induces 

inappetence and weight loss, and how both of these impact on the gut microbiota composition. 

5.3.3. The impact of RSV infection-induced inappetence on the metabolome 

Several studies have examined the airway and urine metabolome during RSV infection in infants362–364 

but few have looked at the faecal or gut metabolome in humans or mouse models. The results 

presented in this chapter strongly suggest that RSV infection in mice is associated with a significant 

shift in the faecal metabolome and particularly with dysregulated lipid metabolism.  

Predictive metagenomic analysis of the gut microbiota in this study and others408 suggests that gut 

microbiota metabolism contributes to altered lipid metabolism during RSV infection. Increased 

abundance of sphingolipid metabolites has previously been observed in nasopharyngeal aspirates of 

infants with RSV-positive bronchiolitis362. Metagenomic analysis of the lung microbiome did not find 

an increase in bacterial genes associated with sphingolipid metabolism leading Stewart et al. (2017) to 

conclude that increased airway sphingolipid abundance was due to changes in host metabolism during 

RSV infection. Instead it may be that changes in gut microbiota metabolism during RSV infection could 

impact on metabolite abundance in the blood and airways. While sphingolipid metabolism is 

ubiquitous among eukaryotes, few bacteria outside the Bacteroidetes phylum are known to produce 
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sphingosine and sphingolipids409, which suggests that the increase in Bacteroidetes abundance and 

increase in sphingolipid metabolism following RSV infection may be directly connected. Together this 

indicates that respiratory viral infection-associated changes in the gut microbiota and metabolome 

may have systemic effects.  

5.3.3.1. The role of sphingolipids in airway infection and inflammation 

Sphingolipids are a diverse group of lipids where the sphingosine backbone is amide-linked to a fatty 

acid and can be O-linked to a charged head group410. In addition to being a structural component of 

eukaryotic cell membranes, sphingolipids are key signalling molecules and can regulate many 

processes during inflammation and infection411,412. Sphingosine-1-phosphate signalling can reduce 

neutrophil chemotaxis and pro-inflammatory cytokine production from macrophages and can limit T 

cell migration413–415. Consequently, sphingosine-1-phosphate receptor agonists have been shown to 

reduce immunopathology in respiratory virus infection models which demonstrates their potential 

impact on health and use as a therapeutic416,417. Conversely, increased production of sphingosine-1-

phosphate is thought to contribute to inflammation in allergic airway disease as it stimulates the 

release of histamine from mast cells418,419. 

 Sphingolipids and glycosphingolipids are also used by certain bacterial and viral pathogens as 

receptors to enter host cells420,421. Therefore, the increase in systemic sphingosine and sphingolipid 

abundance following RSV infection may have an impact on the host response to current and future 

infections and airway inflammation.  

5.3.3.2. PUFAs, SCFAs and the response to infection  

In this study RSV infection was also associated with increased abundance of several PUFAs and one 

SCFA, valerate, in the faecal metabolome. That fact that other SCFAs like butyrate, acetate and 

propionate were not detected could be due to their absorption in the proximal colon rather than 

excretion in faeces. Equally it may reflect a limitation of untargeted global metabolomics and not a 

true absence. The extraction and separation method used in untargeted metabolomics is optimised to 
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identify as many different metabolites as possible and so identification and quantification of low 

abundance, volatile or hard to extract metabolites can be compromised422. For metabolites like the 

volatile SCFAs targeted specialised “lipidomic” approaches are often used365,423. Future studies would 

need to include colonic and serum samples for metabolomic analysis to get a full picture of how 

respiratory viral infection impacts on fermentation and production of SCFAs.  

Little is known about the effect of valerate on the response to respiratory infection. Valerate has been 

shown to have anti-microbial effects on C. difficile growth and is depleted in the faecal metabolome of 

C. difficile patients and increased following faecal microbiota transplant, suggesting valerate could be 

used as a treatment option424. Increased faecal valerate following RSV infection could therefore 

increase colonisation resistance to certain enteropathogens and it would be interesting to examine the 

susceptibility to other gut infections, such as C. difficile and S. typhymurium, after RSV infection. 

PUFAs are well known to have immunomodulatory effects425. In this study, there was increased 

abundance of n-6 and n-3 PUFAs, including arachidonic acid and DHA respectively. Arachidonic acid is 

the precursor for prostaglandins and leukotrienes which have both pro- and anti-inflammatory 

effects426. The n-3 PUFAs are found in fish oils and have established anti-inflammatory effects such as 

decreased pro-inflammatory cytokine production from innate immune cells427–429.  

Whether the anti-inflammatory effects of n-3 PUFAs are beneficial or detrimental to respiratory viral 

infection is debatable. Supplementing the gut microbiota of mice with Lactobacillus during RSV 

infection was found to increase circulating levels of DHA, decrease TNF-α, IL-6 and IL-1β and reduce 

lung inflammation and damage430. Influenza infected mice fed a diet high in fish oils also had reduced 

lung inflammation and pro-inflammatory cytokine production, however this prevented viral clearance 

and resulted in higher mortality and prolonged weight loss recovery431. It may be that PUFAs have 

detrimental immunosuppressive effects during respiratory viral infection and consequently it is very 

importance of understanding the relationship between respiratory viral infections and the gut 

microbiota, as there is interest in using probiotics to improve the response to respiratory viral 
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infections and vaccinations and yet it is not clear what sort of gut microbiota change/response is 

required. 

5.3.4. Conclusion 

Both RSV and influenza virus induce inappetence and reduce food intake which drives changes in the 

gut microbiota composition, potentially because the nutrient-altered gut environment then favours 

growth of bacteria able to use host-derived energy sources. Early inappetence during RSV infection is 

likely driven by the acute phase cytokine response and increased production of TNF-α. Whether other 

acute phase cytokines, like IL-1β, play a role has yet to be shown. Late inappetence and reduced food 

intake during RSV infection involves CD8+ T cells and may be due to their production of IFN-γ.  

RSV infection is also associated with multiple changes in the faecal metabolome, implying that host 

and/or gut microbiota metabolism is altered during respiratory viral infection. This study agrees with 

previous findings that lipid metabolism is dysregulated during RSV infection and that there is 

increased abundance of sphingolipid metabolites. In addition, the PUFA DHA and SCFA valerate were 

both increased following RSV infection and this could alter the response to primary and secondary 

infection through their anti-inflammatory and anti-microbial properties. Despite considerable changes 

to the gut microbiota composition and faecal metabolome, RSV infection did not increase or decrease 

colonisation resistance to the gut pathogen C. rodentium.  

Still to be explored is whether inappetence-induced changes in gut microbiota composition and faecal 

metabolome following RSV infection are beneficial or detrimental to the host response to respiratory 

infection and to other aspects of health and disease.  
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6.  Discussion  

  



195 

 

6.1. Summary 

In this thesis, RSV and influenza virus infection in mice were associated with an acute shift in the 

composition of the gut microbiota and with an increase in the relative abundance of Bacteroidetes and 

a decrease in the relative abundance of Firmicutes. Respiratory viral infections were also associated 

with a significant increase in the level of the airway-associated Muc5ac in the gut, although it is not 

clear whether this was connected to changes in the gut microbiota. Inappetence and decreased food 

consumption observed during respiratory viral infection may be the driver behind changes in the gut 

microbiota, as an increase in the ratio of Bacteroidetes to Firmicutes was seen in uninfected mice 

deprived of food. Both the acute and late phase immune response to respiratory viral infection had a 

role in infection-associated inappetence. In addition, respiratory viral infection may be associated with 

a change in the function of the gut microbiota as the faecal metabolome was altered following RSV 

infection. The altered gut environment following RSV infection, encompassing a change in the 

abundance of bacteria, mucin and metabolites, did not increase susceptibility to gut infection. What 

remains to be explored is whether respiratory viral infection-associated changes in the gut microbiota 

affect short and long-term immune responses in the lungs and if these changes are something that 

should be targeted by probiotics or if they form part of the protective response against infection.  

6.2. What constitutes a biologically significant change in the gut microbiota? 

In the studies, a statistically significant change in the beta diversity and composition of the gut 

microbiota and the faecal metabolome was observed following respiratory viral infection. An important 

question is whether these changes were biologically significant. 

When considering what constitutes a significant change in the gut microbiota, this includes 

determining what changes are important to measure and, if conducted in animal models, whether 

these changes are likely to be reproduced in human biology.  

Measurable changes can be grouped into broad, community-level changes (diversity), taxonomic 

changes (abundance) and functional changes (gene content/expression and output). Differences in any 
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of these measures away from the “normal” gut microbiota, which is intrinsically hard to define based 

on inter-individual variation and context-dependent definitions of harmful and beneficial commensal 

bacteria, might be important and may reflect “dysbiosis”432. In this study, the effect of respiratory viral 

infection on the mouse gut microbiota was explored by measuring certain parameters within these 

levels of change: alpha diversity of the gut microbiota within a sample, beta diversity by comparing 

composition between samples, relative abundance of dominant phyla and families and the faecal 

metabolome before and after infection. 

6.2.1. Diversity 

Changes in gut microbiota alpha diversity are considered a useful indicator of a significant biological 

change as they are less affected by differences in baseline gut microbiota composition between 

samples, compared to beta diversity or abundance measures433. Respiratory viral infection did not 

consistently alter gut microbiota richness or evenness, implying respiratory viral infections did not 

result in a decrease in gut microbiota diversity - which is often used as a definition for dysbiosis8.  

Ordination methods for visualizing beta diversity are useful for determining how big the effect size is. 

Experimental factors which lead to clear and significant separation between sample groups have a 

large effect on the gut microbiota432. The beta diversity of the gut microbiota was significantly 

different after respiratory viral infection which indicates that, at a community composition level, it had 

a significant impact on the gut microbiota.   

6.2.2. Abundance 

Many studies measure changes in OTU abundance which is based on clustering sequences, usually set 

at a 97 % similarly threshold, to identify species. OTU clustering helps address variation introduced by 

sequencing errors but may also hide natural sequence variation within the 16S rRNA gene433. Changes 

in OTU abundance may be useful when looking at the potential impact of a factor on specific species, 

but patterns of OTU change across samples and experiments can be hard to define due to inter-

individual variation. Additionally, limited availability of genome sequence data for many members of 
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the gut microbiota (particularly in mice) means OTUs can often only be grouped at the genus or family 

level.   

An alternative approach to determining biologically significant change is to measure shifts in the 

relative abundance of phyla within the gut microbiota, as conditions like obesity have been associated 

with a significant change in the ratio of Bacteroidetes to Firmicutes14,167. However, this finding has 

since not been consistently identified in other studies434 which suggests it might be necessary to 

profile the gut microbiota at multiple phylogenetic levels to determine biologically significant 

patterns435. In this thesis, the relative abundance of Bacteroidetes and Firmicutes was measured as this 

was the most consistently observed change after respiratory viral infection. Changes in the relative 

abundance of dominant gut microbiota families were also measured as this was the lowest taxonomic 

level all members of the gut microbiota could be classified to. The increase in Bacteroidetes and 

decrease in Firmicutes following respiratory viral infection was due to different families within each 

phylum changing in abundance between experiments. This finding highlights the importance of 

looking beyond phyla as these results suggested that whatever was causing gut microbiota changes 

during respiratory viral infection was not targeting specific groups of bacteria. An alternative 

hypothesis could be that respiratory viral infections are altering the gut environment in a way which 

favours growth of certain families via conserved functions. Why the abundance of different families 

changed between experiments is not clear. Although beta diversity found no difference in baseline 

compositions, it cannot be ruled out that subtle differences in the initial community structure might 

mean certain families were at an advantage before infection and expanded faster under nutrient-

altered conditions during respiratory viral infection.  

The present study also measured gut microbiota change in terms of bacterial relative abundance. 

Relative abundance is an important measure because the gut microbiota is a community. While a 

factor might only change the actual abundance of a few specific taxa, this will still affect the relative 

proportions of all bacteria and could have functional repercussions based on co-evolved strategies like 

cross-feeding316,433. Quantitative approaches to calculate bacterial abundance should also be 
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considered, such as taxa-specific qPCR or using flow cytometry to measure total bacterial cell numbers 

in a sample and combining this with relative abundance sequencing data to get absolute 

abundance436. Considering relative abundance is particularly important when bacterial load in the gut 

might vary between individuals or experimental conditions, as then relative abundance data might 

hide connections between the gut microbiota and functional quantitative data like metabolite 

concentrations436. This is something that needs to be included going forward.  

6.2.3. Function 

In addition to measuring changes in the composition, it is necessary to measure how the function of 

the gut microbiota changes under experimental conditions in order to draw biologically significant 

conclusions. Research suggests the gut microbiota has evolved towards several functions which are 

commonly found throughout human and mouse gut microbiota populations12,17,18,169. These conserved 

functions are mostly grouped into pathways which aid bacterial adaptation to the gut environment 

and pathways which may contribute to a mutualistic relationship with the host, such as carbohydrate 

metabolism169. Changes in the function of the gut microbiota may have a much larger impact on 

health and disease than changes in composition, where functional redundancy between taxa could 

mean an increase or decrease in abundance may not have a significant effect on the overall function437.  

The current study measured changes in gut microbiota function by analysing the faecal metabolomic 

profile before and after RSV infection. Metabolomics was chosen because it reflects the functional 

output of changes in mRNA and protein expression, although a key challenge is determining which 

metabolites originate from the microbiota433. Studies have found the composition of the gut 

microbiota correlates strongly with faecal metabolomic profile438 and that approximately 70 % of the 

variation in the faecal metabolome could be explain by the beta diversity of the gut microbiota439, 

suggesting faecal metabolomics was an appropriate measure of gut microbiota function. However, 

without complimentary approaches like metagenomics it is impossible to delineate whether certain 
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changes observed after RSV infection, such as increased sphingolipid and PUFA abundance, come 

from the gut microbiota or from a change in host metabolism.  

6.2.4. Stability 

The shift in the gut microbiota following respiratory viral infection was acute and the composition 

returned to baseline by two weeks after infection. This finding emphasises another metric to consider 

when examining the biological significance of gut microbiota changes, which is whether the long-term 

composition and stability of the gut microbiota is affected. Community instability, rather than the 

presence or absence of specific bacteria at one time point, is thought to be a strong indicator of an 

altered gut microbiota profile associated with disease, and is sometimes used as another definition of 

dysbiosis440. The gut microbiota was resilient to changes associated with respiratory viral infection, 

despite a considerable immediate impact on the composition. Repeated sampling of the gut 

microbiota over four weeks after infection found respiratory viral infection did not have a long-term 

impact on gut microbiota composition or appear to significantly alter community stability. While the 

lack of long-term changes in the gut microbiota may mean the chance of respiratory viral infection-

associated changes in the gut microbiota having a long-term significant impact are reduced, it is still 

possible acute transient changes may have an effect on health during infection.  

6.2.5. Translating gut microbiota findings in mice to human health 

When considering the impact of findings from mouse gut microbiota studies on human health, it is 

important to examine whether the bacteria which change are present in the human gut microbiota, if 

the driver behind changes is observed in humans and if there are any significant differences in the gut 

environment which might mean the same effect would not be observed on the human gut microbiota.   

The families which changed in abundance in this study; Lachnospiraceae, Lactobacillaceae, 

Bacteroidaceae and Porphyromonadaceae are all commonly detected in human gut microbiota 

research, with the exception of S24_721. A recent attempt to characterise a “core” human gut 

microbiota composition identified 162 OTUs present in all samples from over 2,000 individuals, many 
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of which belonged to the Lachnospiraceae, Ruminococcaceae, Bacteroidaceae, Porphyromonadaceae 

and Lactobacillaceae families441. This discovery suggests these families may contribute to the core 

functionality of the human gut microbiota. If their abundance changed during respiratory viral 

infection in humans, as they do in mice, then this could have consequences on gut microbiota 

functions associated with maintaining health. Currently only increased Bacteroides abundance has 

been observed during RSV infection in children197,198. 

Previously S24_7 was thought to be specific to the mouse gut, leading it to be called Mouse Intestinal 

Bacteria442,443. S24_7 has since been detected in a range of mammalian gut samples including 

humans339,383. Little is currently known about the S24_7 family. Its functional potential was initially 

assessed from 30 nearly full-length genomes assembled from metagenomic data and the name 

Homeothermaceae proposed to replace S24_7339. This study was shortly followed by isolation and 

culture of the first species, Muribaculum intestinale,, and the name Muribaculaceae was suggested for 

the entire family382. Recently an additional three S24_7 species have been cultured creating two more 

genera Duncaniella and Paramuribaculum383. Although S24_7 may constitute around 8 % of the total 

human gut microbiota composition383, few studies have identified a change in S24_7 abundance in 

human health and disease. Therefore whether increased S24_7 following respiratory viral infection in 

mice might translate to humans is unclear.   

Several observations in this thesis which may be associated with gut microbiota changes, such as 

increased gut Muc5ac and a change in the faecal metabolome, could be affected by differences in 

mucus production and metabolism between mice and humans. Mice have a higher metabolic rate than 

humans and eat frequently throughout the day and predominantly the night to supply their energy 

needs444,445. Infection-induced inappetence could have a more pronounced effect on mouse 

metabolism than in humans and changes in the metabolic profile might occur more quickly during 

respiratory viral infection in mice. Mice also have several energy harvesting strategies which maximise 

absorption of metabolites and maintain their gut microbiota population to compensate for the short 

retention time of food in the gut associated with a higher metabolic rate. These strategies include 
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coprophagy and a mucus trap in the colon which moves bacteria and some food components back 

towards the caecum through anti-peristalsis446. Therefore, it may be that the impact of respiratory viral 

infection on gut microbiota composition and the faecal metabolome might yield different results in 

mice than humans, particularly around species and metabolites involved in fermentation. 

While the domain organisation of mucins and their expression profile is similar between humans and 

mice447, there are differences in protein sequence which affect mucin structure and subsequently 

microbiota colonisation. For example, there is little sequence similarly between the tandem repeat 

domains of mouse Muc5ac and human Muc5ac which are the major sites for O-linked 

glycosylation447,448. While changes in Muc5ac expression in mice could be reflected in humans, the 

potential impact on the gut microbiota may be different as changes in mucin glycosylation patterns 

have been shown to affect gut microbiota composition449, although this has not been studied for 

Muc5ac specifically.  

As inappetence and reduced food intake was found to initiate changes in the gut microbiota during 

respiratory viral infection, an important question is whether this occurs during respiratory viral 

infections in humans. Inappetence, often referred to as anorexia, is a clinical symptom significantly 

associated with respiratory viral infections450. It has been reported in 46 % of patients in an RSV 

infection-associated outbreak and appears to be particularly prevalent in influenza infection451. Loss of 

appetite falls into a larger group of sickness behaviours, including fatigue and hypersomnia, commonly 

observed in humans, mice and other animals during times of stress. These behaviours are thought to 

have evolved as part of the approach to combat infection disease452. Whether these, and particularly 

inappetence, are beneficial in all infections and particularly during respiratory viral infection remains to 

be established.  

6.3. Inappetence: protective or pathological 

Restricting food intake has long been known to increase lifespan in animal models453 and more 

recently to protect against certain cancers, metabolic disease and age-related cognitive decline454,455. 
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The underlying cause is thought to centre around altered host metabolism, such as reduced oxidative 

stress and increased cellular resistance to stress456, part of which may be mediated by the gut 

microbiota359.  

While there is a difference between long-term calorie restriction calculated to prevent malnutrition and 

acute inappetence with the reduced food intake associated with infection, they may share some similar 

effects on host and gut microbiota metabolism. There are several theories as to why inappetence is 

part of the immune-mediated response to infection. Sickness behaviours are thought to be beneficial 

to the host by reducing energy expenditure so that more energy is available to fight infection351. 

Inappetence could have additional protective effects. Reducing food intake may limit access of key 

nutrients to pathogenic bacteria396,457. A lack of dietary nutrients within the gut may alter host 

metabolism to promote host resistance and clearance of infection, or increase host tolerance to the 

immunopathogenic response to infection193,349. Finally, nutrient-deprivation could alter the 

composition and function of the gut microbiota which could have knock-on effects on gut and or host 

metabolism, as shown in the experiments in this thesis.  

6.3.1. The effect of inappetence on host metabolism can have beneficial and 

detrimental effects during infection 

Whether inappetence and reduced food intake during infection is beneficial appears to depend on the 

type of infection. Several studies have demonstrated inappetence during bacterial infection is 

protective and that acute reduced food consumption during may act in a similar manner to long-term 

calorie restriction by altering host metabolism to increase tolerance to cellular stress. Force-feeding 

mice during Listeria monocytogenes infection significantly increased mortality349,458 and starving mice 

prior to L. monocytogenes infection reduced mortality459. This protective effect was not due to an 

overall energy deficit but specifically a lack of dietary glucose, as force-feeding mice with glucose but 

not fat or protein increased mortality and blocking glycolysis during Listeria infection increased 

survival349. Bacterial burden increased in the spleen after force-feeding infected mice with glucose, 
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suggesting inappetence may act to limit nutrient resources for pathogenic growth during infection. 

Additionally, it was proposed that the switch from glucose to ketone metabolism initiated by fasting 

during bacterial infection increased host tolerance to cellular stress caused by reactive oxygen species 

produced during anti-bacterial inflammation349.  

Conversely, inappetence induced during viral infection may be detrimental. Force-feeding in general, 

and specifically with glucose, increased survival during severe influenza virus infection and blocking 

glycolysis increased mortality without affecting viral load in the lungs349. No change in pathogen 

burden suggests host resistance and clearance of infection was not affected by inappetence. In 

influenza virus infection, the decreased availability of glucose and switch to ketone metabolism during 

fasting led to increased neuronal damage because the brain required glucose to mitigate the 

endoplasmic reticulum stress response caused by systemic anti-viral type I interferon signalling. 

Infecting peroxisome proliferator-activated receptor alpha (PPARα) knockout mice, which lack the 

ability to use fatty acids for ketone metabolism during fasting, completely prevented influenza-

associated mortality349. These contrasting results demonstrate that, even though the behavioural 

response to both infections was the same (reduced food intake), the difference in the immune 

response to bacterial and viral infections meant inappetence-induced change in the host from glucose 

to ketone metabolism had opposing effects on the ability to tolerate immunopathology. These results 

suggest inappetence may be pathological during respiratory viral infection but they do not consider 

whether the associated gut microbiota changes contribute to this pathology. 

6.3.2.  Evolution of gut microbiota/host mutualism during fasting may be detrimental 

during respiratory viral infection  

Changes in the gut microbiota following inappetence and reduced food intake during respiratory viral 

infection may be part of the evolved response of the gut microbiota to ensure survival of the host 

during starvation. A central part of the co-evolution of gut microbiota and host has centred around 

nutrient availability and energy harvesting. Germ-free mice consume 30 % more food per day than 
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conventional mice and yet have significantly less body fat, demonstrating the essential role of the gut 

microbiota plays in releasing energy from the diet460. Humans are estimated to acquire 10 % of daily 

calorie requirements from gut microbiota carbohydrate metabolism461. Germ-free mice deprived of all 

food die significantly faster than starved conventional mice462,463. Together, these results suggest the 

gut microbiota has evolved to provide the host with energy as part of the mutualistic relationship 

which promotes host survival. The host gains additional sources of energy for growth and metabolism 

while the microbiota has access to a protective, nutrient-rich environment464. It is also likely the gut 

microbiota has evolved to adapt to changes in food availability, particularly in times of nutrient-

deprivation, to support continued survival of the host and a suitable gut environment for the 

microbiota.  

Across multiple different species, acute (1 to 7 days) and prolonged (> 21 days) fasting studies 

consistently demonstrate a decrease in Firmicutes465,466 and an increase in Bacteroidetes466–468 and A. 

muciniphilia465,467. This highly conserved pattern is thought to be part of a evolved flexible energy 

harvesting strategy that can rapidly adjust to a lack of dietary nutrients and utilise host energy sources 

instead to ensure stability of the gut ecosystem and fulfil key host energy requirements during times 

of starvation104,340,467. This theory is exemplified by mono-colonisation of germ-free mice with the 

Bacteroidetes member Bacteroides thetaiotaomicron which alters its gene expression from dietary 

carbohydrate metabolism to host glycan metabolism from mucus during nutrient-deprivation390. This 

tactic could enable the host to use commensal bacteria-derived products, such as sphingolipids, to 

maintain health even in times of starvation409.  

How beneficial this strategy is for the host probably depends strongly on context. For example, 

increased mucus degradation by commensal bacterial in dietary-fibre deprived conditions has been 

shown to weaken the protective colon mucus barrier and increase susceptibility to gut infection372. 

Furthermore, the switch from glucose to ketone metabolism by the host during nutrient-deprivation 

has been shown to depend on the gut microbiota. Germ-free mice have lower expression of the 

master regulator of fasting metabolism PPARα and reduced ketone metabolism during fasting 
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compared to conventional mice466. As reduced food intake and ketone fasting metabolism are all 

associated with increased mortality during influenza infection349, this indicates the gut microbiota 

changes observed in this study may be detrimental to the response to respiratory viral infection.  

6.4. The potential impact of changes in the gut microbiota following 

respiratory viral infection on health  

The gut microbiota is important for initiating and developing appropriate lung immune responses 

against bacterial and viral respiratory infection in mice177,189–192. By characterising and understanding 

how respiratory viral infections change the gut microbiota, this develops a more comprehensive 

picture of the gut/lung axis by showing that it is a two-way interaction, which may help design 

probiotic therapies to treat respiratory infections. Moreover, changes in the gut microbiota during 

respiratory viral infection may have a wider impact on respiratory health. The gut microbiota and 

respiratory viral infections are independently associated with an increased risk of developing asthma in 

childhood29. It may be that respiratory viral infection-associated changes in the gut microbiota 

modulate lung immune responses in a way which impacts on other respiratory conditions such as 

asthma.  

6.4.1. Using probiotics as a therapy for respiratory infections 

Probiotics are defined by the Food and Agricultural Organisation of the United Nations and by WHO 

as “live microorganisms that, when administered in adequate amounts, confer a health benefit on the 

host”469. Accordingly, many studies in mice have sought to evaluate the effect of probiotics on the 

immune response and outcome to influenza virus and RSV infection. Mice whose diet was 

supplemented with Bifidobacterium breve YIT4046 daily for 15 weeks before influenza virus infection 

and then for 2 weeks following infection, had higher virus-specific IgG, lower viral lung titres and 

decreased disease severity470. Similarly, mice oral gavaged with Lactobacillus gasseri SBT2055 for 21 

days before RSV infection and every day following infection had significantly decreased weight loss 

and lower lung viral titres and pro-inflammatory cytokines than control mice471. Overall, the majority of 
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probiotic studies in mice during respiratory viral infection have observed decreased lung viral load, 

decreased weight loss and increased survival472. These findings suggest probiotics may enhance 

clearance of infection and improve symptoms in mice. The effect of probiotics on the immune 

response and disease severity in human respiratory infection is less conclusive121. Daily consumption of 

Lactobacillus casei in a live yogurt drink did not affect the incidence of reported respiratory symptoms 

over a 6 month period among elderly care home residents473. A double-blind placebo-controlled trial 

in healthy adults who consumed a tablet containing Lactobacillus gasseri PA 16/8, Bifidobacterium 

longum SP 07/3, and Bifidobacterium bifidum MF 20/5 every day for four weeks reported no 

difference in the incidence of respiratory infections, but did observe a decrease in the severity and 

duration of respiratory illness474. Conversely a meta-analysis of 23 probiotic trials for respiratory 

infection in children, covering 14 different species of bacteria, found incidence but not duration was 

reduced during by taking probiotics475. These conflicting results may because meta-analyses of 

probiotic studies are challenging to interpret because they collate results from experiments which use 

multiple different species and strains of bacteria, which could be reasonably expected to have different 

individual and combined effects on the immune system.  

General inconsistencies on the effectiveness of probiotics for treating and preventing respiratory 

infection may be grounded in several important areas which are still not well understood in the 

probiotic field. Gut colonisation by probiotics is thought to be necessary for beneficial effects and yet a 

recent study has shown individuals are inherently either permissive or resistant to colonisation with 

empiric probiotics and this is not represented by detection of probiotic strains in the faeces, which is 

often used as a measure of colonisation476. Whether external factors, like respiratory viral infection, 

might influence permissiveness to probiotic colonisation has not been studied. In addition, it is not 

well-understood which bacterial species are needed to improve lung immune responses. Most studies 

are restricted to Lactobacillus and Bifidobacterium spp., supplementation121 and yet it is likely a much 

wider range of bacteria contribute to modulating immune responses to respiratory infection177,192,193. 

This community effect is particularly important to consider in populations with varying levels of 
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immunocompetence, as different types of immune activation by gut bacteria may be required to 

protect against infection. Furthermore, conflicting probiotic trial results are exacerbated by the fact 

that even when studies use the same species of bacteria, they do not necessarily use the same strain. 

In the meta-analysis on the efficacy of probiotics for the prevention and treatment of respiratory 

infection in children, the most commonly used bacterial species across all studies was Lactobacillus 

rhamnosus, however, three different strains were used often without any significant justification for 

choice475. It is likely that this results in strain-specific effects on the immune response which may hide 

probiotic efficacy. For example, daily consumption of L. rhamnosus HN001 for 3 months had no effect 

on the frequency, duration or intensity of acute respiratory infections477, while children who received L. 

rhamnosus GG for 7 months experienced fewer upper respiratory tract infections than controls478. 

Finally, no probiotic studies have considered the effect respiratory infections may themselves have on 

the composition of the gut microbiota. The effect of probiotics given before or during respiratory 

infection could be negated or enhanced by respiratory viral infection-associated changes in the gut 

microbiota. Establishing whether changes in the gut microbiota following respiratory viral infection are 

associated with beneficial or harmful outcomes may help design new probiotic strategies.   

6.4.2. Asthma and allergic airway disease 

There is a significant association between low gut microbiota diversity in infancy and development of 

allergic rhinitis479 and allergic asthma in childhood29. This connection is thought to be driven by factors 

which alter colonisation and maturation of the gut microbiota during infancy, such as delivery by 

caesarean section480, antibiotic use481 and reduced exposure to environmental microorganisms and 

allergens482,483. Mouse models of allergic airway disease suggest altered colonisation leads to 

inadequate priming of the immune system and immunomodulation by the gut microbiota, resulting in 

reduced tolerance and heighted Th2 responses to foreign antigens in the lungs52,80,84,194.  

Respiratory viral infections in infancy, and particularly severe RSV infection which requires 

hospitalisation, are also associated with an increased risk of developing asthma in childhood. 
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Retrospective studies found infants previously hospitalised with severe RSV infection were more likely 

to be subsequently diagnosed with asthma within the first four years of life484 and other reports 

suggest the association of severe RSV in infancy and asthma might extend into adulthood485. 

Prospective studies found 23 % of infants hospitalised for severe RSV infection developed asthma by 

the age of three compared to only 1 % of age and sex-matched controls486. Prevalence of asthma was 

still significantly higher among the RSV infected cohort at 13487 and 18 years488, suggesting severe RSV 

infections in infancy can have a long-term health impact on lung immune responses.  

Everyone experiences RSV infection in infancy but not everyone develops asthma. This observation 

suggests a combination of environmental and genetic risk factors may predispose for both severe RSV 

infection and asthma279,489. There is also evidence to suggest a causal relationship between severe RSV 

infection and subsequent development of asthma490,491. One possible mechanism is that, because 

primary RSV infection occurs during infancy when the immune system is still under development, it 

may skew the immune response towards Th2 polarisation and sensitise the immune response against 

airway allergens492. Studies in mice show neonatal RSV infection can prime and shape future lung 

immune responses. Mice infected with RSV as neonates and re-infected as adults have been shown to 

experience more severe disease, increased eosinophil and Th2 cell recruitment to the lungs and 

heighted Th2 cytokine responses compared to mice which were primarily infected and re-infected as 

adults205,493. Adult mice infected with RSV and challenged with airway allergens 10 days later 

experienced more severe airway inflammation and eosinophilia than mice just exposed to airway 

allergens494, although whether this occurs in neonatal RSV infection has yet to be explored.  

There are several ways RSV might induce a Th2 type immune response, including direct activation of 

pattern recognition receptors495. The results from the work conducted in this thesis found RSV 

infection in mice was associated with a change in gut microbiota composition. One potential way RSV 

infection might, therefore, direct lung immune responses towards a Th2 asthma phenotype is through 

gut microbiota changes and subsequent inadequate priming of the immune response, though this is 

highly speculative.  
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There are several significant caveats to this hypothesis. These include the unknown effect of RSV 

infection on the neonatal mouse gut microbiota and the fact that it is unclear whether a specific gut 

microbiota composition in infancy is associated with increased risk of developing asthma. Decreased 

Bacteroidetes abundance is associated with delivery by caesarean section but the study that reported 

this did not explore the connection with asthma496. Increased Bacteroides fragilis abundance has been 

observed to positively correlate with developing asthma by the age of three48. Other studies have 

found decreased abundance of Veillonella, Faecalibacterium, Rothia49 and Lachnospira49,50 and 

increased abundance of Clostridium sp.50 in the gut microbiota of infants and children diagnosed with 

asthma. Furthermore, while asthma is associated with other respiratory viral infections like 

rhinovirus497, there is a lack of epidemiological evidence linking influenza virus infection with increased 

risk of developing asthma495 and yet our study suggests influenza virus infection has a similar effect on 

the gut microbiota.  

Therefore, while it is possible gut microbiota changes following respiratory viral infection may 

influence lung immune responses in a way which could impact on the risk of developing asthma, there 

is a lot which needs to be established in order to investigate this properly.  

 

6.5. Future directions  

6.5.1. Impact of respiratory viral infections on the function of the gut microbiota 

To continue exploring the impact of respiratory viral infections on the function of the gut microbiota, 

one future approach would be to perform metagenomic or metatranscriptomic sequencing on 

bacterial DNA extracted from faecal samples matched to those sent for metabolomic profiling. This 

combined approach would allow metabolite abundance to be mapped back to paired 

genome/transcriptome data to determine if bacteria changing in abundance had the ability to produce 

or use the metabolites. Methods are currently being developed, like co-occurrence networks, which 

can correlate microbiota members with metabolite features433. This technique would help identify 
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which metabolites originate from host versus gut microbiota metabolism and, in the latter, which 

commensal bacteria are associated with increased/decreased metabolite production after RSV 

infection. This method, however, would not rule out the effect of gut microbiota on shaping host 

metabolism. Infecting germ-free mice with RSV and profiling the faecal metabolome would be a useful 

way of determining the effect of RSV infection on host metabolism and how the gut microbiota 

contributed.  

It would also be interesting to investigate the role of metabolites increased in abundance after RSV 

infection, like valerate and the PUFAs, had on the immune response to respiratory infection and 

inappetence. Studies could examine the effect of valerate supplementation on weight loss and lung 

inflammation during RSV infection and the immune profile of cells in the lungs and gut.  

6.5.2. Determining the mechanism and impact of respiratory viral infection-associated 

inappetence 

Future studies on the anti-viral immune response to infection and inappetence could block other 

cytokines, such as IL-1β and IFN-γ, during respiratory viral infection and measure food intake, weight 

loss and gut microbiota changes. It would also be important to establish whether these cytokines 

stimulated inappetence and changes in the gut microbiota on their own. Cytokines are thought to act 

directly on the central and peripheral nervous system to suppress appetite during infection, but they 

may also stimulate production of other inflammatory molecules which could act as intermediates 

between the acute cytokine response and inappetence396. One such mediator is prostaglandin E2 which 

is produced in an IL-1β dependent manner and has been shown to induce inappetence and reduce 

food intake when administered systemically498,499. Cyclooxygenase inhibitors like aspirin can be used to 

block prostaglandin synthesis500 and so it would be interesting to examine the effect on food intake, 

weight loss and the change in the gut microbiota during respiratory viral infection after dosing mice 

with aspirin.  
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Another aspect to explore, besides how the immune response to respiratory viral infection induces 

inappetence, is what viral gene signatures are associated with increased inappetence during infection. 

This could be achieved by using RSV models with varying degrees of severity based on infecting mice 

with different viral passages. Viral genome sequencing of different in vitro passages of RSV could 

correlate in vivo pathogenicity measures, such as inappetence, with specific viral gene signatures and 

so might identify which components of viral infection, replication or immune evasion strategies were 

connected to weight loss and gut microbiota changes.  

Practical and ethical reasons make it difficult to conduct force feeding studies in mice in the U.K., which 

could have helped elucidate the effect of inappetence on host and gut microbiota metabolism and 

whether it is beneficial or harmful in the response to infection. Another approach would be to 

exacerbate or reduce inappetence driven gut microbiota changes and examine the effect this has on 

the severity and duration of respiratory viral infection. One theory is that bacteria able to utilise host 

glycans from mucus have an advantage under nutrient-deprived conditions in the gut following 

infection-associated inappetence. Correspondingly, one approach would be to investigate the effect of 

respiratory viral infection on the gut microbiota in mucin-knockout mice and see if reduced food 

intake still drives the same changes in gut microbiota composition. Another study could orally gavage 

mice prior to infection with bacterial strains from families which consistently increase/decrease in 

abundance during respiratory viral infection and measure how this affects food intake, weight loss and 

lung inflammation during infection.  

6.5.3. The effect of respiratory viral infections on the early life gut microbiota  

One possible future focus would be if respiratory viral infections, particularly RSV, shaped neonatal 

immune responses through changes in the gut microbiota. The first thing would be to establish the 

effect of RSV infection on the gut microbiota in neonates although these experiments would present 

several challenges. Longitudinal sampling and measuring food intake from neonatal mice would be 

difficult and it likely the effect of RSV infection on the neonatal gut microbiota would be different to 
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the effect on the adult mouse gut microbiota as neonatal mice do not lose weight during primary RSV 

infection493.  

Another future study could focus on whether repeated respiratory viral infections, mimicking the 

frequent exposure and reinfection in early life, could overcome gut microbiota resilience and shift the 

composition to an altered state for a longer period of time. Studies have shown that repeated cycles of 

dieting and weight gain can lead to a permanently altered gut microbiota composition501, 

demonstrating repeated acute factors driving gut microbiota change may have a different impact on 

gut microbiota stability compared to the same one-off factor.  

6.6.  Conclusions  

Respiratory viral infections are very common and experienced by all people of all ages throughout life, 

yet little is currently known about how they impact on the human gut microbiota which is responsible 

for developing and maintaining many aspects of health. The data presented in this thesis, and in 

studies conducted by others working in this field, have demonstrated that respiratory viral infections 

can have a significant effect on the composition, and potentially function, of the mouse gut 

microbiota. While previous studies suggested a direct effect of the immune response to respiratory 

viral infection on the gut microbiota, this study identified an indirect effect via the immune response 

supressing food consumption. This inappetence is thought to lead to a change in nutrient-availability 

within the gut, comprising both a decrease in diet-derived nutrients and altered metabolite abundance 

from shifts in host and gut microbiota metabolism induced by fasting. Gut microbiota changes driven 

by respiratory viral infection-induced inappetence may be part of the evolved response to combat 

starvation but may have a detrimental effect on the ability of the host to resist infection or tolerate 

immunopathology. Importantly, further research is required to understand the relationship between 

respiratory viral infection and the gut microbiota. If gut microbiota changes occur repeatedly from 

reinfection or within a key developmental window such as during infancy, it may be that respiratory 

viral infections have a more far-reaching impact on health and disease than previously considered.  
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